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Abstract 
 
 In each cell cycle, the replisome encounters replication blocks that include DNA lesions, 

tightly bound DNA-protein complexes, and breaks in the DNA. In Escherichia coli, many 

pathways have evolved to recognize, respond to, and repair these replication blocks so that 

replication can be completed in a timely and accurate manner. The highly conserved RarA 

(Replication associated recombination protein A) protein family has been implicated in the 

faithful resolution of these replication conflicts. Despite high conservation and extensive work 

conducted on this protein family, the overall function of RarA remains enigmatic. 

 Here, we carefully describe two novel DNA-dependent functions for the E. coli RarA 

protein. First, we demonstrated that RarA binds to and hydrolyzes ATP at double-stranded DNA 

ends in order to generate single-stranded DNA flaps. Second, using a single-molecule 

reconstituted DNA replication assay, we show that RarA generated single-stranded DNA gaps 

behind active replisomes in an ATP-dependent manner. This activity is achieved by RarA 

disengaging DNA polymerase III cores from their β2 processivity clamps. 

 In vivo, we demonstrate that RarA—presumably using its gap creation activity—

generates suitable substrates for post-replication repair pathways including RecFOR-mediated 

homologous recombination and translesion DNA synthesis. Loss of this function results in 

impaired growth and varied DNA replication phenotypes. Overexpression of rarA is toxic due to 

its ATPase activity and the resulting overuse of mutagenic TLS polymerases. Together, these 

results further elucidate the role of the RarA protein family at the interface of DNA replication 

and DNA repair. 
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DNA Replication in Escherichia coli 

 In all organisms, accurate replication of the genome is essential for the faithful distribution 

of genetic material to daughter cells and the propagation of life. As such, DNA replication is one 

of the most highly conserved cellular processes from bacteria to humans. To ensure that this 

process is accurate and efficient, the cell has evolved an enzymatic complex, known as the 

replisome, to replicate a DNA template that is in constant flux. In the bacterium Escherichia coli, 

the replisome is comprised of four major protein complexes (Figure 1-1): (i) replicative helicase 

DnaB, (ii) single-stranded DNA binding protein (SSB), (iii) primase DnaG, and (iv) DNA 

polymerase III holoenzyme. Each DNA polymerase III holoenzyme is comprised of three 

polymerase cores () which carry out DNA synthesis (1), a toroidal clamp (2) that makes 

DNA synthesis highly processive (2), and a clamp loader complex () which loads clamps 

onto the DNA in an ATP-dependent mechanism (3).  

All DNA polymerases synthesize nascent DNA using a single-stranded DNA template. As 

such, the establishment of an active replication fork requires the double-stranded genome to be 

unwound into its constitutive single strands. At the beginning of each DNA replication cycle, this 

DNA melting occurs at a specific site known as the origin of replication (oriC in E. coli) (4, 5). 

The highly-conserved initiator protein DnaA is able to recognize oriC and unwind the duplex in 

an ATP-dependent manner (6). The replicative helicase DnaB is then able to load onto this 

substrate and is primed for further unwinding of the DNA duplex as part of the replication fork 

(7). Once DnaB is loaded, a short RNA primer is synthesized by the primase DnaG (8–10). This 

functionalized RNA-DNA hybrid substrate, known as a primer-template junction, is now able to 

be recognized by the clamp loader complex (11, 12). In an ATP-dependent manner, clamp loader 

opens a processivity clamp (2) and loads it onto the primer-template junction (3). The final step 
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in initiating DNA replication involves loading DNA polymerase III core onto the primed 2-DNA 

complex, after which DNA replication can proceed (13).  

The requirement of a free 3' hydroxyl group for DNA polymerase III to form a 

phosphodiester bond to an additional nucleotide necessitates that DNA synthesis occurs in a 5' to 

3' orientation along the DNA template (14). This inherent polarity, combined with the polar nature 

of the template DNA, constrains the ability of DNA polymerase III to synthesize DNA 

continuously on both template strands. Thus, two modes of DNA synthesis occur: the first is 

termed leading strand DNA synthesis, while the second is known as lagging strand DNA synthesis 

(Figure 1-2). Leading strand DNA synthesis occurs continuously as DnaB unwinds additional 

template DNA. Lagging strand synthesis, however, occurs discontinuously in short (1-2 kilobases) 

fragments known as Okazaki fragments (15, 16). These fragments are subsequently ligated 

together by the enzyme DNA ligase (ligA/B) (17). An additional side effect of discontinuous DNA 

synthesis on the lagging strand is the accumulation of large amounts of single-stranded DNA. This 

single-stranded DNA is bound by the single-stranded DNA binding protein (SSB). SSB not only 

protects labile single-stranded DNA from nucleolytic attack or modification, it also serves as an 

interacting partner for numerous proteins involved in DNA replication, recombination, and repair 

(18, 19).    

Despite the different modes of DNA synthesis on the leading and lagging strand, DNA 

replication is an incredibly efficient and processive process. In order for DNA polymerase III 

holoenzyme to be a processive enzyme, it must be bound to a 2 processivity clamp (20). Without 

a beta clamp, DNA polymerase III can only synthesize 8-14 nucleotides before dissociating with 

the DNA template (20). However, when bound to a beta clamp, DNA polymerase III can 

synthesize thousands to tens of thousands of nucleotides prior to dissociation (20). While other 
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subunits of the DNA polymerase III holoenzyme contribute to processivity, beta clamp is the major 

contributor (21). 

Even though DNA polymerase III is highly efficient and processive enzyme when 

replicating on an ideal template in vitro, the E. coli genome is an inherently imperfect template. 

The genome is a substrate for many major cellular processes including DNA replication, 

transcription, and DNA repair. As such, DNA replication is competing with many other essential 

processes in the cell for the same template. Despite its high processivity, DNA polymerase III is 

largely intolerant of imperfections in the DNA template, including modified DNA bases, DNA-

protein complexes, and single-stranded DNA gaps (Figure 1-3) (22). Cells have evolved many 

pathways to allow for DNA replication to continue unimpeded, even in the presence of these 

imperfections. Largely, these pathways are focused on recognizing, responding to, and repairing 

these imperfections in the DNA template so that DNA replication can complete in a timely manner. 

Collectively, I will refer to these pathways as the replication-associated DNA repair pathways. 

Replication-associated DNA repair pathways in Escherichia 

coli 

 When a replication fork encounters a barrier in the DNA template, it can stall or collapse 

(23–30). These barriers may include damaged/modified DNA bases, double-stranded DNA breaks, 

actively transcribing RNA polymerases, or protein-DNA complexes (31–33). If left unrepaired, 

collapsed replication forks can lead to genome instability, increased mutation rate, and even cell 

death. Estimates of replication fork collapse rates vary, but the growing consensus is that forks can 

collapse as often as once per cell cycle, even in the absence of exogenous genotoxic agents (34). 

Due to this frequency of replication fork collapse, all cells have evolved mechanisms to combat 
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the deleterious effects of these events. In E. coli, there are two major pathways that have evolved 

to facilitate the repair and/or tolerance of DNA damage encountered by the replication fork. The 

first pathway, known as translesion DNA synthesis (TLS), utilizes specialized DNA polymerases 

to bypass the site of DNA damage, rather than directly repairing it (35). The second pathway, 

known as recombinational DNA repair, utilizes a host of proteins that utilize an undamaged DNA 

template to directly repair the site of DNA damage in a nonmutagenic manner (24, 25, 30, 36, 37). 

I note that a third (albeit minor) pathway does exist for repairing DNA damage at a replication 

fork known as non-homologous end joining (NHEJ). A possible mechanism for NHEJ in E. coli 

has recently been proposed (38). In this work, I will mainly focus on the two major pathways listed 

above as they relate directly to the work described in later chapters. 

Recombinational DNA Repair  
 

An error-free alternative pathway to direct translesion DNA synthesis utilizes a diverse 

collection of proteins to catalyze homologous recombination at sites of DNA damage (27). When 

a replication fork stalls at a site of DNA damage, it can collapse to form a double-stranded DNA 

end. Alternatively, the replicative helicase can continue unwinding DNA ahead of a stalled 

replisome, generating a large stretch of single-stranded DNA that is coated by the single-stranded 

DNA binding protein SSB. In either situation, the replisome can disengage from the DNA 

template, necessitating oriC-independent replication initiation, known as replication restart (39). 

Prior to restarting replication, the damaged DNA substrates must be repaired and the replisome 

must be reloaded and primed. The repair of these damaged substrates is the primary function of 

homologous recombination in prokaryotes (36). 

The primary driver of homologous recombination in most organisms is the RecA protein 

family (40). RecA is a highly conserved bacterial recombinase that catalyzes homologous 
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recombination via DNA strand exchange (Figure 1-4) (41). To accomplish this goal, RecA forms 

a nucleoprotein filament on single-stranded DNA termed the RecA filament or RecA* (42, 43). 

RecA* serves both as a template for homologous recombination at sites of DNA damage and as a 

signal for induction of the SOS response by cleaving the transcriptional repressor protein lexA (44, 

45). There are three main steps in repairing broken replication forks via homologous 

recombination: 1) generation of single-stranded DNA and formation of the RecA filament; 2) 

catalysis of strand exchange; and 3) resolution of strand exchange products into a functionalized 

replication fork. 

Since RecA generally forms a filament on single-stranded DNA, a double-stranded DNA 

end must be processed prior to loading RecA. Processing of a double-stranded end is catalyzed by 

the RecBCD helicase-nuclease complex (46). RecBCD binds tightly to DNA ends and proceeds 

to unwind the substrate in an incredibly fast (2,000 bp/s) and processive (30,000 bp) manner (47). 

As the duplex DNA is unwound, RecBCD degrades the 5' strand, creating a single-stranded DNA 

substrate containing a free 3' end which is subsequently bound by SSB (48). This endonucleolytic 

action continues until the RecBCD holoenzyme reaches a specific DNA sequence called the chi 

site found throughout the E. coli genome (48–50). RecBCD is then able to load RecA directly onto 

the single-stranded DNA substrate to form a RecA filament (46). In the case of DNA damage 

leading to a single-stranded DNA gap, the RecFOR pathway facilitates RecA loading and filament 

formation on this substrate (51). In fact, RecA is only able to effectively filament on SSB-coated 

DNA in the presence of the RecO or RecBCD protein (51–53). Loss of either the recB or recO 

pathways results in the inability to repair double-stranded DNA ends or single-stranded DNA gaps, 

respectively (54, 55).  These observations, combined with the in vitro results detailed above, result 
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in a model where RecBCD or RecFOR act upstream of RecA and facilitate RecA filament 

formation on single-stranded DNA at sites of DNA damage (23).  

Once RecA has loaded onto DNA as a nucleoprotein filament, it is primed to catalyze the 

major reaction of homologous recombination termed DNA strand exchange. This reaction requires 

a RecA filament, a double-stranded DNA substrate that is homologous to the filamented single-

stranded DNA, ATP, and SSB (56, 57). Under these conditions, the RecA filament is able to 

perform a homology search on a sister chromosome by invading the duplex DNA (43). At a 

minimum, eight homologous base pairs are required for RecA to catalyze strand exchange, while 

heterologous DNA is strongly disfavored for this reaction to complete (58). Many accessory 

protein factors modulate the ability of RecA to perform strand invasion and eventual homologous 

recombination. Most of these factors stabilize or destabilize the RecA filament directly, often by 

binding RecA monomer-monomer interfaces (59). These factors are in constant flux, modulating 

the RecA filament to respond to the type and extent of DNA damage being repaired. Once strand 

exchange has occurred, recombination is completed by resolving the intermediate DNA substrates 

formed during this process. This process, which includes the resolution of a four-stranded 

recombination intermediate known as the Holliday Junction (60, 61), is carried out by the RuvABC 

proteins (62–66). Upon resolution of these recombination intermediates, a replication fork has 

been reestablished in a nonmutagenic manner. This replication fork can then serve as a substrate 

for reloading a functional replisome using the replication restart pathway. Replication restart is 

primarily carried out by the primosome which is comprised of PriABC, DnaT, primase DnaG, and 

replicative helicase DnaB (39). The end result of replication restart is the reestablishment of a 

functional replisome, anchored by the reloading of DnaB, which then signals for the recruitment 

of the entire Pol III holoenzyme (39). 
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Translesion DNA Synthesis (TLS) 
 
 It has long been observed that when E. coli cells are stressed using ultraviolet (UV) 

irradiation, mutation rates increased in daughter cells’ genomes (67). Several studies discovered 

the genes required for these increased mutation rates, which included the bacterial recombinase 

recA, the transcription factor lexA, and genes of unknown function (at the time) umuC and umuD 

(68, 69). Indeed, Miroslav Radman had already hypothesized the existence of a DNA damage 

response pathway—the SOS response—that involved these same genes (70). However, while 

several models were proposed for these genes’ involvement in damage-induced mutagenesis, it 

wasn’t until the discovery and characterization of the three specialized DNA polymerases—Pol II, 

Pol IV, and Pol V—that the translesion DNA synthesis (TLS) model was fully formulated (71). In 

brief, the model for TLS involves the recruitment of specialized DNA polymerases to sites of DNA 

damage, whereby these polymerases incorporate nucleotides across from a damaged DNA 

template (35). The currently understood properties of each of the known TLS polymerases, their 

recruitment to sites of DNA damage, and phenotypes associated with their deletion will be 

explored below. 

 The first TLS polymerase, DNA polymerase II, encoded by the polB gene, was first 

described by Rolf Knippers, Thomas Kornberg and Malcolm Gefter in the early 1970’s (72, 73). 

When cells are stressed with DNA damaging agents (thereby inducing the SOS response), the 

expression of Pol II increases approximately sevenfold, from 50 to approximately 350 molecules 

(74). Pol II is the only TLS polymerase known to possess an exonuclease proofreading (3' to 5') 

function (71). Pol II is capable of bypassing two known types of DNA damage: apurinic (AP) sites 

(75) and some bulky guanine base adducts (76). However, bypass of these lesions by Pol II has 

been shown to increase the frequency of -2 frameshift mutations (76, 77). Recruitment of Pol II to 
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sites of DNA damage and stimulation of its polymerase activity is mediated by an interaction with 

the beta processivity clamp (78–80). Despite its role in the SOS response, cells lacking polB do 

not show exhibit a significant phenotype when stressed by various DNA damaging agents. The 

only exception is when ∆polB cells are exposed to the mutagen 4-nitroquinoline-1-oxide (4NQO), 

which is known to cause bulky guanine base adducts (81), and hydrogen peroxide, which increases 

cellular concentrations of reactive oxygen species (ROS) (82). DNA polymerase II remains the 

most poorly understood of the three TLS polymerases. 

 DNA polymerase IV, encoded by the dinB gene, was discovered by Kenyon and Walker 

in 1980 after observing its cellular levels increased tenfold following induction of the SOS 

response (83). However, unlike Pol II or Pol V, Pol IV is present at rather high levels 

(approximately 250 copies/cell) in the absence of DNA damage (84). Pol IV is the most conserved 

of the E. coli TLS polymerases; as such, it has been studied extensively and compared to its 

eukaryotic counterparts (35). Evidence from in vitro and in vivo studies suggests Pol IV is able to 

bypass both alkyl and bulky guanine base adducts (84). However, with no proofreading capability, 

Pol IV activity results in an increase in -1 frameshift mutations (84). Indeed, overexpression of 

dinB has been shown to dramatically increase the frequency of -1G frameshift mutations, the 

accumulation of which eventually results in cell death (85). Like Pol II, Pol IV is recruited to sites 

of DNA damage through an interaction with the beta processivity clamp (86). This well-studied 

interaction between Pol IV and the beta clamp has led to a “tool belt” model for polymerase 

switching, whereby replicative Pol III and TLS polymerases bind to a single beta clamp 

simultaneously and can switch to an active position when damaged DNA is encountered by the 

replisome (87–89). Physiologically, Pol IV function is not required for normal growth. However, 

cells lacking dinB are sensitive to various DNA damaging agents, including alkylating agents such 
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as methyl methanesulfonate (MMS), or drugs that introduce bulky guanine base adducts like 

nitrofurazone (NFZ) or 4-nitroquinoline-1-oxide (4NQO) (81, 90, 91). The sensitization of ∆dinB 

cells to these genotoxic agents has been attributed to simply lacking the only TLS polymerase that 

is able to bypass these lesions in vitro and in vivo. Pol IV continues to be an active area of 

investigation, especially in the context of its abnormally high expression rate in the absence of the 

SOS response. 

 The final known TLS polymerase in E. coli is DNA polymerase V, encoded by the umuC 

and umuD genes. The catalytic subunit of DNA polymerase V is encoded by the umuC gene, while 

the umuD gene product serves in multiple roles as a regulatory subunit of Pol V activity (92, 93). 

Unlike TLS Pols II and IV, expression of Pol V is completely regulated by the SOS response, with 

no detectable Pol V molecules present until very late in the SOS response. Indeed, Pol V is the 

most stringently regulated TLS polymerase, with expression only occurring 30-50 minutes after 

induction of the SOS response (94). This transcriptional and temporal regulation, along with a 

post-translational RecA-mediated proteolytic regulation of the regulatory umuD subunit, showcase 

the evolved constraints on usage of the Pol V enzyme (95, 96). Correspondingly, Pol V is both the 

slowest and most error-prone of all E. coli DNA polymerases (97); thus, its activity is only used 

in the most severe of DNA damage events. Nonetheless, in vitro studies have documents Pol V’s 

ability to bypass a diverse collection of damaged DNA substrates, making it an ideal last-ditch 

effort to thwart the propagation of DNA damage to daughter cells. Due to these observations, many 

groups have termed Pol V as the primary or major TLS polymerase in E. coli.  Like the other TLS 

polymerases, Pol V is targeted to sites of DNA damage and its polymerase activity is stimulated 

by an interaction with the beta processivity clamp (98). Unlike other TLS Pols, Pol V is strongly 

activated by the presence of RecA nucleoprotein filaments, suggesting an additional mechanism 
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of action at long-lived sites of DNA damage (99). Interestingly, cells lacking Pol V are modestly 

sensitized to moderate levels of ultraviolet light, unlike cells lacking the other two TLS 

polymerases (100). This finding underlines the hypothesis that Pol V activity is required when 

cells are subjected to high amounts of genotoxic stress.  DNA polymerase V is perhaps the most 

well-characterized TLS polymerase due to its early association with the SOS response, its complex 

regulatory mechanisms, and its relationship with the well-studied bacterial recombinase RecA. Its 

in vitro and in vivo mechanisms continue to be an active area of research today (95, 101). 

Lesion Skipping as a Mechanism for DNA Repair Pathway 

Choice 

Despite decades of work on characterizing the two major replication-associated DNA 

repair pathways in Escherichia coli, much less is known about how the cellular machinery chooses 

which pathway to utilize when faced with diverse types of replisome blockages. Many have 

concluded that a repair pathway is chosen based on the type of substrate needing repair. This is 

despite the fact that both translesion DNA synthesis and homologous recombination are able to 

repair single-stranded DNA gaps left behind when the replicative helicase continues ahead of a 

stalled replisome. These gaps were described as early as 50 years ago, when Rupp and Howard-

Flanders observed single-stranded DNA gaps formed following UV irradiation of cells lacking the 

nucleotide excision repair pathway (direct excision and repair of damaged nucleotide bases by the 

uvrABC proteins) (102). Recent work by Robert Fuchs and colleagues has illuminated the 

competition between TLS and homologous recombination to repair these gaps; however, the exact 

mechanism of the gap formation remains to be elucidated (103).  
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Ken Marians and colleagues have demonstrated the ability of DNA polymerase III, in the 

presence of the DnaG primase, to bypass leading-strand DNA lesions in vitro (104, 105). However, 

this process occurred on the timescale of minutes, and was specific to only one type of DNA 

lesion—a UV-induced pyrimidine dimer. In addition to their work on leading-strand DNA lesions, 

Marians has also examined the trigger of lagging strand DNA synthesis to move to the next 

Okazaki fragment in vitro. In this work, Marians proposes two possible models for DNA 

polymerase recycling during lagging strand synthesis: one involving a signal derived from DnaG-

dependent primer formation and another involving a direct collision of Pol III with an adjacent 

Okazaki fragment (106). McHenry and colleagues have ruled out the collision model in favor of 

the signaling model (107). While the source of the signal to recycle Pol III is still unknown, 

McHenry hypothesized a possible role for the clamp loader complex DnaX (107). This recycling 

signal could theoretically be harnessed as a mechanism to bypass sites of DNA damage on the 

lagging strand during DNA synthesis. In addition, exploitation of this signal for bypassing sites of 

DNA damage could explain the presence of gaps at the replication fork following UV irradiation 

as observed by Rupp and Howard-Flanders. In this work, we hypothesize the function of a highly-

conserved AAA+ ATPase, RarA, is to catalyze this lesion skipping in vivo. 

The Escherichia coli RarA protein 

 The E. coli RarA (Replication associated recombination A) protein was first described by 

David Sherratt and colleagues in 2001, after demonstrating its high conservation across all 

domains of life and its relationship to known DNA metabolism proteins DnaX and RuvB (108). 

Indeed, RarA shares roughly 40% amino acid identity with its yeast (Mgs1) and human (WRNIP1) 

homologues and 25% amino acid identity with the E. coli Holliday Junction helicase RuvB and 

clamp loader DnaX (108). Disruption of the rarA gene (using a chloramphenicol cassette insertion 
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at the RarA N-terminus) alone did not cause any significant phenotype with respect to growth, 

DNA repair capacity, or mutagenesis rate (108). However, when the rarA disruption was combined 

with DNA recombination mutants, growth rate and recombination frequencies were decreased, 

suggesting a role for RarA in DNA replication and recombination (108). Fluorescently-tagged 

RarA co-localizes with active replication forks, again suggesting a role for its function at the 

interface of DNA replication and recombination (19, 109, 110). Work by Shinagawa and 

colleagues demonstrated a synergistic effect on growth rate upon loss of both rarA and the bacterial 

recombinase recA (111). In addition, overexpression of rarA resulted in a 500-fold increase in 

mutagenesis, specifically the frequency of -1G frameshift mutations; overexpression of rarA was 

found to be lethal in the absence of recA (111). As noted previously, an increase in -1G frameshift 

mutations was also seen when dinB (Pol IV) was overexpressed (85); thus, it is hypothesized that 

the overexpression of rarA leads to increased Pol IV activity. The relationship between rarA 

function and DNA replication has been further underlined by observations that loss of rarA 

function alleviates the temperature sensitivity of strains carrying alleles that encode unstable DNA 

polymerase III holoenzyme (111, 112). These findings suggested a destabilization role for RarA 

function on the replisome. 

 Biochemical characterization of the RarA protein has been a particular interest of our lab 

in the past ten years. A former graduate student in our laboratory, Asher Page, in collaboration 

with Nick George and James Keck’s lab, solved the X-ray crystal structure of apo RarA (Figure 

1-5) (113). The structure placed RarA in the AAA+ ATPase superfamily, specifically in the clamp-

loader clade (113, 114). Indeed, RarA shares extensive structural homology with the E. coli and S. 

cerevisiae clamp loaders DnaX and replication factor C, respectively. RarA was shown to be a 

DNA-dependent ATPase, with its activity stimulated by M13 bacteriophage genomic DNA (113). 



 

  

14

In addition, RarA interacts with the single-stranded DNA binding protein (SSB) with the second 

highest affinity of all of its interacting partners (113). This interaction was found to be necessary 

for localization of RarA to replication forks in vivo (19). Despite the numerous studies published 

on the RarA protein, its overall function remains highly enigmatic. However, some additional 

insights have been achieved through study of its yeast and human homologues. 

Eukaryotic RarA homologues 

 As previously mentioned, the RarA protein family is one of the most highly conserved 

DNA metabolism protein families. The yeast homologue of RarA, called Mgs1 (Maintenance of 

genome stability protein 1), was first described by Shinagawa and colleagues at the same time as 

Sherratt first described E. coli RarA (115). Like RarA, overproduction of ATPase-competent Mgs1 

resulted in severe genome instability and in hypersensitization to DNA damaging agents (115). 

Like loss of rarA, loss of mgs1 function did not confer a growth phenotype, but did modestly 

increase basal levels of homologous recombination. Combination of an mgs1 deletion with mutants 

in the DNA damage response (specifically the rad6 pathway) was found to be synthetically lethal, 

suggesting a role for mgs1 in an alternative DNA damage pathway (116). Like in E. coli, a 

connection between mgs1 and DNA replication was observed when deletion of mgs1 rescued the 

inviability of DNA polymerase δ mutants (117). It should be noted that in yeast and most 

eukaryotes, two primary DNA polymerases exist: Pol ε, which synthesizes the leading strand, and 

Pol δ, which synthesizes the lagging strand (118). Mgs1 localizes to the replication fork in the 

absence and presence of DNA damage (119). Localization is dependent on a conserved interaction 

between Mgs1 and PCNA, the DNA replication processivity clamp in eukaryotes (119, 120). 

Similarly, the human homologue of Mgs1, called WRNIP1 (Werner’s helicase interacting protein 
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1), also localizes to the replication fork through an interaction with PCNA (121, 122). 

Interestingly, localization of Mgs1/WRNIP1 to the replication fork is independent of its ATPase 

activity, thereby suggesting a role for this activity after it is localized to the replication fork (121). 

A possible role for WRNIP1 function at replication forks includes the observation that it functions 

upstream of the TLS polymerase Pol η in human cells treated with ultraviolet light (123). Despite 

these diverse observations for WRNIP1 function in vivo, its precise cellular function remains 

unknown. Many groups have chosen instead to investigate the biochemical properties of 

Mgs1/WRNIP1 in vitro to understand its DNA binding and ATPase activities. 

 Mgs1/WRNIP1 are DNA-dependent ATPases, with both single-stranded and double-

stranded DNA being reported as substrates for this reaction (115, 124, 125). Unsurprisingly, these 

proteins also bind a variety of DNA substrates, including double-stranded DNA, single-stranded 

DNA, and replication fork mimics (124, 126). Besides an ATPase-independent DNA annealing 

activity, no known DNA-dependent activity has been attributed to RarA family proteins. 

Mgs1/WRNIP1 interacts with PCNA, the eukaryotic DNA replication processivity clamp. Upon 

polyubiquination, PCNA acts as a scaffold for many proteins, including Mgs1/WRNIP1, for 

localization to the replication fork (119, 120, 127, 128). In addition, as its name suggests, WRNIP1 

has been shown to interact with Werner’s helicase (WRN), a member of the conserved RecQ 

family of helicases that are involved in many aspects of DNA/RNA metabolism (129–132). From 

a replication perspective, Mgs1/WRNIP1 binds to and stimulates the activity of DNA polymerase 

δ, the polymerase responsible for replicating the lagging strand in eukaryotes (125). Further 

implicating Mgs1/WRNIP1 in the maintenance of lagging strand DNA synthesis, Mgs1 stimulated 

the activity of flap structure-specific endonuclease (Fen1) in vitro, even though a protein-protein 

interaction between these two proteins was not observed (124). Fen1 is responsible for removing 
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single-stranded DNA flaps created by DNA Pol δ upon overreplication at sites of newly 

synthesized Okazaki fragments (133).  

Unlike E. coli RarA, eukaryotic Mgs1/WRNIP1 have been shown to possess numerous 

interacting protein partners in vitro. However, like RarA, there have been no descriptions of the 

function of Mgs1/WRNIP1 ATPase or DNA binding function in vitro. Similarly, despite the 

wealth of observations published on the RarA family in the past two decades, its underlying 

function in all cells remains highly enigmatic. The most recent model for RarA protein family 

function involves its ability to bind polyubiqutinated PCNA, which could serve as a mechanism to 

facilitate a DNA polymerase switch between normal (Pol δ) and translesion (Pol η) DNA synthesis 

when DNA damage is encountered by the replication fork (134). However, this hypothesis remains 

to be tested directly.  

In this work, I use the E. coli RarA protein as a model for the RarA protein family. In 

chapter 2, I will describe our work on RarA in vitro. This includes two novel functions for the 

RarA protein family: DNA flap formation and single-stranded DNA gap formation. In chapter 3, 

I will describe the consequences of these novel activities in vivo. Finally, in chapter 4, I will put 

these observations in context with the current literature and provide some future directions.
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Figure 1-1:  Organization of the E. coli replisome 

The replicative helicase DnaB translocates along the lagging strand, separating parental duplex 

DNA into its constitutive template strands. This action allows for DnaG primase to synthesize an 

RNA primer. On the leading strand, DNA synthesis occurs continuously from this RNA primer; 

however, on the lagging strand, DNA synthesis occurs in 1-2 kilobase segments called Okazaki 

fragments. As single-stranded DNA is exposed on the lagging strand, it is bound and protected by 

the single-stranded DNA binding protein SSB. Using this unwound single-stranded DNA 

template, Pol III holoenzyme synthesizes double-stranded DNA product in a coupled and 

processive manner. This processivity is largely conferred by the beta clamp (β2) through its 

association with interaction with the Pol III core subunits. Beta clamp is initially loaded onto 

primer-template junctions by the clamp-loader complex (CLC). Pol III core subunits are tethered 

together (up to three at a time) through interactions with the CLC τ subunits, which also interact 

with DnaB helicases to scaffold the entire replisome together as replication progresses. Figure was 

adapted from (135). 
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Figure 1-2: DNA replication occurs continuously on the leading strand and discontinuously 

on the lagging strand 

A model showing an idealized DNA replication fork. As parental duplex DNA is unwound, DNA 

synthesis occurs continuously on the leading strand and discontinuously on the lagging strand. 

Leading strand synthesis occurs in the direction of overall replication fork movement, while 

lagging strand synthesis occurs in the opposite direction of overall replication fork movement. As 

a consequence, lagging strand synthesis utilizes short 1-2 kilobase-sized fragments called Okazaki 

fragments. Figure is adapted from Lehninger’s Principles of Biochemistry (136).   
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Figure 1-3: Types of DNA damage encountered by replication forks 

A schematic showing some of the most common types of DNA damage encountered by the 

replication fork in E. coli. Genotoxic agents and/or radiation sources that are known to cause the 

indicated DNA damage are shown in red. Damage ranges in severity from mismatched DNA bases 

to highly toxic double-stranded DNA breaks. E. coli has evolved several pathways to repair or 

tolerate this diverse set of DNA damage. Figure is adapted from Helleday et al. (137). 
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Figure 1-4: Recombinational DNA repair is catalyzed by the RecA protein 

Recombinational DNA repair is the major pathway in E. coli for repairing single-stranded DNA 

gaps and double-stranded DNA breaks. The bacterial recombinase RecA is loaded onto SSB-

coated single-stranded DNA by the RecFOR proteins (left). Double-stranded DNA ends must first 

be processed by the RecBCD helicase-nuclease complex to generate single-stranded DNA (right). 

In both cases, RecA catalyzes strand exchange between the damaged chromosome and an 

undamaged sister chromosome. This process generates recombination intermediates called 

Holliday Junctions (not pictured) that are then resolved to complete the repair process. 
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Figure 1-5: X-ray crystal structure of the E. coli RarA protein 

(A) X-ray crystal structure of the E. coli RarA monomer. RarA is comprised of two major domains: 

a AAA+ ATPase domain, and a tetramerization domain. A phosphate ion is bound in the active 

site of the AAA+ domain (orange and red spheres). The extensive alpha-helical structure of the 

tetramerization domain facilitates oligomerization of the enzyme. (B) Homotetrameric structure 

of E. coli RarA protein. A top-down view (left) reveals a 20 Å cavity formed by the AAA+ domains 

upon tetramerization. A hallmark of the AAA+ superfamily, the active site of ATP hydrolysis is 

found at the interface between two oligomers. A side view of the crystal structure reveals the 

extensive contacts between oligomers facilitated by the tetramerization domains. This crystal 

structure has been published previously (113). PDB: 3PVS.    
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Introduction 

 When a cellular replication fork encounters damage or barriers in the DNA template, it can 

stall or collapse (1–11). The damage/barriers may be DNA lesions, template strand breaks, actively 

transcribing RNA polymerases, or other tightly bound protein-DNA complexes (12, 13). Failure 

to recognize, respond to, and resolve these replication fork encounters in a timely manner can 

threaten genome integrity and cell viability. As such, all cells have evolved diverse pathways to 

circumvent or directly repair replication fork impediments of all types. In Escherichia coli, two 

major pathways exist to facilitate the repair or tolerance of DNA damage encountered by the 

replication fork. The first pathway is translesion DNA synthesis, which utilizes specialized DNA 

polymerases to bypass sites of DNA damage not normally tolerated by DNA polymerase III (14–

16). The second pathway is homologous recombination, which utilizes the bacterial recombinase 

RecA to repair double-stranded breaks (DSBs) and single-stranded DNA gaps (SSGs) using a non-

mutagenic mechanism (1, 2, 12, 17). For decades, work has focused on the repair of DNA damage 

and the biochemical characterization of the proteins involved in these pathways. However, how 

these substrates, specifically SSGs, are formed during replication remains highly enigmatic, 

despite evidence of their formation in vivo nearly 50 years ago (18). I present biochemical data in 

this chapter that supports the hypothesis that SSG formation at the replisome is an active process 

catalyzed by the highly conserved E. coli RarA protein. 

 The RarA (Replication associated recombination protein A) is part of what may be the most 

highly conserved family of DNA metabolism proteins, sharing 40% amino acid identity and 56-

58% similarity with Mgs1 in yeast and WRNIP1 in mammals (19, 20). The protein has also been 

called MgsA (Maintenance of genome stability A) to better identify it with its yeast homolog (21). 

The RarA protein is most closely related to two proteins in E. coli: the DNA polymerase III clamp 
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loader protein encoded by the dnaX gene and the Holliday Junction helicase, RuvB (19). Indeed, 

the proteins in the RarA family are members of the clamp loader clade of the AAA+ (ATPases 

associated with various cellular activities) superfamily, but adopt tetrameric complexes as opposed 

to the more common pentameric conformation (22). Members of the AAA+ superfamily are 

oligomeric enzymes that convert the chemical energy of ATP binding and hydrolysis to 

mechanical energy used to carry out various cellular processes, including functions associated with 

DNA replication (23–26). 

 Considerable work has been conducted with RarA/MgsA family proteins both in vivo and 

in vitro, but their function remains highly enigmatic. In vivo, all of the proteins co-localize with 

the replication fork throughout the cell cycle, both in the absence (19, 27–30) and presence (31–

33) of exogenous DNA damage. The localization is mediated by an interaction with single-

stranded DNA binding protein (SSB) in bacteria (22, 27) and ubiquitylated PCNA in eukaryotes 

(31, 32, 34, 35). Knockout mutations tend to exhibit a modest phenotype, at most a slight growth 

defect and/or a tendency for hyperrecombination (19, 36, 37). However, combining a deletion of 

a rarA family gene with a defect in another gene involved in DNA repair or replication often results 

in an additively or synergistically enhanced phenotype (19–21, 29, 30, 37–44). Overexpression of 

any RarA family protein results in severe genome instability and is lethal in E. coli strains lacking 

recA (21, 29, 37). Despite a wealth of in vivo experiments, the precise function of RarA family 

proteins remains unknown. 

 In vitro, numerous studies have shed limited light on the RarA protein. The apo X-ray 

crystal structure of the E. coli RarA protein revealed marked similarity between RarA and clamp 

loader proteins from various organisms (22). However, RarA adopts a unique homotetrameric 

configuration rather than the heteropentameric form seen amongst clamp loaders and other AAA+ 
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proteins (22, 45, 46). The RarA protein family exhibits a DNA-dependent ATPase activity that is 

stimulated by circular single-stranded DNA (22, 37, 40), and in once case (WRNIP1) by double-

stranded DNA ends (47). Both Mgs1 and WRNIP1 bind ssDNA, ssDNA-dsDNA junctions, and 

forked DNA in the presence or absence of ATP (30, 40). RarA homologs physically interact with 

the processivity clamp PCNA in yeast, and the lagging strand DNA polymerase δ in both yeast 

and humans (34, 47, 48). These interactions have been hypothesized to both localize 

Mgs1/WRNIP1 to sites of replication fork stress and to directly stimulate DNA polymerase δ 

activity at the replication fork. RarA also tightly binds the conserved C-terminus of the single-

stranded DNA binding protein (SSB) in both E. coli and B. subtilis (22, 27). This interaction is 

required for RarA to localize to the replication fork, which is a characteristic with other SSB-

interacting proteins, including the branch migration helicase RecG, the replication restart helicase 

PriA, and over a dozen additional proteins (27, 49, 50). 

 In this study, we further characterize the biochemical properties of the E. coli RarA protein 

using a combination of ATPase assays, DNA binding studies, fluorescence spectroscopy, and 

single-molecule DNA replication assays. We reveal an ATPase-dependent helicase activity 

operating at double-stranded DNA ends. In addition, we observe that RarA catalyzes single-

stranded DNA gap formation behind actively replicating DNA polymerases in vitro. We 

hypothesize that RarA ensures optimal replisome progression by catalyzing DNA lesion bypass.  
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Results 

RarA ATPase activity is stimulated by double-stranded DNA ends 
 
 Multiple previous reports on RarA and yeast Mgs1 indicated that the ATPase activity of 

proteins in this family was stimulated by single-stranded DNA (ssDNA) (22, 37, 40). One report 

on WRNIP1 indicated that the ATPase was stimulated by DNA ends (47). This could represent a 

distinction between family members. However, we note that in all previous reports of RarA family 

protein stimulation by ssDNA, the ssDNA employed was a derivative of M13 phage DNA that has 

a considerable degree of secondary structure (51, 52). We considered the possibility that the 

secondary structure may have led to a misinterpretation of results. 

 We examined the response of the RarA DNA-dependent ATPase activity to a series of 

DNA substrates with different structures. RarA exhibits a weak DNA-independent ATPase activity 

(0.8 ± 0.20 µM min-1 under the conditions of this experiment with 0.5 µM RarA monomers; Figure 

2-1A). A 16-nucleotide single-stranded DNA substrate (ssDNA; 0.5 µM molecules) with no 

secondary structure did not increase the ATPase rate (0.7 ± 0.10 µM min-1) when compared to 

DNA-independent reactions. However, when a 16-base pair duplex (dsDNA; 0.5 µM molecules) 

was incubated in the reaction, ATPase activity was strongly stimulated (68.0 ± 2.0 µM min-1) 

(Figure 2-1A). These results double-stranded DNA was the actual primary substrate for RarA 

ATPase activity. 

 To determine whether the interior or the ends of the dsDNA molecule were responsible for 

stimulating RarA ATPase activity, three DNA substrates were included in different ATPase 

reactions: circular double-stranded pUC19 DNA (cds DNA; 2686 bp), linear double-stranded 

M13mp8 DNA (lds DNA; 7229 bp), and a 48-base pair duplex. All reactions contained equimolar 
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concentrations of DNA as measured in nucleotides (48 µM), but greatly differing concentrations 

of dsDNA ends. Circular double-stranded DNA (no dsDNA ends) did not significantly stimulate 

ATPase activity compared to a reaction with no DNA present (Figure 2-1B). Similarly, linear 

double-stranded DNA (0.018 µM dsDNA ends) only marginally increased RarA ATPase rate 

(Figure 2-1B). However, a reaction containing a 48-base pair duplex (1 µM dsDNA ends) strongly 

stimulated RarA ATPase activity when compared to all other substrates (Figure 2-1B). Figure 2-

1AB shows that double-stranded DNA ends maximally stimulated RarA ATPase activity, while 

closed-circular dsDNA and short ssDNA did not increase the rate of ATP hydrolysis relative to 

reactions lacking DNA. 

RarA ATPase activity is affected by DNA end structure 
 
 To determine the effects of dsDNA end structure in stimulating RarA ATPase activity, we 

designed a DNA duplex hairpin substrate containing a single dsDNA end. This 36 nucleotide 

hairpin substrate consisted of a 16 base pair duplex with a four nucleotide 5'-GTAA-3' hairpin. 

This hairpin sequence was selected due to its propensity to form a hairpin and its thermostability 

(53). We altered this dsDNA end structure with single-stranded DNA overhangs and examined 

their effects on RarA ATPase activity. In all cases, the concentration of DNA molecules, and thus 

free ends, was kept constant. A blunt end duplex maximally stimulated RarA ATPase activity 

(26.21 ± 1.80 µM min-1), followed by a dsDNA end with an 18-nucleotide 5' ssDNA overhang 

(19.79 ± 0.81 µM min-1) (Figure 2-1C). A duplex end modified with an 18-nucleotide 3' ssDNA 

overhang modestly stimulated RarA ATPase activity (6.71 ± 0.50 µM min-1) while a structure 

lacking exposed dsDNA ends (both ends capped in a hairpin structure) did not significantly 

stimulate ATPase activity when compared to a blunt end or 5' overhang substrate (Figure 2-1C). 

We note that both substrate specificity and ATPase rates are maintained in a reaction buffer with 
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physiological ionic strength (Figure 2-2). From these data, we identified both a blunt end duplex 

and a duplex modified with a short 5' ssDNA overhang as the most effective substrates for 

stimulating RarA ATPase activity, although all three substrates were stimulatory.  

Single-stranded DNA gaps stimulate RarA ATPase activity 
 
 Single-stranded DNA gaps are common structures found at stalled replication forks in vivo. 

As such, we designed DNA substrates containing one single-stranded DNA gap of varying size 

and tested their ability to stimulate RarA ATPase activity. As previously noted, a closed-circle 

DNA substrate did not significantly stimulate RarA ATPase activity. This situation is reprised here 

with a 72 nucleotide substrate containing 32 base pairs of duplex DNA, two four-nucleotide 5'-

GTAA-3' hairpins at either end, and no strand breaks (Figure 2-3A). However, when a single nick 

is present in the same substrate (in the center), ATPase activity is notably increased (9.91 ± 0.47 

µM min-1) (Figure 2-3A). The rate of RarA ATP hydrolysis increases further with the size of the 

ssDNA gap, up to eight nucleotides (20.79 ± 1.65 µM min-1) (Figure 2-3A). Substrates containing 

a gap larger than eight nucleotides did not further increase the rates of ATP hydrolysis (Figure 2-

3A). It should be noted that the stimulation of RarA ATPase activity by ssDNA gaps did not 

depend on the presence of a 5' phosphate or 3' hydroxyl group, as DNA substrates lacking either 

of these features still stimulated activity (Figure 2-3B). 

RarA ATPase activity is equivalent at dsDNA ends and ssDNA gaps 
 
 To compare the stimulatory effect of a dsDNA end and ssDNA gap on RarA ATPase 

activity, a Michaelis-Menten kinetic analysis of reactions containing these substrates was 

conducted. ATP concentrations were held constant and in excess, while DNA substrate 

concentration was varied and ATPase rates measured. In effect, the results measure RarA binding 

to DNA ends, as seen indirectly by ATPase stimulation. RarA ATPase activity in the presence of 
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a blunt-end dsDNA substrate had a Vmax of 59.76 ± 2.04 µM min-1 and an apparent Km of 48.71 ± 

6.21 nM (Figure 2-4A). Similarly, RarA ATPase activity in the presence of an 18-nucleotide 

ssDNA gap had a Vmax of 56.45 ± 2.64 µM min-1 and an apparent Km of 51.40 ± 8.03 nM (Figure 

2-4B). 

 Finally, the effect of ATP concentration on RarA ATPase activity was investigated by 

conducting a Michaelis-Menten kinetic analysis of reactions containing saturating amounts of 

DNA and increasing amounts of ATP. The measured Vmax for this reaction was 70.98 ± 2.08 µM 

min-1, the measured Km for the ATP substrate was 88.03 ± 7.15 µM, and the calculated kcat was 

141.96 min-1 (Figure 2-4C). 

RarA binds to double-stranded DNA in the presence of ATP, and to single-stranded 

DNA in the absence of nucleotide cofactor 
 
 We next examined DNA binding directly, and also investigated the effect of nucleotide 

cofactor on RarA binding to double-stranded and single-stranded DNA. Using a fluorescently-

labeled 16 base pair duplex or 16 nucleotide single-stranded DNA substrate, equilibrium 

fluorescence polarization binding studies were conducted. 

 RarA exhibited a very weak affinity for dsDNA in the absence of nucleotide cofactor or in 

the presence of ADP, with an apparent dissociation constant (Kd,app) or > 10 µM (Figure 2-5A). 

However, when the minimally-hydrolyzable ATP analog ATPγS was included in binding 

reactions, RarA possessed a much greater affinity for dsDNA, with an apparent dissociation 

constant of 58 ± 3 nM (Figure 2-5A). Note that the Kd value of RarA binding dsDNA in the 

presence of ATPγS compares very well with the apparent Km derived from ATPase values 

determined as DNA end concentration was varied (Figures 2-4AB). Conversely, RarA exhibited 

a very weak affinity for ssDNA in the presence of ATPγS or ADP (Kd,app = > 10000 nM and 9000 
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± 1000 nM, respectively), but a significant affinity in the absence of nucleotide cofactor (Kd,app = 

890 ± 28 nM) (Figure 2-5B). 

RarA ATPase activity is stimulated by AT-rich duplexes 
 
 We next sought to determine if the nucleotide sequence present at DNA ends affected the 

RarA ATPase activity. Using the previously described hairpin duplex substrate as a template, six 

substrates were designed. A duplex comprised entirely of G-C base pairs was designed and then 

modified to contain an increasing number of A-T base pairs from the dsDNA end inward to the 

hairpin. The resulting five DNA substrates, as well as a duplex comprised entirely of A-T base 

pairs, were included in ATPase reactions with RarA protein. 

 The GC-rich duplex simulated RarA ATPase activity at a rate lower than the blunt end 

duplex examined in Figure 2-1C (20.01 ± 1.80 µM min-1) (Figure 2-6). Conversion of the 

terminal-most base pair from G-C to A-T resulted in a significant increase in RarA ATPase activity 

(Figure 2-6). As more G-C base pairs were substituted with A-T base pairs in the substrate, the 

rate of ATP hydrolysis increased further. A duplex comprised entirely of A-T base pairs stimulated 

RarA ATPase activity maximally (35.24 ± 2.31 µM min-1) (Figure 2-6). This result suggested that 

RarA might engage in the catalysis of strand separation at DNA ends. 

RarA protein separates the strands of double-stranded DNA ends 
 
 To investigate the effect of RarA ATP hydrolysis on dsDNA ends, we used two assays. 

The first is an ensemble fluorescence intensity assay. We designed a hairpin duplex substrate 

(molecular beacon) modified with a 5' 6-carboxyfluorescein (6-FAM) fluorophore and a 3' 3-

dabcyl quencher (Figures 2-7AB). When the DNA is folded, the fluorescence of the 6-FAM 

fluorophore is quenched by the 3-dabcyl quencher. When the strands of the DNA substrate are 

separated, the fluorescence intensity increases. This DNA substrate was included in ATPase 
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reactions with RarA protein while the fluorescence intensity of fluorescein was measured over 

time. 

 Addition of RarA protein to reactions containing the labeled DNA substrate resulted in an 

increase in fluorescence intensity over time (Figure 2-7A). Increasing the amount of RarA 

included in these reactions resulted in an increase in overall fluorescence intensity in a protein 

concentration-dependent manner (Figure 2-7A). 

 RarA R156A is a variant protein lacking the arginine finger residue required by AAA+ 

proteins to hydrolyze ATP. When this variant protein was included in a reaction containing the 6-

FAM/dabcyl labeled DNA substrate, the increase in fluorescence intensity was dramatically less 

than that observed in a reaction containing wild-type protein (Figure 2-7B). These results suggest 

that ATP binding or hydrolysis is required for RarA to separate the strands of dsDNA ends. We 

note that the labels on this DNA substrate may interfere with RarA binding to the ends to some 

degree. 

 To better characterize this strand separation activity, and to control for DNA end structure, 

we set up a second assay using a quite different DNA substrate and stopped-flow 

spectrophotometry. For these experiments, we designed another hairpin duplex substrate 

containing 21 base pairs. This substrate contained a 2-aminopurine at the penultimate position on 

the 3' end of the strand (Figure 2-7CD). 2-aminopurine is a fluorescent base analog that mimics 

adenine both in its structure and its ability to base-pair with thymine (54–57). Additionally, its 

fluorescence intensity is naturally quenched when it is found in a duplex and unquenched when 

single-stranded (54–57). These properties make 2-aminopurine well suited for probing the 

interactions between RarA protein and dsDNA ends. 
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 The fluorescence intensity of 2-aminopurine was monitored over a 30 second time period 

in reactions containing RarA protein and DNA upon addition of indicated nucleotide cofactor 

(Figure 2-7C). In a reaction lacking nucleotide cofactor, 2-aminopurine fluorescence marginally 

increased (Figure 2-7C). When ATP was included in the reaction, a modest sharp increase in 

fluorescence was observed in the first 150 ms, after which the fluorescence reached its peak 

(Figure 2-7C). Interestingly, when the minimally-hydrolyzable ATP analog ATPγS was included 

in the reaction, a large and steady increase in fluorescence was observed in the first 15 seconds (a 

shorter time scale than those seen in the assay presented in panels A and B), after which the 

fluorescence reached its peak (Figure 2-7C). However, when the ATPase-dead RarA R156A 

mutant was included in this reaction, fluorescence intensity only modestly increased (Figure 2-

7C). Finally, we investigated whether this activity was RarA concentration-dependent. We 

included the indicated amounts of RarA protein in the presence of ATPγS and observed the 

fluorescence intensity over time. We observed an increase in both the rate of increase and overall 

fluorescence intensity when higher concentrations of RarA were included in these reactions 

(Figure 2-7D). 

 We note that the order of component addition was different between the method used in 

Figure 2-7A and B and the method used in Figure 2-7C and D. In the fluorimeter method (Figure 

2-7AB), reactions were initiated when RarA was added to a buffered solution of ATP and DNA 

substrate, while in the stopped-flow method (Figure 2-7CD) RarA was pre-incubated with DNA 

and reactions were initiated upon addition of nucleotide cofactor. To ensure that the order of 

component addition did not significantly affect the resulted observed with the stopped-flow 

method, we performed a variation of the stopped-flow experiment where two different orders of 

addition were directly compared. In this experiment (Figure 2-7E), the addition of DNA and 



 

 

48

ATPγS to RarA yielded a higher final signal, although the rate of approach to the endpoint was 

similar in both cases. This rate was in all cases faster than that observed in the experiments 

employing the 6-FAM/dabcyl-labeled DNA substrate. Thus, while the order of component 

addition does not significantly affect the overall activity, the DNA end modification present in the 

experiments in Figure 2-7AB may have affected the kinetics of this reaction. 

RarA creates ssDNA gaps behind replicating Pol III replisomes in vitro 

 To observe the effects of RarA at replication forks, we utilized a single-molecule DNA 

replication assay (58–60). This work was done in collaboration with Antoine van Oijen’s 

laboratory at the University of Wollongong in Wollongong, Australia. All single-molecule DNA 

replication experiments were conducted by Jacob Lewis, Lisanne Spenkelink, and Slobodan 

Jergic. This assay employs a rolling-circle DNA amplification scheme, allowing observation of 

processive DNA synthesis by the E. coli replisome in real time (Figure 2-8A). A double-stranded 

(ds) circular DNA is anchored to the surface of a microfluidic flow cell through a biotinylated 5'-

flap. This flap also facilitates loading of the DnaB helicase. Replication is then initiated by 

introducing a laminar flow of buffer with the components required for DNA synthesis. As 

replication proceeds, the newly synthesized leading strand becomes part of the circle and later acts 

as a template for lagging-strand synthesis. With the leading strand attached to the surface and the 

continuously growing DNA product stretched in the buffer flow, the dsDNA circle moves away 

from the anchor point. Replication is visualized in real-time near-TIRF fluorescence imaging of 

stained dsDNA (Figure 2-8B). This stratagem allows quantification of the instantaneous rates of 

individual replisomes and their processivities. 

 In the experiments documented in Figure 2-8B, the replisome was pre-assembled onto the 

rolling-circle template in solution. Subsequently, the template was attached to the surface of a flow 
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cell. The flow cell was then washed to remove all unbound proteins. Replication is initiated by 

introduction of a replication solution that omits Pol III* and helicase, but includes SSB, DnaN (the 

β2 clamp), DnaG primase, rNTPs, and dNTPs. The absence of free Pol III* in solution makes 

polymerase exchange impossible (60). Nonetheless, these conditions support highly processive 

DNA replication with synthesis rates and processivities identical to a situation with Pol III* in 

solution and are consistent with values reported previously (58, 60–63). 

 When RarA was included at a concentration of 300 nM (tetramer) in the replication reaction 

solution, numerous gaps appeared in the rolling circle products synthesized by individual 

replisomes (Figure 2-8B, middle; Figure 2-8C, bottom). The stain used to visualize the duplex 

DNA binds poorly to single-stranded (ss) DNA. Thus, any gaps in the product can be visualized 

as breaks in the fluorescence signal along the growing DNA molecules. Introducing the same 

concentration of an ATPase defective RarA protein (RarA K63R) did not produce gaps and had 

no evident effect on replisome progress (Figure 2-8B, bottom). Thus, the appearance of gaps is 

dependent upon both the presence of RarA and its ATPase activity. It should be noted that RarA 

and RarA K63R bind to the SSB C-terminus with very similar affinities (Figure 2-9A). The 

absence of gaps when the ATPase mutant is added provides evidence that gap formation is not an 

artifact of strong binding of RarA to SSB. In addition, these gaps are not seen if RarA is added 

post-replicatively to these single-molecule DNA replication assays (Figure 2-9B). This indicates 

that this activity is not due to either a non-replication associated function nor a nuclease 

contamination of the RarA protein preparation. 

 Addition of RarA or RarA K63R did not significantly alter the rates or processivities of 

DNA synthesis in the rolling-circle assay. The rates were calculated to be 662 ± 72 bp/s (no RarA), 

658 ± 33 bp/s (300 nM RarA added), and 685 ± 70 bp/s (300 nM RarA K63R added) (Figure 2-
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10A). The processivities were calculated to be 68 ± 7 kb (no RarA), 70 ± 6 kb (300 nM RarA 

added), and 68 ± 8 kb (300 nM RarA K63R added) (Figure 2-10A). 

 On average, RarA-induced gaps were 2.2 µm long (SEM = 0.5 µm; n = 109 molecules) 

and appeared at an average frequency of once per 78 nm (Figure 2-8B; Figure 2-10B). Under 

these experimental conditions, dsDNA has a length of 3 nt/nm (measured by visualization of 

tethered 20-kb linear dsDNA under the same conditions). In comparison, ssDNA is much more 

compact. Based on previous measurements of SSB-coated DNA, we estimate that the ssDNA 

within gaps has a length of approximately 12 nt/nm (60). Applying these length conversions, 

RarA-induced gaps had an average length of 26 knt (SEM = 7 knt) and appeared at a frequency of 

once every 37 kb (Figure 2-8B; Figure 2-10B). These values imply that under these conditions 

leading- and lagging-strand synthesis become uncoupled for very long periods of time. 

 We next examined the dependence of these parameters on the RarA concentration. When 

RarA was included in the reaction mixture at 100 nM (tetramer), gaps appeared less frequently 

(once per 100 kb). However, the lengths of the gaps were unaffected (mean = 1.8 µm, SEM = 0.7 

µm; n = 37 molecules) (Figure 2-10B). At 30 nM RarA, few gaps were observed. Thus the gap 

frequency is dependent on RarA concentration, whereas the gap length is independent. When RarA 

was included at 300 nM, but a five-fold higher concentration of β2 was used, the length of the gaps 

reduced to 0.95 µm (SEM = 0.19 µm; n = 354 molecules) (Figure 2-10B). Based on these 

observations (together with results described below), we attribute the very long gaps to slow restart 

of Okazaki-fragment synthesis as a result of slow loading of β2 clamps from solution under these 

experimental conditions. 

 We closely examined the relationship between RarA-induced gap formation and the β2 

clamp in these reactions. RarA could act to disengage the Pol III core and its associated β2 clamp 
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from the DNA template, or it could act to separate that Pol III core from the β2 clamp. If RarA 

disengages both the Pol III core and associated clamp, and both are re-used when lagging strand 

DNA synthesis re-initiates, no β2 clamps would be left behind the fork at RarA-mediated gaps. 

However, if RarA separates Pol III core from its clamp, one would expect that clamps would be 

left behind at gaps. To distinguish these possibilities, we repeated the rolling-circle assays using 

fluorescently labeled β2 clamp. As expected, no gaps were observed in the absence of RarA 

(Figure 2-8D, top). Fluorescently labeled β2 clamps were only visible at the tips of DNA 

molecules, corresponding to the position of the replication fork. This indicates under the conditions 

of the assay (20 nM β2 clamp is provided in the replication solution), clamps are predominantly 

recycled by Pol III* during synthesis of each new Okazaki fragment (64). Introduction of 300 nM 

RarA to the reaction led to products containing numerous gaps, as expected. However, multiple β2 

clamps were now visible on each DNA product (Figure 2-8D, bottom). This indicates that in the 

rolling-circle assay RarA action disengages Pol III core from the β2 clamp, which remains 

associated with the dsDNA upstream of each gap. Many of the abandoned clamps were seen near 

gaps. It is possible that all of them were thus associated, since gaps of fewer than 500 nt would not 

be observed in this experiment. 

 An important caveat of these experiments is that only gaps on the lagging strand are 

detected in intact DNA molecules visualized. This is due to the configuration of our assay and 

rolling-circle replication, where the leading strand is used as a template for continued lagging 

strand synthesis (Figure 2-8A). Thus, any gaps present in the leading strand would result in early 

termination of rolling-circle replication, which would materialize as truncated products (and a 

lower processivity) in our assay. However, since no significant change in processivity was seen 
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upon addition of RarA, we conclude that these gaps are forming on the lagging strand during DNA 

synthesis (Figure 2-10A). 

We note that in all single-molecule experiments, no DNA lesions have been purposefully 

introduced into these DNA substrates. RarA protein is acting to create gaps behind the replication 

fork. The concentration of RarA employed, and perhaps the absence of other factors that may 

affect RarA function in the cell, may amplify an activity that normally addresses replisome stress 

with more targeted precision in vivo.  
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Discussion 

 The work described in this chapter provides four new insights into the highly conserved 

yet enigmatic RarA protein family. First, E. coli RarA is a DNA-dependent ATPase specifically 

stimulated by double-stranded (ds) DNA ends and single-stranded DNA gaps. The effects of DNA 

ends on RarA ATPase activity are documented in Figures 2-1 – 2-4. This is likely to be a general 

feature of this protein family. Previous reports of RarA and yeast Mgs1 ATPase stimulation by 

single-stranded (ss) DNA likely reflects an interaction with the ends of secondary structure that is 

prevalent in the M13-based DNA substrates employed in all cases (22, 37, 40), although we did 

not directly test Mgs1. ATPase stimulate by dsDNA ends has been demonstrated for WRNIP1 

(47).  

Second, we characterized the RarA-DNA complex in various nucleotide-bound states. 

These experiments demonstrated that ATPγS-bound RarA possesses a high affinity for dsDNA, 

while apo RarA possesses a substantial affinity for ssDNA. These results begin to define an ATP 

hydrolytic cycle possessing multiple intermediates with different DNA affinities.  

Third, we showed that RarA separates the strands at DNA duplex termini in the presence 

of ATPγS or ATP to create ssDNA flaps. In addition to a direct demonstration of this activity in 

Figure 2-7, the effects of AT base pair content at the DNA end documented in Figure 2-6 also 

contributes to this conclusion. The inability for an ATPase-deficient RarA protein to unwind 

dsDNA demonstrates the importance of ATP in this process. This helicase-like activity is the first 

DNA substrate-based activity detected to date for this protein family. We note that RarA is not the 

only protein, even in E. coli, which can produce a fraying or strand separation at the ends of the 

duplex. For example, the RecBCD helicase can produce this effect at DNA ends, albeit presumably 

as a prelude to complete DNA unwinding (65, 66). 



 

 

54

Finally, we described a gap-creation activity, catalyzed by RarA, that creates ssDNA gaps 

behind actively replicating DNA polymerases in vitro. To our knowledge, this is the first 

description of such an activity being catalyzed in an active manner in vitro. The experiments 

described in Figures 2-8 – 2-10 suggest RarA accomplishes this activity by outcompeting Pol III 

core for binding the β2 processivity clamp during lagging strand DNA synthesis. This forces Pol 

III cores to disengage from the DNA template and search for an additional β2 binding partner on a 

downstream RNA primer. The result – a ssDNA gap – is generated behind the replication fork. 

We showed that the number of these gaps increases with RarA concentration, suggesting an active 

mechanism for Pol III disengagement from the β2 clamps. Surprisingly, the average gap size did 

not change when RarA concentration increased. This is most likely due to a constant β2 clamp 

concentration. We hypothesize that as β2 clamp concentration increases, more clamps would bind 

to downstream RNA primers, creating additional binding partners for Pol III cores upon upstream 

disengagement. Thus, the overall gap size would decrease, since the probability of Pol III core 

finding a closer primed β2 clamp is higher when β2 clamp concentration increases.  

 The mechanism by which RarA disengages Pol III core from its associated β2 during 

lagging-strand DNA synthesis is most likely through a protein-protein interaction between RarA 

and the β2 clamp (Figure 2-11). As mentioned previously, RarA shares both amino acid and 

structural homology with clamp-loader proteins from all organisms (19, 22). In addition, RarA is 

present at the replication fork and has been shown to be responsible for the instability of at least 

two replisome protein subunits in vivo (19, 21, 67). All of these observations are consistent with 

the gap creation activity we have described here. Although more work is needed to explore 

mechanistic details, the simplest model for this activity would involve direct disengagement of Pol 

III cores from their associated β2 clamp. Consistent with this model, β2 clamps are left behind in 
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gaps created by RarA and replisomes continue following disengagement with the β2 clamp (Figure 

2-10D). Thus, replisomes are not completely disassembled at these gaps. Indeed, the N-terminus 

of RarA contains a hexapeptide motif (NH2-SNLSLDF) that is consistent with other proteins that 

bind the β2 clamp in eubacteria (i.e. QLSLPL in the E. coli Had protein; bold characters indicate 

residues that come in intimate contact with a hydrophobic pocket on the β2 clamp) (68, 69). Further 

experiments should be undertaken to see if RarA-mediated gap formation is dependent on this 

hexapeptide sequence (and thus β2 clamp binding). 

The DNA substrates used in the single-molecule rolling-circle DNA replication assays did 

not contain any DNA lesions. Thus, from a purely in vitro standpoint, a connection between DNA 

replication and repair bridged by this RarA function is not readily apparent. However, one can 

hypothesize the usefulness of creating ssDNA gaps behind the replisome when faced with DNA 

damage. This mechanism would provide the replisome with an active mechanism of lesion 

skipping, a process that has been observed in in vitro DNA replication assays conducted by 

Marians and colleagues (70, 71). Marians observed that DNA polymerase III is able to bypass a 

site-specific DNA lesion on the leading strand by disengaging from the DNA template and re-

engaging downstream of the DNA block. In vitro, this process occurred on the order of minutes, 

and was stimulated by DnaG primase, suggesting the requirement of a downstream RNA primer 

for this activity to occur. It is quite possible that RarA catalyzes this process in vivo, since halting 

DNA replication for minutes at a time in E. coli would not be beneficial for overall cell survival. 

RarA-mediated gap formation could thus serve as a mechanism to allow for the replisome to 

bypass DNA lesions and rely on post-replication repair pathways like homologous recombination 

and translesion DNA synthesis to repair the damaged DNA. This would be advantageous to 

maintain the high speed of DNA replication required by all cells efficiently divide and propagate. 
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Indeed, gaps left behind the replisome are ideal substrates for both RecFOR-mediated homologous 

recombination or translesion DNA synthesis (TLS) (72). Evidence that RarA creates substrates for 

both of these processes in vivo will be presented in Chapter 3. 

 Despite the discovery of two novel activities for the highly conserved RarA protein family, 

many questions remain. With the data presented in this chapter, it is still unclear if there is a 

connection between the DNA flap formation and gap creation activities of RarA. One major 

connection between both activities is that they both require a competent RarA ATPase activity. 

This observation, combined with the ATPase and DNA binding studies presented here, suggest 

that DNA binding and possibly DNA flap formation are required for gap formation. Further 

investigation using the single-molecule rolling-circle assay is required to answer these questions. 

Finally, a direct demonstration of this activity in vivo still remains to be seen. While DNA gaps 

have appeared behind the replisome in UV-irradiated cells, it is unclear whether this is in any part 

due to the action of RarA. Building upon the data we present in chapter 3 for the in vivo 

consequences of this gap creation activity is still required in future work. 
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Experimental Procedures 

Protein expression and purification 

 E. coli replication proteins were produced as described previously: the β2 sliding clamp 

(73), SSB (74), the DnaB6(DnaC)6 helicase-loader complex (75), DnaG primase (76), the Pol III 

τ3δδ'χψ clamp loader (59), Pol III αεθ core (59), and wild-type, K63R mutant, and R156A mutant 

RarA protein were purified as described previously (22). All proteins were carefully tested for 

endo- and exonuclease contamination using gel-based DNA degradation assays utilizing 

supercoiled and linear dsDNAs and circular ssDNAs. No contaminating endo- or exonucleases 

were detected. Aliquots of purified proteins were thawed fresh from -80°C stocks prior to each 

experiment. RarA protein concentration was determined using the native extinction coefficient ε 

= 5.44 x 104 M-1 cm-1. 

DNA substrates 
 
 All DNA substrates used in this study were purchased from Integrated DNA Technologies 

(Coralville, IA) (Table 2-1). DNA substrates were annealed by heating equimolar amounts of each 

oligonucleotide (or a single oligonucleotide) in annealing buffer (10 mM Tris-Cl pH 7.5, 1 mM 

EDTA, 50 mM NaCl) to 95°C for five minutes and cooling to room temperature over 2 h. DNA 

concentrations were calculated using A260 values measured using a Cary 300 UV-Vis 

spectrophotometer and extinction coefficients provided by IDT. All DNA substrates were stored 

at 4°C prior to usage in experiments. DNA concentrations are in all cases reported both in terms 

of total nucleotides and total molecules. 

 All fluorescently labeled DNA substrates were HPLC-purified by IDT. Molecular beacon 

substrates (labeled with 6-carboxyfluorescein (FAM)) used in steady state fluorescence assays 
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were constructed using a 5' 6-FAM fluorophore and a 3' 3-Dabcyl quencher. 2-Aminopurine (2-

AP) labeled substrates were constructed by substituting a single 2-AP base for adenine. All 

sequences of the DNA oligonucleotides used in this study are shown in Table 2-1. 

ATPase activity assay 
 
 A coupled spectrophotometric assay was used to measure ATPase activity by RarA protein 

as described previously (77, 78). All assays were carried out using a Varian Cary 300 dual-beam 

spectrophotometer equipped with a temperature-controlled 12-cell changer. The cell path length is 

1 cm, and the bandwidth was 2 nm. All reactions were carried out at 37°C in 1x reaction buffer 

(25 mM Tris-acetate pH 7.5, 1 mM DTT, 3 mM potassium glutamate, 10 mM Mg(OAc)2, 5% 

(w/v) glycerol), an ATP regeneration system (10 U/mL pyruvate kinase, 3 mM 

phosphoenolpyruvate), a coupled detection system (10 U/mL lactate dehydrogenase, 3 mM 

NADH), 3 mM ATP, and the indicated amounts of RarA protein and DNA substrate. In some 

experiments, the potassium glutamate concentration was increased to 100 mM as noted. Vmax and 

apparent Km values were calculated by constructing Michaelis-Menten plots in Graphpad Prism 

software. 

Fluorescence polarization assay 
 
 RarA protein was incubated with 1 nM oANP031_FAM or annealed oANP031_FAM and 

oANP032, or 5 nM fluorescein-labeled E. coli SSB C-terminal tail peptide (Fluor-Trp-Met-Asp-

Phe-Asp-Asp-Ile-Pro-Phe) in 1x reaction buffer supplemented with indicated amounts of 

nucleotide cofactor at room temperature for 30 min. Fluorescence polarization was measured at 

25°C using a Beacon 2000 fluorescence polarization system. The polarization values of 

experiments reactions were background corrected by subtracting the average polarization value of 

reactions containing only labeled DNA (for ssDNA, 36 mP; for dsDNA, 62.5 mP) or labeled 
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peptide (44 mP) from experimental polarization values. For all binding experiments, data were fit 

to a simple one-site specific interaction model and apparent Kd values were determined using 

Graphpad Prism software. 

Steady-state fluorescence assays 
 
 Molecular beacon DNA substrate (50 nM) was incubated in 1x reaction buffer 

supplemented with 3 mM ATP and an ATP regeneration system (10 U/mL pyruvate kinase, 3 mM 

phosphoenolpyruvate) at 37°C for 5 min. Indicated amounts of wild-type or R156A RarA protein 

were then added to the reaction mixture. Fluorescence intensities were measured by exciting the 

reaction mixture at 494 nm and measuring emitted light at 521 nm in a QuantaMaster Model C-

60/2000 spectrofluorimeter (Photon Technologies International). Measurements were taken at 

37°C for a total of 500 s. Fluorescence intensity values were normalized by subtracting values 

from no protein control reactions. All experiments were completed at least three times and the 

fluorescence values average for each condition. 

Stopped flow spectrofluorimetry 
 
 Stopped flow fluorescence experiments were conducted using a Kintek SF-300X stopped 

flow instrument. 2-aminopurine substituted DNA substrates were pre-incubated with indicated 

amounts of RarA protein for at least 10 min prior to loading into mixing syringes. Syringe A was 

loaded with DNA and RarA protein or no protein in stopped flow buffer (50 mM Tris-acetate pH 

7.5, 6 mM potassium glutamate, 20 mM Mg(OAc)2, 10% (w/v) glycerol). Syringe B was loaded 

with indicated nucleotide cofactor (or no nucleotide) in stopped flow buffer. Mixing in the flow 

cell resulted in a final concentration of DNA substrate (100 nM), RarA protein (as indicated), and 

NTP (500 µM). 2-aminopurine was excited at 319 nm and emitted fluorescence was measured 

using a 341 nm long pass filter (Edmund Optics). Measurements were taken at 37°C for a total of 
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30 s. Fluorescence intensity values were background corrected by subtracting no protein control 

reactions from experimental values. All experiments were repeated at least three times and the 

fluorescence values were averaged for each condition. 

Labeling of β2 with AF647 

β2 labeling reactions were carried out at a protein concentration of 140 µM (as dimer) at 

room temperature in 500 µL of labeling buffer (50 mM Tris-HCl pH 7.6, 3 mM dithiothreitol, 1 

mM EDTA, 100 mM NaCl, 20% (v/v) glycerol). A 4-fold molar excess of Alexa Fluor 647 

carboxylic acid succinimidyl ester (Invitrogen) dissolved in anhydrous DMSO was added to the 

protein solution and allowed to react for 1.5 h in the dark, yielding Fraction I. Fraction I was 

centrifuged (21,000 x g; 15 min) at 6°C and the supernatant carefully removed to yield Fraction 

II. Fraction II was applied at 1 mL/min flow to a column (1.5 x 10 cm) of Superdex G-25 resin 

(GE-Healthcare) equilibrated with gel filtration buffer (50 mM Tris-HCl pH 7.6, 3 mM 

dithiothreitol, 1 mM EDTA, 100 mM NaCl, 5% (v/v) glycerol) to remove unreacted fluorophores. 

Fractions containing the labeled β2 were pooled and dialyzed into storage buffer (50 mM Tris-HCl 

pH 7.6, 3 mM dithiothreitol, 1 mM EDTA, 100 mM NaCl, 20% (v/v) glycerol). The degree of 

labeling was determined by UV/vis spectroscopy to be ~1 fluorophore per β dimer. 

In vitro single-molecule rolling-circle DNA replication assay 

 Microfluidic flow cells were prepared as described (79). Briefly, a PDMS flow chamber 

was placed on top of a PEG-biotin-functionalized microscope coverslip. To help prevent non-

specific interactions of proteins and DNA with the surface, the chamber was blocked with blocking 

agent (NEB, Ipwich, MA). The chamber was placed on an inverted microscope (Nikon Eclipse Ti-

E) with a CFI Apo TIRF 100x oil-immersion TIRF objective (NA 1.49, Nikon, Japan) and 

connected to a syringe pump (Adelab Scientific, Australia) for flow of buffer. Reactions were 



 

 

61

carried out at 31°C, maintained by an electrically heated chamber (Okolab, Burlingame, CA). 

Double-stranded DNA was visualized in real time by staining it with 150 nM SYTOX orange 

(Invitrogen) excited by a 568 nm laser (Coherent, Santa Clara, CA; Sapphire 568-200 CW) at 150 

mW/cm2. The red labeled β2 was excited at 700 mW/cm2 with a 647 nm (Coherent, Obis 647-100 

CW) laser. For dual-color imaging the signals were separated via dichroic mirrors and appropriate 

filter sets (Chroma, Bellows Falls, VT). Imaging was done with an EMCCD camera (Photometrics, 

Tucson, AZ; Evolve 512 Delta). 

 Conditions for the pre-assembly replication reactions were adapted from published 

methods (64, 80, 81). Solution 1 was prepared as 30 nM DnaB6(DnaC)6, 1.5 nM biotinylated 

circular 2 kb dsDNA substrate and 1 mM ATP in replication buffer. This was incubated at 37°C 

for 3 min. Solution 2 contained 60 µM dCTP and dGTP, 3.3 nM Pol III* (assembled in situ by 

incubating τ3δδ'χψ (410 nM) and Pol III cores αεθ (1.2 µM) in replication buffer at 37°C for 90 

s), and 74 nM β2 in replication buffer (without dATP and dTTP). Solution 2 was added to an equal 

volume of solution 1 and incubated for 6 min at 37°C. This was then loaded onto the flow cell at 

100 µL/min for 1 min and then 10 µL/min for 10 min. The flow cell was washed with replication 

buffer containing 60 µM dCTP and dGTP. An imaging buffer was made with 1 mM UV-aged 

Trolox, 0.8% (w/v) glucose, 0.12 mg/mL glucose oxidase, and 0.012 mg/mL catalase (to increase 

the lifetime of the fluorophores and reduce blinking), 1 mM ATP, 250 µM CTP, GTP, and UTP, 

and 50 µM dCTP, dGTP, dATP, and dTTP in replication buffer. Replication was finally initiated 

by flowing in the imaging buffer containing 20 nM β2, 75 nM DnaG, 250 nM SSB4, and RarA 

when indicated, at 10 µL/min. All in vitro single-molecule experiments were performed at least 

four times. The analysis was done with ImageJ using in-house built plugins. The rate of replication 
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of a single molecule was obtained from its trajectory and calculated for each segment that had a 

constant slope. 
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Table 2-1: A list of oligonucleotides utilized in this chapter. 

 
A list of oligonucleotides used to make DNA substrates in this chapter are shown above.  
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Figures 

 
 
 
 
 
 



 

* This work was conducted by Asher Page, a former graduate student in our laboratory. 
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Figure 2-1: Double-stranded DNA ends stimulate RarA ATPase activity 

(A) The ATPase activity of RarA (0.5 µM) was measured in the presence of short single-stranded 

or double-stranded DNAs (0.5 µM total molecules; 8 or 16 µM in nucleotides, respectively). (B) 

The ATPase activity of RarA (0.5 µM) was measured in the presence of various DNA substrates 

(48 µM nucleotides) including a 48-base pair duplex, M13mp9 linear double-stranded DNA 

(ldsDNA), or pUC19 circular double-stranded DNA (cdsDNA). Each DNA was included at 

indicated concentrations of dsDNA ends. (C) The rate of ATP hydrolysis mediated by RarA (0.5 

µM) was measured in the presence of various duplex substrates (THS7; THS7 5' OH; THS 18 nt 

3' OH) containing different DNA end structures (0.1 µM molecules; 3.6-5.4 µM total nucleotides). 

Error bars represent one standard deviation from the mean. 
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Figure 2-2: RarA ATPase activity is not affected by higher ionic strength buffers. 

RarA protein (500 nM) was incubated with blunt end (THS7), 5' overhang (THS7 18nt 5' OH), or 

3' overhang (THS7 18nt 3'OH) DNA substrates (50 nM) in 1x reaction buffer (blue bars) or 1x 

reaction buffer with 100 mM potassium glutamate (orange bars). With the exception of a slight 

decrease in ATPase rate on a blunt end DNA substrate, RarA ATPase activity and substrate 

specificity were not significantly affected by additional potassium glutamate in the buffer. 
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Figure 2-3: Single-stranded DNA gaps stimulate RarA ATPase activity 

(A) The rate of ATP hydrolysis was measured in the presence of RarA (0.5 µM) and gapped DNA 

hairpin substrates containing two 16 base pair duplexes separated by poly dT gaps of the indicated 

size and capped by two four-nucleotide hairpins (0.05 µM molecules, 3.6-4.75 µM total 

nucleotides). The white square represents a ligated closed-circle substrate while black diamonds 

represent substrates containing a gap ranging from a single nick to 23 nucleotides. Error bars 

represent one standard deviation from the mean. (B) ATPase rates were measured in the presence 

of RarA (0.5 µM) and gapped DNA substrates (0.05 µM molecules, 4.5 µM total nucleotides) 

containing various 5' or 3' modifications. A substrate containing no 5' phosphate (blue), with a 5' 

phosphate (green), and without a 3' hydroxyl group (red) were included in ATPase reactions with 

RarA protein. Error bars represent one standard deviation from the mean value. 
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Figure 2-4: Michaelis-Menten kinetic analyses of RarA ATPase activity 

The rate of ATP hydrolysis in the presence of different substrate concentrations were measured in 

the presence of 0.4 µM RarA protein. (A) ATP hydrolysis reactions were conducted in the presence 

of increasing concentrations of a 16 base pair blunt end DNA duplex hairpin substrate. (B) ATP 

hydrolysis reactions were conducted in the presence of increasing concentrations of a 90 nucleotide 

gapped DNA hairpin substrate containing two 16 base pair duplexes separated by an 18 nucleotide 

poly dT gap and capped with two four-nucleotide hairpins. (C) ATP hydrolysis reactions were 

conducted in the presence of blunt end duplex DNA substrate (0.4 µM molecules; 14.4 µM 

nucleotides) and increasing amounts of ATP. Each point is an average of at least three replicate 

experiments, with error bars representing one standard deviation from the mean ATPase rate. 
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Figure 2-5: RarA binds double-stranded DNA in the presence of ATPγγγγS and single-stranded 

DNA in the absence of nucleotide cofactor 

RarA binding affinity for dsDNA (A) and ssDNA (B) was measured using fluorescence 

polarization in the presence of various nucleotide cofactors. A table of calculated dissociation 

constants for each reaction condition is provided in (C). Error bars represent one standard deviation 

from the mean polarization value. 
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Figure 2-6: RarA ATPase rate is dependent on the GC-content of a DNA duplex 

Six different DNA duplex substrates were designed with varying GC-content and included in RarA 

ATPase reactions. The rate of ATP hydrolysis was measured in the presence of these DNA 

substrates (0.1 µM molecules; 3.6 µM nucleotides) and RarA (0.4 µM). Reactions were repeated 

at least three times. Representative data are shown for each DNA substrate. 
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Figure 2-7: RarA separates the strands of a double-stranded DNA duplex 

(A) The fluorescence intensity of a 6-FAM/3-Dabcyl labeled DNA duplex was measured for 500 

s after the addition of RarA protein in the presence of ATP. (B) The fluorescence intensity of the 

same DNA substrate was measured over the course of 500 s after addition of either wild-type RarA 

or RarA R156A variant (0.5 µM) in the presence of ATP. (C) RarA (0.4 µM) was pre-incubated 

with a 2-aminopurine labeled DNA substrate (0.1 µM molecules; 4.6 µM nucleotides). 

Fluorescence intensity of 2-aminopurine was measured for 30 seconds following addition of 

indicated nucleotide cofactors. (D) Varying concentrations of RarA were pre-incubated with a 2-

aminopurine labeled DNA substrate (0.1 µM molecules; 4.6 µM nucleotides). Fluorescence 

intensity of 2-aminopurine was measured for 30 seconds following addition of ATPγS. (E) RarA 

(0.4 µM) was added to a solution containing 2-aminopurine labeled DNA substrate (0.1 µM 

molecules; 4.6 µM nucleotides) and ATPγS. In a previous experiment, ATPγS was added to a 

solution containing RarA (0.4 µM) and 2-aminopurine labeled DNA substrate (0.1 µM molecules; 

4.6 µM nucleotides). Fluorescence intensity of 2-aminopurine was measured over the course of 30 

seconds in both experiments. All values represent the average of at least three experiments. 



 

* This work was conducted in collaboration with J. Lewis, L. Spenkelink, S. Jergic, A. Robinson, and A. van 
Oijen at the University of Wollongong, Australia. 
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* This work was conducted in collaboration with J. Lewis, L. Spenkelink, S. Jergic, A. Robinson, and A. van 
Oijen at the University of Wollongong, Australia. 
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Figure 2-8*: RarA induces the formation of ssDNA gaps on the lagging strand in a 

reconstituted DNA replication assay in vitro. 

(A) Schematic representation of the experimental design. 5'-biotinylated DNA is coupled to the 

passivated surface of a microfluidic flow cell through a streptavidin linkage. Addition of the E. 

coli replication proteins and nucleotides initiates DNA synthesis. The DNA products are elongated 

hydrodynamically by flow, labeled with intercalating DNA stain, and visualized using 

fluorescence microscopy. (B) Examples of individual DNA molecules produced by rolling circle 

replication in the absence of RarA, or in the presence of 300 nM RarA or its ATPase-dead mutant 

RarA K63R. The gray scale indicates the fluorescence intensity of stained DNA. (C) Kymographs 

of individual DNA molecules undergoing rolling circle replication in the absence or presence of 

300 nM RarA. (D) Examples of individual DNA molecules produced by rolling circle replication 

in the presence and absence of RarA in which the β2 clamp was fluorescently labeled with Alexa 

Fluor 647.
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* This work was conducted in collaboration with J. Lewis, L. Spenkelink, S. Jergic, A. Robinson, and A. van 
Oijen at the University of Wollongong, Australia. 
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Figure 2-9: Controls showing that gap formation is not due to an increased affinity of RarA 

for SSB or a nuclease contamination 

(A) RarA K63R binds the SSB C-terminal tail peptide with a similar affinity to wild type RarA. 

Wild type RarA or RarA K63R protein were incubated with fluorescently labeled E. coli SSB 

peptide at room temperature. Following incubation for 30 minutes, fluorescence polarization 

values were measured. Each point represents an average polarization value for a reaction 

containing the indicated concentration of RarA protein, while error bars represent one standard 

deviation from the average polarization value. Data were fit to a simple single-site binding curve 

and apparent dissociation constants (Kd,app) were calculated. (B*) Post-replicative addition of RarA 

does not lead to gap formation. Representative field of view showing DNA when RarA was loaded 

after the replication reaction had stopped. RarA does not create gaps on the DNA outside the 

context of the replisome.
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Figure 2-10*: Histograms of rates, processivities, and concentration effects in single-

molecule DNA replication assays 

(A) The rate histograms were fit with a Gaussian distribution (black line) to obtain the mean rate. 

The rates are 662 ± 72 bp/s without RarA (top, left), 658 ± 33 bp/s with 300 nM RarA (middle, 

left), and 685 ± 70 bp/s with 300 nM RarA K63R (bottom, left). Processivity distributions were fit 

with a single-exponential decay function (black line). The processivities are 68 ± 7 kb without 

RarA (top, right), 70 ± 6 kb in the presence of 300 nM RarA (middle, right), and 68 ± 8 kb with 

300 nM RarA K63R (bottom, right). These data show that RarA does not affect the rate of 

replication and processivity under these conditions. The error bars represent the standard error of 

the mean. 

(B) Comparison of gap sizes and gap frequencies for increasing RarA or beta clamp 

concentrations. Gap frequency (blue) and gap size (orange) as a function of RarA concentration at 

a constant β2 concentration (left). The gap frequency increases with increasing concentrations of 

RarA. The gap size remains constant within this range of RarA concentrations. At a constant 

concentration of RarA (300 nM) and two different concentrations of β2 (right), gap size decreases 

as β2 concentration increases. Error bars represent the standard error from the mean.
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Figure 2-11: A model for RarA-mediated gap formation in vitro 

A model depicting the hypothesized mechanism of action for RarA-mediated gap formation behind 

DNA replication forks in vitro. During lagging strand DNA synthesis, RarA disengages a Pol III 

core (circle) from its associated β2 processivity clamp (blue oval) by binding to β2 (black arrow). 

The SSB-bound single-stranded DNA loop downstream of the site of disengagement is released. 

The disengaged Pol III core is forced to search for a β2 clamp loaded at an upstream Okazaki 

fragment. During this process, the released DNA loop becomes a single-stranded DNA gap that 

can serve as a template for downstream DNA metabolism. 
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Chapter 3: In vivo consequences of rarA loss of 
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Introduction 

 Replication forks can stall when encountering roadblocks, such as DNA lesions, template-

strand breaks or DNA-bound proteins. The outcomes of fork stalling may include replication fork 

collapse or disengagement of the DNA polymerase III replisome (1–11). If these outcomes are not 

avoided or repaired, they can have catastrophic consequences on genome integrity and cell 

viability. The growing consensus is that these events aren’t uncommon, with recent evidence 

suggesting that replication fork collapse occurs at least once per cell cycle under normal growth 

conditions (1, 2, 12–18). The majority of these conflicts are resolved using highly conserved 

nonmutagenic pathways utilizing homologous recombination (1–11, 19–21). 

 When bacterial cells are stressed by conditions that inflict long-lasting or severe DNA 

damage, the transcriptional cascade termed the SOS response is induced (22, 23). In the early 

stages of SOS, nonmutagenic DNA repair still dominates; however, in later stages of the SOS 

response, a different pathway to tolerate the DNA damage prevails. These pathway utilize 

specialized DNA polymerases to bypass sites of DNA damage using a process called translesion 

DNA synthesis (TLS) (24–37). In E. coli, TLS is carried out by DNA polymerase II (polB), DNA 

polymerase IV (dinB), and DNA polymerase V (umuDC). Despite its ability to be error-prone, 

translesion DNA synthesis becomes the predominant pathway in DNA damage tolerance when 

homologous recombination is unable to function (38). 

 When the SOS response is induced, levels of all TLS DNA polymerases increase. 

However, unlike DNA polymerase V, which is exclusively expressed in SOS conditions, DNA 

polymerases II and IV are present under normal growth condition at 30-50 and 250 molecules per 

cell, respectively (39–44). The reason for the constitutive expression of DNA polymerases II and 

IV remains enigmatic. Cells lacking all three TLS polymerases do no exhibit a growth defect, nor 
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are they highly sensitive to ultraviolet light (45), underlining the cell’s preference for 

nonmutagenic homologous recombination as a DNA repair pathway choice. However, when cells 

lacking TLS polymerases are stressed with certain mutagens, they exhibit a decrease in viability, 

suggesting a role for this pathway under certain conditions (40, 46–52). While many mechanisms 

have been presented for how E. coli cells choose which DNA repair pathway to utilize upon 

replication fork encounter with diverse DNA lesions, whether this mechanism requires an active 

component remains to be seen. In this work, we propose that the highly conserved RarA protein 

actively dictates DNA repair pathway choice in E. coli. 

 The Escherichia coli RarA protein is a AAA+ ATPase belonging to a family containing 

highly conserved homologous in yeast (Mgs1) and mammals (WRNIP1). Sequence conservation 

between RarA and its eukaryotic homologues is extensive, with RarA sharing 40% amino acid 

identity and 56-58% similarity with its S. cerevisiae and H. sapiens homologues (53). This high 

amount of sequence conservation suggests a conserved function across all domains of life. In E. 

coli, RarA is most closely related to the clamp loader complex encoded by the dnaX gene, which 

is responsible for loading the β2 processivity clamp onto primer-template DNA (53, 54). Despite 

its high sequence conservation and its implicated function in the maintenance of stalled replication 

forks, the precise function of RarA family proteins remains highly enigmatic. 

 Several dozen studies have now been published on the RarA/Mgs1/WRNIP1 protein 

family. Although these have yielded a complex, and sometimes contradictory plethora of 

observations, several themes are evident. First, RarA family members localize to the replication 

fork through interactions with either the single-stranded DNA binding protein, SSB (RarA), or 

ubiquitylated processivity clamp PCNA (Mgs1 and WRNIP1) (53, 55–61). Second, the sequence 

and structure of RarA (and by extension other family members) place it in the clamp-loader clade 
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of AAA+ ATPases (56, 62). Interestingly, E. coli RarA adopts a tetrameric conformation, unlike 

all other known members of the clamp-loader clade (56, 62). Third, RarA has an effect on 

replisome stability and somehow promotes TLS (63–67). Fourth, RarA, Mgs1, and WRNIP1 all 

exhibit in vitro DNA-dependent ATPase activity specifically stimulated by double-stranded DNA 

ends and single-stranded DNA gaps (56, 64, 68–72). A recent observation that RarA creates single-

stranded DNA gaps behind the replisome was also discussed in Chapter 2. Fifth, RarA function 

appears to complement a range of DNA damage tolerance pathways (58, 64, 68, 69, 73–78). These 

genetic results suggest that RarA does not belong to any currently defined pathway.  

 Utilizing a combination of growth assays, fluorescence microscopy, and DNA damage 

sensitivity assays, we provide evidence that RarA acts upstream of single-stranded DNA gap repair 

and translesion DNA synthesis to influence DNA repair pathway choice in vivo. This upstream 

action is likely a result of the in vitro RarA-mediated gap creation activity we demonstrated in 

Chapter 3. We provide a model in which RarA creates single-stranded DNA gaps behind the 

replisome in response to DNA damage encountered by the replication fork. We hypothesize that 

this allows for the replication fork to actively bypass sites of DNA damage and allow for post-

replication repair of the lesions via homologous recombination or TLS.  
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Results 

Loss of rarA function results in a growth defect in E. coli 

  
We hypothesize that the main function of RarA-mediated gap formation is to promote 

optimal progression of the replication fork when lesions or other barriers are encountered. Whereas 

truly stalled forks may occur at most a few times per cell cycle, there may be many more 

circumstances where lesions or replication pause sites are simply bypasses, leaving daughter strand 

gaps behind the fork. Loss of RarA function may thus result in a growth defect. No growth or 

viability phenotype has previously been ascribed to strains with an interrupted rarA gene (53, 58, 

64–66). Previous work has focused on a modified rarA gene in which a chloramphenicol-

resistance cassette replaced either the first 600 nucleotides of the gene (53, 58, 65, 66) or codons 

113-349 (64) in an the AB1157 substrain of E. coli. As most of our constructs are based on E. coli 

substrain MG1655, we constructed a complete rarA deletion in the MG1655 background and 

characterized the knockout strain using various techniques. 

First, we compared the growth of the ∆rarA strain to wild-type cells in rich medium (LB). 

The ∆rarA cells grew much more slowly than wild type cells, exhibiting a doubling time of 42 

versus 29 min for wild type cells (Figure 3-1A). To determine the relative fitness cost of a rarA 

deletion, we carried out direct competition assays between the wild type strain and the ∆rarA strain 

using an approach developed by Lenski and colleagues (Figure 3-1B) (79). Wild type or mutant 

cells were modified to carry a neutral ∆araBAD allele which confers a red colony color when 

plated on tetrazolium arabinose (TA) agar plates. Overnight cultures of ∆rarA cells were mixed in 

a 50/50 ratio with isogenic wild type cells carrying the ∆araBAD allele. The mixed culture was 

then diluted and grown up again on successive days, with plating on TA plates to score for the 
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percentage of red colonies each day. Earlier work demonstrated that the ∆araBAD mutation does 

not affect growth rates by itself (79, 80); nonetheless, we carried out the growth competitions twice 

with the ∆araBAD allele in either the wild type or ∆rarA cells. In both experiments, the wild type 

cells outcompeted ∆rarA cells and dominated the mixed cultures almost completely within 48 

hours (Figure 3-1B). Base on the 24h time point, we calculated that the ∆rarA strain had a relative 

fitness w = 0.5, indicating a significant loss of fitness relative to wild type cells (81). 

Loss of rarA results in decreased cell size and impaired DNA replication 
 
 To investigate why ∆rarA cells grow more slowly than wild type cells, we carried out 

single-molecule single-cell microscopy in collaboration with Megan Cherry and Andrew Robinson 

at the University of Wollongong in Wollongong, Australia. To see if there were any replication 

defects, we made use of strains expressing the ε subunit of DNA polymerase III subunit fused with 

the YPet fluorescence protein (dnaQ-YPet) from its native locus on the chromosome as described 

previously (26). The effect this allele had on growth rate, DNA content, and replication dynamics 

were previously analyzed and confirmed to be wild type in nature by several research groups (82, 

83).  

 We observed that ∆rarA cells were substantially smaller than rarA+ cells (3.7 [SEM = 

0.03] versus 5.6 [SEM = 0.04] µm in length) and divided less frequently within the flow cell 

environment used for imaging (division time = 53 [SEM = 2] versus 26 [SEM = 1] min; n = 20 

cells each) (Figure 3-1CD). Additionally, dnaQ-YPet rarA+ cells had between 0 and 10 

replication foci (mean = 2.8; SEM = 0.03; n = 2371 cells) (Figure 3-1D), consistent with multi-

fork DNA replication due to growth in rich imaging medium. Cells carrying the rarA deletion 

(dnaQ-YPet ∆rarA) had fewer foci (mean = 1.2; SEM = 0.03; n = 1116 cells), consistent with their 

slower growth rate. Approximately 7% of cells contained more than 2 replication foci, indicating 
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that ∆rarA cells are capable of multi-fork replication, but grow slow enough that this mode of 

replication is not usually necessary.  

 We also examined cell size and DNA content using flow cytometry, with results that were 

consistent with those found using single-cell fluorescence microscopy. Wild type or ∆rarA cells 

were grown to early exponential phase (OD600 = 0.2) in rich medium, washed in phosphate 

buffered saline, and diluted to an appropriate concentration. Both forward area light scattering and 

fluorescence from the DNA-specific dye Vybrant Dyecycle Green were measured in a flow 

cytometer. Data obtained from the flow cytometer were gated to exclude cell debris and doublet 

cells (Figure 3-2AB). Cell size was significantly reduced in cells lacking rarA, as measured by 

forward scattering area (Figure 3-2CE). DNA content was also significantly reduced and 

exhibited a bimodal distribution in ∆rarA cells as opposed to a unimodal distribution seen in wild 

type cells (Figure 3-2DF). These results further demonstrate the effects of deleting rarA on growth 

rate and DNA replication. 

RarA creates substrates for RecFOR-mediated homologous recombination in 

response to UV damage 
 
 The RecF, RecO, and RecR proteins have been implicated in repair of daughter-strand 

gaps. These proteins all have a role in loading RecA onto SSB-coated single-stranded DNA at 

ssDNA gaps and in some cases dsDNA ends. Loss of function of any of the RecFOR proteins 

results in sensitivity to UV irradiation (7, 84–87). If a significant proportion of the gaps that act as 

RecFOR substrates in UV-irradiated cells are created by RarA action, then loss of RarA function 

could decrease the numbers of UV-associated gaps. Fork stalling would be more likely and UV 

lesion repair would be channeled into pathways other than RecFOR-mediated daughter-strand gap 

repair. In this case, a rarA deletion could suppress or partially suppress recFOR mutations, 

depending upon how much RecFOR function was focused on gap repair. 
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 As such, we tested the sensitivities of strains harboring ∆recO or ∆recF alleles in 

conjunction with ∆rarA to UV irradiation. When ∆recO cells were exposed to UV irradiation at 

an incident dose of 15 J/m2, cell survival declined by approximately 2 orders of magnitude relative 

to wild type cells (Figure 3-3A). Cells lacking the rarA gene exhibited no decline in survival, 

despite growing more slowly (Figure 3-3A). When the ∆recO allele was combined with the ∆rarA 

allele, cells no longer were sensitive to UV irradiation at 15 J/m2 compared to a single ∆recO 

knockout strain (Figure 3-3A). This ∆recO cells are not sensitive to UV light at low (15 J/m2) 

doses solely due to the lack of the RecFOR pathway; instead, rarA action is somehow sensitizing 

these cells to this type of damage. Deletion of rarA also suppressed the UV sensitivity of ∆recF 

cells at a dose of 15 J/m2 (Figure 3-3B), even though ∆recF cells are not as sensitive to UV-

induced damage than ∆recO cells. 

 When the UV dose was increased to 30 J/m2, a similar result was obtained (Figure 3-3) 

Survival by the cells lacking recO or recF declined further at this higher dose of UV light, as 

expected. Suppression of the UV sensitivity of ∆recO and ∆recF cells by deleting rarA was only 

partial when compared to the lower UV dose of 15 J/m2, yet was still very clear. This is most likely 

due to an increased number of RarA-independent gaps (and therefore, RecFOR substrates) created 

at the higher dose of UV light. 

RarA creates substrates for translesion DNA synthesis in an ATPase-dependent 

manner 
 
 Bacterial cells lacking the translesion DNA synthesis DNA polymerase IV (∆dinB) 

function are highly sensitive to the agents methyl methanesulfonate (MMS), nitrofurazone (NFZ), 

and 4-nitroquinoline-1-oxide (4-NQO) during exponential growth in rich medium (46–50). DNA 

polymerase IV can bypass lesions at guanine-N2 resulting from treatment with these agents (47, 
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88, 89). The sensitivity of dinB mutants to these agents has been interpreted as reflecting the 

absence of the only capable TLS polymerase able to bypass this lesion. If RarA is creating suitable 

substrates for TLS action upon treatment of cells with these genotoxic agents, eliminating these 

RarA-dependent substrates should eliminate the need for TLS. This in turn would result in a 

suppression of the sensitivity of ∆dinB cells to these genotoxic agents when rarA was also deleted. 

 To test if this hypothesis was correct, we utilized a similar approach to that used with the 

suppression of ∆recO or ∆recF cells’ sensitivity to ultraviolet light. Instead, we incorporated 

nitrofurazone (NFZ) into agar plates and tested the sensitivity of cells with a ∆dinB allele to grow 

on this media. Bacterial cultures were plated on either LB agar or LB agar containing NFZ upon 

reaching early exponential growth (OD600 = 0.2). As previously reported, ∆dinB cells were 

sensitized to NFZ by 2-3 orders of magnitude when compared to a wild type control (Figure 3-

4A). Cells lacking rarA alone were not sensitized at the indicated concentration of NFZ compared 

to wild type cells (Figure 3-4A). However, when a ∆rarA allele was included with a ∆dinB allele, 

the previously seen sensitization to NFZ was completely suppressed (Figure 3-4A). Thus, the 

combination of rarA action and the absence of dinB in ∆dinB cells is responsible for the 

sensitization of these cells to NFZ. To test whether this suppression was dependent on RarA 

ATPase activity, we constructed a strain where rarA was replaced with a mutant rarA K63R allele 

which lacks competent ATPase activity. When rarA K63R was combined with a ∆dinB allele, 

these cells were also no longer sensitive to NFZ-induced DNA damage (Figure 3-4A).  These data 

suggest that rarA action not only acts upstream of Pol IV by creating suitable substrates for TLS, 

but also excludes alternative repair pathways at the same time, leading to a sensitization of NFZ-

induced DNA lesions. 
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 The suppression effect of a rarA mutant is not specific to cells lacking DNA polymerase 

IV. Mutants of DNA polymerase II (∆polB) are also sensitive to NFZ-induced DNA damage (51). 

Mutants of DNA polymerase V (∆umuDC) are sensitive to high doses of UV irradiation (45). The 

sensitivity of these strains to NFZ or UV are suppressed when either a ∆rarA or rarA K63R allele 

are included in combination with either of the TLS polymerase knockouts (Figure 3-4BC). These 

data suggest that the mechanism by which RarA action leads to reliance on TLS pathways is not 

specific to any one TLS polymerase. 

Overexpression of RarA leads to cell death in an ATPase-dependent manner 
 
 After documenting some phenotypes associated with loss of rarA function, we wanted to 

further characterize an earlier observation by Shibata and colleagues that overexpression of rarA 

was toxic (64). Shibata found that overexpression of rarA in cells lacking the bacterial recombinase 

recA was lethal, while rarA overexpression in recA+ cells lead to a slow growth phenotype. Thus, 

whatever was causing cells to growth slowly upon rarA overexpression was somehow suppressed 

by recA function. To better understand this phenotype, we repeated these experiments by 

constructing a pBAD-based plasmid harboring rarA, rarA mutants, or other proteins and tested the 

effects of overexpression in this system. Overexpression in all of these experiments was 

accomplished by plating exponential growth phase bacterial cultures on LB agar plates containing 

0.2% L-arabinose. Expression was suppressed by plating on LB agar plates containing 0.2% 

glucose. 

 In agreement with Shibata and colleagues, overexpression of rarA in a ∆recA background 

was extremely toxic, killing most cells in a spot plate assay (Figure 3-5A). Surprisingly, 

overexpression of rarA in a recA+ background was also toxic, albeit less so than when in a ∆recA 

background (Figure 3-5A). To explore if this phenotype was dependent on the ATPase activity of 
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RarA, we overexpressed RarA K63R, a Walker A mutant lacking ATPase activity, in a recA+ 

background. As expected, overexpression of rarA K63R was not lethal, but did impart a growth 

defect in these cells, as evidenced by reduced colony size when grown on an agar plate containing 

L-arabinose (Figure 3-5B). To explore the cause of slow growth phenotype associated with 

overexpression of rarA K63R, we constructed a pBAD plasmid harboring an exonuclease-dead 

mutant of the sbcB gene (90). The sbcB gene encodes the exonuclease I protein, which is known 

to also bind the single-stranded DNA binding protein (SSB) with a similar affinity to RarA (91). 

Overexpression of this exonuclease I mutant phenocopied the slow growth phenotype associated 

with overexpression of rarA K63R. Thus, we hypothesize that sequestration of SSB binding sites 

by rarA K63R upon its overexpression is the cause of the slow growth phenotype. Thus, we wanted 

to test a mutant of rarA that is unable to bind SSB or hydrolyze ATP to ensure these were both 

responsible for the slow growth and lethality (respectively) upon overexpression. As expected, 

overexpression of rarA K430E, a mutant variant that is unable to tetramerize (and thus perform 

any RarA function), was not deleterious at all when compared to an empty vector control (Figure 

3-5B).  

 In order to eliminate any side effects of monitoring cell viability after rarA overexpression 

using spot plate assays, we chose to further characterize these phenotypes in shaking cultures. This 

experiment involved the same strains used in the spot plate assays; however, overexpression of 

rarA was induced in shaking culture and the cell viability of those cultures was tracked over time 

by counting colony forming units (CFUs). As expected, overexpression of wild type rarA was 

highly toxic, reducing CFUs by roughly 4 orders of magnitude over the 180 min time course of 

the experiment when compared to an empty vector control (Figure 3-6A). As expected from the 

spot plating results, overexpression of the non-functional rarA K430E mutant did not have a 
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significant impact on cell viability (Figure 3-6A). Overexpression of the ATPase-dead RarA 

K63R mutant resulted in 2 orders of magnitude loss in cell viability when compared to an empty 

vector control. Thus, overexpression of RarA K63R was still somewhat toxic, albeit not nearly as 

much as a fully function RarA protein. To ensure that these mutant proteins were all expressed to 

a similar level to wild type, we utilized Western Blots to assess relative protein amounts at each 

time point assayed in these experiments. No significant differences between the expression levels 

of wild type RarA or the two RarA mutants were apparent in these Western Blots (Figure 3-6B). 

We repeated the overexpression experiments in a ∆recA background, and found no significant 

differences than in a recA+ background, albeit the cells were naturally less viable in the ∆recA 

strains (Figure 3-6A). 

 

Overexpression of RarA delocalizes DNA polymerase III in an ATPase-

independent mechanism 
 
 Since overexpression of rarA was observed to be toxic in an ATPase-dependent manner, 

we hypothesized that there may be a connection to our in vitro results presented in Chapter 2 

showing that RarA creates single-stranded DNA gaps behind the replisome. Overexpression of 

wild type RarA could lead to destabilization of the replisome due to its predicted interaction with 

the β2 clamp. To characterize the effect of rarA overexpression on replisome stability in vivo, we 

monitored cells containing fluorescently labeled DNA polymerase III as rarA was overexpressed. 

In collaboration with Megan Cherry and Andrew Robinson at the University of Wollongong in 

Australia. 

 We carried out single-cell time-lapse fluorescence microscopy using cells containing 

fluorescently labeled DNA polymerase III (dnaQ-YPet), as described in Figure 3-1CD. In this 

case, we utilized ∆rarA cells containing a pBAD plasmid harboring either wild type rarA or rarA 
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K63R. Cells were initially grown in media containing 0.2% glucose to inhibit expression from the 

pBAD plasmid. At t = 0 min, cells were transferred to media containing 0.2% L-arabinose to 

induce overexpression of rarA or rarA K63R. These cells were then imaged over the course of 3 

hours. Three hours after inducing rarA overexpression, cells severely filamented into large, 

elongated structures (Figure 3-7AB). In addition, DNA polymerase III foci that were present prior 

to rarA overexpression almost completely disappeared, suggesting they were disengaged from the 

DNA template (Figure 3-7AB). At the end of the 3-hour experiment, nearly 80% of all cells lacked 

a DNA polymerase III focus (Figure 3-7B). However, these observations were not dependent on 

the ATPase activity of RarA. These experiments were repeated by overexpressing the ATPase-

dead RarA K63R mutant protein, with largely similar results, albeit with slightly milder effects on 

cell length and replisome foci (Figure 3-7CD). These data, combined with the in vitro data 

presented in Chapter 3, suggest that these phenotypes are most likely (at least in part) due to strong 

binding of RarA or RarA K63R to either SSB or β2 clamp, both of which would outcompete DNA 

polymerase III cores from engaging with the DNA template. 

Loss of TLS polymerase function partially suppresses the toxic phenotype of rarA 

overexpression 
 
 Previous work by Shibata and colleagues showed that rarA overexpression drastically 

increased genome instability, specifically the incidence of -1G frameshift mutations and base 

substitutions (64). Coincidentally, overexpression of dinB, the gene that encodes the translesion 

DNA synthesis polymerase IV, also increases the frequency of -1G frameshift mutations (92, 93). 

Additionally, Pol V has been shown to be largely responsible for an increased incidence of base 

substitution mutations in vivo (37). Thus, taking these observations together with our own 

connections between TLS polymerases and RarA, we hypothesized that the source of mutagenesis 

upon rarA overexpression was due to TLS Pols being preferentially used for DNA synthesis over 
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Pol III. To test this hypothesis, we deleted Pol IV and Pol V and repeated the overexpression spot 

plate assays described in Figure 3-4. If overuse of TLS Pols was responsible for the toxic 

phenotype associated with rarA overexpression, we hypothesized that deleting these TLS Pols 

would suppress this phenotype. 

 We constructed strains lacking either Pol IV (dinB), Pol V (umuDC), or both 

(dinB/umuDC), and repeated rarA overexpression experiments again utilizing pBAD-based 

vectors as described above (Figure 3-4). As expected, deletion of either umuDC or dinB 

suppressed the toxic phenotype of rarA overexpression by one or three orders of magnitude, 

respectively (Figure 3-8). These suppression effects were additive when both Pol IV and Pol V 

were deleted, again underlining the hypothesis that rarA acts to create substrates for TLS Pols, and 

is not specific to any one polymerase (Figure 3-8). It is unclear as to why the heterologous colony 

sizes are seen upon rarA overexpression in cells lacking TLS Pols. In all cases, agar plates 

contained both L-arabinose to overexpress rarA and ampicillin to maintain the pBAD plasmid, 

suggesting that the different colony sizes were not solely due to loss of the toxic rarA 

overexpression plasmid. We hypothesize that this effect can be attributed to the slow growth 

phenotypes associated with rarA overexpression and the previous observation that overexpression 

from pBAD-based vectors can result in heterologous expression levels (94). Regardless, it is clear 

that deletion of TLS Pols at least partially suppresses the toxic phenotype associated with rarA 

overexpression. 
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Discussion 

 We conclude that the function of RarA is to create single-stranded DNA gaps behind the 

replication fork upon encountering DNA damage. In vivo, this activity is utilized to (a) facilitate 

normal growth and replisome progression and (b) create DNA substrates that are able to be 

repaired using daughter-strand gap repair or tolerated using translesion DNA synthesis (Figure 3-

9). Loss of rarA function leads to a growth defect, reduced cell size, and reduced DNA content 

when compared to wild type cells (Figures 3-1; 3-2). In addition, loss of rarA suppresses the 

sensitivity of cells lacking daughter-strand gap repair (RecFOR) or translesion DNA synthesis 

(Pols II, IV, or V) to DNA damaging agents (Figures 3-3; 3-4). Overexpression of rarA is lethal 

due to its ATPase activity (Figures 3-5; 3-6). However, we also showed that rarA overexpression 

leads to cell filamentation and delocalization of replisomes in an ATPase-independent manner 

(Figure 3-7). Finally, we showed that the lethality associated with rarA overexpression can be 

partially suppressed upon deletion of TLS polymerase IV and V (Figure 3-8). Taken together, it 

is clear that a precise concentration of rarA is required in cells, as both deletion and overexpression 

are deleterious. 

 We have placed RarA function at the interface between DNA replication and repair. The 

most recent model for RarA function suggested it promoted a switch between DNA replication 

and translesion DNA synthesis by directly loading TLS Pols onto broken replication forks (66). 

Instead, we hypothesize that RarA facilitates a switch between DNA repair ahead of a replication 

fork to post-replication repair behind the replication fork. At sites of specific DNA damage on the 

lagging strand, RarA disengages a DNA polymerase from its processivity clamp, thereby forcing 

it to find the next available clamp. This process indirectly creates a large single-stranded DNA 

gap, as we have shown in vitro in Chapter 2. This function appears to be critical for normal cell 
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growth, as deletion of rarA resulted in slow growth, smaller cell size, and lower DNA content than 

wild type cells (Figure 3-1; 3-2). From these phenotypes, we conclude that rarA function is 

required for optimal progression of the replication fork in vivo. If rarA is not present, more time-

consuming repair pathways, like replication fork regression, would need to be employed to repair 

DNA lesions ahead of the fork. However, RarA-mediated gap formation behind the replication 

fork creates idealized substrates for both daughter-strand gap repair via homologous recombination 

or DNA damage tolerance via translesion DNA synthesis. Indeed, if processivity clamps are left 

behind in these gaps (as shown in vitro in Chapter 2), they serve as ideal scaffolds for direct TLS 

(30, 32, 33, 95, 96). Thus, RarA action may be part of the reason why Pol II and Pol IV are present 

during normal cell growth even in the absence of the SOS response (41–43). 

 From data presented in this chapter, we conclude that overproduction of rarA is lethal due 

to continuous disengagement of DNA polymerase III from SSB and/or β2 processivity clamp at 

the replication fork. This would allow for TLS polymerases to preferentially fill the void left 

behind on β2. Overuse of DNA polymerase IV has been shown to be lethal in vivo, supporting this 

hypothesis (93). In an active manner, RarA may also create too many gaps behind the replication 

fork, which could also overuse TLS. This also explains the previous observation that 

overexpression of rarA is more toxic in cells lacking homologous recombination, as TLS would 

be the only option to fill in the excess gaps (64). In addition, this further explains the increase in 

mutagenesis that is also seen upon rarA overproduction, specifically the mutations associated with 

Pol IV and Pol V use (64). Taken together with previous data, our data clearly show that rarA 

overproduction is lethal due to overuse of translesion DNA polymerases, as a consequence of 

RarA’s gap creation activity. 
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It should be noted that many groups have observed single-stranded DNA gaps forming 

behind the replication fork when cells are treated with DNA damaging agents. Rupp and Howard-

Flanders first documented the presence of single-stranded DNA behind active replication forks in 

1968, after irradiating E. coli cells and isolating genomic DNA using a sucrose gradient (97). More 

recently, Páges and Fuchs observed single-stranded DNA gaps behind the replication fork 

following encounter with a site-specific DNA lesion (98). This process does not seem to be specific 

to bacteria, as recent work by Lopes and colleagues demonstrated the presence of single-stranded 

DNA gaps behind replication forks following UV irradiation in S. cerevisiae (99). It remains to be 

determined if these gaps are due to RarA action. Further work should be carried out to determine 

if these gaps decrease in frequency in the absence of rarA. 

 To our knowledge, this is the first suggestion that DNA lesion skipping is not an inherent 

property of DNA polymerase III. Rather, we present data that support the hypothesis that RarA 

directly catalyzes this process in vivo as a mechanism to bypass DNA damage. Marians, 

O’Donnell, and colleagues have shown that DNA polymerase III is able to directly bypass site-

specific DNA lesions on both the leading and lagging strand template in vitro (100–103). However, 

these reconstituted DNA replication assays required several minutes to achieve lesion bypass. On 

the timescale of DNA replication in vivo, it is clear that this process cannot proceed on the order 

of minutes in the cell. Thus, RarA could be responsible for catalyzing this reaction in vivo.  
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Experimental procedures 

Strain construction 
 
 All strains were E. coli MG1655 derivatives and are listen in Table 1. All parent strains 

were constructed using Lambda Red recombination as described by Datsenko and Wanner (104). 

All chromosomal mutations were confirmed using Sanger sequencing. When required, antibiotic 

resistance of a given strain was eliminated using FLP recombinase encoded by the pLH29 plasmid 

as described previously (105). Strains were transformed to harbor indicated plasmids using 

conventional methods. 

Growth curves – plate reader 
 
 Overnight cultures of indicated strains were diluted 1:100 in LB. Three biological 

replicates were prepared in a clear bottom 96 well plate (Corning, Corning, NY). Cultures were 

grown at 37°C with continuous orbital shaking in a BioTek Synergy 2 plate reader (BioTek 

Instruments Inc., Winooski, VT). OD600 absorbance readings were measured every 10 min for over 

the course of the experiment and normalized by subtracting out the OD600 value of a blank sample 

containing only LB. Growth curves represent the average of at least three biological replicates, 

with error bars representing one S.D. from the average value.  

Growth competition assays 
 
 Growth competition assays were conducted as previously described (80) using a method 

originally described by Lenski and colleagues (79). The ∆araBAD ∆ParaB marker was included on 

either the wild type (MG1655) or ∆rarA strains in separate experiments to control for any effect 

the marker may have had on cell fitness. These experiments are the result of three biological 

replicates, with error bars representing one S.D. from the average value. 
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Single-molecule time-lapse imaging and analysis 
 
 Cells were grown at 37°C in EZ rich defined medium (Teknova, Hollister, CA) that 

included 0.2% (w/v) glycerol. Flow cells were constructed by affixing a quartz piece, embedded 

with inlet and outlet tubing, to a (3-aminopropyl)triethoxysilane (APTES, Alfa Aesar, Haverhill, 

MA) functionalized glass coverslip according to the design specifications and procedure detailed 

previously (26). 

 For time-lapse imaging, flow cells were mounted to the microscope where temperature was 

maintained at 37°C by a combination of stage and objective lens heating. Cells were grown in 

shaking culture until reaching mid exponential growth phase, then loaded into mounted flow cells 

by pulling through the outlet with a syringe. The inlet was then placed into fresh, constantly 

aerated, EZ medium. Aerated medium was then pulled through the flow cell using a syringe pump, 

at a rate of 50 µL/min. To induce overexpression of rarA, 0.2% L-arabinose (Sigma) was added 

to the medium at t = 0 min. 

 A microscope constructed to the specifications described previously was used for these 

experiments (26). All dnaQ replisome labeled strains were excited at 18 W/cm-2 with a 514 nm 

laser light for 500 ms. Imaging was done using a 512 x 512 pixel EM-CCD camera (C9100-13, 

Hamamatsu). Image processing was performed using custom plugins. All cell outlining was 

manually performed in the open source MicrobeTracker Suite in MATLAB R2013b (Mathworks). 

Single-molecule fluorescence imaging of cells grown in shaking culture 
 
 For comparison of rarA+ and ∆rarA cell morphologies and effects on labeled replisomes, 

indicated strains were grown overnight at 37°C in EZ glycerol, diluted 1000-fold in fresh medium, 

then grown an additional 3 hrs prior to imaging. 
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 For imaging, glass coverslips were either functionalized with APTES (Alfa Aesar) 

according to the procedure detailed previously (26) or cleaned by sonicating 5M KOH for 25 min, 

rinsing with fresh MilliQ water, and drying under N2 gas. Coverslip sandwiches were prepared by 

flattening 20 µL of cell suspension between an APTES-functionalized (bottom) and KOH-cleaned 

(top) cover slide. Cells were then imaged in both brightfield and fluorescence channels on the 

microscope as described above. Image processing was again performed using custom ImageJ 

plugins after manually outlining cells in the MicrobeTracker Suite in MATLAB R2013b 

(Mathworks).  

Flow cytometry 
 
 Overnight cultures of indicated strains were diluted 1:100 in fresh LB medium in biological 

triplicate from three separate bacterial colonies. Cultures were grown at 37°C with shaking and 

aeration until the OD600 measured 0.2 (exponential growth phase). Aliquots (500 µL) were taken 

from each culture and placed on ice. Cells were collected via centrifugation and washed with 1 mL 

of phosphate buffered saline (PBS) three times. These aliquots were diluted 1:10 in fresh PBS, 

then either mock stained or stained with the DNA-specific dye Vybrant Dyecycle Green (Thermo 

Fisher Scientific, Waltham, MA) according to manufacturer’s instructions (final dye concentration 

= 10 µM).  

 Samples were measured using a BD Accuri Flow Cytometer (BD Biosciences, San Jose, 

CA) equipped with a 488 nm wavelength excitation laser and 533 nm wavelength emission filter 

with a 30 nm bandwidth. A sample threshold of 10,000 FSC-A was set. At least 50,000 cells were 

measured for each biological replicate, with three total biological replicates measured per strain. 

Light scattering and fluorescence data were imported into FlowJo (FlowJo LLC, Ashland, OR) 

and gated as indicated to exclude cell debris and doublet cells. 
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Spot plate drug/UV/overexpression sensitivity assays 
 
 Overnight cultures of indicated strains were diluted 1:100 in fresh LB medium. Cultures 

were grown in biological triplicate at 37°C with aeration and shaking until the OD600 reached 0.2 

(exponential growth phase). Aliquots (1 mL) were taken from each culture, serially diluted in LB 

to 10-6, then 10 µL were spot plated on agar plates containing LB medium supplemented with 

indicated concentrations of nitrofurazone, glucose, or L-arabinose. When UV irradiation was used, 

plates were exposed to indicated doses of UV irradiation (254 nm) using a Spectrolinker XL-1500 

UV crosslinker (Spectronics Corporation, Westbury, NY). Plates were incubated overnight at 37°C 

and imaged the next day using an ImageQuant LAS 4010 imaging system (GE Healthcare, 

Marlborough, MA). 

Overexpression toxicity time-lapse cell viability curves 
 
 Overnight cultures of indicated strains were diluted 1:100 in fresh LB medium. Cultures 

were grown with aeration and shaking at 37°C until the OD600 measured 0.2 (exponential growth 

phase). L-arabinose was then added to the culture to a final concentration of 0.2%. 1 mL aliquots 

were taken from each culture at 0, 45, 90, and 180 minutes. The OD600 values were measured, then 

the aliquots were normalized to the OD600 value of the culture prior to addition of arabinose. After 

normalization, the cultures were serially diluted in phosphate buffered saline (PBS) to an 

appropriate concentration and 100 µL was plated on LB agar plates containing 100 µg/mL 

ampicillin and 0.2% glucose. The plates were incubated overnight at 37°C. Colonies were counted 

and colony forming units (CFUs) were calculated the following day. 

Protein purification and western blot 
 

Wild type RarA, RarA K63R, and RarA K430E mutant proteins were purified as described 

previously (56). All proteins were carefully tested for endo- and exonuclease contamination using 
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gel-based DNA degradation assays utilized supercoiled and linear double-stranded DNA and 

circular single-stranded DNA. No contaminating endo- or exonucleases were detected. Aliquots 

of purified proteins were thawed fresh from -80°C stock solutions prior to each experiment. RarA 

protein concentration was determined using the native extinction coefficient ε = 5.44 x 104 M-1 

cm-1 (56). 

Cultures of indicated strains were grown as described in the time-lapse cell viability curve 

section above. After normalization, the cultures were centrifuged to pellet cellular material. Pellets 

were resuspended in 20 µL 2x Lamelli sample buffer (250 mM Tris-HCl pH 6.8, 4% SDS, 20% 

(v/v) glycerol, 1.43M betamercaptoethanol, 1 mg/mL bromophenol blue). Samples were boiled at 

95°C for 5 minutes. Purified protein samples were made by mixing a protein solution of known 

concentration with 2x Lamelli sample buffer. 

Samples (15 µL) were applied to a 4-20% gradient tris-glycine SDS-PAGE gel (Bio-Rad) 

and electrophoresed at 100 V for 30 min, then 200 V until completed. Gels were loaded into a 

western blot sandwich consisting of sponge, filter paper, gel, 0.45 µm PVDF (polyvinylidene 

fluoride) membrane (GE Healthcare), filter paper, and sponge. Samples were transferred from the 

SDS-PAGE gel to the PVDF membrane at 300 mA for one hour. 

PVDF membranes were blocked using a solution of powdered milk in PBS-Tween 20 (1x 

phosphate buffered saline, 0.5% Tween-20, 2.5% (w/v) powdered milk) for one hour. Primary 

chicken antibody raised against rarA (Gene-Tel; Madison, WI) was diluted 1:5000 in blocking 

solution and applied to the PVDF membrane for one hour. Membranes were rinsed three times in 

PBS-T, then washed twice for 5 min, then once for 15 min. Secondary antibody (HRP-conjugated 

rabbit anti-chicken; Sigma) was diluted 1:10000 in PBS-Tween 20 and applied to the membrane 

for one hour. The membrane was then washed as before. SuperSignal West Pico chemiluminescent 
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substrate (ThermoFisher) was applied to the membrane and incubated at room temperature for 5 

min. The membrane was then imaged using an ImageQuant 4010 Instrument (GE Healthcare) with 

an exposure time of 10 seconds. 
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Table 3-1: A list of strains used in this study 

 

A list of strains used in this chapter is shown above. All strains were constructed as described in 

the experimental procedures section. 
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Figures 

 
  



 

* This work was conducted in collaboration with M. Cherry, A. Robinson, and A. van Oijen at the University 
of Wollongong in Wollongong, Australia. 
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Figure 3-1: Strains lacking rarA exhibit a growth defect compared to wild type MG1655 cells, 

exhibit smaller cell size and contain a reduced number of replisome foci. 

 
(A) Overnight cultures were grown in LB medium, diluted 100-fold and allowed to grow for 1000 

min. OD600 values were recorded over this time period. Traces represent OD600 values averaged 

over a minimum of three biological replicates. Doubling times for the wild type and ∆rarA strains 

were 29.2 ± 0.7 and 42.3 ± 0.5 min, respectively. (B) Using a growth competition assay, equal 

amounts of wild type MG1655 and ∆rarA strains are incubated together at t = 0 h. This co-culture 

was allowed to grow for 48 h, with samples taken at 0, 24, and 48 h. These samples were serially 

diluted and plated onto tetrazolium agar plates. Deletion of the araBAD operon acts as a marker 

(*) and is able to be differentiated from araBAD+ cells. Colonies representing each genotypic 

population were counted and divided by the total number of colonies to determine the percentage 

of the total population each strain inhabited. These experiments were conducted in triplicate, with 

error bars representing one S.D. from the mean. (C*) Single-molecule fluorescence imaging of 

rarA+ (top) and ∆rarA (bottoms) strains containing DnaQ-YPet labeled DNA polymerase III. 

Cells were grown at 37°C in flow cells and imaged every 5 min for 180 min. (D*) Histograms of 

DnaQ-YPet replisome foci per cell (left) and cell length (right) measurements for the rarA+ (top) 

and ∆rarA (bottom) strains. Error bars represent the SEM for each bin across at least two biological 

replicates. DnaQ-YPet foci per cell for rarA+ cells: mean = 2.8; SEM = 0.03; n = 2738 cells. 

DnaQ-YPet foci per cell for ∆rarA cells: mean = 1.3; SEM = 0.03; n = 1424 cells. Cell size for 

rarA+ cells: mean = 5.5; SEM = 0.03 µm in length; n = 2892 cells. Cell size for ∆rarA cells: mean 

= 3.7; SEM = 0.03 µm in length; n = 1660 cells.
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Figure 3-2: ∆∆∆∆rarA cells are smaller and contain less DNA than wild type cells during 

exponential growth phase 

Wild type (MG1655) or ∆rarA cells were grown to early exponential growth phase (OD600 = 0.2), 

then diluted to an appropriate concentration (~1 x 106 cells/mL) and washed with PBS. Cells were 

not synchronized. DNA content was assessed using Vybrant Dyecycle Green as a stain. Each strain 

was grown up and assayed in biological triplicate, with > 50,000 cells being counted for each 

replicate. Wild type (A) and ∆rarA (B) cells were gated as indicated to exclude cell debris and 

doublet cells. 84.4% (wild type) to 90.5% (∆rarA) of cells were included in further analysis. (C) 

Forward scattering area histograms of representative MG1655 (blue) and ∆rarA (red) samples are 

shown. (D) Fluorescence signal representing DNA content for representative MG1655 (blue) and 

∆rarA (red) samples are shown. (E) Quantification of the forward scattering area data graphed in 

(C) is shown for MG1655 (blue) and ∆rarA (red) samples. Bar graphs represent the average of the 

media forward scattering area values across biological replicates, while error bars represent one 

S.D. from the averaged median value. (F) Quantification of the fluorescence data graphed in (d) is 

shown for MG1655 (blue) and ∆rarA (red) samples. Bar graphs represent the average of the 

median fluorescence values across biological replicates, while error bars represent one S.D. from 

the averaged median value. 
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Figure 3-3: Deletion of rarA suppresses the sensitivity of ∆∆∆∆recF and ∆∆∆∆recO stains to UV light 

Indicated strains were grown to exponential growth phase (OD600 = 0.2), serially diluted, spot 

plated onto LB agar plates, and irradiated at a dose of 15 or 30 J/m2. (A) ∆recO cells are sensitized 

to low levels of UV light by 2 orders of magnitude compared to wild type cells. Deletion of rarA 

results in no observable decrease in cell viability and completely (at 15 J/m2) or partially (at 30 

J/m2) restores cell viability to wild type levels in a ∆recO background. (B) ∆recF cells are 

sensitized to low levels of UV light by 1-2 orders of magnitude compared to wild type cells. 

Deletion of rarA in a ∆recF background completely (at 15 J/m2) or partially (at 30 J/m2)  restores 

cell viability to wild type levels. All experiments were repeated at least three times using separate 

biological replicates, yielding consistent results. 
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Figure 3-4: Loss of rarA ATPase activity suppresses the sensitivity of TLS polymerase 

knockout strains ∆∆∆∆polB, ∆∆∆∆dinB, and ∆∆∆∆umuDC to DNA damage 

Indicated strains were grown to exponential phase (OD600 = 0.2), serially diluted and spot plated 

onto LB agar plates containing indicated supplements. (A) Loss of RarA ATPase activity 

suppresses the sensitivity of ∆dinB (Pol IV) cells to the mutagen nitrofurazone (NFZ). Cells 

lacking the dinB gene are sensitized to NFZ by 2-3 orders of magnitude compared to dinB+ cells. 

Loss of rarA or its ATPase activity (K63R) confers no sensitivity to NFZ. In a ∆dinB background, 

loss of rarA or its ATPase activity restores cell viability to wild type levels. (B) Loss of RarA 

ATPase activity suppresses the sensitivity of ∆polB (Pol II) cells to NFZ. Cells lacking polB are 

mildly sensitized to NFZ by 1-2 orders of magnitude compared to wild type cells. In a ∆polB 

background, loss of rarA or its ATPase activity restores cell viability to wild type levels. (C) Loss 

of RarA ATPase activity partially suppresses the sensitivity of ∆umuDC (Pol V) mutants to 

ultraviolet light. Cells lacking Pol V are sensitized to high levels (60 J/m2) of UV light compared 

to wild type cells. Deletion of rarA or inactivation of its ATPase activity (K63R) results in a 1 

order of magnitude increase in resistance of UV light at this dose when compared to wild type 

cells. Deletion of rarA or inactivation of its ATPase activity in a ∆umuDC background restores 

cell viability to wild type levels at this incident dose of UV light. All experiments were repeated 

at least three times with consistent results. 
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Figure 3-5: Overexpression of rarA is lethal in both the presence and absence of recA 

(A) All strains were ∆rarA while only those indicated were also ∆recA. Overexpression of rarA 

was induced in exponential growth phase cells (OD600 = 0.2) upon plating on LB agar containing 

L-arabinose (0.2%), while expression was repressed upon plating on LB agar containing 0.2% 

glucose. Plates are representative images of at least three separate experiments. (B) ∆rarA cells 

harboring the indicated gene on a pBAD plasmid were grown and spot plated as in (A). RarA 

K63R is a Walker A mutant that is incapable of hydrolyzing ATP, but can still bind SSB. SbCB15 

is a nuclease-dead mutant of exonuclease I that is still capable of binding SSB. RarA K430E is a 

tetramerization-deficient mutant that is incapable of hydrolyzing ATP or binding SSB. Plates are 

representative images of at least three separate experiments.
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Figure 3-6: Overexpression of rarA is toxic in both recA+ and ∆∆∆∆recA cells after 180 minutes 

(A) ∆rarA cells (black lines) or ∆rarA ∆recA cells (red lines) harboring the indicated gene on a 

pBAD expression vector were grown at 37°C in LB medium to exponential phase, after which 

arabinose was added to a final concentration of 0.2%. Samples were then collected at indicated 

time points and plated on LB medium + 0.2% glucose agar to calculate colony forming units 

(CFUs). (B) Relative expression levels were determined for wild type RarA, RarA K63R, and 

RarA K430E in ∆rarA strains after addition of L-arabinose in cells grown up in (A). Samples 

containing known concentrations of purified RarA or RarA mutants were loaded alongside 

experimental samples containing cell lysate with overexpressed RarA or RarA mutants. 

Experiments were performed at least three times, with representative western blots for each mutant 

shown.

 

  



 

* This work was conducted in collaboration with M. Cherry, A. Robinson, and A. van Oijen at the University 
of Wollongong in Wollongong, Australia. 
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Figure 3-7: Overexpression of rarA results in cell filamentation and delocalization of the 

replisome in an ATPase-independent manner 

(A) Time-lapse imaging of a ∆rarA pBAD-rarA strain containing labeled DNA polymerase III 

(DnaQ-YPet). Cells were grown at 37°C in flow cells and imaged every 5 min for 180 mins. 

Overexpression was initially suppressed using 0.2% glucose then induced with 0.2% L-arabinose 

at t = 0 min. Representative brightfield (left) and fluorescence (right) micrographs are shown at t 

= 0 min (top) and t = 180 min (bottom) following induction of rarA overexpression. (B) 

Histograms of DnaQ-YPet replisome foci per cell (left) and cell length (right) are shown for the 

indicated time points. Error bars represent the standard error of the mean values for each bin across 

at least two biological replicates. DnaQ-YPet foci per cell at t = 0 min: mean = 1.4; SEM = 0.1; n 

= 103 cells. Cell size at t = 0 min: mean = 3.2; SEM = 0.07 µm; n = 102 cells. DnaQ-YPet foci per 

cell at t = 170 min: mean = 0.3; SEM = 0.1; n = 80 cells. Cell size at t = 170 min: mean = 7.2; 

SEM = 0.34 µm; n = 80 cells. (C, D) Overexpression of ATPase-deficient RarA K63R induces 

similar effects on cell filamentation and replisome focus loss compared to wild type RarA. Cells 

were grown as in (A), except that pBAD-rarA K63R was overexpressed instead of wild type RarA. 

Histograms of cell size (left) and DnaQ-YPet foci per cell (right) are shown comparing 

overexpression of wild type RarA (dark gray) and RarA K63R (light gray). Cell size for ∆rarA 

pBAD-rarA K63R at t = 0 min: mean: 3.0; SEM = 0.04 µm; n = 432 cells. DnaQ-YPet foci per 

cell at t = 0 min: mean: 1.8; SEM = 0.1; n = 433 cells. Cell size at t = 170 min: mean = 5.6; SEM 

= 0.12 µm; n = 357 cells. DnaQ-YPet foci per cell at t = 170 min: mean = 0.5; SEM = 0.1; n = 357 

cells.
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Figure 3-8: Deletion of TLS polymerases Pol IV (∆∆∆∆dinB) and Pol V (∆∆∆∆umuDC) suppress the 

lethality of rarA overexpression 

Cultures of ∆rarA cells containing indicated TLS polymerase mutations and harboring pBAD-

rarA plasmids were growth to early exponential growth phase (OD600 = 0.2), serial diluted, and 

spot plated onto LB agar containing either 0.2% glucose or 0.2% L-arabinose. As before, 

overexpression was induced using 0.2% L-arabinose, while expression was repressed in the 

presence of 0.2% glucose. Plates are representative images from at least three independent 

biological replicate experiments. 
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Figure 3-9: A model for RarA-mediated gap creation behind replication forks in vivo 

A simplified model depicting a replication fork encountering a DNA lesion on the lagging strand. 

RarA would displace the active Pol III core from its processivity clamp to generate a single-

stranded DNA gap behind the replication fork. This single-stranded DNA gap can serve as a 

template for RecFOR-mediated daughter-strand gap repair or translesion DNA synthesis. In the 

absence of RarA, replication forks can be remodeled and the damage repaired directly using time-

intensive pathways such as fork regression. 
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Conclusion 

 The primary goal of this thesis was to further characterize the highly enigmatic RarA 

protein family using the E. coli RarA protein as a model. Previous work over the past 16 years by 

over a dozen research groups placed the function of the RarA protein family at the interface 

between DNA replication and repair. In this thesis, we utilized a host of biochemical, biophysical, 

and genetic assays to deepen our understanding not only of the RarA protein family, but of DNA 

replication as a whole. Our main conclusion was that RarA ensures optimal replication fork 

progression upon encountering DNA damage by catalyzing a process called lesion skipping. 

 Previous work defined two major pathways for repairing or tolerating DNA damage 

encountered by active replication forks in E. coli. For the past three decades, work in our laboratory 

has focused on one of these pathways—recombinational DNA repair at the fork—while just 

recently beginning to focus more on the second of these pathways—translesion DNA synthesis 

(TLS) and daughter-strand gap repair. While both of these pathways are well-characterized, a 

major gap in knowledge remains: how does the cell choose which repair pathway to utilize? 

Conventional knowledge pointed to the SOS response, which contains an inherent temporal 

regulation of genes involved in both pathways. Transcription of genes involved in homologous 

recombination and nonmutagenic repair of stalled replication forks were derepressed prior to genes 

involved in mutagenic TLS. Induction of the SOS response does explain the recruitment of 

regulated proteins to sites of DNA damage preventing replication fork progression (damage at or 

ahead of the fork). However, the SOS response fails to explain why certain TLS Pols—Pol II and 

Pol IV—are present throughout normal cell growth at significant concentrations (50-250 

molecules per cell) even in the absence of DNA damage. This observation would suggest that TLS 

Pols have a role during a normal cycle of DNA replication. In addition, single-stranded DNA 
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gaps—substrates repaired/tolerated by TLS and daughter-strand gap repair—are formed following 

UV irradiation despite their source not being completely understood. We hypothesize that these 

gaps form in an active process to prevent time-intensive repair of lesions at or ahead of the fork. 

Instead, replisome progression continues while the gaps are simultaneously repaired by post-

replication repair pathways. We have presented data here that point to the highly conserved RarA 

protein family as a probable candidate for catalyzing such an activity in cells. 

 In chapter 2, we detailed the ATPase and DNA binding characteristics of the E. coli RarA 

protein. Our work clearly shows that RarA recognizes damaged DNA substrates—including 

double-stranded DNA ends and single-stranded DNA gaps—in an ATP-dependent manner. In 

accordance with its sequence similarity to the E. coli Holliday Junction helicase RuvB, we also 

demonstrated RarA possesses a flap-formation activity that is also ATP-dependent. We have yet 

to determine an in vivo role for this flap-formation activity. Finally, we demonstrated that RarA 

creates single-stranded DNA gaps—the substrate required for both daughter-strand gap repair and 

TLS—behind active replication forks in vitro. We hypothesized that RarA-mediated gap formation 

proceeds by outcompeting active DNA polymerase III cores with their associated processivity 

clamp during lagging strand DNA synthesis. We directly observed fluorescently-labeled 

processivity clamps behind left behind in these single-stranded gaps as would be expected in our 

model. These are ideal substrates for both daughter-strand gap repair and TLS.  

 Despite these novel findings in vitro, many questions remain to directly link them to an in 

vivo pathway or function. First, our single-molecule rolling-circle assay was conducted in the 

absence of any DNA damage or replication stress. Thus, RarA action in this assay could be the 

result of an excess concentration compared to the single molecules of actively replicating DNA. 

Despite our efforts to match the concentration of RarA in our assays with those measured in vivo, 
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it is unclear how the setup of our assay may require an excess of RarA molecules to visualize an 

effect in the absence of DNA damage. Further work should be conducted to repeat these 

experiments in the presence of site-specific DNA damage in the template DNA. Observing RarA 

preferentially catalyze gap formation in the presence of DNA damage would begin to link these 

results to those described later in vivo. Second, a direct interaction between RarA and beta 

processivity clamp has yet to be demonstrated either in vitro or in vivo. Our model for gap creation 

in vitro relies entirely on a hypothesized protein-protein interaction between RarA and beta clamp; 

thus, this should be tested directly. Finally, the flap-forming activity of RarA has yet to be 

connected to any process in vivo or the gap creation process. Our model relies on RarA disrupting 

a protein-protein interaction between DNA polymerase III and its processivity clamp to generate 

a single-stranded DNA gap in vitro. If this is true, then no DNA-dependent ATPase or flap creation 

activity would be required for gap creation. However, since these gaps only form in the presence 

of ATPase-competent RarA, the two observations must be connected. Further investigation of the 

connection between RarA ATPase and gap creation activity is required.  

 While no direct connection to DNA damage was established in our observation of RarA-

mediated gap creation in vitro, several insights into a role for gap creation in DNA repair pathway 

choice in vivo were detailed in chapter 3. If we view the observations in chapter 3 through the lens 

of the in vitro gap creation activity described in chapter 2, a clear role for RarA in the cell is 

established. Since single-stranded DNA gaps are shared DNA substrates between daughter-strand 

gap repair and translesion DNA synthesis, our hypothesis was that RarA creates substrates for 

these processes in vivo. Indeed, cells lacking either RecFOR-mediated daughter-strand gap repair 

or TLS were sensitized to DNA damage in a RarA-dependent manner. If RarA action (or simply 

ATPase activity) was eliminated in these same strains, these cells were no longer sensitive to these 
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genotoxic agents. The simplest interpretation of these data is that RarA action creates substrates 

that are processed by either daughter-strand gap repair or TLS, depending on the type of DNA 

damage encountered by the replication fork. However, if the substrate is created in a strain lacking 

the downstream repair pathways, the cells fail to survive. In light of the in vitro gap creation 

activity, these two observations do not appear to be a coincidence. One of the most important 

experiments required in the future is to directly observe these gaps form in vivo in a RarA-

dependent manner.  

 If our model is correct, loss of rarA function would result in a loss of commitment to 

daughter-strand gap repair/TLS in favor of repair processes acting at or ahead of the fork. In these 

cells, DNA replication and repair would no longer be able to be decoupled; thus, all damage 

encountered by the fork would require repair prior to restarting replication.  This could explain the 

growth, cell size, and DNA content defects we observed in strains lacking rarA documented in 

chapter 3. Conversely, we showed that overexpression of rarA resulted in cell filamentation, 

toxicity and ejection of replisomes from the genome. This complex phenotype was largely 

independent of RarA ATPase activity, suggesting a larger role for protein-protein interactions as 

causative agents. However, since overexpression of wild type rarA caused the most severe effect, 

a link between its toxicity and excess gap creation cannot be ruled out. This hypothesis is 

corroborated by our data linking rarA overexpression toxicity with the action of TLS Pols. 

 Overall, the major contribution of the work detailed in this thesis is the formulation of a 

new model of DNA repair pathway choice during DNA replication. Like all models, it requires 

extensive further investigation to disprove the aspects that are not completely correct. In this 

particular case, proposing a novel model arises with both the raw characteristics lacking detail and 

the high expectations of proof. This is the major limitation of this thesis—through this work, we 
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have attempted to answer a singular question with a singular answer, only to generate further 

questions with each additional answer. In a sense, this limitation is also a testament to the longevity 

of this project. This is the burden I must leave with future researchers with fresh perspectives and 

novel approaches. 

  

 

 

 


