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Abstract 
 
Chronic inflammatory diseases are the leading cause of death in the world. One of the critical 

steps of inflammation is the recruitment and activation of neutrophils. This process results in a 

highly focused mobilization of neutrophils at the site of infection or injury. Dysregulation of this 

process can lead to disproportionate levels of inflammation resulting in tissue damage, chronic 

inflammation, or the spread of infection. By improving our understanding of neutrophil 

trafficking, we can hope to develop better therapeutics and drugs for treating chronic 

inflammatory diseases. Our current understanding of neutrophil trafficking is predominately 

derived from animal models, such as mouse, and zebrafish, and simple in vitro models such as 

transwells and 2D devices. These approaches each possess inherent limitations on the types of 

experiments we can conduct and in correlating the significance of these results to our 

understanding of human biology. As the development and increased use of microscale 

organotypic models in research continue, our ability to model neutrophil trafficking using human 

cells in biologically relevant models could improve our understanding of these events. The goal 

of this Ph.D. thesis is to investigate the development of microscale organotypic models of three 

understudied processes related to neutrophil recruitment; neutrophil priming, neutrophil 

reverse migration, and neutrophil-lymphatic trafficking. We also present the development and 

characterization of a microscale technology for culturing and differentiating human induced 

pluripotent stem cells (iPSCs). The following thesis is divided into five chapters and an appendix, 

each part can be independently read, but all of them should be considered within the overarching 

goal. 
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Chapter 1 provides an introduction to  neutrophils’ role in inflammation, neutrophil-endothelial-

macrophage interactions, microscale stem cell culture, and the benefits of microscale 

organotypic models. In Chapter 2, the development and characterization of a device for studying 

neutrophil priming and TEM are introduced, and an initial investigation into these topics is 

conducted. At the end of Chapter 2, preliminary work on modeling neutrophil reverse migration 

(RM) is presented and shows how neutrophil-macrophage interactions can induce a RM 

phenotype in neutrophils. In Chapter 3, an organotypic tissue model, consisting of blood and 

lymphatic endothelial lumens is used to identify secreted components involved in regulating 

neutrophil-lymphatic trafficking. In Chapter 4, a microscale technology for culturing and 

differentiating iPSCs is described, characterized, and shown to differentiate iPSCs into 

neuroepithelial cells, definitive endodermal cells, and cardiomyocytes. Finally, the main 

conclusions of this Ph.D. thesis and future directions are described in chapter 5. 
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Chapter 1: Introduction 
 

Introduction 

1.1 Inflammation and Disease 

 

Inflammation is a set of complex biological processes that form a critical response to potential 

danger signals including tissue damage and pathogens. Inflammation is a protective response 

whose purpose is to eliminate pathogens or damaged tissue, and then facilitate tissue repair. 

This process involves immune cells, endothelial cells, and a host of secreted factors. Inflammation 

can be categorized as either acute or chronic depending on its duration, the types of cells 

involved, and types of secreted factors [1]. Acute inflammation is the immediate response to 

injury, stress, or infection which occurs within minutes or hours after insult. It involves the 

systemic and local coordinated mobilization of various cellular and humoral components to enact 

a focused response. In a healthy acute inflammatory response, pathogens and damaged tissue 

are removed and the repair mechanisms are initiated [2]. If there is dysregulation of the immune 

response or the infection or injury persists, chronic inflammation can follow. Chronic 

inflammation can last anywhere from a few days to even years and while it involves many of the 

same immune components seen in an acute inflammatory response, it is characteristically 

different than acute inflammation. Chronic inflammation is a common outcome of infectious 

disease, and studies continue to find links between non-infectious diseases such as cancer, and 

even depression with inflammation [3][4]. It has been hypothesized that all disease is a result of 

inflammation [5]. Regardless of the validity of this theory, inflammation plays a major role in 
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disease progression and morbidity and could offer new targets for improved therapeutics and 

drugs for treating a wide variety of diseases. 

 

According to the World Health Organization (WHO), chronic inflammatory diseases, including 

cardiovascular disease, diabetes, respiratory diseases, autoimmune diseases, infectious disease, 

and cancer, are the most significant cause of death in the world accounting for around 75% of all 

deaths worldwide [6][7]. While it is hard to estimate the economic burden of chronic 

inflammation, people living with chronic inflammatory diseases spend significantly more on 

healthcare than those who don’t. For example, people in the U.S. living with rheumatoid arthritis 

spent an average of $1,193 extra out of pocket on treatment for their condition [8][9]. By better 

understanding the underlying disease biology and how inflammation contributes to it, we can 

expect to identify and discover new and innovative medicines. 

 
 
1.2 Innate Immunity 

 
The immune system can be separated into two different, but interconnected types of immunity: 

adaptive, and innate immunity [10]. The adaptive immune system is a type of immune strategy 

that is highly specific, exhibits immunological memory, but requires significant lead time to take 

action. On the contrary, innate immunity is non-specific, possesses no immunological memory, 

and can act much more rapidly. Because of the high specificity and timeframe with which the 

adaptive immune system acts, it is less involved during acute inflammation than the innate 

immune system. 
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The innate immune system uses several different strategies to deal with infection or injury [11]. 

The first mechanism is the constitutively active immune components. These consist of physical 

barriers that prevent pathogens from entering the body; skin, mucus, sweat, defensins, gastric 

acid, and lysozymes for example. Besides physical and chemical barriers, the innate immune 

system also uses a set of biological barriers to prevent pathogen from accessing the body. These 

include humoral components such as complement, and the clotting system which either kill or 

opsonize the pathogen/foreign particle, or isolate it in place. The last strategy the innate immune 

system employs is the activation and recruitment of white blood cells, or leukocytes, to sites of 

infection or injury [12]. The list of leukocytes of the innate immune system include mast cells, 

eosinophils, basophils, natural killer cells, macrophages, dendritic cells, and neutrophils. The 

most numerous leukocyte in the body by far, however, is the neutrophil; comprising as much as 

80% of all circulating leukocytes [13]. 

 

1.3 Neutrophils 

Neutrophils are a type of leukocyte, that circulate throughout the body and act as first responders 

to infection and cell damage. They are characterized by their polymorphonuclear shape and high 

number of granules in their cytoplasm. While neutrophils have been classically thought to be a 

homogenous population of short lived, transcriptionally inactive cells, recent work suggests the 

opposite [14]. Experiments in mice and humans, involving fluorescent activated cell sorting 

(FACS) to isolate and sort primary neutrophils, have shown the presence of distinct neutrophil 

populations with fluctuating levels of cell surface receptors as well as different functional 

phenotypes in circulation. Continued research into this phenomenon has associated some of 
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these neutrophil subsets like CD11b+ CD15hi CD66b+ MPOhi Arg1+ CD16int IL-5Ra− neutrophils, or 

low density granulocytes which damage endothelial cells in conditions such as cancer, and lupus 

respectively [15][16][17][18]. In terms of lifespan, in vivo labeling experiments of human 

neutrophils have found that under homeostatic conditions, the average neutrophil will live for 

5.4 days, much longer than the <7 hour lifespan previous reports found [19][20]. Further studies 

into this effect have directly linked endothelial secreted IL-6 in extended neutrophil longevity 

[21]. Lastly, RNA sequencing of human neutrophil mRNA found that they are quite 

transcriptionally active and have distinct mRNA expression patterns after activation and priming 

[22][23]. Clearly, neutrophils are more biologically complex than what was originally assumed 

and warrant more rigorous and in-depth studies. 
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Figure 1.1: Neutrophil Trafficking Diagram. 1) Circulating neutrophils encounter inflammatory 

signals which cause them to interact with and arrest on the wall of the blood vessel, adhere to 

endothelial cells, and undergo TEM. 2) Neutrophils migrate down gradients of chemokines in a 

process called chemotaxis. 3) Once at the site of infection/injury, neutrophils phagocytose 

pathogens or cell debris, release toxic granules, produce ROS, or undergo NETosis. 

 

 
1.4 Neutrophil Trafficking 

 

Trafficking of neutrophils to sites of infection and injury is essential for optimal functioning of the 

immune system. This trafficking from the circulatory system to interstitial spaces involves a 

multistep process beginning with cytokine-mediated signaling events, hemodynamic shear 

forces, adhesion, transendothelial migration, and chemotaxis. Once at the site of infection or 

injury, neutrophils can fulfill their effector functions (Figure 1.1).   

 

1.4.1 Neutrophil-Endothelial Interactions 

Endothelial vessels help traffic neutrophils to sites of inflammation and facilitate their activation 

and entry into the interstitium [24]. This neutrophil extravasation cascade is a multi-step process 

that begins with the blood vessel endothelium sensing signals from damaged tissue, or pathogen-

derived products [25]. These signals include the acute phase proteins, IL-1a, IL-6, and TNFa, 

PAMPs such as fMLP and LPS, DAMPs, and other signals derived from tissue resident immune 

cells which act to increase vessel permeability, increase luminal surface presentation of selectins 

and integrins, and present chemokines from the basal side to the apical side [26][27]. Circulating 

neutrophils sense these changes and begin to roll along the surface of the endothelium. This 
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interaction is mediated by selectins and is weak and transient. Subsequent stimulation of 

neutrophils by chemokines that are presented by the endothelium, triggers the activation of 

neutrophil integrins, which allow the neutrophils to firmly adhere on the endothelial surface. 

Once strongly adhered, neutrophils crawl along the endothelium until they find a permissive site 

to enter the interstitial space. Neutrophils pass across the endothelium in a process termed 

transendothelial migration (TEM) which can either occur by passing through a gap in the now-

leaky vessel, pericellular TEM, or by passing straight through endothelial cells, transcellular TEM. 

Lastly, the neutrophils must also cross the pericyte layer and breach the basal membrane before 

reaching the site of infection or injury. 

 

This neutrophil-endothelial interaction serves to not only aid neutrophil entry into the 

interstitium, but also induces phenotypic changes that cause the neutrophil to enter an enhanced 

state of responsiveness and increased lifespan, termed priming [28]. Priming is known to occur 

after exposure to pro-inflammatory cytokines, pathogen-based products, and adhesion, and this 

process alters a neutrophils ability to phagocytose, release granules, form NETs, generate ROS, 

and significantly increases their lifespan [21]. Neutrophil TEM, and priming have been extensively 

studied in 2D cell culture and animal models such as zebrafish and mice [29][30]. While these 

studies have provided valuable insights into neutrophil biology, it remains unclear to what extent 

these findings translate to human biology [31]. 

 

Until recently, neutrophils were thought to only interact with blood vessel endothelial cells and 

refrain from entering the lymphatics. However, with the improvement of intravital imaging 
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techniques and availability of transgenic organisms, researchers have been able to demonstrate 

that neutrophils will traffic from peripheral tissue, through lymphatic vasculature, to peripheral 

lymph nodes during infection with microorganisms such as Staphylococcus aureus, Pseudomonas 

aeruginosa, Listeria monocytogenes, Yersinia pestis, Toxoplasma gondii, and Leishmania major 

[32][33]. Furthermore, these studies have also shown that neutrophils interact with resident 

lymphocytes inside the lymph node via antigen presentation [34]. While researchers have 

identified CCL21/CCL19, TNF!, and various cell surface receptors including CD45, and  CD11b as 

being involved in neutrophil-lymphatic trafficking, our understanding of this process is 

incomplete. This is in part due to a lack of in vitro models for studying this process. 

 

1.4.2 Neutrophil Chemotaxis 

Neutrophils are highly motile cells that are able to reach sites of injury or infection in a matter of 

minutes to hours. After neutrophil TEM, neutrophils chemotax down a hierarchy of gradients 

until they reach the source of chemokines. Neutrophil chemokines generally fall into one of three 

types, damage-associated molecular patterns (DAMPs), pathogen-associated molecular patterns 

(PAMPs), or host-derived cytokines. DAMPs are released when cells or tissue are disrupted and 

usually consist of intracellular particles such as ATP or DNA [35]. PAMPs are released or secreted 

by pathogens and consist of shed “coating” material like lipopolysaccharide (LPS), or metabolic 

byproducts like N-Formylmethionyl-leucyl-phenylalanine (fMLP) [36][37]. The last category of 

neutrophil chemokines, the host-derived cytokines, are complex and poorly understood 

[38][39][40][41]. While non-immune stromal cells can release inflammatory cytokines, the cells 

most responsible for coordinating neutrophil chemotaxis are tissue resident macrophages 
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[42][43]. During infection, macrophages recruit neutrophils by secreting a multitude of cytokines 

including CXCL8 (IL-8), CXCL1/2/3 (GRO-a/b), CCL2 (MCP-1), and CCL3/4 (MIP-1a/b) [44]. While 

these cytokines are potent neutrophil chemokines, their efficacy in recruiting neutrophils in vivo 

is highly dependent on the inflammatory context with which they are secreted. How the 

inflammation microenvironment and neutrophil activation status impacts chemotaxis in humans 

is poorly understood. 

 

1.4.3 Neutrophil Function 

The main function of neutrophils is to act quickly to infection and injury, and overwhelm 

pathogens with numbers and an arsenal of biochemical and physical mechanisms including 

phagocytosis, release of toxic granules, production of reactive oxygen species (ROS), and the 

formation of neutrophil extracellular traps (NETs). These mechanisms are non-specific and toxic 

to both pathogens and host tissue. Dysregulation of neutrophil activation can induce an 

overactive state in neutrophils which can cause unnecessary tissue damage. On the contrary, 

failure to activate neutrophils can lead to poor wound healing or the spread of infection. Using 

neutrophil effector functions as readouts for their activation status and the condition of the 

inflammatory microenvironment is a useful tool for studying neutrophils. 

 

1.5 Inflammation Resolution and Neutrophils 

To prevent further tissue damage, at the conclusion of inflammation neutrophils will undergo 

apoptosis, programmed cell death, and subsequent efferocytosis by resident macrophages. 

However, in vitro and in vivo experiments suggest that an alternative pathway exists for 
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neutrophils, termed neutrophil reverse migration (RM). As the name suggests, neutrophil RM is 

the process whereby neutrophils migrate away from sites of inflammation and sometimes re-

enter the endothelium, called neutrophil reverse transendothelial migration (rTEM). It is 

speculated to be a significant means of inflammation resolution but has yet to be proven in 

humans. Using in vivo microscopy techniques, neutrophils were observed migrating away from 

sites of inflammation in zebrafish and mice instead of undergoing apoptosis [45][46]. 

Furthermore, a population of CD54high, CXCR1low cells, identified as reverse-migrated neutrophils 

in in vitro models, was found in circulating in humans [47][48].  Macrophages are well known to 

be key mediators in determining the outcome of the inflammatory response and were shown, in 

zebrafish, to be necessary for neutrophil RM. While there is evidence suggest that both 

juxtracrine and paracrine signalling between neutrophils and macrophages is what coordinates 

neutrophil RM, we still do not completely understand the fate of neutrophils during inflammation 

resolution [49][50].    

 

1.6 Stem Cell Culture 

Cell-based assays are a ubiquitous tool in biotechnology and play a major role in drug 

development, disease research, and diagnostics [51]. Current cell-based assays, however, 

typically require specialized equipment, long assay times, and skilled personnel to perform the 

tasks associated with cell culture and monitoring [52]. Moreover, differences that arise because 

of the aforementioned variables make it difficult to standardize protocols and create a logistical 

barrier for collaborating laboratories and medical facilities. Furthermore, schools and education 

professionals are continually adjusting what they teach to meet the everchanging science 
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landscape. While cell culture is starting to be taught in some college and high school level 

classrooms, the costs and difficulty of doing so are prohibitive to most [53][54]. In order to make 

cell-based assays more accessible and to ensure primary and secondary schools are teaching the 

most relevant and up-to-date material to students, the costs and complexity of performing 

mammalian cell culture need to be reduced. One approach researchers have turned to, to 

accomplish this is by using microfluidics.   

 

One area of mammalian cell culture where variability has the biggest impact on cell viability and 

phenotype is with stem cells. Induced Pluripotent Stem Cells (iPSCs) are reprogrammed adult 

cells that are capable of differentiating into any adult cell type and represent an unprecedented 

opportunity for improved disease modeling and personalized medicine [55]. Despite the progress 

in developing iPSC-based assays for drug screening and clinical use, variability and cost continue 

to hinder further progress [56]. As the use of iPSCs in research and education continues to 

increase, these problems will become even more important to solve. 
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Figure 1.2: Complexity and Relevance of different types of biological research models  

 

1.7 The Microscale and Organotypic Models 

Cellular life exists at the microscale which encompasses a complex set of interactions between 

cellular components, secreted factors, ECM components, and physical factors. Although two-

dimensional (2D) models have made significant contributions  to  biological  research, their failure 

to take into account important microenvironmental parameters have prompted the  

development of microscale three-dimensional (3D) models. It has been shown that cells cultured 

in microscale 3D models behave differently to cells in 2D models [57][58][59]. Furthermore, 

though the use of 3D models are becoming more widely used, researchers continue to improve 
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upon them, incorporating structure-function relationships, improved cell sources, and overall 

higher levels of relevance (Figure 1.2).  These organotypic models have been shown to alter 

cellular phenotype and function such as migration, polarization, proliferation, and signaling 

[60][61][62][63][64]. Using microscale organotypic models to study biology presents a low cost 

and highly relevant method for studying human biology in a physiologically relevant way. 

  

1.8 Summary and Thesis Aims 

Inflammation underlies every major human disease and represents a significant target for future 

therapeutics and drugs. Inflammation is largely coordinated by the innate immune system whose 

most abundant cellular mediator is the neutrophil. Neutrophils are highly motile and toxic cells 

whose trafficking throughout the body is tightly regulated. Aspects of neutrophil trafficking that 

are still not completely include neutrophil-endothelial-macrophage interactions and how they 

coordinate neutrophil reverse migration, and neutrophil-lymphatic trafficking. 

 

iPSCs are an exciting source of highly relevant cell types that are amenable to genetic 

manipulations. Their culture and differentiation are highly sensitive and susceptible to 

inconsistent handling and non-optimal protocols. Microscale/microfluidic technologies could 

help ameliorate these issue, providing consistent, user-friendly options for researchers and 

educators.   

 
This thesis is aimed at developing microscale organotypic models of neutrophil trafficking and 

using them to study neutrophil-endothelial and neutrophil-macrophage interactions during 

inflammation, and neutrophil-lymphatic trafficking during infections. Part of this thesis work is 



 13 

also dedicated to developing a microscale iPSC culture and differentiation platform. The specific 

aims of this thesis were to: 

 
1. Develop and characterize a microscale organotypic model of neutrophil TEM and 

infection to facilitate the study of neutrophil-endothelial and neutrophil-macrophage 

interactions (Chapter 2).  

2. Investigate the secreted factors responsible for inducing neutrophil-lymphatic 

trafficking during infection (Chapter 3). 

3. Engineer a microscale/microfluidic platform for human iPSC culture and differentiation 

(Chapter 4).  

  



 14 

Chapter 2: Neutrophil trafficking on-a-chip: an in vitro, organotypic model for investigating neutrophil priming, extravasation, and migration with spatiotemporal control 

Neutrophil trafficking on-a-chip: an in vitro organotypic model 
for investigating neutrophil priming, extravasation, and 
migration with spatiotemporal control 

 
Abstract 

Neutrophil trafficking is essential for a strong and productive immune response to infection and 

injury. During acute inflammation, signals from resident immune cells, fibroblasts, and the 

endothelium help to prime, attract, and activate circulating neutrophils at sites of inflammation. 

Due to current limitations with in vitro and animal models, our understanding of these events is 

incomplete. In this paper, we describe a microfluidic technology and incorporates a lumen-based 

vascular component with a high degree of spatiotemporal control to facilitate the study of 

neutrophil trafficking using primary human cells. The improved spatiotemporal control allows 

functional selection of neutrophils based on their migratory capacity. We use this technology to 

investigate neutrophil-endothelial interactions and find that these interactions are necessary for 

robust neutrophil chemotaxis to interleukin-8 (IL-8) and priming of the neutrophils. In agreement 

with previous studies, we observed that transendothelial migration (TEM) is required for 

neutrophils to enter a primed phenotypic state. TEM neutrophils not only produce a significantly 

higher amount of reactive oxygen species (ROS) when treated with PMA, but also upregulate 

genes involved in ROS production (CYBB, NCF1, NFKB1, NFKBIA), cell adhesion (CEACAM-8, 

This chapter has been adapted from the manuscript published in Lab on a Chip in 2020 “Neutrophil 
trafficking on-a-chip: an in vitro, organotypic model for investigating neutrophil priming, 
extravasation, and migration with spatiotemporal control.” Patrick H. McMinn, Laurel E. Hind, 
Anna Huttenlocher, and David J. Beebe. 
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ITGAM), and chemokine receptors (CXCR2, TNFRSF1A). These results suggest that neutrophil-

endothelial interactions are crucial to neutrophil chemotaxis and ROS generation. 
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2.1 Introduction 
 
Transwells and 2D cell culture plates are the predominant tool used for assessing neutrophil TEM, 

chemotaxis, and priming in vitro. While transwells and culture plates allow for the incorporation 

of blood-vessel components including endothelial cells, and extracellular matrices (ECM), their 

spatial configuration, and working volumes lack relevance to in vivo biology. Additionally, using 

these approaches makes it difficult to separate and functionally characterize different 

populations of neutrophils. There is need for a better in vitro system that can provide this 

spatiotemporal configuration. 

 

Recent advances in 3D in vitro microscale models of human neutrophil-vasculature interactions 

have resulted in models with increased physiological relevance when compared to classical 

approaches such as 2D microfluidic devices. While 2D models of human neutrophil trafficking 

have been useful for characterizing responses to chemokines, and measuring NETosis and ROS 

generation in a heterogeneous population, their usefulness for answering questions involving 

how co-cultures, or 3D ECM components affect neutrophil biology is limited [48][65]. Current 

efforts to model blood vessel-leukocyte interactions in vitro include strategies such as using self-

organized capillaries in a 3D extracellular matrix,[66] 3D bio-printed blood vessels,[67] and micro-

molded channels seeded with endothelial cells [68]. While these methods incorporate improved 

spatial configurations of cells and ECMs, they ultimately lack manipulability which, again, limits 

their usefulness. Here we add the capability to isolate different neutrophil populations based on 

their chemotactic capabilities to a 3D organotypic endothelial model and use it to investigate 

how neutrophil-endothelial interactions affect neutrophil TEM, chemotaxis, and priming. Further 
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use of this technology could provide future insight into understanding neutrophil heterogeneity, 

and inflammation resolution [15]. 

 

In this paper, we combine two existing microfluidic platforms (LumeNext and Stacks) to create 

an improved platform for studying neutrophil trafficking. LumeNext is a recently established 

microfluidic technology by which luminal structures can be created from multiple cell types in a 

user-defined ECM [69][70]. To create organotypic blood vessels, lumens are mold-casted in a 

hydrogel that is polymerized within a microfluidic device, and the resulting lumen is seeded with 

endothelial cells to form an endothelial microvessel. Stacks is a modular, open-microfluidic 

technology consisting of segmented polystyrene (PS) tube sections which can be filled with 

different ECM and cellular components, and then stacked on top of one another in the desired 

configuration [71]. This platform enables the study and isolation of cells in a 3D ECM and is 

amenable to most molecular biology assays. LENS (LumENext-Stacks) was designed to facilitate 

the study of neutrophil-endothelial interactions using human primary cells. It is suggested that 

human neutrophil heterogeneity contributes to their differential priming by the endothelium and 

inflammatory microenvironment [15][72][73]. Using LENS, we show that neutrophil-endothelial 

interactions are essential for robust neutrophil TEM/chemotaxis, and priming, in agreement with 

previous findings [21]. We then isolate neutrophils by their migratory capacity and further 

quantify their ability to generate ROS, and transcriptional changes that occur during neutrophil 

extravasation in migratory and non-migratory phenotypes. These findings reveal new biological 

insights into human immunology. We find that human neutrophil-endothelial interactions 

stimulate the upregulation of genes involved with cellular adhesion, chemokine reception, and 
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ROS production in migratory neutrophils, priming them to possess increased migratory and ROS 

producing capabilities. Additionally, we find that these interactions have little to no effect on 

neutrophil phenotype for a subset of non-migratory neutrophils, likely indicating that pre-

existing neutrophil heterogeneity results in varying neutrophil primed states. 

 

2.2 Materials and Methods 
2.2.1 Cell Culture 

HUVECs (Lonza, #C2519A) were maintained in endothelial basal media-2 (EBM-2)(Lonza, #CC-

3121) supplemented with the EGM-2 Bullet Kit (human EGF (hEGF), hydrocortisone, gentamicin, 

amphotericin-B, VEGF, hFGF-B, insulin-like growth factor-1 (R3-IGF-1, ascorbic acid, heparin, and 

2% fetal bovine serum)(Lonza, #CC-3162). HUVECs were passaged with 0.25% trypsin-EDTA 

(Thermo Fisher, #25200056) prior to confluency and used from passage 3-10. 

 

2.2.2 Human Primary Neutrophil Purification 

Neutrophils were purified from whole blood using the Miltenyi Biotec MACSxpress Neutrophil 

Isolation Kit per the manufacturer’s instructions (Miltenyi Biotec, #130-104-434) and residual red 

blood cells were lysed using MACSxpress Erythrocyte Depletion Kit (Miltenyi Biotec, #130-098-

196). All donors were healthy and informed consent was obtained at the time of the blood draw 

according to the requirements of the institutional review board (IRB) per the declaration of 

Helsinki. Prior to loading, the purified neutrophils were stained with calcein AM at 10nM (Thermo 

Fisher, #C3100MP) according to the manufacturer's instructions. 
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2.2.3 LENS Device Fabrication 

The LENS PDMS base was fabricated as previously described by Jiménez-Torres et al. Briefly, 

LumeNext devices consist of two components: an open chamber fabricated in PDMS (Dow 

Corning, Sylgard 184, 10:1 curing agent ratio) from an SU-8 (MicroChem, SU8-100) master via 

traditional soft lithography[74], and a PDMS rod that is form-casted from 25 gauge hypodermic 

needles. The rod is inserted into the central open chamber and the device is oxygen plasma 

bonded to a glass coverslip using a Diener Electronic Femto Plasma Surface System.  

 

The LENS Stacks layers are fabricated using plastic micromilling methods [75]. Briefly, the Stacks 

layers are machined out of 1.2 mm thick polystyrene sheets (Good Fellow, # 640-597-67) on a 

CNC mill (Tormach, PCNC 770 mill). The layers are then deburred and soaked in DI water for 24 

hours to remove leftover coolant from the machining process. The Stacks layers have alignment 

posts that fit into both the PDMS base and adjoining Stacks layers. Stacks layers are placed on 

top of the LumeNext base where the alignment posts act to keep both components aligned 

during ECM polymerization and experimentation.  

 

2.2.4 Device and ECM preparation 

Prior to loading ECM solution and cells, devices were UV sterilized for 20 minutes. All subsequent 

steps were performed under sterile conditions in a biosafety hood. To enable ECM attachment, 

the PDMS chamber was functionalized with 1% polyethylenimine (Sigma-Aldrich, #408727) in DI 

water followed by 0.1% Glutaraldehyde (Sigma-Aldrich, #G6257) in DI water. Devices were then 

washed three times with DI water to titrate out residual glutaraldehyde. A collagen-I/fibronectin 
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solution was prepared on ice by neutralizing high concentration rat tail collagen I (Corning, 

#354249) and fibronectin (Sigma-Aldrich, #F1141) to a pH of 7.2.  The final collagen-I and 

fibronectin concentrations were 4 mg/mL and 10 µg/mL, respectively. The unpolymerized ECM 

was pipetted into the side ports of the device and allowed to crosslink at room temperature for 

30 minutes before the devices were moved to a 37C cell incubator for an additional 30 minutes. 

 

2.2.5 Cell Loading 

Drops of cell culture media were added to the outlet ports (larger port) of each device and 

tweezers were used to remove the PDMS rods from the inlet ports (smaller port), resulting in a 

lumen filled with media. HUVECs were added to each lumen at 15,000 cells/µL. The devices were 

placed in an incubator and flipped upside-down every 20 minutes for a total time of 1 hour and 

20 minutes to allow the HUVECs to adhere to all sides of the lumen. The lumens were then rinsed 

3 times with media to wash out nonadherent cells, and the devices were placed in the incubator 

overnight to allow the cells to more firmly adhere and spread out. 

 

2.2.6 Image Acquisition 

Bright-field and fluorescent images were obtained using a Nikon TI Eclipse inverted microscope. 

Images were processed using Nikon Elements. 

 

2.2.7 Image Analysis 
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Image analysis was done using the open-source software ImageJ. Neutrophils in the stacks layers 

were quantified by first z-projecting the z-stack taken of the device into a single plane. The 

number of cells in each stacks layer were then counted. 

 

2.2.8 ROS Analysis 

Neutrophil ROS production was measured using 10µM dihydrorhodamine 123 (Thermo Fisher, 

D23806) after stimulation with or without 1µM Phorbol 12-myristate 13-acetate (Sigma-Aldrich, 

P8139). Mean fluorescence intensity per cell was measured using ImageJ. 

 

2.2.9 RT-qPCR Analysis 

Neutrophils were recovered from disassembled LENS devices by using a manual pipetman to 

collect non-migratory neutrophils from the lumen and Accutase (STEMCELL Technologies 

#07920), a cell detachment solution of proteolytic and collagenolytic enzymes, to collect 

migratory neutrophils from the Stacks layers. Their mRNA was then isolated in 15µL 10mM Tris 

buffer using Dynabeads mRNA DIRECT Purification Kit (Invitrogen, #61011) per the 

manufacturer's instructions. Immediately preceding mRNA isolation, a reverse transcription 

reaction was run using iScript cDNA Synthesis kit (Bio-Rad, #170-8891) and the resultant cDNA 

was pre-amplified with SsoAdvanced PreAmp Supermix (Bio-Rad, #172-5160) and primers from 

Integrated DNA Technologies (Coralville, IA)(Supplementary Figure 3). Finally, qPCR reactions 

were run using iTaq Universal SYBR Green Supermix (Bio-Rad, #172-5121) in Roche's Lightcycler 

480 II (Roche Molecular Systems, Indianapolis, IN), and a ΔΔCt analysis was run. 
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2.2.10 Statistical Analysis 

Data were analyzed (Prism 7.0; GraphPad Software) using one-way ANOVA. Tukey’s multiple 

comparison test with a 95% confidence interval was used when comparing different conditions. 

 

2.3 Results 
2.3.1 LENS Design 

In order to create an organotypic model system to study neutrophil-endothelial interactions in 

real-time, with spatial control, we designed the LENS platform. The LENS technology consists of 

two basic components: a PDMS chamber that houses the endothelial lumen (LumeNext), and a 

stackable series of polystyrene (PS) tube sections (Stacks)(Figure 2.1). The PDMS chamber 

consists of two micromolded PDMS halves that fit together to form a space across which a PDMS 

rod can be threaded (Figure 2.1A). The rod is supported by struts on each end of the chamber to 

keep the rod from contacting surfaces within the chamber. Cut into the top of the chamber are 

five access ports; two gel-loading ports on either side of the rod, one access port directly above 

the middle of the rod which the stackable polystyrene tubes fit over, and two cell/media loading 

ports on either end of the rod (Figure 2.1B). The device is assembled by first aligning the two 

PDMS halves together, then threading the rod through the middle of the two halves, and lastly, 

the stackable tubes are placed on top of the access port (Figure 2.1C). Unpolymerized ECM is 

pipetted into the chamber and connected stacks layers through one of the gel loading ports and 

is allowed to set. This process creates a continuous ECM throughout the PDMS chamber and up 

into the Stacks layers (Figure 2.1D). The lumen structure is formed by pulling the PDMS rod from 

the device through the cell/media loading ports (Figure 2.1E). Cells and media can then be added 
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to the lumen through one of the cell/media loading ports and allowed to adhere to the lumen-

wall. Once assembled, soluble and/or cellular components can be added to the system using 

additional Stacks layers placed on top of the existing stacks layers (Figure 2.1F). 

 

 

Figure 2.1: Schematic of LENS technology. A) Exploded view diagram of all the components of 

LENS. The LumeNext base is composed of two PDMS halves with a PDMS rod inserted in the 

middle. The Stacks components consist of polystyrene tube sections. B) Once assembled, the 

LumeNext base creates a chamber with five ports. C) The Stacks layers stack on top of each other 

directly over the central access port. D) Unpolymerized ECM can be added to one of two gel 

loading ports. This creates a continuous ECM throughout the entire device. E) Once the ECM 

polymerizes, the PDMS rod can be pulled out of the device and media and/or cells can be added 
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to the loading ports. F) Image of the LENS platform (Scale bar = 5mm) along with a schematic of 

a neutrophil migration assay. Primary neutrophils are loaded into an endothelial vessel and a 

chemoattractant (IL-8) is added to the top of the device. Neutrophils are allowed to migrate, after 

which the device is disassembled and the captured neutrophils can be further analyzed.  

 

We aimed to create a device that had a continuous ECM in the Stacks layers that could be easily 

disassembled and reassembled, thus requiring robust ECM retention within each layer. The 

Stacks layers needed to have both inner-bore dimensions that maximized intra-layer ECM 

retention during disassembly, and spatial dimensions small enough as to remain relevant to 

neutrophil migratory distances in vivo. Additionally, since the Stacks layers needed to be made 

of a stiff material, such as polystyrene, fabrication methods also played a role in limiting the 

device's dimensions. To determine the optimum bore size for the Stacks layers, LENS devices 

consisting of a collagen I ECM and two stackable PS (Stacks) layers with a range of diameters 

(0.5mm, 0.75mm, 1mm) and heights (0.25mm, 0.5mm, 0.75mm), were assayed for collagen 

adherence to the side walls within each Stacks layer upon disassembly (Figure 2.2). Stacks layers 

with the largest bore diameter and smallest height had the lowest collagen retention rate 

(16.67% +/- 15.2) whereas the Stacks layers with the smallest bore diameter and largest height 

had the best collagen retention rate (83.33% +/- 5.8). Due to micromachining fabrication 

considerations, the final bore diameter for the Stacks layers was kept at 0.5mm. Although 

0.75mm is a relatively large distance in vivo, the high collagen retention rate warranted the use 

of this height for these validation experiments. In the future, the platform could be modified to 

recapitulate smaller in vitro distances. 



 25 

 

 

Figure 2.2: Table showing collagen retention rate in Stacks layers with various bore diameters 

and heights. 

 

2.3.2 Characterization of LENS Capabilities 

The LENS technology was designed to facilitate the introduction and isolation of cells from the 

microdevice without significantly perturbing the microenvironment (Figure 2.1F). In order to 

validate these capabilities for the capture of neutrophils, neutrophil migration experiments were 

conducted in LENS devices to assay for the cell capture capabilities of the devices (Figure 2.1F). 

Leukocyte trafficking occurs in response to a chemokine gradient. We characterized the gradient 

within the device using a diffusion model in COMSOL to estimate gradient characteristics in LENS 

(Figure 2.3). Using a porosity and density similar to a 4mg/mL collagen-I hydrogel and a diffusion 

coefficient of 8.974 x 10-7 cm2 s-1, consistent with 10kDa FITC-dextran (similar in size with known 
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neutrophil chemokines), we computed diffusion profiles over time between 0 min to 90 min 

(Figure 2.3A) [76][77]. Based on the COMSOL model, the gradient would begin to form at around 

30 min and would persist for greater than 90 min (Figure 2.3B). 

 

 

Figure 2.3: COMSOL model of 10 kDa FITC-dextran diffusion through a hydrogel similar in 

porosity and density to 4mg/mL Collagen-I in a LENS device. - A) Computed diffusion profiles at 

T = 0 min through T = 90 min. B) Quantified normalized fluorescence vs. distance from top of 

stacks layer at different time points.    

 

Next, we investigated 10 kDa FITC-dextran diffusion in our 4 mg/mL collagen-I + 10 µg/mL 

fibronectin matrix, conditions shown to facilitate endothelial lumen formation and neutrophil 

migration [21]. A single Stacks layer, containing collagen-I/fibronectin and 10 kDa FITC-dextran 

was placed on top of two other Stacks layers containing only collagen-I/fibronectin, which 

permitted the dextran to diffuse (Figure 2.4A). Multiple devices were assembled and diffusion 

was allowed to take place for 30, 60, and 90 minutes, after which the devices were disassembled 

and the fluorescence was quantified for each layer (Figure 2.4B).  From time 0 min to 30 min 
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there is a steep decline in the dextran gradient, however, from time 30 min to 90 min the 

deterioration of the gradient decreases and remains stable. Using the diffusion data in figure 3B 

we extrapolated a diffusion coefficient of 9.698 x 10-7 cm2 s-1 for the 10 kDa FITC-dextran which 

consistent with our COMSOL model and demonstrates that a chemokine gradient can be formed 

in the LENS platform. 

 

 

Figure 2.4: Diffusion and neutrophil migration in the stacks layers. A) A single stacks layer 

containing collagen-1 and 10kDa FITC-Dextran was placed on top of two other stacks layers, both 

containing collagen-I only. The FITC-dextran was allowed to diffuse into the bottom two layers 

for a certain amount of time. B) Results of the diffusion experiment showing average maximum 

fluorescence for each stacks layer over 90 minutes. C) Results of the double Stacks layer migration 

experiment showing number of captured neutrophils per layer. D) Results for the ECM continuity 
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experiments showing number of captured neutrophils per ECM condition. All data were 

quantified from neutrophils collected from 9 stacks layers across 3 independent experiments. 

Results are consistent across multiple donors. All bars represent mean plus SD. Asterisks 

represent significance between conditions. * = p < 0.05, **** = p < 0.0001 

 

Being able to isolate migratory and non-migratory neutrophil phenotypes from LENS would allow 

for a range of cellular and molecular analyses and could offer valuable insight into human 

neutrophil biology. To test the cell isolation capabilities of LENS we ran a series of neutrophil 

migration experiments. A 4 mg/mL collagen-I and 10  µg/mL fibronectin continuous ECM was 

established inside two-Stacks layered devices along with a HUVEC vessel, like the setup in Figure 

2F. Primary human, calcein-stained neutrophils were added to the endothelial lumen, and an IL-

8 gradient, a known neutrophil chemoattractant which is secreted during inflammation, was 

established across the device. The neutrophils were allowed to migrate for 4 hours at 37C after 

which the device was disassembled, and the neutrophils in each Stacks layer were quantified 

(Figure 2.4C). While most migratory neutrophils reached the first stacks layer, ~10% of 

neutrophils migrated > 0.75 mm and were found within the second Stacks layer. These results 

confirm that neutrophil migration assays are compatible with LENS and that it has the resolution 

to differentiate between “fast” and “slow” migrating cells. 

 

Cell migration is sensitive to many ECM properties including composition, porosity, stiffness, and 

especially continuity [78]. A method for adding cells to the ECM in LENS would be useful for 

studying cell-sourced chemoattractants and juxtacrine signalling, though the current method of 



 29 

placing a Stacks layer containing embedded cells on top of a LENS device would result in a 

discontinuous matrix and possibly exclude neutrophils from trafficking properly. To overcome 

this ECM continuity issue, we used unpolymerized collagen-I to connect the additional Stacks 

layer to the LENS device, bridging the two ECMS, and assayed for neutrophil migration into the 

added layer (Figure 2.4D). In these experiments, there was a significant difference between the 

number of neutrophils captured in the continuous matrix condition and the semi-continuous 

condition with the latter capturing 23% fewer neutrophils, there were no neutrophils captured 

in the discontinuous matrix. This result indicates that while neutrophils prefer a continuous 

matrix, the semi-continuous collagen-I matrix is a viable alternative to a completely 

discontinuous matrix, and proves that cells can be added to the LENS matrix with minimal effects 

on neutrophil trafficking. 

 

2.3.3 LENS as a tool to Study Neutrophil Trafficking 

During the characterization of LENS, we have shown that this technology can facilitate the 

addition and retrieval of cells to a microscale device without disturbing the microenvironment 

significantly. To demonstrate the utility of these innovations, we used LENS to study the effect 

that endothelial cells have on neutrophil TEM/chemotaxis, and priming. 
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Figure 2.5: Neutrophil migration to IL-8 with and without and endothelial lumen. Results 

showing neutrophil migration in different microenvironmental conditions. All bars represent 

mean plus SD. All data were quantified from neutrophils collected from 12 stacks layers for no IL-

8 conditions, and 8 stacks layers for +IL-8 conditions across 3 independent experiments. Results 

are consistent across multiple donors. Asterisks represent significance between conditions. **** 

= p < 0.0001 

 

 

Neutrophil-endothelial interactions are critical for effective immune system function, however, 

quantifying this behavior and isolating cells for downstream analysis is difficult to do in current 

organotypic models.27 We first investigated the downstream effects of endothelial contact on 

neutrophil TEM/chemotaxis (Figure 2.5). Neutrophils were added to the lumen of LENS devices 

which was either an empty lumen with no endothelial cells or a HUVEC microvessel, and an IL-8 
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gradient was established vertically through the stacks layers. Neutrophils were allowed to 

migrate for four hours, after which the devices were disassembled, and the number of captured 

neutrophils were quantified. In empty (no endothelium) lumen conditions, an average of 1.17 

neutrophils were captured in the stacks layer in the absence of a chemokine gradient, and 2.88 

neutrophils were captured when exposed to an IL-8 gradient. Alternatively, in the endothelial 

lumen conditions, an average of 10.5 neutrophils were captured in the absence of a chemokine 

gradient, and 137.63 neutrophils were captured in the IL-8 condition. These results demonstrate 

LENS's ability to isolate populations of migratory neutrophils and suggests that it can be used to 

facilitate analysis of these cells further. Additionally, these results confirm that the endothelium 

significantly enhances a neutrophil’s ability to sense and respond to chemokine gradients. While 

outside the scope of this, IL-8/glycosaminoglycan (GAG) dimerization and presentation on the 

luminal surface of the endothelium,[79] activation of neutrophil Integrin receptors,[80] and  

secretion of cytokines[21] could potentially contribute to these observations. While these factors 

contribute to enhancing neutrophil TEM and chemotaxis, the effect neutrophil-endothelial 

interactions have on neutrophil behavioral phenotype and downstream signaling is less clear. 

 

It has previously been shown in mice that extravasation of neutrophils across the endothelium 

into the interstitium alters their phenotype and induces changes in transcription [81][82]. To test 

if the same is true for human cells, we first looked at how TEM affects a neutrophil's ability to 

produce ROS. Using single stacks-layer LENS devices containing HUVEC lumens, we ran a series 

of IL-8 migration experiments. After four hours of migration, devices were disassembled, both 

the lumen and stacks components were treated with either dihydrorhodamine 123 (DHR), or DHR 



 32 

and Phorbol 12-myristate 13-acetate (PMA), and then the mean fluorescence intensity per cell 

(MFIPC) was measured over four additional hours (Figure 2.6). In the no-PMA control, neutrophil 

ROS production remained relatively low, peaking at 240 after three hours. There was a significant 

increase in ROS production during hours one and two for the migratory/HUVEC condition 

compared to the other PMA conditions. There were no significant differences within the other 

PMA treated samples. Differences in ROS generation between migratory and nonmigratory 

neutrophils in the same condition suggests an existing heterogeneity within the isolated 

neutrophil population. Furthermore, these results show that neutrophils that have undergone 

TEM, and not just chemotaxis, are primed to elicit a more robust ROS response. Whether this 

difference in functional phenotypes is pre-existing or acquired within the system remains 

unresolved. 

 

 

Figure 2.6: Neutrophil ROS – Average fluorescence measurements over four hours from 

migratory and nonmigratory neutrophils stained with DHR 123 and treated or not treated with 

PMA. Measurements were consistent across multiple donors.  
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Next we looked at how TEM altered gene transcription. To test this, migratory neutrophils (i.e. 

neutrophils that were captured in a stack layer), and non-migratory neutrophils (i.e. neutrophils 

that remained inside the lumen), were isolated from LENS devices containing endothelial and 

empty lumens, and an RT-qPCR analysis was conducted (Figure 2.7). Our genes of interest 

focused on both ROS production, and those previously shown to be altered during neutrophil 

priming, such as genes involved with chemotaxis, cell adhesion, and receptor signalling 

[28][83][84][85]. 
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Figure 2.7: Gene expression is different in motile and non-motile neutrophils - qPCR results 

comparing gene expression of migratory and non-migratory neutrophils in LENS devices 

containing an empty collagen-I lumen or a HUVEC lumen investigating genes involved with A) 

production of ROS in neutrophils. B) neutrophil chemokine pathways. C) secreted cytokines. D) 

neutrophil adhesion.  All bars represent mean plus SD. All data were quantified from neutrophils 

collected from 9 stacks layers for migratory neutrophils in endothelial lumen conditions, 30 stacks 

layers for migratory neutrophils in empty lumen conditions, and 9 lumens for both non-migratory 

neutrophil conditions across 3 independent experiments. Results are consistent across multiple 

donors. Asterisks represent significance between conditions.  * = p < 0.05,  ** = p < 0.01,  *** = 

p < 0.001 

 

For the genes associated with ROS generation, we found that the expression for all but NCF2 

were significantly more upregulated for the migratory neutrophils in the endothelial lumen 

condition (>1000-fold) compared to the other conditions (<100-fold), though the trend in 

expression was similar for NCF2(Figure 2.7A). Amongst the other conditions, i.e. 

migratory/empty lumen, non-migratory/empty lumen, and non-migratory/endothelial lumen, 

there was no significant differences in gene expression for these genes. These results correlate 

with our ROS measurements and strongly suggest that the migratory neutrophils are acquiring a 

primed phenotype during TEM. 

 

Both genes associated with chemokine receptors, CXCR2, and TNFRSF-1A, were significantly 

more upregulated in migratory neutrophils in endothelial lumen conditions compared to the 
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other conditions with fold increases of 190, and 882 respectively (Figure 2.7B). Migratory 

neutrophils in empty lumen conditions also displayed a significant increase in expression 

compared to both non-migratory conditions, although at a lower level with fold changes for 

CXCR2 and TNFRSF-1A were 40, and 209 respectively. 

 

We also investigated chemokine genes involved in neutrophil migration (Figure 2.7C). RSAD2 was 

upregulated for both conditions involving migratory neutrophils, though only the neutrophils in 

the empty lumen condition displayed significance. Alternatively, both nonmigratory neutrophil 

conditions had decreased expression for RSAD2. CXCL8 was unchanged in migratory neutrophils 

in the endothelial condition, while it was slightly upregulated, between 4- and 7-fold, in the other 

conditions. While the endothelium has been associated with enhanced neutrophil priming, we 

did not expect all of our genes of interest would be altered [86][87]. 

 

CEACAM-8, ITGAM, PECAM1, and SELL all encode for genes associated with cellular adhesion and 

have been shown to be upregulated during priming, TEM and chemotaxis [88][89][90]. For all of 

these genes except SELL, migratory neutrophils in endothelial lumen conditions had >1000-fold 

increase in gene expression (Figure 2.7D). Expression of CEACAM-8 and ITGAM were significantly 

higher than all other conditions for the migratory neutrophils in an endothelial lumen. The 

difference in upregulation of CEACAM-8 and ITGAM between the two migratory neutrophil 

conditions, like the genes for ROS and chemokine reception, further illustrates the effect the 

endothelium has on neutrophil priming.  
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LENS allowed us to isolate phenotypically pure neutrophil populations. Due to this capability, we 

were able to directly correlate transcriptional changes in neutrophils to changes in functional 

phenotypes. We found that while there exists heterogeneity within isolated neutrophil 

populations, endothelial-neutrophil interactions are necessary for robust neutrophil chemotaxis 

and ROS generation. These changes correspond to the upregulation in transcription of genes 

associated with, but not limited to ROS production, chemokine reception, and cell adhesion. 

 

2.4 Discussion 
 
In this study, we developed an in vitro microscale technology able to produce organotypic 

endothelial-lumens with a simple way to add or capture cells from a device without disturbing 

the microenvironment. This added spatiotemporal control allowed us to model neutrophil 

priming, TEM, and chemotaxis with a focus on studying endothelial-neutrophil interactions.  

In this study, we were able to directly correlate transcriptional changes in neutrophils to changes 

in functional phenotypes. This correlation was made possible by the design of LENS, and would’ve 

been difficult to do using other conventional methods such as 2D microfluidic devices or 

transwells. We found that while there exists heterogeneity within isolated neutrophil 

populations, endothelial-neutrophil interactions enhance neutrophil chemotaxis and ROS 

generation. These changes are at least partly due to the upregulation in transcription of genes 

associated with, but not limited to ROS production, chemokine reception, and cell adhesion. 

 

In summary, the LENS platform is a new microfluidic technology that enables the study and 

isolation of migratory cells in a highly relevant and highly controllable manner. We used LENS to 
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look at neutrophil-endothelial interactions using human cells generating results consistent with 

those found in non-organotypic, 2D models of human neutrophil migration, implying LENS could 

be a valuable tool for further studies involving human neutrophil trafficking.  
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2.6 Continued Work – Neutrophil Reverse Migration 

One area of interest that could adapt well to the LENS technology is neutrophil reverse migration 

and inflammation resolution pathways [46]. Neutrophils, during inflammation resolution, were 

assumed to all undergo apoptosis followed by macrophage clearance of the apoptotic bodies. 

However, recent evidence in mouse and zebrafish models, as well as in human studies suggest 

that some neutrophils can migrate away from sites of inflammation and re-enter circulation in a 

process termed “neutrophil reverse migration.” While modelling this process using 2D 

microfluidics is useful, incorporating ECM and cellular components could give us a more 

physiologically relevant picture of this event. Additionally, modelling reverse migration in a 

system with a high degree of spatiotemporal control like LENS could allow us to analyse 

phenotypically enriched populations of neutrophils and provide insight into why only certain 

neutrophils reverse migrate. 
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Before using LENS to study neutrophil migration, we characterized neutrophil-macrophage-

endothelial cell interactions in triple lumen, LumeNext devices due to the need for better optical 

clarity. As mentioned in the introduction, while there are several hypotheses as to what controls 

neutrophil RM,  macrophages are well known to be key mediators in determining the outcome 

of the inflammatory response and there is evidence to suggest they play a major role in directing 

neutrophil RM. As inflammation progresses, macrophages are able to dramatically change their 

form and function in response to local environmental signals, switching from an M1, pro-

inflammatory polarized state, to an M2, pro-wound healing state [91][92]. M1 macrophages 

secrete a milieu of pro-inflammatory cytokines including TNF-α, CCL2, IL-6, IL-1, IL-12, type I IFNs, 

CXCL1–3, CXCL5, and CXCL8, CXCL9, and CXCL10 [93]. Conversely, M2 macrophages are known 

to secrete cytokines involved in wound healing and tissue repair such as IL10, IL4, IL13, YM1, Arg-

1, and MgI1. To test whether macrophages were involved in neutrophil RM we first tested their 

ability to attract and repel neutrophils. 
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Figure 2.6.1: Immunofluorescent staining of primary monocyte-derived M1 and M2 

macrophages – (Left) M1 polarized macrophages stained with Hoechst (blue), anti-CD68 (red), 

and anti-CD163 (yellow). (Right) M2 polarized macrophages stained with Hoechst (blue), anti-

CD68 (red), and anti-CD80 (yellow). 

 

We first established a protocol for isolating primary monocytes, differentiating them in 

macrophages, and polarizing them into M1 or M2 states (Figure 2.6.1). We confirmed their 

polarization based on immunofluorescent results and overall phenotype.  

 

Next, to test their neutrophil chemoattractant capabilities, we seeded the middle lumen of a 

triple LumeNext device with either M1 or M2 macrophages, added neutrophils to one of the 

adjacent lumens at a 1:100 macrophage to neutrophil ratio, and allowed the neutrophils to 

migrate for 16 hours (Figure 2.6.2A). After 16 hours we quantified the number of neutrophils that 

transmigrated from the empty lumen into the hydrogel (Figure 2.6.2B). As expected, the number 

of transmigratory neutrophils was significantly higher when co-cultured with M1 macrophages 

compared to the M2 macrophages. This result suggests that our M1 macrophages’ secretory 

profile is more pro-inflammatory compared to M2 macrophages’. Next, to test if macrophages 

possess the ability to induce neutrophil RM and if it is specific to a certain polarized state we 

seeded the central lumen of a triple lumen, LumeNext device with both neutrophils and M1 or 

M2 macrophages at a 1:100 macrophage to neutrophil ratio and allowed the neutrophils to 

migrate for 16 hours (Figure 2.6.2C). After 16 hours we quantified the number of neutrophils that 

had been repelled, “reverse migrated” and transmigrated from the empty lumen into the 
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hydrogel (Figure 2.6.2D). There was no significant difference in the number of neutrophils that 

RM between the no macrophage control, and the M1 macrophage condition however, the 

number of RM neutrophils in the M2 condition was significantly higher. Comparing the results 

from the recruitment experiment, with the results from this experiment show us that significantly 

fewer neutrophils undergo RM compared to those that are recruited. This indicates that M2 

macrophages can induce neutrophil RM, though it occurs at low numbers in our model. 
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Figure 2.6.2: Neutrophil chemoattraction and chemorepellency to M1 and M2 macrophages – 

A) Experimental setup for assaying neutrophil recruiting capabilities of polarized macrophages. 

B) Results from recruitment experiment quantifying the number of neutrophils which 

transmigrated into the hydrogel. C) Experimental setup for assaying neutrophil repelling 

capabilities of polarized macrophages. D) Results from repelling experiment quantifying the 

number of neutrophils which transmigrated into the hydrogel. Results were consistent across 

donors. **** = p < 0.0001. 

 
Next, we sought to determine if the RM phenotype we observed in our previous experiments 

was directional. Endothelial cells produce cytokines during inflammation. To see if neutrophils 

would reverse migrate away from macrophages directionally, we fabricated a primary 

endothelial lumen (HUVECs) in one of the side lumens of a triple lumen, LumeNext device, then 

seeded the central lumen with both neutrophils and M1 or M2 macrophages at a 1:100 

macrophage to neutrophil ratio and allowed the neutrophils to migrate for 16 hours (Figure 

2.6.3A). After 16 hours we quantified the number of neutrophils that reverse migrated and 

transmigrated from the empty lumen into the hydrogel (Figure 2.6.3B). Unsurprisingly, there was 

no difference in the number of neutrophils that reverse migrated between the M1 and no 

macrophage conditions, though the overall numbers of neutrophils increased from the previous 

experiment. In the M2 condition, the average number of RM neutrophils was greater compared 

to the other three conditions. Furthermore, when looking at the directionality of the neutrophil 

RM, we found that there was no significant directionality in the no endothelium/no macrophage, 

no macrophage, and M1 conditions (Figure 2.6.3C-E). However, in the M2 condition, significantly 

more neutrophils migrated towards the endothelial lumen compared to the opposite direction 
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(Figure 2.6.3F). These results suggest that the endothelium is involved in enhancing neutrophil 

RM and that M2-mediated neutrophil RM is directional to an endothelium. 

 

Figure 2.6.3: Neutrophil-macrophage-endothelial interactions and reverse migration – A) 

Experimental setup for assaying neutrophil RM capabilities of polarized macrophages in the 

presence of an endothelium. B) Results from neutrophil RM experiment quantifying the number 

of neutrophils which transmigrated into the hydrogel. C-F) Analysis of neutrophil migration 

directionality from the neutrophil RM experiment in “B”. Results are displayed as the mean gray 

value, which is indicative of the number of neutrophils, versus distance on the x-axis of the image. 

Results were consistent across donors. **** = p < 0.0001. 

 

While this work is not complete, we have presented here a microscale organotypic tissue model 

of neutrophil reverse migration composed entirely of primary human cells. We first used this 

model to test the chemoattractant and chemorepellent capabilities of M1 and M2 polarized 

macrophages and found that M2 macrophages possess the ability to induce neutrophil RM. Next 
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we used the model to test the directionality of M2 macrophage-induced neutrophil RM in 

response to the presence of an endothelium and found that the endothelium not only enhances 

neutrophil RM but it produces gradients of chemokines which the reverse migratory neutrophils 

follow. Our working model of neutrophil RM is summarized in Figure 2.6.4. While a more detailed 

discussion of future work can be found in Chapter 5.1, translating this work into the LENS 

technology will allow us to isolate reverse migratory neutrophils and interrogate them further. 

 

 
 

Figure 2.6.4 Diagram of our working model of neutrophil RM – A) Inflammation onset – 

neutrophils are recruited from blood vessels to sites of infection or injury, in part, by M1 polarized 

Macrophages. B) Inflammation Resolution – after the infection/injury is cleared away, M2 

macrophages induce neutrophil RM.   
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Chapter 3: Follistatin:Activin A axis regulates neutrophil motility in response to P. aeruginosa 

Follistatin:Activin A axis regulates neutrophil motility in 
response to P. aeruginosa 

 

Abstract 

During infection with certain pathogens, including Pseudomonas aeruginosa, Staphylococcus 

aureus, Listeria monocytogenes, Yersinia pestis, Toxoplasma gondii, and Leishmania major 

neutrophils can traffic from sites of infection through the lymphatic vasculature, to draining 

lymph nodes to interact with resident lymphocytes. This process is poorly understood, in part, 

due to the lack of in vitro  models of the lymphatic system. Recent work reporting  a 

novel  organotypic lymphatic endothelial lumen model found that Follistatin is secreted at high 

concentrations by lymphatic endothelial cells, and increased production during inflammation. 

Follistatin inhibits Activin A, a member of the TGF-β superfamily, and together, form a signaling 

pathway that has a role in regulating the innate and adaptive immune responses. While they are 

constitutively produced in the pituitary, gonads, and skin, both the major source of Follistatin 

and Activin A found in the serum and their effects on neutrophils are poorly understood. Here 

we report a tissue model that includes both blood and lymphatic endothelial lumens, and 

neutrophils and investigate neutrophil-lymphatic trafficking during infection with P. aeruginosa. 

We found that lymphatic endothelial cells are a significant source of both Follistatin and Activin 

A and that their expression increased in response to  Pseudomonas infection. We  characterized 

This chapter has been adapted from the manuscript soon to be submitted to Blood in 2020 
“Follistatin:Activin A axis regulates neutrophil motility in response to P. aeruginosa.” Patrick 

H. McMinn, Sheena C. Kerr, and David J. Beebe. 
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the effects of  Follistatin and Activin A on neutrophil trafficking and discovered that Activin A 

significantly decreased neutrophil chemotaxis which could be reversed by inhibition of Activin A 

with Follistatin or an anti-Activin A neutralizing antibody. Lastly, we determined that the 

Follistatin:Activin A ratio influences neutrophil trafficking with  higher ratios increasing 

neutrophil chemotaxis. 
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3.1 Introduction 

Previously, we developed a 3D microscale primary lymphatic vessel model called µLYMPH [94]. 

We reported that lymphatic vessels secrete high levels of follistatin which are 18-fold higher than 

HUVEC vessels in the same system. Treatment with IL-6 increased follistatin secretion 2-fold from 

lymphatic vessels. Follistatin, also known as activin-binding protein, is a glycoprotein that is 

expressed in nearly all human tissues [95]. Its main role in the body is the bioneutralization, or 

binding inhibition, of  members of the TGF-b superfamily, activins in particular [96]. Activins, 

including the most highly produced member, Activin A, are a family of pleiotropic growth factors 

involved in cell proliferation, differentiation, wound healing, inflammation, apoptosis, and 

metabolism [97][98]. Together, follistatin and activin A form an axis whose serum concentrations 

have been shown to fluctuate during infection and modulate neutrophil trafficking in vivo [99]. 

Additionally, this axis has been identified as a novel pathway in lymphatic vessel maintenance 

and inflammation [100][101][102]. While it has yet to be determined how follistatin affects 

neutrophil function and phenotype, in vitro studies involving mouse and human neutrophils 

found that activin A increases their activation state and reduces chemotaxis towards N-formyl-

Met-Leu-Phe (fMLP) [103]. Furthermore, a study looking at the involvement of Activin A during 

neonatal infections found that not only is Activin A significantly increased in the serum of 

septicemic neonates but that treatment of lipopolysaccharide (LPS)-activated leukocytes with 

Activin A significantly decreased IL-1b, IL-6, and IL-8 production and increased IL-10 production 

[102][104]. 
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To investigate the effect of follistatin on lymphatic trafficking during infection, we developed an 

in vitro model of infection that contained blood and lymphatic vessels in an extracellular matrix 

that was infected with P. aeruginosa. Using this model we demonstrate that neutrophils exhibit 

different migratory potential to P. aeruginosa when in the presence of a blood vessel, lymphatic 

vessel, or both indicating that endothelial-lymphatic interactions alter neutrophil trafficking 

during infection. Furthermore, we identify co-culture effects in follistatin and activin A 

concentrations in our system and find that the follistatin/activin A ratio modulates neutrophil 

transendothelial migration during infection. Our findings demonstrate a potential role for the 

follistatin/activin A axis in regulating neutrophil-lymphatic trafficking during infection. 

Furthermore, this model highlights the importance of studying neutrophil trafficking in a 

physiologically relevant environment that integrates multicellular systems and recapitulates in 

vivo structures. 

 

3.2 Materials and Methods 
 
3.2.1 Cell Culture 

HLECs (ScienCell, #2500), and HUVECs (Lonza, #C2519A) were maintained separately in standard 

culture flasks coated with 5μg/cm2 fibronectin (F1141, Sigma Aldrich) in endothelial basal media-

2 (EBM-2)(Lonza, #CC-3121) supplemented with the EGM-2 Bullet Kit (human EGF (hEGF), 

hydrocortisone, gentamicin, amphotericin-B, VEGF, hFGF-B, insulin-like growth factor-1 (R3-IGF-

1, ascorbic acid, heparin, and 2% fetal bovine serum)(Lonza, #CC-3162). Both cell types were 

passaged with 0.25% trypsin-EDTA (Thermo Fisher, #25200056) prior to confluency and used 
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from passage 3-10. All cultures were kept in a humidified incubator at 37 °C with 5% CO2. 

  

3.2.2 P. aeruginosa culture 

P. aeruginosa and P. aeruginosa-mCherry strains were used. One colony from an LB plate was 

grown overnight in 5 mL LB. The next day the culture was diluted 1:5 in fresh media and grown 

for 1.5 hours. One microliter bacterial culture was pelleted by centrifugation and resuspended in 

100 mL EGM-2 MV media. The optical density (OD) was measured and diluted in EGM-2 MV 

media to OD600nm 0.5. EGM-2 MV media contain the bacteriostatic antibiotics 

gentamicin/amphotericin; therefore, in iEC media, the bacteria do not replicate but are alive. The 

P. aeruginosa-mCherry strain was used to visualize bacterial diffusion, and the P. aeruginosa 

strain was used in migration experiments.  

 

3.2.3 Human Primary Neutrophil Purification 

Neutrophils were purified from whole blood using the Miltenyi Biotec MACSxpress Neutrophil 

Isolation Kit per the manufacturer’s instructions (Miltenyi Biotec, #130-104-434) and residual red 

blood cells were lysed using BD Pharm Lyse (BD Biosciences, #555899). All donors were healthy 

and informed consent was obtained at the time of the blood draw according to the requirements 

of the institutional review board (IRB) per the declaration of Helsinki. Prior to loading, the purified 

neutrophils were stained with calcein AM at 10nM (Thermo Fisher, #C3100MP) according to the 

manufacturer's instructions. 
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3.2.4 Device Fabrication 

The PDMS LumeNext devices were fabricated as previously described by Jiménez-Torres et al 

[69]. Briefly, LumeNext devices consist of two components: an open chamber fabricated in PDMS 

(Dow Corning, Sylgard 184, 10:1 curing agent ratio) from an SU-8 (MicroChem, SU8-100) master 

via traditional soft lithography,[105] and a PDMS rod that is form-casted from 25 gauge 

hypodermic needles. The rod is inserted into the central open chamber and the device is oxygen 

plasma bonded to a glass coverslip using a Diener Electronic Femto Plasma Surface System. 

 

3.2.5 Device and ECM preparation 

Prior to loading ECM solution and cells, devices were UV sterilized for 20 minutes. All subsequent 

steps were performed under sterile conditions in a biosafety hood. To enable ECM attachment, 

the PDMS chamber was functionalized with 1% polyethylenimine (Sigma-Aldrich, #408727) in DI 

water followed by 0.1% Glutaraldehyde (Sigma-Aldrich, #G6257) in DI water. Devices were then 

washed three times with DI water to titrate out residual glutaraldehyde. A collagen-I/fibronectin 

solution was prepared on ice by neutralizing high concentration rat tail collagen I (Corning, 

#354249) and fibronectin (Sigma-Aldrich, #F1141) to a pH of 7.2.  The final collagen-I and 

fibronectin concentrations were 4 mg/mL and 10 µg/mL, respectively. The unpolymerized ECM 

was pipetted into the side ports of the device and allowed to crosslink at room temperature for 

30 minutes before the devices were moved to a 37C cell incubator for an additional 30 minutes. 

 

3.2.6 Cell Loading 
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Drops of cell culture media were added to the outlet ports (larger port) of each device and 

tweezers were used to remove the PDMS rods from the inlet ports (smaller port), resulting in a 

lumen filled with media. HUVECs were added to each lumen at 15,000 cells/µL using passive 

pumping [106]. The devices were placed in an incubator and flipped upside-down every 20 

minutes for a total time of 1 hour and 20 minutes to allow the HUVECs to adhere to all sides of 

the lumen. The lumens were then rinsed 3 times with media to wash out nonadherent cells, and 

the devices were placed in the incubator overnight to allow the cells to more firmly adhere and 

spread out. 

 

3.2.7 Cell-based Assays 

Neutrophil migration assays were conducted using Pseudomonas aeruginosa grown in LB broth 

to an OD600 of 0.25 and then washed and resuspended in EGM-2 cell culture media. 

To inhibit HUVEC cytokine secretion, HUVEC lumens were fabricated using the previously 

described methods and then treated with 5 µg/mL Brefeldin A (BioLegend, #420601) for 12 hours. 

The system was then washed three times and then HLECs were seeded into the adjacent collagen 

lumen and allowed to adhere and become confluent for 12 hours. Neutrophil migration 

experiments were performed immediately preceding.  

Activin A blocking experiments were carried out using 100 µg/mL of either Purified Mouse IgG2b, 

κ Isotype Ctrl Antibody (BioLegend, #401212), Ultra-LEAF™ Purified anti-Activin A Antibody 

(BioLegend, # 693603), or 200 ng/mL recombinant human Follistatin (BioLegend, #776004) 

supplemented into the EGM-2 used for the experiment. 
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The Activin A/Follistatin chemotaxis experiments were conducted using 200 ng/mL recombinant 

human Activin A (BioLegend, #592002) or 200 ng/mL recombinant human Follistatin 

supplemented into the EGM-2 used in the experiment. 

The Activin A doping experiments were conducted using 200 ng/mL recombinant human Activin 

A (BioLegend, #592002) supplemented into the EGM-2 used in the experiment. 

Follistatin:Activin A ratio experiments were conducted using a combined 8 µg/mL of recombinant 

human Follistatin (BioLegend, #776004), and recombinant human Activin A (BioLegend, #592002) 

supplemented into the EGM-2 used in the experiment. 

 

3.2.8 Cytokine Quantification 

Cytokines secreted into the media for each mono- and co-culture condition was analyzed using a 

custom human ProcartaPlex multiplex panel for Follistatin, Fractalkine (CX3CL1), GM-CSF, IFN-", 

IL-1!, IL-6, IL8 (CXCL8), IL-10, MIP-3! (CCL20), MMP-3, MMP-9, SDF-1! (CXCL12), and TNF!. 

(Thermo Fisher, PPX-13), and a human Activin A Quantikine ELISA (R&D Systems, #DAC00B). 

Media was collected from 16 individual devices (7 μl per vessel) and pooled to generate sufficient 

volume for two technical replicates per experimental condition for each ELISA kit. The samples 

used for the ProcartaPlex multiplex panel were diluted 1:4 with the proper diluent, prepared 

following manufacturer instructions, and measured using the MAPGPIX system (Luminex Corp.). 

The samples for the Quantikine ELISA kit were diluted 1:2 in the appropriate diluent, prepared 

following manufacturer instructions, and measured using the PHERAstar Multimode plate reader 

(BMG Labtech). Cytokine concentrations were extrapolated from a  standard curve for each 

ELISA. 
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3.2.9 Image Acquisition 

Bright-field and fluorescent images were obtained using a Nikon TI Eclipse inverted microscope. 

Images were processed using Nikon Elements. 

 

3.2.10 Image Analysis 

Image analysis was done using the open-source software ImageJ. Migratory neutrophils in the 

collagen gel outside the empty or endothelial lumens were quantified by first z-projecting the z-

stack taken of the device into a single plane. The number of cells in each stacks layer were then 

counted. 

 

3.2.11 Statistical Analysis 

Data were analyzed (Prism 7.0; GraphPad Software) using one-way ANOVA. Tukey’s multiple 

comparison test with a 95% confidence interval was used when comparing different conditions. 
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Figure 3.1: Organotypic infection model and its effects on neutrophil chemotaxis - A) Photo of 

the triple-lumen device used in all of our experiments filled with collagen-I and blue food 

coloring. US quarter for scale. B) Diagram of our organotypic infection model. The model consists 

of a P. aeruginosa-filled human lymphatic endothelial cell (HLEC) vessel on the left (yellow), a 

primary neutrophil-filled human umbilical vein endothelial cell (HUVEC) vessel in the middle 

(red), and an unlined lumen on the right (blue). C) Representative timelapse image of calcein-

AM-stained neutrophil chemotaxis to P. aeruginosa-mCherry over 18-hours in our model. D) 

Quantification of neutrophil transmigration in different co-culture conditions in response to P. 

aeruginosa. * represents significance from the no endothelium control. E) Quantification of 

neutrophil TEM in response to P. aeruginosa in HUVEC + HLEC conditions, and Brefeldin A-treated 

HUVEC + HLEC conditions. * represents significance from the untreated HUVEC + HLEC condition. 

Results were consistent across donors. **** = p < 0.0001. 
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3.3 Results 
 
3.3.1 Lymphatic endothelial vessels enhance neutrophil chemotaxis to P. aeruginosa 

To investigate the effects endothelial and lymphatic vessels have on neutrophil trafficking, we 

further developed a microscale in vitro model based on the LumeNext platform (Figure 3.1A) [69]. 

Briefly, this technology allows creation of lumen structures out of a variety of synthetic and 

natural hydrogels which can then be seeded with endothelial cells to form a confluent monolayer 

vessel model. For these experiments, we used triple lumen devices consisting of an unlined (no 

endothelial cells) lumen filled with cell culture media to balance out interstitial flow, a HUVEC or 

empty lumen in the middle filled with human neutrophils, and an HLEC or empty lumen filled 

with P. aeruginosa (Figure 3.1B,C). Neutrophils that left the central lumen and entered the 

collagen hydrogel, transmigratory neutrophils, were quantified after 18 hours, long enough for 

robust neutrophil chemotaxis (Figure 3.1D). In the empty condition, no endothelial or lymphatic 

vessels, we observed an average of 1110 ± 511 transmigratory neutrophils in response to P. 

aeruginosa. Despite the endothelial barrier, in the HUVEC only condition, we observed slightly 

more migratory neutrophils with an average of 1391 ± 515. In the HLEC only condition, we 

observed the highest number of transmigratory neutrophils with an average of  2855 ± 612, 

suggesting that the lymphatic vessel is secreting additional chemokines or paracrine signals that 

are enhancing neutrophil transmigration. Surprisingly, when a HUVEC lumen was added to the 

system, we observed significantly fewer neutrophils transmigrating with an average of 1411 ± 

633 neutrophils. 
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Bacteria and bacterial products like lipopolysaccharide (LPS) freely diffuse throughout the device, 

with smaller molecules diffusing across to adjacent lumens in < 1 hour [21]. While many of these 

compounds are chemotactic for neutrophils, they are also pro-inflammatory and are recognized 

by endothelial vessels, which in turn release their own pro-inflammatory cytokines [107]. 

Therefore, we treated a HUVEC lumen with Brefeldin A (cytokine secretion inhibitor), to study 

the role of endothelial vessel secreted cytokines in transmigration of neutrophils when compared 

with HLEC mono-culture. Following treatment, we washed any residual Brefeldin A from the 

device, seeded the second lumen with HLECs, and then ran the same neutrophil chemotaxis 

experiments in response to P. aeruginosa (Figure 3.1E). When cytokine secretion was not 

inhibited, we observed an average of 1010 ± 310 transmigratory neutrophils, consistent with 

previous results. When cytokine secretion was blocked from HUVECs, we saw a corresponding 

increase in the number of transmigratory neutrophils to 2772 ± 445, comparable to migration in 

the HLEC only condition. These results suggest that the reduction in the number of 

transmigratory neutrophils in the co-culture condition compared to the HLEC only condition was 

due to pro-inflammatory cytokines secreted by the HUVEC endothelium. This result also confirms 

that secreted factors from the lymphatics enhance neutrophil transmigration and chemotaxis. 
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Figure 3.2: ELISA analysis of secreted factors in infection model - A) Diagram of experimental 

setup. B) Hierarchical cluster analysis of our ELISA data from HUVEC + HLEC condition. Analysis 

clustered cytokines into two groups, ones that underwent bacterial-dependent changes, and 

neutrophil-dependent changes. C-F) ELISA results from HUVEC + HLEC conditions depicting 

cytokines that underwent neutrophil-dependent changes. * represents significance from media 

condition. Results were consistent across donors. * = p < 0.05, *** = p < 0.001. 

 

3.3.2 Microenvironmental conditions affect Follistatin and Activin A secretion 

To better understand the secreted factors responsible for increasing neutrophil chemotaxis in 

our infection model, and to see how follistatin and activin A levels changed during infection, we 

ran an ELISA on supernatant collected after 18 hours from devices with no endothelium, HUVEC 

only, HLEC only, and HUVEC + HLEC lumens, filled with either media, P. aeruginosa, neutrophils, 

or neutrophils and P. aeruginosa (Figure 3.2A). We screened for 14 analytes which included 

follistatin and activin A, acute-phase inflammatory mediators, IL-1!, IL-6, and TNF!, neutrophil 
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chemokines, Fractalkine (CX3CL1), IL8 (CXCL8), MIP-3! (CCL20), and SDF-1! (CXCL12), neutrophil 

effector molecules, MMP-3, MMP-9, and other inflammation-related cytokines of interest, GM-

CSF, IFN-", and IL-10 [108][109][110]. Using a hierarchical cluster analysis of the cytokine 

concentrations from the HUVEC + HLEC condition, we found that cytokines clustered into  two 

distinct categories based on their expression patterns; cytokines that undergo neutrophil-

dependent changes and bacterial-dependent changes (Figure 3.2B). 

 

As expected, both neutrophil effector molecules, MMP-3 and MMP-9 increased when 

neutrophils were present in the HUVEC + HLEC condition (Figure 3.2C,D). MMP-9 is strongly 

correlated with neutrophil function and was measured at low levels, < 25.5 ng/mL, without 

neutrophils present [111]. MMP-3, on the other hand, was detected in both neutrophil-free 

conditions, but its levels increased with the addition of neutrophils. SDF-1! is a strong 

chemotactic chemokine for lymphocytes and is associated with the regulation of neutrophil 

mobilization from bone marrow [112][113]. Like MMP-3, SDF-1! was measured at lower levels 

in both neutrophil-free conditions, < 90.1 ng/mL, and increased with the addition of neutrophils 

to > 230.5 ng/mL in the HUVEC + HLEC conditions (Figure 3.2E). Lastly, though not significant, the 

expression of IL-8 increased slightly with the addition of neutrophils (Figure 3.2F). These results 

confirm that neutrophils are actively involved in signaling during infection and their presence in 

our infection model is important to proper paracrine functioning of the endothelium. 
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Figure 3.3: Bacterial-dependent changes in cytokine concentrations - A-F) ELISA results from 

HUVEC + HLEC conditions depicting cytokines that underwent bacterial-dependent changes. * 

represents significance from media condition. G-H) ELISA results from all co-culture conditions 

depicting dynamics of Follistatin G) and Activin A H) expression. * represents significance from 

respective media conditions. Results were consistent across donors. * = p < 0.05, ** = p < 0.01, 

*** = p < 0.001, **** = p < 0.0001. 

 

Proteins that underwent bacterial-dependent changes included all of the acute inflammatory 

mediators, IL-1!, IL-6, and TNF!, putative neutrophil chemokines, Fractalkine (CX3CL1), and MIP-

3! (CCL20), GM-CSF, IL-10, and both Follistatin and Activin A (Figure 3.3). Of the acute 

inflammatory mediators, IL-6 was expressed at the highest concentration, > 46,667 ng/mL, when 

P. aeruginosa was present in the HUVEC + HLEC condition (Figure 3.3B). Conversely,  IL-1! was 

expressed at the lowest levels, ~20 ng/mL when P. aeruginosa were present (Figure 3.3A). 

Interestingly, Fractalkine and MIP-3! expression increased significantly, > 56.2 ng/mL and 
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>4502.2 ng/mL respectively when P. aeruginosa was present in the HUVEC + HLEC condition 

(Figure 3.3D,E) and were produced primarily by the HLEC lumen. GM-CSF expression increased 

with the addition of P. aeruginosa, 1771.2 ng/mL, however, its expression almost doubled, 

3352.8 ng/mL, with the addition of P. aeruginosa and neutrophils while no significant GM-CSF 

production by the neutrophils themselves (Figure 3.3F). IL-10, an anti-inflammatory mediator, 

while clustered with the cytokines that underwent bacterial-dependent changes, exhibited 

minimally detectable levels of expression, < 3 ng/mL. 

 

Follistatin was the highest expressed cytokine, > 5827.7 ng/mL, besides IL-6, when P. aeruginosa 

was present in the HUVEC + HLEC condition (blue) (Figure 3.3G). Though the expression of 

Follistatin in the HUVEC + HLEC condition followed a bacterial-dependent pattern, its expression 

in the HLEC only conditions (red) corresponded to a neutrophil-dependent response, suggesting 

important paracrine signaling between neutrophils and the lymphatic vessel in terms of 

Follistatin expression. Unlike Follistatin, Activin A followed a bacteria-dependent pattern for all 

endothelial culture conditions, HUVEC only, HLEC only, and HUVEC + HLEC (Figure 3.3H), with the 

highest concentrations of Activin A being produced by the HLEC only conditions, > 2892.3 ng/mL, 

with bacteria present. Though neutrophils have been reported as significant sources of Activin A, 

we were unable to detect significant quantities of Activin A in our experiments, < 76.9 ng/mL 

[114]. Together these data suggest that while Follistatin and Activin A were produced by both 

HUVEC and HLEC endothelial vessels, the lymphatics were a more significant source of both 

cytokines. Furthermore, the expression of Follistatin and Activin A changed more dynamically in 

the HLEC only conditions. 
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Figure 3.4 Neutrophil chemotaxis towards Activin A and Follistatin 

 

3.3.3 Follistatin/Activin A regulate neutrophil trafficking during infection 

Previous reports indicate that Activin A reduces neutrophil chemotaxis and TEM in response to 

N-Formyl-Met-Leu-Phe (fMLP) [103]. To investigate if Activin A can modulate neutrophil 

chemotaxis during infection, we compared neutrophil trafficking towards P. aeruginosa in the 

presence and absence of Activin A. We first quantified the chemoattractant capabilities of Activin 

A and Follistatin using an empty (no endothelial cells) triple lumen device with neutrophils in the 

middle and either media, P. aeruginosa, Activin A, or Follistatin in a side lumen. After 18 hours of 

migration, we found no significant differences in the number of transmigratory neutrophils 

between the media, Activin A, and Follistatin conditions indicating that Activin A and Follistatin 

possess no inherent neutrophil chemoattractant properties (Figure 3.4). Next, we used a triple 

lumen device consisting of three, non-vascularized, lumens where media was added to one of 
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the side lumens, neutrophils to the middle lumen, and P. aeruginosa and/or exogenous Activin A 

to the other side lumen and looked at neutrophil transmigration into the hydrogel after 18 hours. 

In the Activin A only condition, an average of 111.1 ± 89.6 neutrophils transmigrated into the 

hydrogel which was similar to the empty control where 181.2 ± 208.9 neutrophils were observed 

transmigrating (Figure 3.5A). As expected, when P. aeruginosa was added to the side lumen, we 

saw 774.6 ± 393.9 neutrophils transmigrate which was significantly more migration than the no 

P. aeruginosa conditions. When we added exogenous Activin A along with P. aeruginosa, 

however, we see a significant decrease in the number of transmigratory neutrophils, 449.1 ± 

292.7. These results indicate that Activin A is not chemotactic, and reduces neutrophil migration. 
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Figure 3.5: Follistatin/Activin A axis regulates neutrophil chemotaxis to P. aeruginosa - A) 

Quantification of neutrophil chemotaxis to P. Aeruginosa with and without exogenous Activin A 

added. * represents significance between conditions. B) Quantification of neutrophil TEM in 

HUVEC + HLEC condition with Activin A signaling blocked by either an anti-Activin A antibody, or 

Follistatin. * represents significance from the isotype control condition. C) Heatmap of the ratio 

of Follistatin:Activin A protein concentrations measured in all of the conditions. D) Quantification 
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of neutrophil chemotaxis to P. Aeruginosa with varying ratios of Follistatin:Activin A added. ‡ and 

† represent significance from P. Aeruginosa condition, # represents no significance from no P. 

Aeruginosa condition. Results were consistent across donors. * and †  = p < 0.05, **** and ‡ = p 

< 0.0001. 

 

To better understand how the Follistatin:Activin A axis impacts neutrophil chemotaxis during 

infection, we ran a series of Activin A blocking experiments. Using a triple lumen device with an 

empty media filled lumen, a HUVEC-lined central lumen filled with neutrophils, and an HLEC-lined 

lumen filled with P. aeruginosa, we added either anti-Activin A antibodies, isotype control 

antibodies, or Follistatin to the media and measured the number of TEM neutrophils after 18 

hours. In the isotype control condition, we saw an average of 1118 ± 223.1  neutrophils migrate 

out of the endothelial lumen which was similar to the results seen in (Figure 3.5B). When Activin 

A was blocked either with anti-Activin A antibodies or Follistatin, we saw a significant increase in 

the number of TEM neutrophils, 2356 ± 472.1 and 2603 ± 642.9 respectively. These results 

indicate that the Follistatin:Activin A axis regulates neutrophil trafficking during infection with P. 

aeruginosa. 

 

3.3.4 Follistatin:Activin A Ratio 

Our ELISA experiments indicate that both Follistatin and Activin A are secreted at high amounts 

throughout our 18-hour experiments. However, when we look at the ratio of their measured 

concentrations, we notice that it fluctuates between 4:1 and 3:5, Follistatin:Activin A, depending 

on the condition (Figure 3.5C). To see what effect different Follistatin:Activin A ratios have on 
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neutrophil trafficking during infection, we ran a series of neutrophil migration experiments where 

exogenous Follistatin and Activin A, totaling 1 µg/mL of protein, was added to the system at 

Follistatin:Activin A ratios between 10:1 and 1:10. Using a triple lumen device consisting of all, 

non-endothelial lumens, with media in one of the side lumens, neutrophils in the middle lumen, 

and P. aeruginosa in the other side lumen, we quantified the number of transmigratory 

neutrophils after 18 hours (Figure 3.5D). At the two higher Follistatin:Activin A ratios, 10:1 and 

5:1, we detected significantly more migratory neutrophils compared to the P. aeruginosa control 

(no exogenous protein). At the Follistatin:Activin A ratios between 2:1 and 1:5, we saw no 

significant differences in the number of migratory neutrophils compared to the P. 

aeruginosa  control. However, at the lower Follistatin:Activin A ratios, 1:5 and 1:10, we saw no 

significant differences in the number of migratory neutrophils compared to the no P. aeruginosa 

control. These results agree with what we’ve previously seen and indicate that the ratio of 

extracellular Follistatin to Activin A can regulate neutrophil trafficking during infection. 

 

 
3.4 Discussion 

 
In this study, we developed an organotypic microfluidic model of neutrophil-lymphatic trafficking 

during infection with P. aeruginosa and investigated the effect of Follistatin and Activin A 

signaling on this process. One of the strengths of this model is the ability to mimic important 

aspects of infection including 3-dimensional lumen structures, blood and lymphatic vessels, and 

live bacteria [60][115]. Adding to the relevance of the model, all of the cell types used in the 

model were human primary in origin. With this model, we discovered both endothelial cell types, 
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blood and lymphatic, to be significant sources of Activin A and Follistatin in response to P. 

aeruginosa or the presence of neutrophils, though the lymphatic vessels produced substantially 

more of both. We also found that Activin A attenuates neutrophil chemotaxis to P. aeruginosa, 

but migration was rescued with the addition of exogenous Follistatin or anti-Activin A antibody.  

 

Activin A and follistatin are intimately involved in human development, and are known to be 

expressed at high concentrations by the liver, gonads, and skin [116][117][118]. However, the 

identification of cell types responsive to inflammatory stimuli which release both activin A and 

follistatin into the circulation have remained undetermined. In this study, we found that the 

lymphatic endothelium is a major source of Activin A and Follistatin in response to P. aeruginosa. 

Follow-up work in mice or humans will be needed to confirm this in vivo.  

 

Though we did not have the temporal resolution to identify when upregulation of Activin A or 

Follistatin began, we did identify that their expression is dynamic during infection with P. 

aeruginosa, which is consistent with what has been reported in vivo [119][120]. In our model, we 

were surprised to observe that both Activin A and Follistatin followed a bacterial-dependent 

upregulation over the 18-hour migration experiments, not just one or the other. Similar trends 

where both of these cytokines are concurrently upregulated have been reported in a number of 

conditions such as septicemia, cystic fibrosis, polycystic ovarian syndrome, rheumatoid arthritis, 

and chronic rhinosinusitis [119][121][122][123][124][125]. In most of these examples, the 

severity of the condition is directly correlated to the ratio of Follistatin:Activin A, though what 

effects it has on the immune system is cell and context-dependent. For example, studies have 
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reported that serum Activin A levels were elevated and correlated inversely with lung function 

and body mass index in adult cystic fibrosis patients [126]. Follistatin treatment of newborn β-

ENaC mice, recognized for respiratory pathology mimicking human cystic fibrosis, decreased the 

airway activin A levels and distinguishing features of cystic fibrosis including airway neutrophilia, 

contrary to what we saw, and levels of mediators that regulate inflammation and chemotaxis. 

Opposite of the anti-inflammatory effects of Follistatin observed in cystic fibrosis, Follistatin 

blocking of autocrine Activin A signaling in human dendritic cells enhanced dendritic cell cytokine 

and chemokine production in response to CD40L stimulation but not TLR-4 ligation [127]. More 

work is clearly needed to better understand the context- and cell-dependent nature of the 

Follistatin/Activin axis on immune regulation.   

 

While Follistatin and Activin A were found to be important for regulating neutrophil chemotaxis 

to P. aeruginosa, the results from our ELISA experiments as well as experiments with exogenous 

Activin A highlighted other import endothelial-derived cytokines. During our ELISA experiments, 

all of the acute inflammatory cytokines we tested, IL-1!, IL-6, and TNF!, followed a bacterial-

dependent increase in expression, demonstrating that our model can recapitulate proper 

physiological responses to stimuli. Furthermore, these cytokines have been shown to be 

important for neutrophil priming, activation, lifespan/longevity [81][128][28]. Hence, the 

difference in overall neutrophil chemotaxis to P. aeruginosa without endothelial vessels, 774.6 

transmigratory neutrophils (Figure 4A), and with endothelial vessels, 2772 TEM neutrophils 

(Figure 1E). Besides acute inflammatory cytokines, we also saw robust changes in protein 

expression for the putative neutrophil chemokines Fractalkine (CX3CL1), MIP-3! (CCL20), and 
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SDF-1 (CXCL12) which could have also contributed to the increased neutrophil TEM in the 

conditions which included lymphatic vessels. Though these cytokines were out of the scope of 

this paper, future work will use these as starting points for investigating neutrophil-lymphatic 

trafficking. 

 

 

Figure 3.6: Summary of Follistatin/Activin A signaling in our infection model. 

 

In summary, we identified the lymphatic endothelium to be a significant source of both Activin A 

and Follistatin. Activin A decreased neutrophil chemotaxis to P. aeruginosa whereas follistatin 

nullified this effect and allowed neutrophils to chemotax normally. Even though both cytokines 

were upregulated during infection with P. aeruginosa in our model, ultimately it was the 

Follistatin:Activin A ratio that modulated neutrophil chemotaxis as summarized in Figure 3.6. It 
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is apparent in the literature that Activin and Follistatin signaling are important to a lot of 

processes and conditions. As such, by better understanding this signaling mechanism, one could 

imagine manipulating serum or local concentrations of Activin A or Follistatin as a potential 

therapeutic treatment. 
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3.6 Continued Work – Follistatin/Activin A and Breast Cancer 

Follistatin and Activin also show biological active roles in cancer. The overexpression of Activin A 

has been observed in several cancers including metastatic prostate cancer, lung cancer, stage 4 

colorectal cancers, pancreatic cancers, and breast cancer [129][130][131][132]. Increased serum 

levels of Activin A has been reported in women with breast cancers and has been shown to be 

hyperactivated in breast cancer tumors [133][134]. This Activin A expression correlates inversely 

with survival and metastasis in advanced cancers. Furthermore, it has been shown that Activin A 

promotes breast cancer cell anchorage-independent growth, epithelial–mesenchymal transition, 

invasion, and angiogenesis [133]. Lastly, Activin A has been shown to induce a pro-tumorigenic 

phenotype in human mammary fibroblasts by facilitating tumor cell–tumor microenvironment 

interactions, leading to increased levels of cytokine production and cell motility [135]. Follistatin 
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has also been implicated in several cancers including breast cancer. Follistatin is expressed in 

normal breast tissue; however, its expression is decreased in breast cancer [136]. Additionally, 

overexpression of Follistatin in vitro has been found to significantly increase growth rate and 

reduce invasion in metastatic breast cancer cell lines. Clinically, higher follistatin levels are 

associated with lower-grade tumors and better survival, and conversely its expression level 

predicts increased metastasis and reduced overall survival [137].  

 

While Follistatin and Activin A’s role in breast cancer progression is well studied, their effects on 

tumor immune components are not. It is widely accepted that tumor endothelial cells are actively 

involved in helping the tumor escape immune surveillance. One of the mechanisms breast tumor 

endothelial cells (BTECs) use to accomplish this is by inhibiting leukocyte activation and excluding 

them from entering the tumor. Whether this pertains to neutrophils is still unknown. However, 

from our work with Follistatin/Activin signaling and neutrophil-lymphatic trafficking, it can be 

inferred that the dynamic expression of Follistatin and Activin A affects neutrophil infiltration of 

breast cancer tumors. 

 

To test this hypothesis, we conducted an ELISA analysis of protein secretions from BTEC lumens 

and normal breast microvasculature endothelial cell (BMEC) lumens in parallel with neutrophil 

TEM migration experiments (Figure 3.6.1A).  Using triple lumen, LumeNext devices consisting of 

a central endothelial vessel and two empty side lumens, along with the experimental setup 

outlined in Figure 3.6.1A. We found that there are significant differences in basal cytokine 

secretion between BMECs and BTECs (Figure 3.6.1B). Specifically, we found differences in IL-8 
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secretion, a potent neutrophil chemokine, and in Follistatin and Activin A secretions. In 

agreement with our previous results  we found that both tumor and normal breast endothelial 

cells are a significant source of Follistatin and Activin A. Furthermore, we found that, in 

agreement with previous studies on Follistatin and Activin A levels in breast cancer, Activin A was 

significantly upregulated, and Follistatin was downregulated in BTEC vessels compared to BMEC 

vessels. This result indicates levels of Follistatin and Activin A are different in the tumor 

microenvironment compared to normal tissue. 

 

Figure 3.6.1: Activin/Follistatin axis involved in regulating neutrophil transendothelial 

migration (TEM) from breast tumor endothelial vessels. A) Schematic of the procedures utilized 
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for studying neutrophil TEM from BMEC (normal breast endothelial cells) and BTEC (breast tumor 

endothelial cells) lumens. B) Results from ELISA run on supernatant collected from confluent 

BMEC and BTEC vessels. C) Quantification of neutrophil TEM from BMEC and BTEC vessels in 

response to no IL-8, IL-8, IL-8 with an isotype control antibody, and IL-8 with an anti-Activin A 

antibody. Data was consistent across neutrophil donors. * = p < 0.05, *** = p < 0.001, **** = < 

0.0001. 

 

Next, to see if the Activin/Follistatin axis was being used by BTECs to regulate neutrophil 

transendothelial migration (TEM), we ran a series of neutrophil chemotaxis experiments where 

we used an anti-Activin A antibody to disrupt Activin/Follistatin signaling (Figure 3.6.1C). In this 

setting we found that there was a significant reduction in the number of TEM neutrophils out of 

BTEC Lumens compared to BMEC lumens in response to IL-8 indicating that indeed, BTECs 

exclude neutrophils from entering the tumor. However, when we blocked Activin A signaling, the 

number of TEM neutrophils significantly increases in both BTEC and BMEC conditions compared 

to the unblocked condition. Also, the relative difference in the number of TEM neutrophils 

between BMEC and BTEC lumens decreased suggesting that Activin A signaling is involved in 

escaping neutrophil surveillance in breast cancer.   

 

In summary we found differences in expression of Follistatin and Activin A between normal and 

tumor associated endothelial vessels. We then correlated differences in Activin A secretion to 

changes in neutrophil TEM in response to an IL-8 gradient. Activin A was more highly expressed 

by tumor-associated lumens, and served to reduce neutrophil TEM and immune surveillance. 
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Furthermore, from the literature, Activin A acts to not only alter immune cell trafficking into the 

tumor, but it also increases epithelial-mesenchymal transitions, proliferation, motility, 

intravasation, and metastasis (Figure 3.6.2).  

 

Figure 3.6.2: Diagram of our working model of Activin A signaling in breast cancer  
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Chapter 4: Induced Pluripotent Stem Cells on a Chip: a Self-Contained, Accessible, Pipetteless iPSC Culturing and Differentiation Kit 

Induced Pluripotent Stem Cells on a Chip: a Self-Contained, 
Accessible, Pipetteless iPSC Culturing and Differentiation Kit 

Abstract 

Over the past decade, induced pluripotent stem cells (iPSCs) have become a major focus of stem 

cell and developmental biology research, offering researchers a clinically relevant source of cells 

that are amenable to genetic engineering approaches. Though stem cells are promising for both 

research and commercial endeavors, iPSC based assays require tedious protocols that include 

complex treatments, expensive reagents, and specialized equipment that limit their integration 

into academic curricula and cell biology research groups. Expanding on existing Kit-On-A-Lid-

Assay (KOALA) technologies, we have developed a self-contained, injection-molded, pipetteless 

iPSC culture and differentiation platform that significantly reduces associated costs and labor of 

stem cell maintenance and differentiation. The KOALA “kit” offers users the full range of iPSC 

culture necessities, including cell cryopreservation, media exchanges, differentiation, endpoint 

analysis, and, a new capability, cell passaging. Using the KOALA kit, we were able to culture 

~20,000 iPSCs per microchannel for at least 7 days, while maintaining stable expression of 

stemness markers (SSEA4, and Oct4) and normal iPSC phenotype. We also adapted protocols for 

differentiating iPSCs into neuroepithelial cells, cardiomyocytes, and definitive endodermal cells; 

a cell type from each germ layer of human development. 

This chapter has been adapted from the manuscript published in SLAS Technology in 2020 
“Induced Pluripotent Stem Cells on a Chip: a Self-Contained, Accessible, Pipetteless iPSC Culturing 
and Differentiation Kit.” Patrick H. McMinn, David J. Guckenberger, and David J. Beebe. 
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4.1 Introduction 

iPSC microfluidic cell culture is not novel, however, current platforms still retain a level of 

complexity that discourages most biologists and teachers from using them. These microfluidic 

iPSC culture technologies require either the use of a syringe or peristaltic pumps, which cost 

thousands of US dollars, or consist of complex microfluidic microchannels that require specialized 

knowledge to fabricate and operate, or both [138]. These factors can make commercialization 

difficult [139][140][141][142][143][144]. The Kit-On-A-Lid-Assay (KOALA), is a technology capable 

of facilitating high-throughput, repeatable, low-media-volume cell culture assays, in a simple 

microfluidic straight channel without the use of liquid handling instruments or micropumps 

[145][146][147]. This platform is simple and cheap to fabricate, consisting of micromachined 

polystyrene (PS) microchannels, reagent-filled lids, and a cryopreservation apparatus. Once 

commercialized, KOALA iPSC culture and differentiation “kits”, consisting of all of the required 

pre-packaged cells, culture media, and reagents, could be sold to researchers and educators. 

Additionally, though these “kits” would be sold as a comprehensive stem cell culture systems, 

they would also be compatible with custom endpoints such as cell isolation and flow cytometry, 

drug screening, ELISA, etc.     

 

Here we report the use of the Kit-On-A-Lid-Assay (KOALA) to develop an easy to use, self-

contained iPSC culture and differentiation system. We take the first step in scaling up the 

production of KOALA components by using injection-molded microchannels. We also develop 

and characterize a passaging device that allows cells to be passaged from one KOALA 

microchannel to another microchannel at a user-defined split ratio. 
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4.2 Materials and Methods 
4.2.1 Device Fabrication and Preparation 

The lids, bases, and passaging adaptors were fabricated by CNC milling (PCNC 770, Tormach) with 

the lids having standard microscope slide dimensions (25 mm × 75 mm) (Figure 1A). Bases are 

comprised of three layers: an injection molded and milled post/channel polystyrene layer (Proto 

Labs) consisting of 12 sets of posts/channels, a pressure-sensitive adhesive layer (ARcare® 90106, 

Adhesives Research), and a glass slide layer. The adhesive tape, which covered the entirety of the 

base except for the microchannels, was cut using a Graphtec Craft Robo Pro plotter cutter. The 

post/channel layer consists of an inlet and an outlet post connected by a 5 mm long, 2 mm wide, 

and 0.8 mm deep channel. After assembly, the device is oxygen plasma treated using a Diener 

Electronic Femto Plasma Surface System.  

 

Lids are milled from 2 mm polystyrene (#224-030-01, Goodfellow). Each lid contains a micro-well 

for each channel and a slot for absorbent pads. Each micro-well has an elliptical shape and is 

spaced to match the pattern of the input posts. The slot for the absorbent pad is 10 mm wide, 72 

mm long, and 2 mm deep. The lids are assembled by placing two layers of cellulose fiber 

absorbent pad (#CFSP223000, Millipore Sigma) in the designated slot. Reagents or media are 

added to the wells before each use. 

 

Cryopreservation lids consist of four components, three micro-milled polystyrene  parts and a 

nylon membrane filter with a pore size of 0.2 μm (WHA7402009, Millipore Sigma)(Figure 1A). 
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Two of the polystyrene parts fit together to form a large media reservoir with 12 elliptical ports, 

spaced out to match the spacing of the inlet ports of the KOALA bases and a small media addition 

port. The nylon filter membrane is placed over the elliptical ports and the last polystyrene piece, 

consisting of 12 elliptical ports and a slot for an absorbent pad, is aligned on top. All three 

polystyrene layers are acetonitrile-bonded together to form a single device. Both bases, lids, and 

cryopreservation lids are UV disinfected for 30 minutes, prior to cell culture. For the 

cryopreservation lid, cells and cryopreservation reagent (10% DMSO) are added to the nylon 

filter-backed wells, a pressure-sensitive adhesive film (Scotch tape, 3M) is placed over each well, 

and the devices are placed in a -80 °C freezer and are frozen at a rate of 1 °C/min. 

 

KOALA Passaging devices are milled from 4 mm polystyrene. Each passaging device contains 12 

media reservoirs 3.5 mm deep with a half-ellipse shape to fit the inlet post of KOALA 

microchannels, 12 media transfer channels with 3.5 mm deep, half ellipse-shaped wells on each 

end, and a 10 mm wide, 72 mm long, and 3.5 mm deep slot containing 12, 3.5 mm tall wicking 

posts that align to the outlet posts of KOALA microchannels (Figure 4Ai). Devices are oxygen 

plasma-treated, the media reservoirs and non-functional surfaces are manually coated with a 

thin layer of paraffin wax to prevent liquid adsorption (#22-900-700, Thermo Fisher), and two 

layers of sterile absorbent pads are placed in the slot next to the wicking posts. Devices are UV 

disinfected for 30 minutes, prior to cell passaging, and are loaded with reagents prior to each 

application. 

      

4.2.2 iPSC culture and maintenance 
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IMR90-4 human induced pluripotent stem cells (iPSCs)(WiCell Research Institute) were 

maintained in feeder-free conditions on Matrigel (#354230, BD Biosciences) in mTeSR1 (WiCell 

Research Institute) or TeSR-E8 media (#05990, STEMCELL Technologies) at 37 °C and 5% CO2. All 

experiments were performed using iPSCs between passages 43–60. For routine iPSC 

maintenance, iPSCs were passaged with Versene (#15040066, Thermo Fisher) every 4–6 days. 

For passaging iPSCs for differentiation, iPSCs were dissociated with Versene (EDTA solution), and 

the number of live cells was quantified via a hemocytometer using trypan blue stain (#15250061, 

Thermo Fisher). iPSCs were cryopreserved in 10% DMSO in liquid nitrogen. iPSCs were then 

seeded with 10 μM Y27632 (ROCK inhibitor)(#1254, Tocris Bioscience) for the first 24 h to 

promote cell attachment. After 24 h, ROCK inhibitor was withdrawn and mTeSR1 or TeSR-E8 was 

added and replaced every 24 h. These iPSC culture conditions were used in both microdevices 

and 96-well plate, with the iPSCs in KOALA microchannels receiving 10 μL of media, and the iPSCs 

in the 96-well plate receiving 200 μL. 

 

4.2.3 iPSC differentiation 

IMR90-4 iPSCs were dissociated and plated overnight in mTeSR1 or TeSR-E8 medium at a density 

of 1.5 x 105 cells per square centimeter on Matrigel as described above. Neuroectoderm, 

cardiomyocyte and definitive endoderm differentiation protocols were adapted from published 

work [148][149][150]. Differentiation was verified using immunofluorescent staining, RT-qPCR 

and cell phenotype. 

Neuroepithelial Differentiation: To generate neuroepithelial cells, cells were differentiated for 4 

days in TeSR-E6 medium (#05946, STEMCELL Technologies).  
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Cardiomyocyte Differentiation: To generate cardiomyocytes, cells were first differentiated 

overnight in RPMI1640 (Thermo Fisher), B27 supplement minus insulin (#A1895601, Thermo 

Fisher) with 6 mM CHIR99021 (#72052, STEMCELL Technologies). The following day, the media 

was replaced with RPMI1640/B27 –insulin and the cells were allowed to recover for 24 h. On Day 

2, RPMI1640/B27  minus insulin-containing 4 µM IWP4 (Inhibitor of Wnt 4 production)(# 5214, 

Tocris) was added. On Day 4, the cells were re-fed RPMI1640/B27.  

Definitive Endoderm: To generate definitive endoderm, cells were differentiated for 1 day in 

TeSR-E6 medium containing 6 mM CHIR99021 and 100 ng/ml activin A (#338-AC, R&D Systems), 

followed by 3 days of activin A alone. 

 

4.2.4 Image Acquisition and Analysis 

Bright-field and fluorescent images were obtained using a Nikon Ti Eclipse inverted microscope. 

Images were processed using Nikon NIS-Elements. Images were analyzed using the open-source 

software ImageJ. 

 

4.2.5 Viability Assay 

Cells were washed with phosphate-buffered saline (PBS) and then stained for 15 minutes at 37 

°C and 5% CO2 with Calcein AM (C1340, Thermo Fisher), and Ethidium Homodimer-1 (E1169, 

Thermo Fisher). After 15 minutes, the cells were again washed with PBS and then imaged. Cells 

staining positive for ethidium homodimer were counted as dead cells whereas cells staining for 

only Calcein were considered living. 
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4.2.6 Immunofluorescence 

To stain for pluripotency markers, we used the Pluripotent Stem Cell Immunocytochemistry Kit 

(OCT4, SSEA4) (#A25526, Thermo Fisher) with all reagents loaded into a KOALA lid. To 

immunostain for differentiation marker, cells were first washed with 1x phosphate-buffered 

saline (PBS) and were then fixed in 4% paraformaldehyde (#43368; Alfa Aesar) for 15 minutes. 

Following fixation, the cells were then permeabilized with 0.1% Triton X-100 (#807426; MP 

Biomedicals) for 30 min and then blocked with 1x PBS supplemented with 3% bovine serum 

albumin for 30 min. The following primary antibodies were used, Recombinant Anti-Islet 1 

antibody [EP4182] (ab109517, Abcam), Anti-Cardiac Troponin T antibody [1C11] (ab8295, 

Abcam), Anti-PAX6 antibody (ab5790, Abcam), Anti-N Cadherin antibody (ab76057, Abcam), Anti-

SOX17 antibody [OTI3B10] (ab84990, Abcam), and Recombinant Anti-FOXA2 antibody [EPR4466] 

(ab108422, Abcam). The following secondary antibodies were used, Alexa Fluor® 555 Donkey 

Anti-Rabbit (A-31572, Thermo Fisher), Alexa Fluor® 594 Donkey Anti-Rabbit (A-21207, Thermo 

Fisher), and Alexa Fluor® 488 Goat Anti-Mouse IgG3 (A-21151, Thermo Fisher). Fixed cells were 

incubated for 4 hours at 4°C with both the primary and secondary antibodies with three wash 

steps after each incubation. 

 

4.2.7 RT-qPCR 

Cells were lysed directly in KOALA microchannels, the cell lysate was pippetted from the devices 

and then their mRNA was isolated in 15 µL 10 mM Tris buffer using Dynabeads mRNA DIRECT 

Purification Kit (Invitrogen, #61011) per the manufacturer's instructions. Immediately following 

mRNA isolation, a reverse transcription reaction was run using iScript cDNA Synthesis kit (Bio-
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Rad, #170-8891) and the resultant cDNA was pre-amplified with SsoAdvanced PreAmp Supermix 

(Bio-Rad, #172-5160) and primers from Integrated DNA Technologies (Supplementary Figure 2). 

Finally, qPCR reactions were run using iTaq Universal SYBR Green Supermix (Bio-Rad, #172-5121) 

in a Roche Lightcycler 480 II (Roche Molecular Systems) and a ΔΔCt analysis was run. GAPDH and 

ACTB were used for the relative expression analysis. No-template controls were run in parallel 

for all experiments. 

 

4.2.8 Statistical analysis 

Data were analyzed (Prism 7.0; GraphPad Software) using one-way ANOVA. Tukey’s multiple 

comparison test with a 95% confidence interval was used when comparing different conditions. 

 

4.3 Results 
 
The technology consists of a KOALA base containing 12 microchannels and pairs of input/output 

posts (Figure 4.1A), a KOALA lid which contains 12 pre-filled wells and a slot for an absorbent pad 

(Figure 4.1B), and a KOALA cryopreservation lid consisting of 12 cryopreserved-cell-filled wells 

attached to a media reservoir, separated by a nylon filter (Figure 4.1C). The basis of this 

technology relies on capillary action to perfuse liquid from the KOALA lid, through the KOALA 

base, and into the absorbent pad of the lid, as well as liquid pinning inside the microchannel 

which causes a break in the liquid bridge between the base and the lid (Figure 4.1D) [145][146]. 
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Figure 4.1: KOALA Components and Diagram – A) Koala Base B) KOALA Lid C) KOALA 

Cryopreservation Lid D) Diagram of how KOALA operates: 1 – KOALA Lid as placed on top of 

KOALA base so the media well and absorbent pad make contact with inlet and outlet posts. 2 – 

Media flows into microchannel from media well due to capillary action. 3 – Media continues to 

flow due to capillary action from absorbent pad. 4 – Once all of the media flows out of the lid, it 

will “pin” inside the microchannel which causes a “break” in contact between the fluid in the 

microchannel and the absorbent pad. 5 – The lid is removed and the new media/reagent remains 

in the KOALA base. 

 

4.3.1 iPSC cell culture and cryopreservation using KOALA 



 82 

Over time, stem cells cultured in less-than-optimal conditions will lose their pluripotency and 

self-renewal capabilities [151][152]. Fluctuations in mechanical stimuli, hypoxia, extracellular 

matrix composition, cell density, and small molecule signaling have all been shown to contribute 

to this loss [153][154][155][156]. Thus, we first sought to establish whether human iPSCs could 

be successfully cultured in KOALA microchannel devices.  
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Figure 4.2: iPSC culture in KOALA vs. Well-Plate – A) Seeding densities versus viability rate in 

KOALA microchannels B) Total number of adhered iPSCs over time in Matrigel or Vitronectin-

coated KOALA microchannels C) Total number of adhered iPSCs over time in KOALA 

microchannels vs. well-plates D) Total number of adhered iPSCs per culture area over time in 

KOALA microchannels vs. well-plates E) Total number of adhered iPSCs per culture volume over 

time in KOALA microchannels vs. well-plates F) Percent of Oct4+/SSEA4+ cells over time in KOALA 

microchannels vs. well-plates G) Fluorescent imaging of IMR90-4 iPSCs after two days in a well-

plate (top) or KOALA microchannel (bottom) immunostained for SSEA4 (green), OCT4 (red), and 

a nuclear stain (blue). Graphs depict average +/- standard deviation across 12 technical and 3 

biological replicates.. * = p < 0.05, ** = p < 0.01, **** = p < 0.0001 

 

Stem cell culture requires optimal cell densities and extracellular matrix (ECM) composition. 

Using stem cell seeding densities ranging between 250,000 cells/cm2 and 2,000,000 cells/cm2, 

we added IMR90-4 iPSCs into Matrigel-coated KOALA microchannels and cultured them for two 

days, exchanging media twice a day. On the second day, we assessed the viability rate for each 

density and found that for the lower seeding densities (250,000 - 500,000 cells/cm2) the average 

viability rates were less than 33.2%, suggesting these seeding densities were too low for stem 

cell culture in the KOALA microchannels (Figure 4.2A). The average viability rates for the higher 

seeding densities, 1,000,000 - 2,000,000 cells/cm2, were 75.5%, and 90.8% respectively. Though 

the higher cell seeding densities correlated with better viability rates, the concentration of cells 

used to achieve a seeding density of 2,000,000 cells/cm2 was already relatively high and larger 
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seeding densities would be impractical. Thus we used the 2,000,000 cells/cm2 seeding density for 

our experiments.  

 

Stem cell maintenance requires appropriate ECM conditions to support cellular self-renewal and 

to reduce spontaneous differentiation [157]. Classically, mouse embryonic fibroblasts and 

undefined basement membrane extracts such as Matrigel have been used for this purpose. 

Though Matrigel excels at facilitating stem cell culture, batch-to-batch variability has prompted 

researchers to turn to more defined ECM options [158]. In order to make the KOALA platform 

more appealing to cell biology researchers, we tested Vitronectin, a fully defined, protein 

substrate that has been shown to be amenable to stem cell culture [159]. To test vitronectin’s 

performance as an ECM substrate in KOALA, we compared its performance to Matrigel and 

analyzed the number of IMR90-4 iPSCs over five days. After 24-hours of cell culture, there was 

no statistical difference between the number of adhered cells for both substrates with an average 

of  1581 ± 227 and 1399 ± 346 cells adhered to the Matrigel-coated and vitronectin-coated 

channels respectively (Figure 4.2B). However, at 72 and 120-hours, the number of stem cells 

adhered to the Matrigel-coated microchannel was 4418 ± 739 and 6994 ± 1045, triple and 

quintuple to that of the 24-hour measurement, while the number of cells adhered to the 

vitronectin-coated microchannels remained similar to the 24-hour measurement at 957 ± 28 and 

1519 ± 36 respectively. For the vitronectin condition, we also noted a large number of cell 

detachment after each media change suggesting that the iPSCs might not have adhered to the 

vitronectin as strongly as to Matrigel, or might have died and detached from the substrate. These 

results indicated that vitronectin did not perform as well to the widely used Matrigel, and is not 
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a suitable culture substrate for iPSCs in the KOALA platform. Thus, we decided that Matrigel 

would be used for future experiments. 

 

In order to evaluate whether iPSCs can be cultured using KOALA, we compared stem cell culture 

in KOALA to cell culture in a 96-well plate, a conventional method of culturing and differentiating 

stem cells. We first seeded IMR90-4 iPSCs into KOALA microchannels and a 96-well plate, then 

counted the number of adhered cells at day 2 and 7 (Figure 4.2C). At both timepoints, 2 and 7 

days, the average number of adhered cells in the 96-well plate significantly outnumbered the 

number of cells adhered to the microchannels; 62084 ± 6608 and 78818 ± 4314 for the 96-well 

plate versus 7243 ± 606 and 18491 ± 1070 for the microchannels. Taking into account differences 

in surface area, we found that the average number of adhered cells per surface area was 

significantly higher in the 96-well plate (194014 ± 20651 cells/cm2) compared to the 

microchannels (86226 ± 7219 cells/cm2)  for the day 2 timepoint but no differences remained by 

day 7 (246307 ± 13480 cells/cm2 in the 96-well plates, 220134 ± 12735 cells/cm2 in the 

microchannels). This result suggests that there is an equivalent cell culturing capacity between 

the two platforms (Figure 4.2D). One of the advantages of microfluidic cell culture platforms is 

their high cell number to volume ratios which enable stronger cell-cell signaling [160][161][162]. 

However, due to the high number of cells in a reduced volume, there is also an increased 

potential for nutrient depletion and cell starvation. When we look at the number of adhered cells 

per volume of media, we see a significant difference between the two culture platforms for both 

days with the cells per volume ratio for the KOALA microchannels being six times higher than for 

that of the 96-well plate (Figure 4.2E). 
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To test if the increased cell/volume ratio affected the cells’ pluripotency, we immunostained 

IMR90-4 iPSCs in both KOALA microchannels and a 96-well plate after 2- and 7-days of culture 

and quantified the number of SSEA4+/Oct4+ cells, markers of pluripotency (Figure 4.2F,G). After 

two days of culture, the KOALA platform contained significantly more SSEA4+/Oct4+ cells 

compared to the 96-well plate (92.6% and 83.7%, respectively). By day 7, cells in both culture 

platforms reached confluency and the number of SSEA4+/Oct4+ cells in KOALA decreased to 

88.2%, whereas the number of SSEA4+/Oct4+ cells in the 96-well plate increased to 97.9%. While 

this result indicates that prolonged cell culture in the KOALA platform could affect iPSCs’ 

pluripotency, for shorter periods of cell culture, ≤ 7 days, a majority of iPSC’s retain their 

pluripotent state. 
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Figure 4.3: Cryopreservation lid Characterization – (A) Total adhered cells in KOALA 

microchannels on Day 2 and 5 after seeding using KOALA cryopreservation lid or by manual 

seeding with pipettman. No statistical significance was determined between the KOALA 

cryopreservation lid and manual seeding with pipettman.  (B) RT-qPCR of iPSCs after 5-days of 

cell culture in a KOALA microchannel after seeding using KOALA cryopreservation lid or by manual 

seeding with pipettman. No statistical significance was determined between the KOALA 

cryopreservation lid and manual seeding with pipettman. Graphs depict average +/- standard 

deviation. 
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One of the main technological innovations of KOALA is the cryopreservation lid which allows cells 

to be frozen, thawed, and the cytotoxic cryopreservation media to be removed all within one 

microfluidic device. Briefly, the KOALA cryopreservation lid works similarly to a normal KOALA 

lid, however, there is an extra compartment attached to the back of the cryopreservation lid that 

is fluidically connected to the media wells by filter membrane. Cells are frozen in the wells of the 

cryopreservation lid, and when it is time to thaw and add them to microchannels, warm media is 

added to the rear compartment and the toxic cryopreservation reagents are dialyzed out. Once 

the cryopreservation reagents are diluted, the cells can be added to a KOALA microchannel the 

same a normal KOALA lid operates [145]. To test whether this device could be used to 

cryopreserve stem cells, we compared its performance to traditional cryopreservation methods. 

IMR90-4 iPSCs from the same culture were dissociated and frozen in media containing 10% DMSO 

in either a KOALA cryopreservation lid, 200,000 cells/well, or in a cryovial. Both samples were 

then thawed using previously described protocols and the cells were seeded, either with the 

KOALA cryopreservation lid or manually pipetted, into a Matrigel-coated KOALA microchannel 

[145]. Total adhered cells were then quantified and assayed for gene expression of pluripotency 

markers after 2- and 5-days of culture (Figure 4.3A). After both 2- and 5-days of cell culture post-

thaw, there was no statistical difference in the total number of adhered cells. Additionally, there 

was no difference in the gene expression of POU5F1 and SOX2, markers for pluripotency, for both 

cryopreservation methods after 5-days of culture in a KOALA microchannel after cell-seeding 

(Figure 4.3B). These results indicate that the KOALA cryopreservation lid performs as well as 

traditional iPSC cryopreservation methods in preserving viability and pluripotency. 
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4.3.2 Pipette-less cell passaging between microchannels 

We have demonstrated that the KOALA cell culture platform is capable of maintaining iPSCs with 

no significant effects on the cells’ pluripotency and self-renewal. We have also shown that KOALA 

performs comparably to traditional stem cell culture in a well-plate. However, for KOALA to be a 

self-contained platform, a method of passaging cells to other devices for basic cell maintenance 

or downstream applications is needed.  
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Figure 4.4: KOALA Passaging Device Characterization – A) Cartoon diagram of KOALA passaging 

device operation. B) Image of passaging device filled with media. C) Graph of percentage of media 

transferred to new KOALA microchannel as a function of media reservoir volume. Includes 

theoretical maximum (grey line). D) Percentage of cells transferred to new KOALA microchannel 

as a function of media reservoir volume. Graphs depict average +/- standard deviation. 
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We designed a microfluidic passaging device that allows cells to be transferred into new KOALA 

microchannels at a user-defined split ratio without the use of micropipettes (Figure 4.4A). The 

device, which is similar to a KOALA lid, consists of a micromachined polystyrene plate with 12 

media reservoirs, 12 sets of transfer channels/wells, and 12 wicking posts (Figure 4.4B). The 

mechanism for how the device achieves unidirectional flow through both the donor KOALA base, 

the passaging device, and into the new KOALA base relies on differences in surface 

hydrophobicity/hydrophilicity, and capillary action. To prepare the passaging device, it was first 

oxygen-plasma treated to render the media transfer channels and wicking posts hydrophilic. 

Next, the media reservoirs and non-functional surfaces of the passaging device were coated with 

paraffin wax to make those surfaces hydrophobic. Lastly, an absorbent pad was placed next to 

the wicking initiation posts.  

 

To operate the passaging device, a user-defined volume of cell-culture media is added to the 

media reservoirs, along with 15 µL sacrificial media to the transfer channels/wells (Figure 4.4Ai). 

Cell dissociation reagent is added to the donor KOALA device to detach adherent cells and ECM 

solution is added to the new KOALA device to coat it with the necessary ECM. Once the cells 

become detached, the donor KOALA device is placed upside down onto the passaging device so 

that the input posts of the donor KOALA device align and fit into the media reservoir wells and 

the output posts of the donor KOALA device fit into the wells of the transfer channels (Figure 

4.4Aii). This action creates a continuous liquid interface from the media reservoirs, through the 

donor KOALA device, and into the transfer channels. Next the ECM-containing KOALA device is 

placed upside down onto the passaging device so that the input posts of the KOALA device fit 
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into the wells of the transfer channel, opposite to those of the donor KOALA device, and the 

output posts of the new KOALA device align with the wicking posts of the passaging device and 

fit into the output posts. Once fluidic contact is made between the transfer channels, the ECM-

coated KOALA device, and to the wicking posts/absorbent pad, capillary action, driven by the 

absorbent pad, will induce laminar flow from the media reservoirs, through the donor KOALA 

device, into the transfer channels, through the new KOALA device, and into the absorbent pad. 

Flow of liquid will continue until all of the cell culture media in the media reservoir is transferred 

through the devices, after which, due to the design and dimensions of the KOALA posts, the 

media will “pin” in the input post of the donor KOALA device which will stop the flow of media 

into the ECM-coated KOALA device [145]. Once the liquid transfer is complete both KOALA 

devices can be separated from the passaging device (Figure 4.4Aiii). By adding more or less liquid 

to the media reservoirs of the passaging device initially, one can control the amount of fluid 

transferred from the donor device to the receiving device, and thus the split ratio. Additionally, 

homogenous cell seeding in the ECM-coated KOALA device can be achieved by placing the device, 

with the unadhered cells,  immediately onto a rocker table to allow the cells to roll and adhere 

throughout the microchannel. 

 

In order to confirm the function of the device, we first tested its liquid transfer capabilities using 

fluorescein dye. To do this, we filled donor KOALA devices with a solution of fluorescein and then 

used passaging devices filled with different volumes of water in the media reservoir wells to 

transfer the fluorescein to a new, water-filled KOALA device. By measuring fluorescein 

fluorescence in the water-filled KOALA device, we were able to calculate the percentage of fluid, 
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from the donor device, that was transferred to the new device (Figure 4.4C). We found a linear 

relationship between the initial media reservoir volume and the percent of liquid transferred to 

the new channel (R2 = 0.9966). Additionally, the passaging device was consistent in its operation 

across all media reservoir volumes tested, demonstrating low standard deviations for each 

volume. Though the passaging device worked with high consistency, the percent of media 

transferred was significantly lower than the calculated theoretical maximum. 

 

Next, we tested the passaging device with stem cells. We first seeded KOALA devices with IMR90-

4 iPSCs and grew them to confluency. We then coated new KOALA microchannels with Matrigel. 

Using Versene and mechanical tapping of the device to detach and dissociate the iPSCs, we used 

the passaging device to transfer iPSCs to the Matrigel-coated channels at different volumes 

(Figure 4.4D). Though we achieved a similar level of consistency, low standard deviations across 

multiple replicates, across all of the media reservoir volumes used, the percentage of cells that 

were transferred to the new device did not compare directly with the results from the previous 

experiment. For the 20μL condition, 10.6% of the cells were transferred to the KOALA device 

compared to 32.6% of the fluorescein solution. As a whole, this data shows that the passaging 

device is capable of passaging iPSCs with high precision and consistency.    

 

4.3.3 iPSC directed differentiation in microchannels  

Stem cell differentiation is an important functionality for KOALA’s broader application as a tool 

for stem cell research. To demonstrate this, we used directed differentiation to differentiate 
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IMR90-4 iPSCs into cell types from each germ layer; Neuroepithelium (ectoderm), 

cardiomyocytes (mesoderm), and definitive endoderm (endoderm). 

 

 

Figure 4.5: Directed Differentiation in KOALA – A) Neuroepithelial differentiation (i) RT-qPCR of 

2-, 5-, and 7-day differentiated IMR90-4 iPSCs, assaying for PAX6, SOX2, and POU5F1 (ii) 

Fluorescent image of differentiated IMR90-4 iPSCs, staining for Pax-6 (red), and N-cadherin 

(green). B) Cardiomyocyte differentiation (i) RT-qPCR of 2-, 5-, and 7-day differentiated IMR90-4 

iPSCs, assaying for T, ISL1, GATA4, and POU5F1 (ii) Fluorescent image of differentiated IMR90-4 

iPSCs, staining for Isl-1 (red), and cTnT (green). C) Definitive endoderm differentiation (i) RT-qPCR 

of 2-, 5-, and 7-day differentiated IMR90-4 iPSCs, assaying for FOXA2, SOX17, and POU5F1 (ii) 

Fluorescent image of differentiated IMR90-4 iPSCs, staining for SOX17 (red), and FoxA2 (green). 

Graphs depict average +/- standard deviation. 

 

Neuroepithelial cells are the first precursor cells that form during the development of the nervous 

system [163]. Using a differentiation protocol developed by Lippmann et al. we were able to 
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differentiate IMR90-4 iPSCs into neuroepithelial cells after seven days of directed differentiation 

in KOALA [148]. IMR90-4 iPSCs were seeded into Matrigel-coated KOALA channels, allowed to 

adhere, and then cultured in mTeSR-E6 for seven days, according to the established protocol. 

Cells from KOALA channels were collected at 2-, 5-, and 7-days after the start of differentiation 

and the gene expression of PAX6, SOX2 and POU5F1 was quantified using a qPCR analysis. During 

neuroectoderm differentiation, gene expression of PAX6 should increase, SOX2 levels should 

remain stable, and POU5F1 expression should decrease. After two days of differentiation, we 

observed a 38,838-fold increase in PAX6, a 0.93-fold reduction in SOX2, and a 0.38-fold reduction 

in POU5F1 gene expression, consistent with the published protocol (Figure 4.5Ai). These gene 

expression levels remained consistent through seven days. Another indicator of neuroectoderm 

differentiation is the formation of polarized rosette structures which can be visualized by 

immunofluorescent staining for Pax-6 and N-cadherin [164]. After seven days of differentiation, 

we fixed and stained cells within KOALA microchannels for these two proteins. While we 

observed strong and consistent staining for both Pax6 and N-cadherin, additional markers of 

neuroepithelial cells, we were not able to detect robust rosettes structures (Figure 4.5Aii). 

However, the qPCR results and the strong Pax6 and N-cadherin staining indicate we were able to 

successfully differentiate iPSCs into neuroepithelial cells in the KOALA device, though further 

optimization will be needed to differentiate these cells down the neural lineage. 

 

Cardiomyocytes are the muscle cells that make up cardiac muscle and are derived from the 

mesodermal germ layer [165]. Using a differentiation protocol developed by Lian et al. we were 

able to differentiate IMR90-4 iPSCs into cardiomyocytes cells after seven days of directed 
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differentiation in KOALA [149]. IMR90-4 iPSCs were seeded into Matrigel-coated KOALA 

channels, allowed to adhere, and then differentiated according to the established protocol. Cells 

from KOALA channels were collected at 2-, 5-, and 7-days after the start of differentiation and a 

qPCR analysis was run to measure gene expression of POU5F1, T, ISL1, and GATA4 (Figure 4.5Bi). 

During cardiomyocyte differentiation, gene expression of POU5F1 will steadily decrease, 

expression of T will initially increase significantly as the cells take on a mesoderm-like phenotype 

and then decrease as the cells differentiate further down the cardiomyocyte lineage, and 

expression of ISL1 and GATA4  will increase. As expected, gene expression of POU5F1 decreased 

by 0.53-fold after two days of differentiation and continued to decrease further, T increased 975-

fold by day two and then only by 4.27-fold by day seven, expression of ISL1 steadily increased by 

28.61-fold over seven days, and expression of GATA4 increased by 434.53-fold after two days of 

differentiation and remained steady for the next five days. On the seventh day of differentiation, 

we also fixed and immunostained cells in KOALA microchannels for Isl1 and cTnT (cardiac 

troponin-T)(Figure 4.5Bii). We observed uniform staining for both proteins which further 

suggested successful cardiomyocyte differentiation. However, cardiomyocytes in 2D cell culture 

will begin rhythmically contracting without any external signals. While we only observed two 

instances of contracting cells (Supplemental Movie), combined with the qPCR and 

immunostaining results we conclude that we were able to successfully differentiate iPSCs into 

cardiomyocytes using the KOALA platform. 

 

Lastly, the definitive endoderm gives rise to the epithelial lining of the digestive and respiratory 

tracts, and to the thyroid, thymus, lungs, liver, and pancreas [166][167]. Using a differentiation 
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protocol developed by Kunisada et al. we were able to differentiate IMR90-4 iPSCs into Definitive 

endodermal cells after seven days of directed differentiation in KOALA [150]. IMR90-4 iPSCs were 

seeded into Matrigel-coated KOALA channels, allowed to adhere, and then differentiated 

according to the established protocol. Cells from KOALA channels were collected at 2-, 5-, and 7-

days after the start of differentiation and the expression of definitive endoderm markers SOX17 

and FOXA2 as well as POU5F1 was quantified using qPCR(Figure 4.5Ci). After seven days of 

differentiation, expression of SOX17 and FOXA2 increased 403.1- and 27.5-fold respectively, 

while POU5F1 expression decreased 0.08-fold indicative of a definitive endoderm phenotype. We 

also Immunostained for Sox17 and FoxA2 and while Sox17 stained uniformly, we only found small 

patches of cells stained for FoxA2 (Figure 4.5Cii). According to the gene expression, FOXA2  was 

less upregulated than SOX17 and consequently, more time may have been needed for higher 

levels of FoxA2 protein to be translated. Also, compared to the neuroepithelial and 

cardiomyocyte differentiation protocols, the protocol followed here resulted in a much lower 

differentiation efficiency rate. Regardless, based on the high gene expression for SOX17 and 

FOXA2, we successfully differentiated iPSCs into definitive endodermal cells using KOALA. 

 

4.4 Discussion 

iPSCs are sensitive cells whose pluripotency and self-renewal are highly influenced by slight 

changes in their environment. This poses technical and economic barriers for many researchers 

or educators who lack experience and setup. KOALA is a pipette-less, self-contained cell culture 

platform that can ameliorate some of the inconsistencies in stem cell culture, provide a more 
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customizable microenvironment, and can decrease overall costs. In this paper, we described the 

optimization and characterization of iPSC cell culture in the KOALA platform. 

 

Most microfluidic cell culture devices fail to be adopted by the science community. Either their 

complexity or specific application or both limit their scalability and use by scientists. For example, 

work by Kamei et al. and Gómez-Sjöberg et al. both use intricate microfluidic designs, which 

include on- and off-chip valves and pumps, and small channel dimensions to culture stem cells 

[139][141]. While useful, their operation and fabrication require microfluidic expertise that most 

biology researchers and educators don’t have. Even more straightforward microfluidic stem cell 

culture technologies like the ones used by Giobbe et al. and Liu et al. require expensive 

syringe/peristaltic pumps to operate, essentially making these stem cell culturing platforms an 

inaccessible option for most scientists. The KOALA platform contains everything a user needs to 

culture mammalian cells except for incubators and biosafety cabinets. The mechanism for which 

the KOALA technology is based off is simple to perform and requires very little expertise. 

Moreover, the components used for KOALA are simple in design and disposable.  

 

In terms of cost, all of the KOALA components were fabricated using cheap materials.  Besides 

the KOALA base, which was comprised of an injection molded PS piece, tape, and a glass slide, 

the rest of the KOALA components (i.e., lid, cryopreservation lid, and passaging device) were 

made from micromachined PS sheets. Without factoring in reagents and labor, the cost of a single 

KOALA kit, consisting of two KOALA bases, a cryopreservation lid, a passaging device, and 20 x 

KOALA lids, would be less than $10 USD. While stem cell culture reagents are generally expensive, 
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the lower reagent volumes used in KOALA could help reduce the cost per kit. Additionally, though 

the fabrication of KOALA components outlined in this paper required nontrivial amounts of labor, 

because of the low complexity of KOALA, we have taken steps towards commercialization and 

have begun to use injection molded devices. In this paper, all of the KOALA bases, which contain 

the microchannels, were injection-molded, a step very few microfluidic devices achieve. Once 

designs are finalized for the KOALA lids, cryopreservation lids, and passaging devices, we will have 

those components injection-molded as well, which will significantly reduce the associated labor 

costs.   

 

We first optimized basic iPSC maintenance in KOALA microchannels and compared its 

performance to traditional well-plates, and found that there were no significant differences 

between the two methods in terms of cell viability, and cell density. Additionally, we noticed no 

microorganism contamination in either platform over 7 days. However, when comparing the 

number of cells expressing pluripotency markers between KOALA microchannels and well-plates, 

we noticed that the expression of these markers was higher after two days of culture in 

microchannels but then decreased by seven days, whereas the reverse was true for well-plates. 

The higher cell-to-fluid volume ratios at the micro-scale leads to a faster accumulation of secreted 

factors and could explain the higher numbers of cells expressing pluripotency markers in 

microchannels versus well-plates [161]. However, waste products and metabolites also 

accumulate faster and, when exposed to these detrimental factors for long enough, could also 

explain the decrease in pluripotency markers for iPSCs cultured in KOALA microchannels. By 

better understanding this dynamic in terms of stem cells, an improved design or protocol (e.g. 
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timing of media changes) could be implemented to help mitigate the detrimental effects 

observed here and could produce a more stable iPSC culture platform.   

 

In this paper, we introduced a new component to KOALA that facilitates cell passaging between 

two devices at a user-defined split ratio. The device operates similarly to a KOALA a lid and was 

able to passage cells with a high level of precision between technical and biological replicates. 

One challenge with the device was the lower than expected cell passaging rate. When we 

inspected the passaging device after passaging cells, we observed clumps of cells remaining in 

the wells at the ends of the cell transfer channels indicating that either there is non-laminar flow 

through portions of these wells, or that the cells are adhering to the plasma-treated surface. 

Regardless of this loss of cells, the passaging device performed consistently and future use of the 

device will use media volumes which account for these differences. Cell passaging was the last 

cell culture procedure that KOALA was not able to perform. The addition of the passaging device 

to the KOALA platform means that all of the steps involved with iPSC culture can be carried out 

within the KOALA platform. 

 

In terms of functionality, we demonstrated how KOALA can support directed differentiation of 

iPSCs down cell lineages from all three germ layers, neuroepithelium (ectoderm), cardiomyocytes 

(mesoderm), and definitive endoderm (endoderm). For all three directed differentiations, we 

were able to achieve robust gene expression of the proper lineage markers for each cell type. 

Additionally, we observed strong expression of lineage markers for all but definitive endodermal 

cells. However, even though we attained uniform immunostaining for the neuroepithelial and 
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cardiomyocyte differentiations, we failed to observe rosette-like structures or consistent 

spontaneous contractions; hallmarks for each cell type. This lack of phenotype could stem back 

from our previous point that while growth factors accumulate quicker in microdevices, so do 

metabolites, and these metabolites could be having a detrimental effect on the cells we were 

attempting to differentiate. The directed differentiation protocols used in this paper most likely 

didn’t account for issues like this. Though they worked reasonably well in KOALA, future work 

will include optimization of differentiation protocols that take into account parameters that 

affect cell culture at the microscale.  

 

Together this work demonstrates the utility of KOALA in stem cell research and opens up the 

possibility for the creation and commercialization of microfluidic stem cell differentiation kits. 

Compared to traditional stem cell culture, reagent volumes used in KOALA are significantly 

reduced, 10 µL reagent/media per microchannel versus 200 µL per well. Overall, KOALA iPSC 

differentiation kits could be a cheaper and easier alternative for researchers and educators to 

use.   

 

Future work will focus on both improving differentiation protocols and expanding the 

functionality of the device. Most differentiation protocols are optimized for use in well-plates. 

From our results, we found that these protocols don’t translate directly to microchannels, most 

likely due to the higher cell to volume ratio found in microfluidic devices. Additional work is 

needed to optimize differentiation protocols for KOALA microchannels. We have shown that 

KOALA is amenable to many endpoints such as most cell staining and imaging techniques, and 
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RNA/DNA isolation. One of the attractive applications of stem cells is their ability to be genetically 

altered and then differentiated down multiple cell lineages, allowing researchers to better model 

and study genetic diseases. Adding functionality for gene editing to KOALA could be a useful 

function for it to have. 
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Chapter 5: Concluding Remarks and Future Work 
 
Concluding Remarks and Future Work 

This document focuses on the development of microscale organotypic models to interrogate co-

culture effects during neutrophil trafficking, in particular neutrophil-endothelial and neutrophil-

macrophage interactions during the onset and resolution phases of inflammation, neutrophil-

lymphatic trafficking, as well as the development and design of a microscale iPSC culture and 

differentiation platform. The introduction (Chapter 1), describes the importance of 

understanding inflammation better and highlights areas of neutrophil biology that are 

understudied using human cells. This chapter also describes current issues with iPSC culture and 

differentiation platforms. Chapter 1 ends by suggesting that neutrophil trafficking and stem cell 

culture are two areas of research which could benefit from using microscale and/or organotypic 

in vitro models.  

 

In Chapter 2, the development and characterization of a new microscale technology, termed 

LENS, is presented and is used to study endothelial priming of neutrophils. The focus of this 

chapter is to both emphasize the spatiotemporal control imparted by LENS, and to study the 

functional and phenotypic effects of neutrophil priming in human cells. In this chapter, it was 

demonstrated that neutrophil migration assays can be conducted in LENS, and that the 

technology could separate neutrophils based on their chemotactic ability, i.e. fast, slow, and non-

migratory cells. LENS was then used to study the effects neutrophil-endothelial interactions have 

on neutrophil ROS production and chemotaxis to IL-8, concluding that neutrophil TEM is critical 
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for both functions, not just co-culture with endothelial cells. Furthermore, upregulation of genes 

associated with ROS production and cell adhesion were associated with neutrophil TEM. 

 

In Chapter 3 a tissue model of infection was presented consisting of blood and lymphatic 

endothelia. This model was composed entirely of human primary cells and was used to 

investigate neutrophil trafficking to the lymphatics during P. aeruginosa infection. This chapter 

first revealed that lymphatic endothelial cells secreted factors that acted to increase neutrophil 

recruitment. Screening for cytokines and neutrophil chemokines, we found that Follistatin and 

Activin A were heavily secreted during infection and that they were primarily secreted by 

lymphatic endothelial cells, previously unknown. Next we showed that Activin A inhibited 

neutrophil chemotaxis to P. aeruginosa and that Follistatin neutralized Activin A’s inhibition. 

Lastly, we demonstrated that the ratio of secreted Follistatin to Activin A significantly affected 

neutrophil chemotaxis in our model, suggesting a central role for Follistatin and Activin A for 

regulating neutrophil recruitment to the lymphatics during bacterial infection.  

 

Lastly, in Chapter 4 the development and characterization of a human iPSC culture and 

differentiation platform is presented. The platform, based on the KOALA technology, is shown to 

be able to culture human iPSCs for at least seven days with comparable levels of pluripotency 

than to iPSCs cultured using a traditional well-plate. Another component to the KOALA 

technology, a pipetteless device for passaging cells between KOALA microchannels is described 

and shown to be capable of splitting iPSC at different ratios into new KOALA microchannels. In 

the last part of the Chapter 4, iPSCs are differentiated into neuroepithelial cells, definitive 
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endoderm cells, and cardiomyocytes using KOALA. This work demonstrates the utility of 

microscale iPSC culture platforms and opens up possibilities for expansion of KOALA’s 

capabilities. 

 

5.1 Neutrophil-macrophage interactions coordinate reverse migration 

 
At the end of Chapter 2, preliminary work on modelling neutrophil RM was presented, 

demonstrating the heterogenous effects that macrophage polarity has on neutrophil chemotaxis 

in a 3D microscale model. M1 macrophages were shown to induce robust chemoattraction, 

whereas M2 macrophages were able stimulate neutrophils to migrate away from them. 

Furthermore, when an endothelium was placed distally from the neutrophils and macrophages, 

significantly more neutrophils migrated directionally towards the endothelium when the 

macrophages exhibited M2 polarity compared to an M1 state. From these results, our hypothesis 

that macrophage-neutrophil interactions coordinate neutrophil RM seems to hold true, however 

further experimentation needs to be done to confirm this. Firstly, the number of reverse 

migratory neutrophils increased when an endothelium was added to the system suggesting that 

neutrophil RM is not only dependent on neutrophil-macrophage interactions, but instead on 

neutrophil-macrophage-endothelial interactions. Secondly, now that we’ve shown our model 

can recapitulate neutrophil RM, future work will need to begin exploring the mechanism of how 

these cell-cell interactions direct RM, focusing on screening for secreted factors, and also looking 

at the impact  juxtracrine signaling has on this process. 
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5.2 Evaluation of the role the Fol/Act axis plays in immune 

surveillance evasion in breast cancer. 
 

At the end of Chapter 3, preliminary work on investigating Follistatin and Activin A’s role in 

immune surveillance evasion by breast cancer was presented. We first screened for differences 

in secreted factors of interest between normal breast endothelial cell (BMEC)  vessels and tumor 

associated endothelial cell (BTEC) vessels and found that IL-8, Follistatin, and Activin A were 

differentially expressed. We then found that, even though tumor-associated endotheliums are 

known to be leakier, more neutrophils migrated out of BMEC lumens compared to BTEC lumens 

in response to an IL-8 gradient. However, blocking Activin A signaling significantly increased the 

number of migratory neutrophils in both cases suggesting a possible role for the 

Follistatin/Activin axis in regulating leukocyte trafficking to tumors. 

 

In the future we are considering investigating the dual nature of Activin signaling with regards to 

breast cancer in that it, according to our initial experiments, helps the tumor evade immune 

surveillance and, according to previous reports, is pro-metastatic. This could be accomplished in 

two parts. The first would entail completing the research into how Activin A, secreted by BTECs, 

influences neutrophil TEM. It would be interesting to include a tumor spheroid in this model, 

instead of an IL-8 gradient, to make these experiments more relevant. It would also be curious 

to explore how Activin signaling in this model impacts trafficking of other leukocytes, particularly 

NK cells and T cells. The second part would involve figuring out to what degree Activin signaling 

induces breast cancer metastasis.  
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Appendix A: T Cell Lymphatic Trafficking 

T Cell-Lymphatic Trafficking 

Fluidic flow is an essential feature to human biology. Food and water flow through the digestive 

system, urine and reproductive materials are excreted out of the urogenital system, and mucus 

is whisked out of the respiratory system. However, flow is most commonly associated with the 

circulatory system. Blood flows throughout the body delivering nutrients, oxygen, and cells, and 

removes metabolites and waste from tissue. Besides transporting molecules and cells, flow 

within the circulatory system serves other important biological functions. First, flow is necessary 

for proper endothelial function and phenotype. It has been shown that endothelial cells exposed 

to shear stress are better aligned, have tighter cellular junctions, present different amounts of 

cell surface receptors on their luminal surface, and have altered secretion profiles to endothelial 

cells that were not exposed to fluidic shear [168][169]. Secondly, flow is necessary for proper 

immune cell trafficking. As immune cells are transported throughout the body they constantly 

come into contact with the vessel wall. Mediated by selectin-carbohydrate interactions, and 

integrins, leukocytes begin rolling along the apical side of the lumen and eventually firmly adhere. 

Fluidic shear reinforces these “catch bonds” and have been hypothesized as a means to 

spatiotemporally regulate leukocyte trafficking and  inhibit unnecessary cell clumping and 

prevent arrest in low-flow areas, such as capillaries [170]. In order to properly study the 

importance of cell surface receptors in the circulatory system, fluidic shear must be incorporated.  
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T cell migration within and between peripheral tissues and the lymphatics is essential for proper 

functioning of the adaptive immune system [171]. The cellular and molecular mechanisms of T 

cell migration out of blood vessels is largely well characterized [112]. By contrast, less is known 

about T cell trafficking through the lymphatics. T cells leave the lymphatics via efferent vessels to 

return to blood circulation or through extravasation into peripheral tissue. One of the main 

reasons we know so little about T cell trans-lymphatic migration (TLM) is the due to the lack of 

microscale organotypic models of lymphatic vessels which incorporate hydrodynamic flow.  

 

To study T cell TLM, and the surface receptors involved in orchestrating this event, we developed 

a lymphatic endothelial model which integrates gravity driven flow, called the FLumen platform. 

The micro-molded PDMS portion of the device consists of a LumeNext hydrogel chamber, a fluidic 

resistor in between the inlet port and the lumen chamber, and an outlet port which is only 

accessible from the bottom of the device (Figure A.1A). Additionally, the FLumen device has a 35 

mm petri dish whose bottom surface has a thin layer of PDMS spun onto it, and a small 5 mm 

hole drilled into the center of it. The PDMS lumen portion is oxygen plasma bonded to the petri 

dish so that the outlet port of the lumen aligns with the hole in the bottom of the dish. This forms 

a continuous fluidic channel from the inside of the petri dish, into the inlet port, through the 

fluidic resistor, through the hydrogel lumen, out through the outlet port, and out through the 

bottom of the petri dish. To establish flow through the device, all one has to do is fabricate a 

hydrogel lumen, and then fill the petri dish with media (Figure A.1B,C). The length of the fluidic 

resistor, and the amount of media added to the petri dish control the overall flow rate (Figure 
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A.1D). To attain physiological flow rates and fluidic shear consistent with the lymphatics, we 

opted for a fluidic resistor of 35 mm in length and a fluid column height of 10 mm. 

 

 

Figure A.1: Diagram of FLumen device – A) Schematic of the FLumen device. B) Side view 

diagraming the path of fluidic flow through the FLumen device. C) Top-down image of a FLumen 

device with blue, then red dyed solution flowing through the device. D) Mathematical model 

showing the flow rate of water through FLumen devices with different resistor lengths and 

pressure head heights. 

 



 110 

 
 

Figure A.2: Initial characterization of FLumen device with microbeads and neutrophils – A) 

Results of the number of microbeads or neutrophils adhered to the endothelial surface post 

wash. B) Image of neutrophils (green) adhered to endothelium, post wash. C) Adhered 

neutrophils (green) undergoing TEM in response to a perpendicular IL-8 gradient (red). 

 
Though studying T cell-lymphatic interactions was the goal of the FLumen device, we did most of 

the characterization work using HUVEC lumens and either 20 µm polystyrene beads, or 

neutrophils (Figure A.2A). In our initial characterization of the device, we found that the flow rate 

was sufficient to allow neutrophils to roll and tightly adhere to the endothelial vessel, as well as 

wash away neutrophils that were not tightly bound (Figure A.2B). Furthermore, the device 

allowed for enough sensitivity for us to quantify the differences in neutrophil adhesion between 

an activated endothelium, and a non-activated one (Figure A.2A). Lastly, to test if we could model 

TEM, the next step in immune cell trafficking, we added neutrophils to a FLumen device, allowed 

them to tightly adhere to the endothelial lumen, washed away the non-adherent cells, removed 

the media from the 35 mm petri dish, stopping the flow, and then added IL-8 to one of the gel 
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loading ports. This established a gradient across the lumen towards which neutrophils migrated 

down, indicating we could model TEM, TLM (Figure A.2C). 

 

 

Figure A.3: T cell-lymphatic adhesion studies in FLumen device – A) Measured velocity of rolling 

T cells in HLEC lumens unstimulated, or stimulated with TNFa. B) Average number of adhered 

naïve or activated T Cells, post wash, to HLEC lumens stimulated with TNFa or unstimulated. C) 

Average number of adhered T Cells, post wash, to HLEC lumens stimulated with TNFa, and 

blocked with a control antibody or anti-ICAM antibody. * = p < 0.05. 

 

Our modelling of T cell TLM in the FLumen platform began with analyzing T Cell rolling. In FLumen 

devices containing HLEC lumens, we perfused TNFa containing media, or just media through the 

lumens for 24 hours and then added calcein-AM stained T cells. We then captured T cell rolling 

using fluorescent microscopy and analyzed the average T cell rolling velocity for each condition. 

In the unstimulated vessels we observed an average rolling velocity of 62 µm/s, whereas in the 
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TNFa-stimulated vessel, the average rolling velocity was 14 µm/s (Figure A.3A). The significant 

reduction in average rolling velocity suggests there is increased presentation of adhesion 

molecules in the HLEC vessel after TNFa stimulation and that we can quantify the difference using 

FLumen. Next, we modelled the next step in T cell TLM, firm adhesion. Using unstimulated, and 

TNFa-stimulated HLEC vessel in FLumen devices, we flowed calcein-AM stained naïve and 

activated T cells through the device and then added equal washing volumes through all lumen 

conditions. We then quantified the number of adhered T cells using fluorescent microscopy and 

found significant differences in the number of firmly adhered T cells between the unstimulated 

and TNFa-stimulated vessels, but no significant differences in firm adhesion between the naïve 

and activated T cells (Figure A.3B). This results suggests that the activation state of T cells matters 

less to firm adhesion than the activation state of the HLEC vessel. Next, we ran ICAM blocking 

experiment to try to begin to determine the adhesion receptors needed for T cell adhesion during 

TLM. In TNFa-stimulated vessels in FLumen devices, we added either an anti-ICAM blocking 

antibody or an isotype control antibody and allowed the antibodies to bind for 12 hours. After 

incubation with the antibodies, we washed away unbound antibody and added naïve calcein-AM 

stained T cells to the lumens followed by a wash volume. We then quantified the number of 

adhered T cells using fluorescent microscopy and measured a significant reduction in firmly 

adhered T cells in the ICAM-blocked condition compared to the isotype control (Figure A.3C). This 

result implies ICAM is involved in T cell firm adhesion during T cell TLM. 

 

During this project we developed an easy to use organotypic lumen model with gravity-driven 

flow called FLumen. The technology, requires no pump, is easy to add cells and reagents to, and 
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was shown here to be cable of studying immune cell-endothelial trafficking. The purpose of 

developing FLumen was to find a way to identify and study adhesion proteins located on the 

apical surface of lymphatic vessels involved in T cell TLM. While we were able to successfully 

measure the impact activation status of both the lymphatic endothelium and the T cells had on 

TLM, and while we were able to identify ICAM as an adhesion protein involved in T cell TLM, there 

are still a lot of experiments and proteins to target with experiments like the ones outlined above. 

Future work will first involve characterizing adhesion proteins involved in rolling adhesion and 

firm adhesion, and then will continue on to the study of T cell TLM and chemotaxis.  
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Appendix B: High-throughput, Automated Lumen Model 

High-throughput, Automated Lumen Model 

The biggest limitation facing the widespread adoption of microscale organotypic models by 

researchers, drug companies, and hospitals is the lack of throughput. Current issues which limit 

the throughput of organotypic models include complicated designs which are hard to fabricate 

and manufacture, designs which require significant experience and time to operate, or models 

whose endpoints are limited. As we continue to encounter shortfalls with animal and 2D models, 

the need for high-throughput organotypic models increases. Here I developed a high-throughput 

organotypic lumen model adaptable to liquid handling robots and capable of automated 

hydrogel lumen fabrication, cell seeding, and media exchanges with minimal manual 

manipulation.  

 

This technology, termed the high-throughput lumen (HTL) device, is composed of a milled 1536-

well plate with metal rods inserted into the side of the plate (Figure B.1A,B). The milled features 

consist of narrow rectangle openings, machined into the sidewalls of the 1536-well plate (Figure 

B.1A). These rectangular openings extend from the top of the plate to 100 µm from the bottom 

of the well, and are milled into the well dividers which make up the plate’s columns, allowing for 

a rod to be inserted into the side of the 1536-well plate and extend the entire length of the 

column of wells through the milled openings (Figure B.1B). To hold the metal rods in place during 

lumen fabrication, neodymian magnets are adhered to the bottom surface of the 1536-well plate 

(Figure B.1C). Once assembled, the HTL device can be inserted into a liquid handling robot such 
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as the Formulatrix Tempest, and hydrogel can be automatically added to the appropriate wells. 

Though there are openings connecting all the wells in a column, the dimensions of these openings 

are small enough to fluidically “pin” liquid within whatever well it is added to. Although, if two 

adjacent wells have liquid added, a fluidic connection will form between them, hence why 

sacrificial rows of empty wells are used to separate single lumen devices within a column, forming 

an air gap (Figure B.1D). After the hydrogel is added and allowed to polymerize, cell media can 

then be added to the two wells adjacent to the hydrogel-well, and the metal rods can be manually 

removed from the device with a single pulling motion, forming the hydrogel lumen structure 

(Figure B.1D). Cells, media, or reagents can then be added, via robot, into the lumens (Figure 

B.2A).  
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Figure B.1: HTL model diagram – A) 3D model of milled features and rod placement (red). B) Top 

view of 1536-well HTL plate with 250 µm rods inserted. C) Bottom view of 1536-well HTL plate 

with rods inserted and neodymian magnets to keep the metal rods in place during lumen 

fabrication. D) (Left) Top view of 1536-well HTL plate with fabricated hydrogel lumens. (Right) 

Magnified view of individual lumen components which consist of five wells: a single well for the 

hydrogel lumen, two media inlet/outlet wells on both sides of the lumen well, and two air-gap 

wells separating the row of lumens from the adjacent rows.  

 
High-throughput, single lumen modules are the main focus of the HTL device; however, other 

lumen-based setups can be fabricated using the HTL technology. Perpendicular lumen setups are 

possible within the HTL device which consist of two single lumen units, perpendicular to each 

other on different planes in the Z-axis (Figure B.2B). Though this setup does require a larger 

footprint, and thus has a lower throughput than single lumen setups. Another element which can 

be engineered into the HTL device is a gradient generating well. This component consists of a 

single lumen module with an addition slot milled into the side wall of the hydrogel compartment. 

A lumen can be fabricated as previously described, and then reagent can be added to the side 

well, fluidically connecting the reagent and the hydrogel, and allowing a gradient to form across 

the lumen. Experiments using 10 kDa FITC-dextran were used to initially test this setup (Figure 

B.2C). We found that this stable produced relatively stable, short term gradients across the lumen 

chamber.  
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Figure B.2: HTL device capabilities – A) Close-up image of hydrogel lumens filled with a blue dye 

solution. B) Image of perpendicular lumens filled with either blue or red dye solutions. C) Images 

of 10 kDa dextran-Texas red diffusion from an adjacent well, into a hydrogel/lumen well at zero 

hours (top) and three hours (bottom). D) HUVEC lumens stained with calcein-AM in liquid-

handling robot-fabricated collagen lumens.  
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Figure B.3: Neutrophil TEM in HTL device – Neutrophil (green) TEM migration from HUVEC 

lumens (Red) in conditions with (bottom) or without (top) exogenous TNFa at 0-hours (Left) and 

15-hours (middle). Cell migration was tracked using Trackmate (Right). 

 

The intended purpose of the HTL device was to create a high-throughput system for making 

endothelial vessels for studying immune cell trafficking. In order to begin this research, we first 

established protocols for generating HUVEC lumens in an automated fashion. Using a Formulatrix 

Tempest liquid handling robot, we were able to generate HUVEC lumens with a ~92% success 

rate (Figure B.2D). To test if we could perform neutrophil trafficking experiments in the device, 

we manually added TNFa, a known neutrophil chemokine, and calcein-AM stained neutrophils 
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to HUVEC lumens and analyzed their TEM and migration (Figure B.3). As expected, we observed 

limited TEM in the no-TNFa, and robust neutrophil TEM in the TNFa condition, meaning the HTL 

platform is amenable to studying immune cell trafficking. We also wanted to use the HTL device 

to study endothelial vessel biology. One of the main characteristics we assay for when studying 

endothelial vessels is vessel permeability. To see if the if the HTL device could be used to measure 

vessel permeability we treated HUVEC vessels with TNFa, an acute phase protein, for 24 hours 

and then conducted a 10 kDa FITC-dextran diffusion experiment (Figure B.4). In the untreated 

vessels, we saw insignificant vessel permeability, whereas in the TNFa-treated vessels, we 

observed significant diffusion of the FITC-dextran indicating decreased barrier function, which 

was to be expected. This result indicates we are able to use the HTL device to study aspects of 

endothelial vessel biology. 

 
 

Figure B.4: Assaying vessel permeability in HTL device – 10 kDa dextran diffusion (red) from 

HUVEC lumens in conditions with (bottom) or without (top) exogenous TNFa at 0-hours (Left) 
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and 15-hours (middle). Average fluorescent intensity was measured as a function of position on 

the x-axis. (Right) 

 

Neutrophil trafficking and vessel barrier function are just two of the potential applications for the 

HTL device. While one could use the HTL device to conduct a multitude of different assays for 

both of these subjects, the high-throughput and automated nature with which one can fabricate 

epithelial lumens opens up the possibility to conduct large drug screens in a physiologically 

relevant way. Either for drug discovery of personalized medicine, the HTL device is an exciting 

advance for high-throughput organotypic models. 
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Appendix C: Tumor Slice Model and NK Cell Exhaustion 

Tumor Slice Model and NK Cell Exhaustion 

Solid tumors are highly heterogenous and plastic systems [172][173][174]. As solid tumors grow, 

the accelerated tumor metabolism, combined with an insufficient blood supply to support this 

uncontrolled metabolism, lead to nutrient exhaustion in the tumor microenvironment 

[175][176][177]. Simultaneously, cellular waste products accumulate in the innermost regions of 

the tumor. In this context, one of the main waste products is lactic acid, which also causes a pH 

drop at the core of the tumor [178][179]. Taken together, this evidence illustrates how tumor 

cells generate an extremely harsh microenvironment characterized by gradients of nutrient 

exhaustion, waste product accumulation, and pH across the solid tumor mass [180][181]. Thus, 

tumor cells located nearby blood vessels have enough nutrients to keep growing, forming a 

proliferative outer perimeter. Conversely, those cells located in the innermost region die of 

nutrient starvation, generating a necrotic core in the center of the tumor [182]. However, those 

cells located between the proliferative rim and the necrotic core play a critical role in tumor 

development. In this intermediate layer, tumor cells grow in an environment characterized by 

This chapter has been adapted from the manuscript published in Lab on a Chip in 2019 “Tumor-on 
a chip: a microfluidic model to study cell response to environmental gradienst.” Jose M. Ayuso, 
Maria Virumbrales-Munoz, Patrick H. McMinn, Shujah Rehman, Ismael Gomez, Mohammad R. 
Karim, Regan Trusttchel, Kari B. Wisinski, David J. Beebe, and Melissa C. Skala. 
 
And the paper submitted to Nature Biomedical Engineering in 2020 “Microfluidic tumor on a chip 
model to evaluate the role of environmental pressure on NK cell exhaustion.” Jose M Ayuso, Shujah 
Rehman, Maria Virumbrales-Munoz, Patrick H McMinn, Peter Geiger, Cate Fitzgerald, Tiffany 
Heaster, Melissa C Skala, and David J Beebe 
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moderate starvation, hypoxia and acidic pH.9 Interestingly, there are still some nutrients present, 

as well as metabolic intermediates, that were not consumed by the proliferative cells at the outer 

perimeter. Under these circumstances, tumor cells in the intermediate layer adapt their 

metabolic program to survive within the surrounding harsh microenvironment [183]. Cancer cells 

decrease or even completely stop their proliferation rate to minimize nutrient consumption, 

leading to a population of quiescent tumor cells. These quiescent cells activate alternative 

metabolic pathways and different survival responses (e.g., apoptosis resistance, starvation-

induced DNA protection) [184][185][186][187]. Quiescent tumor cells can negatively influence 

patient outcome because they evade most chemotherapy agents (e.g., doxorubicin, paclitaxel, 

cisplatin), which only target proliferating cells, usually located at the rim of the tumor. In order 

to find effective therapies capable of targeting these heterogeneous cell populations in the solid 

tumor, in vitro models need to recapitulate the metabolic heterogeneity of the solid tumor 

microenvironment. Additionally, in order to analyze the effects different therapies have on 

different regions of the solid tumor, being able to selectively retrieve cells from different 

locations of a spheroid (e.g., proliferating periphery vs. quiescent layer) for downstream analysis 

is necessary.  

 

Solid tumors also generate a suppressive environment that imposes an overwhelming burden on 

the immune system [188][189]. Nutrient depletion, waste product accumulation, hypoxia, and 

pH acidification severely compromise the capacity of effector immune cells such as T and NK cells 

to destroy cancer cells [190][191][192]. However, the specific molecular mechanisms driving 

immune suppression, as well as the capacity of immune cells to adapt to the suppressive 
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environment, are not completely understood. Therefore, here we developed a microfluidic 

tumor slice model that mimics the nutrient starvation and pH gradients, while allowing for 

selective retrieval of the cells for downstream analysis. We then used this in vitro tumor-on-a-

chip platform to evaluate how NK cells respond to the tumor-induced suppressive environment. 

 

During tumor development, cancer cell metabolism generates a complex microenvironment 

characterized by nutrient starvation, waste product accumulation and pH gradients. The 

combination of these environmental factors lead to the formation of different phenotypes across 

the tumor mass (Figure C.1A). A microfluidic tumor-on-a-chip model was fabricated to mimic this 

environment. The microdevice comprised a rectangular microchamber with a PDMS rod in one 

of the sides to generate a lumen perfused with culture medium (Figure C.1A,B). HCT-116 colon 

cancer cells were mixed with the collagen solution and injected into the microchamber through 

the hydrogel loading port. After collagen polymerization, the PDMS rod was removed, generating 

a lumen to perfuse culture medium. Given the large dimensions of the chamber (15 mm L × 10 

mm W), two series of parallel small ports were included on the upper half of the microdevice on 

both sides of the lumen (Figure C.1A-C). In the absence of these ports and culture medium flow, 

nutrient diffusion from the hydrogel loading ports did not suffice to maintain the cells alive, 

leading to cell death across all the chamber. Diffusion ports ensured that nutrients diffused 

homogenously across the chamber, keeping those cells next to the lumen alive (Figure C.1C,D). 

Additionally, this approach avoided the use of external pumps to flow culture medium through 

the lumen, making the design more accessible to potential users.  
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Due to the dimensions of the device, and the rates of diffusion from the lumen being fixed, the 

easiest option to control the sizes of the proliferative, quiescent, and necrotic regions within the 

device was to evaluated the cell density required to stress the cells while keeping most of them 

alive. When cultured at 15 million cells per ml, HCT-116 cells generated a large necrotic region in 

the middle of the chamber with a well-defined live-dead transition zone (Figure C.1E). This result 

confirmed that a necrotic region could be generated in the microdevice. However, the necrotic 

region occupied a large area of the microdevice (>50%), limiting the area to ex- tract viable cells. 

Thus, the cell density was reduced by half in order to decrease cell mortality and increase the 

area of the chamber with live cells. When cultured at 7.5 million cells per ml, the necrotic region 

generated was smaller (<25%) and it almost disappeared at 5 million cells per ml, generating only 

a minor necrosis (<5%) (Figure C.1F).  

 

One of the primary reasons for making the microchamber so large, comparatively, was to allow 

the user to separate the two halves of the PDMS microdevice, exposing the hydrogel, and be able 

to use a biopsy punch to retrieve cells after experiments for downstream analysis (Figure C.1G). 

We needed to ensure that the proliferative, quiescent, and necrotic regions were large enough 

to allow for a sufficient number of cells to be captured for qPCR analysis. The dimensions were 

also chosen to give the user room for error when acquiring samples. 
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Figure C.1: Microdevice design and operation - A) Schematic representation of the different 

tumor phenotypes generated in a solid tumor due to nutrient starvation. B) Picture of the 

microdevice filled with a blue-colored 4mg/mL collagen-I gel and red-colored water in the lumen. 

C) Picture of the microdevice after 24 hours, showing diffusion of red-dyed water from the lumen. 

D) Quantification of 10 kDa FITC-dextran diffusion through device over two hours. E) HCT-116 at 

15 million cells per ml. After 24 hours cell viability was evaluated staining viable and dead cells in 

green (calcein-AM) and red (propidium Iodide) respectively. The confocal image showed the 

formation of a large necrotic region with a dense necrotic area in the middle of the chamber. 

White dashed line indicates the lumen position. F) HCT-116 cells at 7.5 million cells per ml. The 

results showed the generation of a smaller necrotic region. G) Scheme illustrating the protocol 

to retrieve the cells from the device. Both halves are disassembled, exposing the collagen 

hydrogel and then hydrogel punches are isolated using a biopsy puncher.  

 

Solid tumors generate a harsh microenvironment where environmental factors such as nutrient 

depletion, acidic pH, or waste product accumulation might affect the immune response (Figure 

C.2A). To study how the tumor microenvironment affects NK cell response and exhaustion, we 

used the tumor-on-a-chip microfluidic model consisting of a central microchamber seeded with 

breast cancer cells (i.e., MCF7) with/without NK cells (i.e., NK-92) embedded in a collagen 

hydrogel. After collagen polymerization, a PDMS rod located in the chamber flank was removed 

to generate a lumen through the collagen hydrogel. Then, the lumen was lined with endothelial 

cells (i.e. HUVECs) and perfused with culture media to generate a blood vessel surrogate that 

nourished the cells. 
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With this setup, we evaluated how NK cells respond to the tumor-induced suppressive 

environment. The results demonstrated that the suppressive environment created by the tumor 

gradually eroded NK cell cytotoxic capacity, leading to compromised NK cell surveillance and 

tumor tolerance (data not shown). Next, we studied whether NK cells, after removing them from 

the tumor-on-a-chip platform, would return to their naïve phenotype. In this context, NK cells 

exposed to the tumor-on-a-chip exhibited limited capacity to recover from this environmental 

pressure and markers of immune exhaustion persisted. These exposed NK cells also showed 

decreased migration and cytotoxic capacity, highlighting the impact, and potentially long-lasting 

effects of the tumor microenvironment on immune cells (data not shown). 

 

To evaluate the potential of the platform to study tumor immunotherapy, we used NK-92 cells, 

which are known for retaining killing capacity both in vitro and in vivo and have been extensively 

tested in clinical trials. NK-92 cells were perfused through the blood vessel surrogate to evaluate 

their migration through the collagen hydrogel (Figure C.2C,D). NK-92 cells penetrated through 

the collagen hydrogel and after 3 days, NK-92 cells were observed in the distal area interacting 

with MCF7 cells (Figure C.2E-G). However, NK cell density across the chamber was not 

homogenous, generating a gradient of NK cell density with most of the NK-92 cells concentrated 

in the proximal area and rapidly decreasing below 50% density at 2 mm (Figure C.2H). 

 

In summary, we developed and characterized a tumor slice model that was able to recapitulate 

the complex nutrient, waste product, and pH gradients observed within solid tumors. With the 

correct density of tumor cells, we observed the formation of proliferative, quiescent and necrotic 
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regions within the device. Cells isolated from these different regions produced significantly 

different transcriptional profiles (data not shown) indicating the presence of a spectrum of 

phenotypically different tumor cells within the same solid tumor. We then used this model to 

study NK cell behavior within solid tumors and identified exhausted NK cell populations which 

did not recover after removal from the tumor. We also tested the efficacy of NK-92 cells as 

immunotherapy agent and found that while the NK-92 cells displayed poor TEM, their tumor-

killing ability was robust (data not shown). Future work with the tumor-slice device will continue 

to explore and study immunotherapies towards solid tumors. 
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Figure C.2: Tumor-on-a-chip. A) Schematic representation of the different tumor phenotypes 

generated in a solid tumor due to nutrient starvation. B) Schematic representation of an 

experiment measuring immune exhaustion. NK cells and MCF7 cells were cocultured in a 1:3 ratio 

(0.5 million cells/ 1 ml: 1.5 million cells/ 1 ml) for 7 days. After 7 days, the NK cells were isolated 

and gene expression and other characteristics were measured. C) Scheme of the tumor slice 

microdevice showing the central microchamber with endothelial cells surrounding the lumen, NK 

cells embedded in the lumen, and tumor cells embedded in the central collagen chamber.  D) 

Confocal image showing the dispersal of cells in the tumor-on-chip device. MCF7’s (in red) are 
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embedded in the collagen gel, while NK-92 cells (in blue) and HUVEC cells (in green) are 

embedded in the lumen. E) This confocal image shows NK-92 cells (in blue) migrating across the 

chamber and MCF7 cells (in red). F) Confocal image representing a NK-92 engaging with an MCF7. 

G) This confocal image highlights the profusement of NK cells out of the lumen and into the 

chamber. H) Quantification of NK92 migration across the x-axis measured by NK cell fluorescence. 
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