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Abstract 
 

Determining fate of aquatic herbicides by quantifying environmentally relevant degradation pathways in 

whole-lake treatments 

 
By  

 
Amber Marie White 

 
Doctor of Philosophy- Environmental Chemistry and Technology Program 

 
University of Wisconsin-Madison 

Associate Professor Christina K. Remucal 

Professor Katherine D. McMahon 

 
The environmental fate and persistence of polar organic compounds, such as pesticides and 

personal care products, is driven by the sum of all transformation and physical transport processes 

that act upon them. Aquatic herbicides, a class of polar organic compounds, are commonly used 

in lakes, rivers, and reservoirs for the control of invasive and nuisance plants. Here, field and 

laboratory experiments are combined to quantify the degradation and identify the dominant 

environmental transformation pathways of three aquatic herbicides: 2,4-dichlorophenoxyacetic 

acid (2,4-D), florpyrauxifen-benzyl (FPB), and fluridone. Laboratory experiments quantify 

photodegradation, biodegradation, sorption, and hydrolysis under isolated conditions. Lab 

experiments are combined with mass balance modeling and transformation product tracking across 

the laboratory and field data to draw conclusions about specific chemical fate processes and to 

identify strategies for translating laboratory transformation studies to environmental systems.  

Irradiation studies show that 2,4-D, FPB, and fluridone all undergo direct 

photodegradation. However, modeling efforts demonstrate that this process is negligible for 2,4-
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D under environmental conditions. Biodegradation microcosms constructed using field inocula 

show that sediment microbial communities are responsible for degradation of 2,4-D in lakes, but 

fluridone is very resistant to biodegradation. Additional abiotic transformation experiments found 

that FPB is hydrolyzed to an initial product, florpyrauxifen, which is then biodegraded in the water-

sediment microcosms. Attempts to quantify gene copies of the tfdA gene, which is responsible for 

the degradation of 2,4-D, failed in field and lab experiments. Further investigation in silico found 

established primers amplified under 5% of putative degrader sequences but 100% of 

experimentally verified degraders when allowing for three or one mismatches, respectively, 

between template and primer sequences.  

These results show how the combination of field and laboratory studies can be used to 

determine a full environmental transformation pathway, identify physical lake processes that may 

impact chemical fate, and screen for transformation products that warrant further investigation. 

Our work demonstrates how laboratory experiments can fall short when describing environmental 

fate, typically due to inaccurately replicating environmental conditions. Finally, this mechanistic 

understanding of aquatic herbicide fate also helps resource managers make decisions about 

herbicide use, concentration, and potential risks associated with treatment. 
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Chapter 1 
 

 
Introduction 
 
1.1 Motivation 

This dissertation investigates the fate and transport of three aquatic herbicides, 2,4-

dichlorophenoxyacetic acid (2,4-D), florpyrauxifen-benzyl (FPB), and fluridone, and how they 

can be used as tools to connect laboratory transformation experiments to actual environmental fate. 

Aquatic herbicides are used frequently across the United States to treat invasive and nuisance 

plants in lakes, rivers, and reservoirs to maintain their recreational, navigational, and aesthetic 

properties. The planned applications, precise dosing, and extended exposure times make aquatic 

herbicides an excellent tool to study the relationship between laboratory studies and environmental 

fate, especially because aquatic systems are complex environments with competing transformation 

mechanisms. Additionally, a rise in herbicide tolerance to canonical aquatic herbicides requires a 

mechanistic understanding of the processes that contribute to transformation to support responsible 

herbicide use.  

 

1.2 Aquatic Herbicides 

Aquatic herbicides are used ubiquitously across the United States for the control of invasive 

and nuisance plants in lakes, rivers, and reservoirs.1–3 Invasive plants are of particular concern 

because of their ability to negatively impact native communities,4–7 decrease home and property 

values,8–10 and impede recreational use of the lake,11 costing millions of dollars of “benefit” to the 

waterbody and surrounding property.12–14 Aquatic herbicides are used to treat several different 
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plants,15 including the invasive Eurasian watermilfoil (Myriophyllum spicatum; EWM; Figure 

1.1),16–20 and Hydrilla (Hydrilla verticillate).21,22  While treatment methods include biological 

control like weevil release23 and physical hand pulling,15 herbicide treatment is often preferred 

because of its effectiveness at long term control.18,24–26 Herbicides can also be selective based on 

the mechanism of action and timing of herbicide application to target pests. 15,27 

The State of Wisconsin collectively spends approximately $9.3 million on management of 

invasive and nuisance plants annually, which includes homeowner, state, county, and local 

government contributions, demonstrating the widespread engagement of stakeholders in nuisance 

plant management. 15 EWM is present in 911 lakes and rivers across the State of Wisconsin,28 

abatement of which accounted for 81% of herbicide treatment permit requests in the 2015-2016 

application cycle.15 

 

 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 1.1. Invasive Eurasian watermilfoil matted on surface of South Twin Lake. Picture taken 
by Amber White in August 2019. 
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1.3 Herbicide Mode of Action 

There are several different herbicides approved for aquatic use in the United States. 

Broadly, herbicides can be categorized as systemic or contact. Systemic herbicides are taken up 

through leaves or roots and translocated to the site of toxicity within a plant. In contrast, contact 

herbicides act on the part of the plant they physically touch.15,27,29 Herbicides can be further 

classified into categories beyond contact or systemic based on their mode of action within the 

plant. Currently, there are 34 recognized groups of herbicide modes of action; this dissertation will 

focus on Group 4 (Auxin Mimics) and Group 12 (Inhibition of Phytoene Desaturase).30–32 Group 

4 herbicides, such as 2,4-D, florpyrauxifen-benzyl, florpyrauxifen, and halauxifen work by 

stimulating rapid growth in the plant that is not supported by the available nutrients, causing leaves 

and stems to disintegrate.27,30,31,33 Group 12 herbicides, such as fluridone, work by disrupting the 

formation of molecules that protect chlorophyll from UV light, bleaching the chloroplasts and 

disrupting photosynthesis.15,34,35 In order for any chemical treatment to be effective, the herbicide 

must meet certain concentration (i.e., contact) exposure time minimums. This exposure is 

determined by the specific herbicide, mechanism of action, and plant of concern.17,20,21,36–38 

 
1.4 Herbicide Tolerance and Resistance 

The repeated and prevalent use of herbicides has led to a resistance or tolerance to certain 

herbicides. EWM is of particular concern with increased documentation of tolerance to 2,4-D and 

fluridone,19,20,24,39,40 likely due to crossbreeding with the native Northern watermilfoil to form a 

hybrid. Best practices in weed and pest management recommend alternating different modes of 

action to prevent the selection for herbicide tolerant plants and to retain effectiveness of herbicides 

as tools in the aquatic plant management toolbox.27,29,32,41 Thus, resource managers and 

agrochemical companies are interested in developing new mode of action herbicides and 
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understanding the mechanisms that control herbicide degradation in the environment to limit the 

development of herbicide resistance.  

 

1.5 Herbicide Formulations 

Commercial herbicide solutions are available as a mixture of active ingredients that carry 

out the toxic action and inert ingredients that support the active ingredient. Active ingredients are 

legally defined as “any substance … that will prevent, destroy, repel or mitigate any pest, or that 

functions as a plant regulator, desiccant, defoliant, or nitrogen stabilizer.”42 The precise 

formulation of the active ingredient and inert ingredients varies based on the product and intended 

use. For example, one solid formulation of 2,4-dichlorophenoxyacetic acid contains 27.6% 2,4-D 

butoxyethylester and 72.4% inert ingredients,43 while a liquid formulation contains 46.8% 2,4-D 

dimethylamine salt and 53.2% inert ingredients.44 These differences in formulation change the 

environmental fate of the active ingredient with respect to both initial release (e.g., solid 

formulations can be “slow release”) and degradation/transformation processes within the 

environment.33,45–47  

Conversely, inert ingredients are “any substance … other than the active ingredient, which 

is intentionally included in a pesticide product.”42 While the exact composition of inert ingredients 

is not required to be disclosed on an herbicide label, the percentage of inert ingredients in the total 

product is disclosed and can comprise a significant portion of the commercial herbicide solution.48 

These ingredients can be used to improve herbicide effectiveness or extend shelf-life, but are not 

part of the intended toxic mechanism of the solution.33,46,49,50 However, the inert components can 

be independently toxic or can create an enhanced toxicity to the target or non-target 

organisms.33,48,50–52 Despite the ubiquitous use of inert compounds, their high percentage of 



 5 

composition in commercial solutions, and potential to also have negative/toxic effects, regulation 

and registration of active and inactive ingredients is different at the federal level. 

 

1.6 Policy Related to Aquatic Herbicides 

In the United States, the Environmental Protection Agency (EPA) is responsible for the 

review and registration of all pesticides under the Federal Insecticide, Fungicide, and Rodenticide 

Act (FIFRA).42 Manufacturers submitting a new pesticide registration are required to submit data 

assessing the safety and efficacy of the active ingredient, such as data related to the physical 

properties, stability, human toxicology, environmental fate, and potential effects on nontarget 

organisms. 53 A set of standardized tests for each of these categories are published by the USEPA 

and are discussed in Section 1.7. It is important to note that these tests assess the active ingredient 

and not the end-use formulation. 

Inert ingredients are assessed independently of the active ingredients and new data may not 

be required for new pesticide registration if the compound is already recognized by EPA.53 New 

pesticide registrations containing an existing inert ingredient must list the inert components, any 

potential chemical reactions with the new active ingredient, and the ratio of inert ingredients in the 

end-use formulation, but additional toxicology or environmental fate data for the inert ingredients 

is not required.42,53 This modular review process, while streamlined for moving new pesticide 

products to market, ignores the combined effects of the active and inert ingredients. Although these 

compounds are also subject to review on a regular basis like the active ingredients, the review 

process for inert ingredients requires less data than active ingredient registration.51  

Because aquatic herbicides are applied directly to water, their use is also subject to 

compliance with the Clean Water Act.54 The Clean Water Act is the dominant federal policy 
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regulating the discharge of pollutants and regulating surface water quality. While pesticides are 

not described as “pollutants” under FIFRA, they are treated as “pollutants” under the Clean Water 

Act because they can cause “death, disease, [and] physiological malfunctions in organisms.”54 This 

means any application of an herbicide requires a permit through the National Pollution Discharge 

Elimination System,55 which is administered at the state level and approved on an individual 

treatment basis.55,56 

If an herbicide treatment is planned on a waterbody used for drinking water or is near a 

drinking water intake pump, some considerations of the Safe Drinking Water Act should be made. 

Several commonly used aquatic herbicides, including copper, 2,4-D, endothall, diquat, and 

glyphosate, are regulated in drinking water under this Safe Drinking Water Act, although the 

enforcement/implementation occurs in the distribution of treated water and not the source of 

drinking water.57 For example, Wisconsin has a “set-back distance” requiring any herbicide 

treatments to occur at least 400 meters away from any drinking water intakes, although this does 

not apply to private wells.56  

The patchwork of federal statues regulating the use of aquatic herbicides demonstrates the 

complexity of their use, especially in aquatic settings. Whether they are considered “pollutants” or 

not depends on the specific statute being invoked since they can cause a toxic response in some 

organisms by design. Additionally, the inert components of end-use formulations are evaluated 

separately and independently from the active components, obscuring any antagonistic effects to 

target or non-target organisms. Importantly, there is also no discussion of transformation product 

risk assessment. 
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1.7 Environmental Transformation Processes and Quantification Methods 

A significant amount of data related to the environmental fate of an herbicide is required 

for EPA registration, described in in the Fate, Transport, and Transformation Test Guidelines 

(Series 835).58 Not every test is required, but the guidelines are designed to standardize the data 

received with new pesticide registrations. Most of the tests (Table 1.1) are conducted under 

controlled laboratory conditions (Groups A-E), while three categories of tests have field 

requirements (Groups F-H). The EPA prescribed tests are closely aligned with tests developed by 

the Organization for Economic Co-operation and Development (OECD), an international 

organization dedicated to supporting standardized policies and procedures for improved 

international collaboration. These tests are designed to evaluate the photodegradation, 

biodegradation, sorption, hydrolysis, and volatilization of the chemical of interest under stringent 

test conditions.59 Like the individual assessment of active and inert ingredients of a pesticide, each 

transformation pathway is assessed individually (except in the field studies) and rates are combined 

through mass balance modeling for risk assessment.58–60 Most assessments describe chemical 

transformation in terms of half-life, or the amount of time for the concentration to decrease by half 

and assume pseudo-first order kinetics for degradation rates (Equation 1.1)59,60 where k is the 

measured first-order rate (sec-1). Below is an overview of each transformation mechanism and the 

associated testing guidelines.  

𝑡!/# =
$%#	
'

                                                      (Eq. 1.1) 
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Table 1.1. Summary of EPA prescribed tests60 and comparable OECD59 tests investigating fate 
and transformation of polar organic compounds.  
 

Test category Transport mechanism investigated Comparable OECD 
Tests 

Group A — Laboratory 
Transport Test Guidelines 

Sorption, leaching, and volatilization 106, 312 

Group B — Laboratory 
Abiotic Transformation Test 

Guidelines 

Hydrolysis, direct photodegradation in 
water and air 

111 

Group C — Laboratory 
Biological Transformation 

Test Guidelines 

Aerobic and anaerobic biodegradation 
in minimal salt media, soil, water, 

activated sludge 

301, 302, 303, 304, 
306, 309, 311, 314  

Group D —Transformation in 
Water and Soil Test 

Guidelines 

Aerobic and anaerobic biodegradation 
in soil and water 

307 and 308 

Group E — Transformation 
Chemical-Specific Test 

Guideline 

Indirect photodegradation screening, 
subsurface anaerobic biodegradation 

None 

Group F — Field Dissipation 
Test Guidelines 

Dissipation studies in terrestrial, 
aquatic, or forested systems 

None 

Group G — Ground Water 
Monitoring Test Guidelines 

Leaching into groundwater None 

Group H — Volatility from 
Soil Test Guidelines 

Volatilization from treated soils None 

 

1.7.1 Hydrolysis 

Hydrolysis is an abiotic degradation reaction that results from a nucleophilic attack of a 

water molecule on an organic compound.61 While hydrolysis can occur at any pH, it can also be 

acid or base catalyzed, meaning an enhanced rate of hydrolysis occurs under either acidic or basic 

conditions. Compounds especially susceptible to hydrolysis include esters, epoxides, amides, 

carbamates, and aliphatic/allylic halides.62,63 Hydrolysis is investigated using OECD Test 11164 

and EPA Tests 835.212065 and 835.2130.66 Generally, sterile water is buffered at pH 4, 7, and 9 

and incubated with the compound of interest, which is quantified regularly until 90% of the 

compound is gone.  
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1.7.2 Photodegradation 

Photodegradation is an important environmental transformation pathway for many organic 

compounds67–69 and can proceed through two different mechanisms: direct or indirect 

photodegradation (Figure 1.2). Direct photodegradation involves a photon of light being absorbed 

by a chemical and inducing a structural change.61,70,71 Compounds that are susceptible to 

environmental photodegradation (i.e., absorb light > 290 nm) will also have a quantifiable quantum 

yield (F) that describes the likelihood of a single photon causing a reaction.72 Indirect 

photodegradation relies on photochemically produced reactive intermediates (PPRI) being excited 

by a photon and subsequently degraded the compound of interest.68,73  PPRI are most commonly 

produced by the photoexcitation of naturally present dissolved organic matter (DOM). There are 

three primary PPRI in aquatic environments: triple state dissolved organic matter (3DOM), singlet 

oxygen (1O2), and hydroxyl radical (•OH).74–77 The abundance and composition of these PPRI in 

water will depend on the background concentration and composition of the dissolved organic 

matter in the aquatic environment of interest.78–80  

 

 

Figure 1.2. Overview of direct and indirect photodegradation of an organic compound (R). PPRI 
can be 3DOM, 1O2, or •OH. 

 

Photodegradation assessment is described by OECD test 31681 and EPA tests 853.221082 

and 853.2240,83 all of which involve a two-tiered theoretical and experimental approach. First, a 
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maximum potential photodegradation rate is calculated based on light absorbance of the 

compound, a quantum yield of 1, and simulated environmental light. If the compound has a half-

life below a certain threshold (i.e., 30 days in OECD test 316), then experiments quantifying direct 

photolysis will proceed. Broadly, the compound of interest is irradiated using light in the 

environmentally relevant spectrum (> 290 nm) over a period of time that allows enough loss to 

occur for kinetic calculations, usually one to two half-lives at minimum. Direct photodegradation 

rates are measured in ultrapure water, while dark controls (i.e., the compound in ultrapure water 

but not exposed to light) are used to quantify any additional abiotic transformation.81,83 

Interestingly, neither OECD 316 nor EPA test guidelines require an assessment of indirect 

photodegradation, although EPA has guidelines to screen for indirect photodegradation.84  Indirect 

photodegradation is measured by irradiating the compound of interest in natural water (i.e. water 

with dissolved organic matter)68,85,86 All tests require the use of a chemical actinometer, which is 

a chemical that photodegrades at a known rate and is used to quantify light intensity during the 

experiment.87,88  At this stage, any major ( >10 % applied chemical) transformation products should 

be identified and modeling used to predict half-lives in water in natural sunlight assuming 40o N 

latitude during midsummer and 12 hours a day of sunlight.81–83 Modeling field photodegradation 

does not require calculation of chemical specific quantum yield. Instead, a value of 1 (i.e., a 100% 

reaction efficiency) can be used to calculate the maximum photodegradation rate in natural waters. 

 

1.7.3 Microbial Degradation 

Microbial degradation of polar organic compounds is a well-documented and ubiquitous 

environmental transformation mechanism.5,89–99 Biodegradation rate is highly dependent on the 

chemical itself as well as the environmental conditions, such as oxygen availability,100–104 
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temperature,105–107 pH,105,106,108 nutrient availability,109 and microbial community structure.110–112  

Because of this, biodegradation of the three herbicides of interest in this dissertation are discussed 

individually in Section 1.8. 

The biodegradation of organic compounds is assessed through a series of protocols in a 

tiered system similar to the photodegradation studies. This tiered system breaks degradation down 

into different environmental matrices under different conditions and are discussed at length in 

Kowalczyk et al. 2015113 and Lapertot and Pulgarin 2006.114 The first tier is the Ready 

Biodegradability (i.e. OECD 301 and EPA 835.3110 and 835.3410) test, which uses high 

concentration chemical spiking, a minimal salt media, and (usually) sewage treatment plant 

derived biomass to measure complete respiration of a compound through changes in dissolved 

organic carbon or carbon dioxide generation.115–117 Compounds that fail the ready biodegradability 

tests are moved to the second tier, inherent biodegradability, which lowers concentration of the 

spiked compound, adds additional nutrients, and introduces different test options depending on the 

environmental matrix.59,113,114 The third tier is simulation tests, which attempt to simulate actual 

degradation in the environment. These tests investigate the degradation in a compartmentalized 

simulation test that measures aerobic and anaerobic biodegradation in water, soil, and sediment 

separately, 113,114,118 and as such there are several options depending on matrix, oxygen constraints, 

etc. The most important tests for biodegradation in the freshwater aquatic environment are OECD 

308119 and 309120 and EPA tests 835.3190,121 835.4300,122 and 835.4400,122 which use surface 

water and sediments from aquatic environments to test biodegradation under simulated 

environmental conditions.  
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1.7.4 Limitations of Laboratory and Field Transformation Testing  

There are several criticisms in the literature of the existing simulation tests and their 

relevance to true environmental transport. First, photodegradation studies do not require modeling 

for all compounds nor quantify potential indirect photodegradation, which can be an important 

environmental pathway.68,85,123 Additionally, seasonality and depth integrated photodegradation 

rates are not calculated, which can change photodegradation rates substantially.123 Biodegradation 

is isolated to either water or sediment microbial communities, which oversimplifies sediment-

water dynamics and disrupts the ambient nutrients, oxygen, and light trends the microbial 

populations maybe have been conditioned before.109,124–126 Additionally, techniques used to keep 

incubations oxygenated, such as shaking or stirring sediments, as well as high ratios of sediment 

to water can influence how chemicals of interest and their degradation products sorb in a way that 

is not environmentally relevant.110,124,127 Lastly, spiking incubations with higher chemical 

concentrations than observed in the environment can change the degradation kinetics, 

underscoring the importance of using relevant inoculum and relevant environmental 

concentrations.109,128–131  

While the biodegradation tests solely focus on the chemical kinetics, there is no 

investigation into the microbial community carrying out the degradation process.113,126 Currently, 

there are several tools available to investigate the microbial population responsible for 

biodegradation. Enrichment, isolation, and culturing of specific strains of bacteria that can 

degradation contaminants either in mixtures or as the sole carbon source are ideal for identifying 

specific transformation products and identifying complete transformation pathways,100,113,132,133  

but likely 1) mischaracterize the possible degrading community due to culture techniques, if they 

can be cultured at all, or 2) eliminate co-metabolism of chemicals by populations of 
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microbes.102,134–136 Other techniques investigating the molecular abundance of a gene or transcripts 

associated with specific compound degradation can be used to describe the degrading population, 

such as qPCR, 16S rRNA sequencing, metagenomic, or meta-transcriptomic approaches 

depending on the amount of information known about the specific microorganisms and 

biochemical pathways.94,95,99,125,137–142 Thus, the lack of any characterization of the biodegrading 

population beyond cell counts may contribute to the difficulties in translating the laboratory studies 

to field fate and needs additional exploration.  

Field degradation studies are often difficult to carry out due to limitations in understanding 

source and input rates of chemicals of interest, as well as low detection limits, competing 

transformation mechanisms, and difficulties in quantifying compounds in complex matrices.123,128–

130,143,144 Thus, laboratory-based studies are likely to remain the predominant tool to study 

transformation of polar organic compounds when field studies are not possible, even though they 

often fall short of accurately describing true environmental fate.130,145,146 Understanding the 

limitations of the laboratory studies, however, is critical for risk management and assessment of 

new chemicals entering the environment. 

 

1.8 Environmental Fate of Three Aquatic Herbicides 

There are three commonly used aquatic herbicides used in Wisconsin for the management 

of invasive and nuisance plants: 2,4-dichlorophenoxyacetic acid (2,4-D, Figure 1.3a), 

florpyrauxifen-benzyl (FPB, Figure 1.4a), and fluridone (Figure 1.5). These three herbicides have 

been registered through FIFRA as described previously and permitted for use in large-scale 

treatments in Wisconsin. However, the increased reports of herbicide tolerance to 2,4-D requires 

resistance/tolerance recommend alternating different mode of action herbicides,15,147 such as 
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fluridone and FPB, both of which have documented success treating EWM and the hybrid 

watermilfoil.15,36,37 A brief description of all three herbicides environmental fate is described 

below, specifically pertaining to applications in freshwater lakes. 

 

1.8.1 2,4-Dichlorophenoxyacetic Acid 

2,4-D (Figure 1.3a) is used at high rates globably148–153 and is the most commonly used 

herbicide for invasive Eurasian watermilfoil treatment in Wisconsin.15 While 2,4-D is effective for 

controlling Eurasian watermilfoil at low concentrations in whole-lake applications (0.45 – 10 µM), 

the degradation of 2,4-D in lakes is variable and can result in extended exposure periods that are 

harmful to non-target organisms.7,18,47,154,155 2,4-D is susceptible to both photolysis and 

biodegradation, and the combination of both degradation mechanisms is suspected to influence 

2,4-D persistance.18,24,156,157 2,4-D photodegradation in aquatic environments is expected to be 

relatively slow, with half-lives in ultrapure water being about 13-32 days in natural and simulated 

sunlight.86,158,159, 2,4-D can also be degraded by hydroxyl radical, but indirect photodegradation in 

natural waters has not been quantified and could be an important component of environmental 

photodegradation.68,79,86,160,161 The primary expected photodegradation product is 2,4-

dichlorophenol (Figure 1.3b).45,156 Sorption and volatilization are expected to be 

negligible.45,156,158,159 

Figure 1.3. Chemical structures of (a) 2,4-D, (b) 2,4-dichlorophenol, and (c) 3,5-dichlorocatechol. 

(a) (b) (c)
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2,4-D is degraded by bacteria using the tfd gene cluster.153,162–165 Biodegradation is 

expected to occur in two phases: a lag or acclimation during phase followed by a rapid degradation 

phase.101,166 Repeated exposure to 2,4-D shortens the acclimation phase of microbes, suggesting 

that repeated use of 2,4-D over several months promotes more rapid microbial 

degradation.101,156,166,167 Biodegradation is faster in aerobic conditions (t1/2 = of 7-50 days) 

compared to anaerobic conditions (t1/2 = 331 days).156,158 Biodegradation is initiated by tfdA, which 

encodes an alpha-ketoglutarate dependent oxygenase that uses Fe(II) to catalyze the reaction into 

2,4-dichlorophenol, carbon dioxide, and succinate.168 This is considered the rate limiting step 

because tfdA is transcribed separately from the downstream tfdBCDEF, of which there are two 

copies, but only one copy of the tfdA gene.169 This duplication is likely due to the need for rapid 

degradation of 2,4-D transformation products that are toxic to bacteria.167 Complete mineralization 

primarily produces 2,4-dichlorophenol (Figure 1.3b)  and 3,5-dichlorocatechol (Figure 1.3c) 

before being shuttled into the citric acid cycle.167,168 

There are many documented 2,4-D degraders in the phyla of Alpha, Beta, and 

Gammaproteobacteria that have been isolated from soil systems,132,133,170,171 including several 

strains capable of using 2,4-D as their sole carbon source.133,164,165 There are three gene classes of 

tfdA classes, but because the gene can be horizontally transferred172 these classes are distributed 

throughout different bacterial phyla. However, the genetic sequence is expected to be well 

conserved tfdA gene within individual classes.171 The tfd gene has been extensively studied on the 

JMP134 plasmid in Cupriavidus pinatubonesis, previously named Cupriavidus necator, 

Alcaligenes eutrophus, and Ralstonia eutropha.168,171,173,174 
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A set of qPCR primers (81 or 215 bp fragment) were developed for the quantitative 

detection of tfdA in pure cultures and from the environment175 and have been applied 

predominantly in soil environments,101,174,176–178 but have limited applications in aquatic 

environments.101,179 These qPCR primers were developed from cultured representatives of soil and 

environments that may miss other environmental representatives. Additionally, no previous studies 

have applied metagenomic analyses to the tfdA gene in any environments, suggesting the diversity 

of environmental degraders at present is limited to what has been detected through culturing.  

 

1.8.2 Florpyrauxifen-benzyl 

Like 2,4-D, FPB is a new auxin mimic herbicide registered in 2017 predominantly for use 

in aquatic environments.180 Commonly used to combat hydrilla, Eurasian watermilfoil, and other 

broadleaf plants, FPB was developed to address increasing tolerance to previously used herbicides 

such as 2,4-D19,29,39,41 and fluridone22,32,40 by creating an alternative mode of action compound.181 

Few peer-reviewed studies of laboratory or field quantification of FPB are available, likely due to 

the recent development of this compound. FPB photodegradation is rapid (t1/2 = 0.07 days at 40 

oN latitudes in pH 4) with negligible volatilization.182 Hydrolysis at pH 7 is slow   t1/2 = 111 days) 

but significantly faster at pH 9 (t1/2 = 1.3 days).183 Solubility is low (i.e., 34 nM) and 

correspondingly sorption potential is high; FPB has an octanol-water partitioning coefficient (log 

Kow) of 5.5 and water-soil carbon partitioning coefficient (log Koc) of 4.53 mL g-1.182 Aerobic and 

anaerobic microbial degradation is expected to be faster at low and neutral pH with aquatic 

metabolism half-lives of 2-6 days.180,182 There are no documented bacteria associated with FPB 

degradation at this time. 
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Lastly, there are several possible degradation products that could form from FPB. These 

products are novel in that they do not have common names or CAS number. They are, however, 

expected to have same or lesser toxicity as FPB.180,184,185 The primary degradation product is 

florpyrauxifen,36,185 while products X12131932 and X12393505 are expected to form 

predominantly through photodegradation and products X11966341 and X12300837 are likely to 

form in water and sediment environments.185  

 
 

 
Figure 1.4. Chemical structure of (a) FPB and expected degradation products (b) florpyrauxifen, 
(c) X12300837, (d) X11966341, (e) X12131932, and (f) X12393505. 
 

(a)

(c)
FPB Florpyrauxifen

X12300837

X12131932

X11966341

X12393505

(e)

(b)

(f)

(d)
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1.8.3 Fluridone 

Fluridone (Figure 1.5) is a systemic herbicide that prevents the synthesis of important 

biomolecules that protect the plant from photobleaching.34,35 For fluridone to be effective, a low 

concentration (6-36 nM)21,38,186 is applied for the entire growing season (>100 days) and often 

requires multiple applications to maintain an effective concentration.15,186–188 Fluridone is known 

to undergo rapid photolysis with a half-life of 28 hours – 12 days in ultrapure water and lake water, 

respectively.189–191 Microbial degradation is slow but no specific microbes or metabolic pathways 

have been associated with its degradation.188,192,193 Fluridone also has a high affinity for binding 

to sediments46 and has been found to persist for up to a year following initial treatment,3,188,194 

suggesting sediments are a possible sink for unreacted fluridone that is available for future 

resuspension or uptake. 

 

 

Figure 1.5. Chemical structure of fluridone. 

 

1.9 Knowledge Gaps 

Currently, the environmental fate and transformation of polar organic compounds is 

assessed predominantly through laboratory studies. These studies isolate the active ingredient from 

the inactive components and isolate individual transformation mechanisms from each other to 

(a) (b) (c)
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calculate predicted environmental half-lives. However, laboratory-based assessments fall short of 

accurately predicting environmental fate due to challenges mimicking physical transport processes 

(i.e., sediment interaction, flow, and light) and chemical conditions (i.e., oxygen and nutrient 

concentrations) that would exist in the natural environment. Additionally, there is a lack of field 

studies connecting laboratory studies to environmental fate due to the technical and logistical 

challenges with conducting large scale field investigations. Lastly, modular testing schemes 

emphasize degradation kinetics of the active herbicide ingredient without consideration of the role 

of the inactive ingredients, transformation products, or the microbial community carrying out the 

degradation. Thus, there is a critical need for research that investigates the link between 

environmental fate and laboratory tests that describe environmental fate in a comprehensive and 

holistic manner.  

There is also a critical knowledge gap in the understanding of the aquatic fate of the three 

commonly used herbicides: 2,4-D, FPB, and fluridone. Despite the prevalence and historic use of 

2,4-D, most of the existing field and laboratory transformation studies were conducted in terrestrial 

or cultured systems. On the other hand, FPB was developed for use in aquatic systems, but is 

understudied largely due to the recent development and registration of the herbicide. Lastly, 

fluridone requires long exposure times and is expected to be degraded via photodegradation; 

however, no studies have investigated the specific removal of fluridone from lake water via 

indirect photodegradation. Thus, the planned and coordinated direct application of these aquatic 

herbicides to lakes provides a unique opportunity to mechanistically link the environmental 

transformation of these herbicides to laboratory studies describing individual transformation 

mechanisms. 
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1.10 Research Objectives 

 A summary of the research chapters found in this dissertation is described in this section. 

Chapters 2-5 are the main data chapters, all of which are intended for publication. Chapters 2 and 

3 focus on 2,4-D, specifically the environmental fate and degradation in lakes (Chapter 2) and the 

bacteria that degrade 2,4-D across all environmental matrices (Chapter 3). Chapter 4 focuses on 

FPB, the production and transformation of several FPB degradation products, and the effects of 

the inactive formulation ingredients on lake chemistry. Chapter 5 discusses fluridone and the role 

of photodegradation, specifically direct photodegradation, in removing fluridone from surface 

waters. Chapter 6 is a summary of the results found in this dissertation as well as discussion of 

future directions for both individual herbicide fate and environmental fate and transport research 

as a whole. 

In Chapter 2, mass balance modeling is used to relate measurements of 2,4-D in lakes to 

laboratory scale investigations of biodegradation and photodegradation. Six large-scale 2,4-D lake 

treatments were quantified during Summer 2019 with an emphasis on characterizing physical 

processes in the lakes, such as outflow of unreacted 2,4-D and exchange of herbicide across 

sediment-water interface. Paired laboratory biodegradation and photodegradation studies were 

used to individually assess degradation in surface water only, water-sediment suspensions, direct 

photodegradation irradiations, and indirect photodegradation irradiations to determine the primary 

environmental degradation pathway. The planned herbicide applications at homogenous lake wide 

concentrations allowed intensive field campaigns to capture spatially and temporally detailed 

degradation data for comparison to the laboratory data.  

Chapter 3 builds on the chemical kinetics quantified in Chapter 2 by investigating the 

microbial community responsible for degradation of 2,4-D using molecular and computational 
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techniques. Quantitative investigation of tfdA gene copies using qPCR measured degrader 

abundance in environmental samples known to degrade 2,4-D. Metagenomic analyses used 

publicly available genome sequences to identified putative 2,4-D degraders. Lastly, in silico 

modeling investigated qPCR primer fidelity across the putative degrading community. 

Metagenomic microbial community characterization, in silico modeling, and quantitative qPCR 

with known 2,4-D degrading samples compares culture-based tools to non-culture-based tools for 

biodegradation studies. 

Chapter 4 provides a detailed description of the transformation pathways of FPB through 

intensive field campaigns and laboratory experiments. Five large-scale FPB treatments during 

2021 and 2022 were studied to quantify FPB, transformation products, and inactive ingredient 

composition and concentration over two field seasons. Like 2,4-D, the planned treatments allowed 

paired photodegradation, biodegradation, and hydrolysis experiments to be used to contextualize 

field data and to identify the environmentally relevant degradation pathway. Changes in chemical 

properties compared to 2,4-D, specifically larger partitioning coefficients, hydrolysis potential as 

a carboxylic acid ester, and rapid expected photodegradation, allow a different set of degradation 

processes to be investigated. 

Chapter 5 expands from auxin mimic herbicides into a photobleaching herbicide, fluridone, 

that has a significantly longer exposure time requirement. Laboratory studies investigate direct and 

indirect photodegradation as well as biodegradation in water only or sediment-water suspensions. 

Here, we use laboratory experiments to quantify specific biodegradation, photodegradation, and 

sorption rates and compare to the existing literature related to fluridone fate in lakes.  

Finally, Chapter 6 provides a summary of the four research chapters and discusses the 

future directions of the research. Conclusions about the specific fate of each herbicide as well as 
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broad recommendations for the incorporation of field and laboratory data to understand chemical 

fate are discussed.   
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Chapter 2 
 
 
Synthesizing laboratory and field experiments to quantify dominant 
transformation mechanisms of 2,4-dichlorophenoxyacetic acid (2,4-D) in 
aquatic environments 
 
 
 

 
 
 
2.1 Details on Collaboration 

Chapter 2 is a collaboration between Amber White, Michelle Nault, Katherine McMahon, and 

Christy Remucal. AW collected the samples, analyzed the samples, and wrote the manuscript with 

input from all coauthors. This paper is published in Environmental Science and Technology, 2022, 

(56) 15, 10939 – 10848, https://pubs.acs.org/doi/full/10.1021/acs.est.2c03132.  

 
2.2 Abstract 

Laboratory studies used to assess the environmental fate of organic chemicals such as 

pesticides fail to replicate environmental conditions, resulting in large errors in predicted 

transformation rates. We combined laboratory and field data to identify the dominant loss 

processes of the herbicide 2,4-dichlorophenoxyacetic acid (2,4-D) in lakes for the first time. 

[2
,4

-D
] (

µM
)

Time (days)

Lab biodegradation k

Modeled photodeg. k

Measured discharge

[2,4-D] in lakes

+

+

to predict

Cl Cl

O OH

O



 37 

Microbial and photochemical degradation were individually assessed using laboratory-based 

microcosms and irradiation studies, respectively. Field campaigns were conducted in six lakes to 

quantify 2,4-D loss following large-scale herbicide treatments. Irradiation studies showed that 2,4-

D undergoes direct photodegradation, but modeling efforts demonstrated that this process was 

negligible under environmental conditions. Microcosms constructed using field inocula showed 

that sediment microbial communities are responsible for degradation of 2,4-D in lakes. Attempts 

to quantify transformation products were unsuccessful in both laboratory and field studies, 

suggesting their persistence is not a major concern. The synthesis of laboratory and field 

experiments is used to demonstrate best practices in designing laboratory persistence studies and 

in using those results to mechanistically predict contaminant fate in complex aquatic environments.  

 
2.3 Introduction 

Understanding the environmental fate and transformation of polar organic compounds is 

critical for accurately assessing risk to ecosystems.  Laboratory-based persistence studies are used 

to inform regulatory decisions for chemicals but are difficult to translate to the ecosystem scale, 

often resulting in wide variability in predicted persistence and environmental half-lives.1–5 For 

example, photochemical degradation rates observed in laboratories may be orders of magnitude 

slower than rates observed in lakes or rivers due to differences in pathlength (i.e., water depth) and 

light intensity.6 Similarly, biodegradation rates observed in laboratories vary with inoculum source 

(i.e., sediment, water, or sludge) and target compound concentration,5,7,8 making extrapolation to 

the environment challenging. Furthermore, laboratory studies often fail to consider additional 

environmental conditions that control chemical fate, such as pH,9 microbial community 

composition,1,10,11 and season.6,12  
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Assessing organic compound persistence and transformation pathways in the field presents 

other challenges. Many of these compounds are present at low concentrations with unknown input 

rates to lakes or rivers.4,13 Transformation processes, such as photo- and biodegradation, occur 

simultaneously alongside physical processes, making it impossible to isolate individual 

reactions.7,13,14 While quantification of known degradation products and genetic markers of 

biodegradation can provide insight to in situ transformations, information on specific pathways, 

transformation processes, and genetic data is needed for them to be successful.15–17  

Aquatic herbicides offer a unique opportunity to quantitatively study transformation 

pathways of polar organic compounds under field conditions. Herbicides, such as 2,4-

dichlorophenoxyacetic acid (2,4-D),18–23 are directly applied to lakes to control nuisance plants, 

dosing the waterbody to homogenous concentrations for weeks to months.21,24–28 Despite its 

prevalent use in terrestrial environments,29–32 little is known about 2,4-D fate in aquatic systems. 

Additionally, commercial formulations for terrestrial applications are often different than aquatic 

applications.32–35 Observed 2,4-D half-lives in Wisconsin lakes range from 4 - 76 days (Table 

A.1);20,22,23 this wide range cannot be explained solely by lake physicochemical differences and 

can result in unintended exposure to non-target organisms. Additionally, the extensive use of 2,4-

D has led to increased herbicide resistance or tolerance within invasive aquatic plant 

populations,36–38 further underscoring the need for a mechanistic understanding of 2,4-D aquatic 

transformation processes.  

Our current understanding of 2,4-D environmental fate is based on laboratory studies or 

field studies in soil environments. Potential degradation processes in lakes include 

photodegradation and biodegradation, while sorption, hydrolysis, and volatilization are 

negligible.39–41 2,4-D undergoes photodegradation under laboratory conditions to produce 2,4-
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dichlorophenol as a major product (Figure A.1).39,42 Photodegradation in freshwater is variable, 

with predicted direct photodegradation half-lives of 13 to 32 days in simulated and natural sunlight 

experiments (Table A.1).39,43 While 2,4-D is susceptible to degradation via hydroxyl radical 

(•OH),44,45 indirect 2,4-D photodegradation has not yet been quantified in lake water. Indirect 

photodegradation is a major loss mechanism for many polar organic contaminants46–49 and 

warrants further investigation.  

2,4-D biodegradation mechanisms have been widely studied in soil.50,51 Biodegradation 

occurs in two phases: a slow degradation acclimation phase followed by a rapid degradation 

phase.52,53 Repeated exposure to 2,4-D in soil systems shortens the acclimation phase, suggesting 

repeated 2,4-D use promotes more rapid biodegradation, potentially by increasing the abundance 

of key degraders and transcription of the tfdA gene.54–57 2,4-D transformation into 2,4-

dichlorophenol (Figure A.2) is considered the rate limiting biodegradation step, followed by rapid 

biodegradation of 2,4-dichlorophenol to 3,5-dichlorocatechol.56,58,59 The key known enzyme 

required for aerobic 2,4-D metabolism is an alpha-ketoglutarate-dependent dioxygenase encoded 

by the tfdA gene, discovered in bacteria isolated using 2,4-D as a sole carbon source.60,61 

Additionally, qPCR primers were developed to detect the tfdA gene.62,63 However, these primers 

have been used predominantly in soil and pure cultures, with limited application to aquatic 

environments.57  

Direct 2,4-D application to lakes represents an opportunity to study processes impacting 

herbicides under well-characterized field conditions. Furthermore, the lack of 2,4-D fate studies in 

aquatic systems is a critical knowledge gap for resource managers who oversee responsible 

herbicide use. Thus, the goal of our study was to quantify 2,4-D transformation pathways in lakes 

following direct herbicide application. Our study combines field quantification of 2,4-D with 
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laboratory bio- and photodegradation experiments to quantify specific transformation rates. We 

also test indicators of in situ transformation processes using molecular indicators of biodegradation 

and pathway-specific transformation products. This study provides a holistic framework for 

combining laboratory experiments, field measurements, and modeling to determine dominant 

transformation processes of polar organic compounds in aquatic environments.  

 
2.4 Materials and Methods 

2.4.1 Chemicals 

Chemicals were used as received and are described in detail in Section A2. All commercial 

2,4-D solutions used in lake treatments were the dimethylamine salt formulation (46.8%19 or 

47.3%64 2,4-D), while laboratory experiments used pure 2,4-D. Ultrapure water (18.2 MW cm) 

was obtained from an ultrapure water purification system. 

 
2.4.2 Field Sampling 

Six large-scale 2,4-D treatments in Wisconsin, USA were studied from May to October 

2019 (Table 2.1; Figure A.3). These treatments use 2,4-D concentrations that could affect aquatic 

plants lake wide (i.e., >0.45 µM).21,22 Lakes were selected in collaboration with the Wisconsin 

Department of Natural Resources (WDNR) to study how geographic/climatic factors and repeated 

2,4-D applications impact transformation rates.   

 

 

 

 

 



 41 

Table 2.1. Summary of sampled lakes including waterbody identification code (WBIC), herbicide 
application area, treatment date, target concentration, and treatment history. Trophic status is 
designated as eutrophic (E), mesotrophic (M), or oligotrophic (O). Target 2,4-D concentration is 
from treatment permit application. When not stated on permit application, target concentration was 
calculated from lake/bay volume and amount of herbicide applied as listed on treatment record. 
Treated bays are indicated by a ^ and listed as the treatment area size. Asterisk (*) indicates Secchi 
depth measurement hit lake bottom. 

 

 

 

Pretreatment surface water, sediment, and microbial biomass were collected from the 

epilimnion, hypolimnion, and nearshore area ≤ 72 hours prior to treatment and stored at 4oC until 

processing (Section A3). Pretreatment samples were used for bulk water chemistry measurements 

(Section A4), photochemical irradiations (Section A5), and microcosm incubations (Section A6). 

Lake 
(WBIC) 

Herbicide 
application 
area (m2) 

Trophic 
Status 

Treatment 
Date  

Water 
temp 
(oC) 

Secchi  
(m) 

Target conc. 
(ppm)/(µM) 

Treatment 
history 

Random 
30300 

857,934 E May 20, 
2019 

17 1.63 
 

0.26/1.17 Several 
whole-lake 
treatments, 
including 

2018 
Eagle 

2902900 
655,591 O June 10, 

2019 
21 6.38 0.37/1.67 Small-scale  

treatment 
(< 2020 m2) 

in 2009, 
2012, 2013 

McCarry 
2903400 

129,499 M June 10, 
2019 

24 
2.25 

0.35/1.58 None 

Round 
2395600 

785,090^ O June 25, 
2019 

19 5.38 
 

0.36/1.62 Several 
small-scale 
treatments 

Pleasant 
741500 

32,901^ M Sept. 16, 
2019 

20 1.5 * 
 

3.14/14.22 Several 
small-scale 
treatments 

Okauchee 
850300 

38,445^ M Sept. 23, 
2019 

22 1.75* 2.00/9.04 Several bay-
wide and 

large-scale 
treatments, 
including 

2018 
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Water samples were collected immediately after 2,4-D applications (0-6 hours after treatment), 1, 

3, 5, and 7 days after treatment, and weekly thereafter. At each sampling event, surface water was 

collected for 2,4-D quantification from several sites to quantify advective transport. Porewater 

samples were collected using passive sampling devices65 in all lakes except Okauchee and 

simultaneously captured [2,4-D] at the sediment water interface and top 0-4 cm of sediment 

(Section A3). Biomass for tfdA abundance measurements was collected via surface water grab 

sampling for filtering from the epilimnion, hypolimnion, and nearshore sites, while sediment was  

collected by hand-coring at the nearshore site (Section A3). Discharge from McCarry and Round 

Lakes was measured using a flow meter (Sections A3 and A8). 

 

2.4.3 Photochemical Irradiation Experiments  

Photodegradation experiments were conducted in a Rayonet merry-go-round photoreactor 

equipped with sixteen bulbs that emit light at 311 nm (± 22 nm width at half-max) or 365 nm (± 

10 nm; Figure A.4).66  Both bulbs emit light in the solar spectrum.67,68 The 311 bulbs were used 

to quantify direct photodegradation while the 365 bulbs were used to isolate indirect 

photodegradation because 2,4-D absorbs light in the range of the 311 nm bulbs (Figure A.4). 

Irradiation experiments in borosilicate glass tubes were conducted in triplicate using buffered (pH 

7, 10 mM phosphate buffer) solutions of 20 µM (4.4 ppm) 2,4-D in ultrapure water (direct 

photodegradation) or 3 mg-C L-1 lake water (indirect photodegradation) alongside dark controls. 

This [2,4-D] is representative of maximum herbicide application rates (4.0 ppm).19,64,69 Additional 

experiments with 20 µM 2,4-dichlorophenol and 3,5-dichlorocatechol were conducted at 311 nm 

to quantify direct and indirect photodegradation rates of the expected transformation products. 2-
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Nitrobenzaldehyde70 and para-nitroanisole/pyridine71 actinometers were used at 311 and 365 nm, 

respectively (Section A5).  

Direct quantum yields for 2,4-D, 2,4-dichlorophenol, and 3,5-dichlorocatechol were 

calculated relative to the actinometer as described previously.49,66,68 The calculated quantum yield 

for 2,4-D was combined with solar irradiance modeling using the Simple Model of Atmospheric 

Transfer of Sunshine67 to calculate 2,4-D half-lives in sunlight (Section A5).  

 

2.4.4 Microcosm Incubations 

 Water and sediment were collected from six study lakes in the field campaign and two 

untreated lakes to serve as no-treatment controls for microcosms biodegradation studies (Table 

2.2).  Containers were suspended in the dark in Lake Mendota water through a lake inlet in the 

Water Science and Engineering Laboratory, Madison, WI to keep microcosms controlled at lake 

temperature (13.5 to 21.1oC). Degradation by the water column microbial community was 

quantified in triplicate microcosms with unfiltered lake water (5 L) while degradation by the 

sediment microbial community was quantified in microcosms with filtered lake water (2 L) and 

sediment (1 kg). Abiotic loss processes were assessed in control microcosms with filtered lake 

water (2 L). Microcosms were incubated with 10 µM (2.2 ppm) 2,4-D, which is representative of 

the lower end of 2,4-D application rates (2-4 ppm).19,64,69 Samples were collected for up to 150 

days, syringe filtered to remove particulates and microbes (0.45 µm), and analyzed for 2,4-D, 2,4-

dichlorphenol, and 3,5-dichlorocatechol.  
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2.4.5 tfdA Analysis 

Efforts to measure tfdA using qPCR and gene cloning are described in Section A6. Briefly, 

DNA was extracted using an MP Bio Fast DNA Spin Kit and amplified using ThermoFisher SYBR 

Green Master Mix on an iCycler thermocycler (Bio-Rad, Hercules, CA) and non-class specific 

tfdA primers intended to amplify a 215 bp fragment (Table A.7).62,63 Amplicons were cloned and 

sequenced using Sanger sequencing technology. 

 

2.4.6 Analytical Methods 

2,4-D, 2,4-dichclorophenol, 3,5-dichlorocatechol, 2-nitrobenzaldehyde, and p-nitroanisole 

were quantified by high-performance liquid chromatography using a diode-array detector. Samples 

with [2,4-D] below 0.1 µM were quantified by liquid chromatography-tandem mass spectrometry. 

Ultraviolet-visible light spectra for each lake were collected from 200-800 nm. Sediment carbon 

concentrations were measured using EPA method 160.472 and a ThermoFisher Lindberg Blue 

muffle furnace. Bulk water chemistry was analyzed using ion chromatography, inductively 

coupled-plasma optical emission spectrometry, and total organic carbon analysis (Tables A.3 and 

A.4). Methods details provided in Section A7. 

 
2.4.7 Mass Balance Calculations 

Mass balances for Round and McCarry Lakes were conducted using measured lake 

discharge (i.e., physical loss), photodegradation, and biodegradation rates in the following 

equation: 

𝐶( = 𝐶)	𝑥	𝑒
*+

!"#$
% 	,'&'()(*+$,"*")-(.,'/-(*+$,"*")-(.	-	(	                             eq. 1 
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where Ct is [2,4-D] at time t, C0 is initial [2,4-D], Qavg is average discharge over treatment period, 

V is lake volume, kphotodegradation is the modeled direct photodegradation rate, and kbiodegradation is the 

biodegradation rate calculated using microcosm incubations. Our model assumes simple first-

order biodegradation loss despite observations of variable lag times in a subset of the microcosms. 

While more mechanistic studies into biodegradation would require models that include these lag 

times (e.g., logistic,73,74 Gompertz,74–76 or second order77 models), we use a first-order loss model 

based on the absence of observable lag times in the lake 2,4-D data. Details on mass balance 

derivation are provided in Section A8.  

 
2.5 Results and Discussion 

 
2.5.1 2,4-D Persistence During Lake Applications 

2,4-D degradation was quantified in six lakes that underwent large-scale treatments (Table 

2.1). [2,4-D] ranged from < 0.1 µM to 19.9 µM over the course of all treatments (Figure 2.1a). 

Half-lives ranged 6 – 24 days (Table 2.2), which is within the range of previous large-scale 2,4-D 

treatments in Wisconsin (range of 4 – 76 days, median half-life of 16 days; Table A.1).  Okauchee 

Lake had significant advective transport away from the treatment area (Figure A.12), never 

achieved an epilimnetic homogenous [2,4-D] (Figure 2.1a), and is excluded from in-lake 

degradation analysis. 

Eagle, McCarry, and Round Lakes stratified prior to 2,4-D treatment in June 2019 and 

achieved epilimnion-wide mixing of 2,4-D three to seven days after treatment. Target 

concentrations for Eagle, McCarry, and Round Lakes were 1.67, 1.58, and 1.63 µM, respectively. 

Herbicide transport into the hypolimnion was negligible (Figures A.8-A.10), suggesting all 
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herbicide degradation occurred in the epilimnion. 2,4-D half-lives were ~16 days in all three lakes 

(Table 2.2). 

In contrast to the stratified lakes, Random Lake was thermally mixed prior to treatment and 

stratified two weeks after treatment. As a result, 2,4-D persisted in the suboxic hypolimnion (DO 

<3 mg L-1; Figure A.14) longer than the epilimnion (Figure 2.1b). The target concentration for 

Random Lake was 1.18 µM. While the epilimnion sustained [2,4-D] of 0.99 ± 0.06 µM for 15 

days, the hypolimnion maintained [2,4-D] of 0.87 ± 0.02 µM for 25 days. By the end of sampling 

(day 65), 2,4-D was not detected in the epilimnion (half-life = 24 days) but was 0.22 µM in the 

hypolimnion (half-life = 41 days). Differences between the epilimnion and hypolimnion are 

potentially due to a longer hypolimnion residence time, slower biodegradation 2,4-D under 

suboxic conditions, and/or negligible photodegradation.35,78 

Table 2.2. Summary of observed half-lives in large-scale 2,4-D applications, microcosm 
experiments, and photodegradation experiments. Field half-life is calculated from observed 
epilimnion wide averages. Microcosm half-life is calculated from observed concentrations in 
reactors. Photodegradation half-life is calculated by using modeled in-lake photodegradation rates. 
Bony and Pike Lakes are included as no-treatment controls and have never been treated with 2,4-
D. Asterisk (*) for McCarry Lake indicates half-life after degradation started. 
 

Lake t1/2 field 
(days) 

t1/2 microcosm 
(days) 

t1/2 

photodegradation 
(days) 

 t1/2 predicted from lab 
experiments + flow 

(days) 

Random 24 25 184 25 

McCarry 15 100; 37* 184 25 

Eagle 16 37 184 36.5 

Round 15 6 183 5.5 

Pleasant 6 7 226 6 

Bony - 10 - - 

Pike 
 - 12 - - 
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Figure 2.1.  (a) Epilimnion-wide average 2,4-D concentrations during six large-scale treatments. 
Error bars represent the standard deviation of 2,4-D concentrations measured in epilimnion 
samples at each time point. Individual lake data with 2,4-D concentrations at all sampling sites can 
be found in Figures A.8-A.13. (b) 2,4-D concentrations in the epilimnion, nearshore, and 
hypolimnion of Random Lake. 
 
 

Pleasant Lake had a large-scale treatment in a thermally mixed bay (maximum depth 2 m), 

with an average [2,4-D] of 12.55 ± 5.53 µM within 24 hours of application. Minimal transport of 

2,4-D out of the bay was observed, with out-of-bay concentrations ranging 0.05 and 0.81 µM for 

28 days (Figure A.11). 2,4-D half-life in Pleasant Lake was 6 days, the fastest of all treatments.  

2,4-D was detected in sediment porewater in shallow, nearshore sites (Figures A.8-A.11, 

A.13), suggesting 2,4-D was completely mixed into the sediments. [2,4-D] in the top 0-4 cm of 

water overlying the sediment were comparable to that of the mixed epilimnion. Integrated 0-4 cm 

porewater concentrations were slightly lower, ranging 0.05 to 2 µM throughout all treatments. 

Round Lake did not have porewater 2,4-D accumulation (Figure A.10), likely due to the placement 

of peepers in a sandy, high traffic area. In the stratified lakes, significant portions of the sediment 

were exposed to the mixed epilimnion (Figure A.15 and Table A.12); 56% of McCarry Lake had 
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water depths less than 1 m, while 69-96% of Eagle, Random, and treated areas of Round Lakes 

had water depths less than 6 m. Each stratified lake had a mean depth less than the stratified depth, 

suggesting a high rate of epilimnion interaction with sediments. 

 

 

Figure 2.2. (a, d) Measured 2,4-D concentrations, (b, e) modeling results compared with average 
epilimnion concentrations, and (c, f) sample site locations for McCarry and Round Lakes, 
respectively. Maps created using ArcGIS software (10.6.1) by Esri. Data provided by the National 
Atlas of the United States, USGS. Error bars in panels (b) and (e) represent the standard deviation 
of 2,4-D concentrations measured in epilimnion samples at each time point. 
 
 

Investigation into specific transformation and physical loss processes is needed to identify 

the dominant loss pathway of 2,4-D in lakes. 2,4-D is potentially susceptible to both 

photodegradation and biodegradation, as well as physical flow out of lakes. Previous studies report 

laboratory direct photodegradation half-lives of 13-32 days while biodegradation studies report 
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half-lives of 7-38 days (Table A.1), suggesting photodegradation and biodegradation contribute 

similarly to 2,4-D degradation under laboratory conditions.  

During our field study, we measured discharge from two lakes to quantify non-destructive 

2,4-D loss. Using lake 2,4-D concentrations and flow rates, physical discharge accounted for 

22.5% and 29.2% of 2,4-D lost in McCarry and Round Lakes, respectively (i.e., half-lives of 59 

and 56 days; Figures 2.2b and 2.2e). Given the difference in size (0.13 vs. 0.79 km2) and flow 

(1.05 x 106 vs. 2.24 x 107 L d-1; Tables A.9 and A.10), we expect these values to be representative 

of the range of discharge possible in the other studied lakes and therefore conclude that discharge 

is not the dominant loss mechanism of 2,4-D.  

Attempts to quantify expected 2,4-D transformation products as in situ indicators of 

transformation pathways were unsuccessful. 2,4-Dichlorophenol is expected to form as both a 

photodegradation product39 and biodegradation product,61 but rapid 2,4-dichlorophenol 

transformation into 3,5-dichlorocatechol by the tfdB gene product implies 3,5-dichlorocatechol 

may be a better indicator of biodegradation (Figure A.1-A.2).78 While additional biodegradation 

products have been identified,78–80 we chose 2,4-dichlorophenol and 3,5-dichlorocatechol as our 

products of interest because they are formed in the tfdA pathway and could pair qPCR analysis 

with product formation. However, neither 2,4-dichlorophenol nor 3,5-dichlorcatechol (Figure 

A.2) were detected (HPLC limits of detection = 0.3 µM and 0.8 µM, respectively; Table A.8) in 

surface water or porewater samples. While this result does not identify specific transformation 

pathways, it suggests neither product accumulates in surface waters following large-scale 2,4-D 

treatments, a novel result unreported in previous 2,4-D studies.20,23,27 Because we could not detect 

transformation products in the field, we used laboratory experiments to isolate and quantify photo- 

and biodegradation rates.  
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2.5.2 Photochemical Degradation 

2,4-D undergoes direct photodegradation under 311 nm irradiation with an observed first-

order loss rate constant of (9.74 ± 0.02) x 10-5 s-1 (Figure 2.3a), which corresponds to a quantum 

yield (F) of (3.12 ± 0.01) x 10-3. This F is between reported values of 9.5 x 10-3 measured at 254 

nm (pH 7)44 and 6.7 x 10-4 determined using simulated sunlight (> 290 nm; pH 7).31 Differences 

between these quantum yields are likely due to differences in irradiance wavelengths and their 

overlap with the 2,4-D absorbance spectrum (Figure A.4). 

We investigated indirect photodegradation of 2,4-D using water collected from four study 

lakes. The observed photodegradation rate constants were identical to direct photodegradation rate 

constants under both 311 and 365 nm irradiation with values of (9.8 ± 0.2) x 10-5 s-1 (t½ = 2 hours) 

and (3.0 ± 1.2) x 10-7 s-1 (t½ = 27 days), respectively, after correcting for light screening (Figure 

2.3a). Thus, 2,4-D is not susceptible to dissolved organic matter (DOM)-mediated indirect 

photodegradation under these conditions. 

The inability of 2,4-D to undergo indirect photodegradation conflicts with previous 

literature. Several studies have found direct photodegradation to be significantly slower than 

degradation via hydroxyl radical generated by the photolysis of hydrogen peroxide or nitrate under 

simulated sunlight > 290 nm (Table A.1),44,45,81 suggesting that indirect photodegradation is the 

dominant transformation mechanism. However, these studies did not use [•OH] expected in 

freshwater environments. While we did not quantify •OH production, previous measurements 

using the same light source and similar natural waters detected [•OH]ss of 10-16 to 10-18 M under 

near surface conditions.47,49,82  When combined with the reported bimolecular rate constant of 3.24 

x 109 M-1 s-1 for 2,4-D and •OH81 estimate a maximum pseudo-first order loss rate constant of 3.24 

x 10-7 s-1 under our experimental conditions (t1/2 = 25 days) in the top 1 cm of the water column; 
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this half-life will increase with depth due to light screening and become negligible when integrated 

over the epilimnion. Thus, [•OH]ss in natural water systems is likely too low for this pathway to 

dominate. Lastly, the absence of an observed enhancement of 2,4-D photodegradation in the 

presence of DOM similarly rules out other photochemically produced reactive intermediates, such 

as singlet oxygen or triplet state DOM. Thus, we conclude direct photodegradation is the dominant 

photodegradation transformation pathway in natural waters with typical [•OH]ss (e.g., in the 

absence of elevated nitrite or nitrate).  

 

  

Figure 2.3. (a) Observed 2,4-D laboratory photodegradation rate constants, corrected for light 
screening, in lake water and corresponding direct photodegradation controls. (b) Observed 
degradation of 2,4-D in microcosm incubations using sediment and water (Sed) in comparison 
with abiotic controls (Control) and lake water only (Water) for McCarry (McC), Round (Rnd), and 
Random (Rdm) Lakes. Error bars represent the standard deviation of triplicate samples. Individual 
lake microcosm data is presented in Figure A.6.  
 

The photodegradation product 2,4-dichlorophenol was not detected. 2,4-Dichlorophenol 

absorbs light at the same wavelengths as 2,4-D (Figure A.4), suggesting it could be susceptible to 

photodegradation. To test this hypothesis, we irradiated 2,4-dichlorophenol at 311 nm and 

observed a photodegradation rate constant of (4.17 ± 0.16) x 10-3 s-1 (F = (7.9 ± 0.3) x 10-2). The 
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observed loss rate constant of 2,4-dichlorophenol is two orders of magnitude faster than that of 

2,4-D (Figure 2.3a), demonstrating that this 2,4-D photoproduct is unlikely to accumulate. This 

finding agrees with previous observations of rapid photodegradation of 2,4-dichlorophenol in 

ultrapure water under 254 nm light and natural sunlight.42,56 The measured quantum yield is lower 

than the previously reported value of 0.26 (>300 nm, pH 8),83 likely due to differences in pH 

because 2,4-dichlorophenol quantum yield increases with increasing pH.83  

 

2.5.3 Photochemical Modeling 

In-lake photodegradation half-lives were calculated using modeled light intensity at noon 

on the day of treatment for each lake (Section A5) and measured quantum yields (Table A.5) 

assuming direct photodegradation is the primary photodegradation pathway. Estimated 2,4-D 

photodegradation half-lives in the top 1 cm of water ranged 183 to 226 days (Table 2.2; Figures 

2.2b and 2. 2d). These slow photodegradation rates overestimate the rates expected in freshwater 

lakes because light intensity is not constant over a 24-hour period and varies seasonally. 

Importantly, rates will decrease exponentially with depth due to light attenuation over the 3 to 6 m 

epilimnion.6,84 These overestimated photodegradation rates show photodegradation accounts for < 

1% of the observed 2,4-D loss in the six lakes. Half-lives observed in large-scale treatments (6-24 

days; Table 2.2) were up to 16 times faster than those calculated in photodegradation modeling 

(183-226 days, Table 2.2, Figure 2.2b and 2.2c). Thus, we conclude photodegradation of 2,4-D 

is negligible in lakes.  

In contrast to our results, previous studies predict faster 2,4-D photodegradation with half-

lives of 2-4 weeks, suggesting 2,4-D is a moderately photolabile compound. For example, U.S. 

EPA registration documents predict aquatic half-life of 12.9 calendar days based on laboratory 



 53 

experiments in pH 5 buffered water.43 Similar direct photodegradation half-lives of 19 and 32 days 

have been reported using constant simulated sunlight31 and natural sunlight,81 respectively. Our 

results demonstrate laboratory-measured rates overpredict the rates of 2,4-D photodegradation 

expected in lakes after correcting for light intensity, even when factors like pathlength or diurnal 

variability in sunlight are not considered. Thus, while previous laboratory experiments 

demonstrate rapid 2,4-D photodegradation under certain conditions, the extrapolation from 

laboratory to field transformation rates can lead to inaccurate assessments of photolability when 

environmental conditions are not carefully considered.  

 
 
2.5.4 Microbial Degradation of 2,4-D in Aquatic Systems 

 2,4-D degradation was only observed in laboratory microcosms incubated with sediment 

(Table 2.2; Figures 2.3b and A.6). No loss was observed in the filtered controls or unfiltered lake 

water incubations over 28-140 days (Figures 2.3b and A.6). Because 2,4-D has a high solubility 

(0.1 M)35,56,85 and low carbon-water partitioning coefficient (Koc) of 61.7 to 78 mL g-1 (Table 

A.11),43,86 we concluded that loss in the microcosms was due to biodegradation by microbes in the 

sediment. This observation is consistent with previous reports of 2,4-D56 and other polar organic 

compound5 degradation in water/sediment systems. The lack of degradation in the water-only 

microcosms is likely attributable to insufficient biomass compared to sediment-water 

suspensions.2,4,87–89  

2,4-D half-lives ranged 5 to 100 days in the microcosms (average of 25 days; Table 2.2), 

which was a similar order of magnitude as field observations. The McCarry Lake microcosm had 

the longest and most pronounced acclimation phase (i.e., 100 days; Table 2.2; Figure 2.3b) despite 
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having an average 2,4-D half-life in the lake (i.e., 15 days; Table 2.2). Once degradation started, 

2,4-D half-life was 37 days, which is comparable to other microcosms.  

Repeated 2,4-D exposure in previous studies increased degradation rates in soil 

microcosms and cultures (Table A.1), suggesting repeated 2,4-D applications could decrease half-

lives in subsequent herbicide applications.54–57,90 Thus, we hypothesized degradation would be 

fastest in Random (frequent large-scale) and Pleasant Lakes (frequent small-scale) because of their 

treatment histories (Table 2.1). However, there were no clear difference in half-lives in 

microcosms using inoculum from previously treated lakes (6-25 days) compared to microcosms 

created from untreated lakes (10-37 days; Table 2.2; Figure 2.3b). This suggests that previous 

annual treatments are not sufficient to drive a lasting 2,4-D degrader enrichment in lake microbial 

communities.   

Attempts to quantify tfdA gene copies as an indicator of microbial degradation were 

unsuccessful in laboratory and field experiments. qPCR amplification produced non-specific gene 

products and smearing on the agarose gel in both water and sediment samples, despite efforts to 

optimize the reaction (Section A6). Cloning and sequencing of PCR amplicons generated 23 

sequences of approximately 180 bp each, which is shorter than the expected product of 215 bp. 

Analysis with BLASTN confirmed the sequences were fragments of the cloning vector rather than 

tfdA gene product (Section A6). Previous work has demonstrated challenges in applying primers 

derived from cultured representatives to environmental samples,91–94 and our work shows the 

previously published tfdA qPCR primers failed to accurately detect aquatic environmental 

representatives. While an alternative degradation pathway has recently been described using the 

cad genes,95 this pathway is less studied and has only been found in cultured representatives. More 
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appropriate primers for this gene are needed to capture the abundance of 2,4-D degrading bacteria 

in freshwater systems. 

The biodegradation products 3,5-dichlorocatechol and 2,4-dichlorophenol (Figure A.2) 

were not detected in laboratory or field studies. We hypothesize that once the rate limiting step of 

converting 2,4-D into 2,4-dichlorophenol was completed, degradation products were quickly used 

for metabolic operations.78 Therefore, intermediate metabolites such as 3,5-dichlorocatechol were 

likely too transient to quantify.  

While 2,4-D half-lives in the microcosms were similar to field half-life measurements 

(Table 2.2), they were not directly correlated. 2,4-D half-lives in Random and Pleasant Lake 

microcosms were nearly identical to field measurements. However, 2,4-D half-lives in microcosms 

were twice as long as the field measurements for Eagle and McCarry Lake (i.e., 15 – 16 days in 

lake versus 37 days in microcosms). Conversely, 2,4-D half-life in Round Lake was twice as fast 

in the microcosms (6 days) as the lake (15 days). Additionally, some trends in the microcosms, 

such as the long lag period in McCarry Lake (Figure 2.3b), were not replicated in the field study, 

demonstrating the limitations of solely relying on laboratory-based measurements to predict 

environmental fate.   

Lake biodegradation rates were estimated from microcosm measurements as a first 

approximation in the mass balance. In McCarry Lake, biodegradation corresponds to 70% of 2,4-

D loss by day 70, for a total loss of 93% with physical flow (22.5%) and photodegradation (<1%; 

Table 2.2). This is likely an underestimate of biodegradation due to the extended acclimation 

period and long degradation half-life observed in the microcosms. Similarly, incorporating the 

biodegradation rate for Round Lake predicts 96% of 2,4-D loss (Figure 2.2d), including physical 

flow (29%) and photodegradation (<1%). The biodegradation estimate in Round Lake is likely an 
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overestimate, stemming from a rapid observed biodegradation half-life of 6 days. While directly 

translating the microcosm rates from the laboratory experiments into the model over-simplifies the 

effects of other environmental factors, the addition of the biodegradation rate closely models actual 

2,4-D loss compared to flow or photodegradation. Thus, we propose microbial degradation is the 

dominant degradation pathway of 2,4-D in lakes. Biodegradation is expected to be most rapid in 

the sediment based on our results given the high percentage of epilimnion lake area in contact with 

sediment (Figure A.15). 

While the half-lives in the field and microcosm studies were not directly correlated, both 

data sets demonstrate no effect of treatment history on degradation rate (Table 2.2; Figure A.6). 

This observation has two potential implications. First, these low frequency (annually or less), low 

concentration chemical treatments may not significantly change microbial community 

composition in contrast with higher frequency or concentration pesticide applications.96 

Alternatively, other factors influencing lake microbial community structure might overpower a 

small perturbation, highlighting the importance of a resilient ecosystem.97 This finding further 

demonstrates how laboratory studies can inaccurately predict environmental fate by failing to 

replicate environmental conditions, in this case not considering realistic application patterns for 

aquatic systems. 

 Our model includes parameters for microbial degradation, photodegradation, and flow, but 

does not include plant uptake or sediment sorption. Plant uptake is required for a lethal response, 

but 2,4-D is not degraded in the process98 and does not accumulate in plants.99,100 Based on 

measured sediment carbon concentrations and the reported Koc,29,43 sediment sorption is negligible 

in all studied lakes (Table A.11). Porewater [2,4-D] was comparable to overlying water 
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concentrations (Figures A.8-11, A.13), suggesting 2,4-D was dissolved and available for 

biodegradation.  

 

2.6 Environmental Implications 

We used laboratory experiments to isolate and quantify specific transformation 

mechanisms and model loss following large-scale 2,4-D applications to lakes. While this study is 

specific to 2,4-D, these results can be used to design field transformation studies based on 

laboratory studies and vice versa. Our synthesis of laboratory and field experiments underscores 

the importance of both approaches for mechanistically understanding contaminant fate in complex 

aquatic environments. While our study investigated the active ingredient of 2,4-D (>46% 2,4-D in 

commercial solutions used in this study), the commercial formulation can potentially impact how 

a compound moves through the environment and should be considered when designing fate and 

transport studies with other compounds.  

Our results reveal major limitations in the standard approach of using laboratory 

measurements to predict the environmental fate of organic compounds. Laboratory-based 

photodegradation studies and modeling demonstrated 2,4-D photodegradation rates are too slow 

to be relevant, in contrast with previous studies, including U.S. EPA registration 

documents,42,43,56,101 that note the photolability of 2,4-D. Similarly, laboratory-based microcosm 

experiments incubated at lake temperatures with relevant inoculum demonstrated 2,4-D 

biodegradation is associated with sediment-derived microbial communities but did not capture 

physical processes that affected 2,4-D fate, specifically the role of advective transport and lake 

stratification. Collectively, the observed discrepancies clearly demonstrate that laboratory 

measurements cannot be directly applied to predict field transformation rates.  
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Using laboratory measurements to elucidate dominant transformation mechanisms is also 

prone to error. Previous studies indicated bio- and photodegradation of 2,4-D have similar half-

lives,31,43,56,81,102,103 yet our holistic approach clearly showed that biodegradation was dominant in 

lakes. We attempted to quantify transformation products and specific genes to further distinguish 

between these processes in the field. However, the absence of quantifiable transformation 

products, even when high initial parent compound concentrations were used, suggests that similar 

attempts to elucidate mechanisms of similar organic compounds under field conditions will be 

challenging. Additionally, previously described primers for the tfdA gene failed to detect the 

presence of known degraders, demonstrating the importance of validating primers constructed 

from cultured representatives.  

Laboratory experiments can never fully represent field conditions and therefore it is ideal 

to validate conclusions using field measurements. While this labor-intensive approach is limited 

to unique situations (e.g., when compounds are intentionally added to aquatic systems),6,22,23,68 

these cases can be used to demonstrate best practices, such as those outlined here, in extrapolating 

laboratory measurements to field conditions. These data can also be used to highlight factors that 

warrant careful consideration in designing laboratory experiments, which we anticipate will 

continue to be the standard approach in predicting contaminant fate. Laboratory photodegradation 

rate measurements must be combined with modeled sunlight and site-specific conditions (e.g., 

water depth, variability in light) to evaluate this process under environmental conditions. Similarly, 

biodegradation experiments should be conducted with representative inocula at relevant 

temperatures and using molecular tools validated with environmental samples. While we often 

justify experimental conditions as being “environmentally relevant”, this phrase can have a range 
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of meanings and site-specific factors that must be considered to make future studies relevant to 

environmental conditions. 
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Chapter 3 
 

Expanded diversity of tfdA harboring bacteria across the natural and 

built environment 

 

3.1 Details on Collaboration  

 This chapter is a collaboration between Amber M. White, Amarilys Gonzalez Vazquez, 

Elizabeth A. McDaniel, Benjamin D. Peterson, Paul Koch, Christina K. Remucal, Katherine D. 

McMahon. A.M.W. and A.G.V. conducted the field sampling, incubation experiments, qPCR, and 

TOPO cloning. E.A.M. conducted the metagenomic analysis. B. D. P. conducted Geneious 

analysis. A.M.W. wrote most of the paper with feedback from all co-authors. 

 

3.2 Abstract 

2,4-Dichlorophenoxyacetic acid (2,4-D) is an herbicide commonly used in aquatic and 

terrestrial environments that is degraded by bacteria through the TFD pathway, which is thought 

to be mainly carried on a plasmid. Previous work has relied on culture-based methods to study and 

develop primers for qPCR analysis of the gene cassette in environmental samples. In this study, 

we combined molecular and genomic analysis techniques to examine the accuracy of established 

tfdA qPCR primers on environmental samples and update the phylogeny of tfdA genes detected in 

bacterial genomes. We found most putative 2,4-D degraders are Proteobacteria but also found 

several novel degraders including members of the phyla Candidatus Rokubacteria and Candidatus 

Eremiobacteraeota. In silico analysis of established primers showed potential amplification of < 
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5% of putative degrader sequences but 52-100% of experimentally verified degraders when 

allowing for three and one mismatches between template and primer sequences, respectively. 

Overall, our work expands the diversity of putative 2,4-D degraders and demonstrates yet again 

the limitations of culture-based tools for investigating environmental community diversity.  

 

3.3 Importance 

Cultivation-based methods can misrepresent the diversity of environmental 

microorganisms. Our work showcases one example of how culture-based development of 

molecular tools underestimates the full spectrum of 2,4-D degrading microorganisms. Accurately 

identifying microorganisms with 2,4-D degradation potential is crucial for understanding the 

biodegradation potential of a commonly used herbicide across terrestrial, aquatic, and subsurface 

environments. Additionally, this work reinforces well-documented pitfalls associated with relying 

on cultured representatives when constructing primers and the challenges of translating findings 

from a few cultured representatives to understudied or unknown microorganisms in complex 

environments. 

 

3.4 Introduction 

The herbicide 2,4-dichlorophenoxyacetic acid (2,4-D) is used extensively to control 

invasive and nuisance plants in terrestrial and aquatic environments (1–4) but is a chemical of 

concern due to its toxicity and potential non-target effects (5, 6). As one of the most used and 

globally distributed herbicides (7–12), understanding the diversity and prevalence of bacteria with 

the potential to degrade 2,4-D is critical for understanding the fate and persistence of 2,4-D in the 

environment. 2,4-D is degraded by bacteria harboring the tfd gene cassette, named after the 2,4-D 
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compound (TFD) (12–16). Biodegradation is initiated by tfdA gene product, which encodes an 

alpha-ketoglutarate dependent oxygenase that uses Fe(II) to catalyze the reaction into 2,4-

dichlorophenol, carbon dioxide, and succinate (17). Complete mineralization of 2,4-D proceeds 

via the associated tfdBCDEF gene products, which catalyze the transformation of 2,4-

dichlorophenol into 3,5-dichlorocatechol; this product eventually being shuttled into the citric acid 

cycle (18). The reaction catalyzed by the tfdA gene product is considered the rate limiting step of 

biodegradation because it is transcribed separately from tfdBCDEF. There are also generally two 

copies of the tfdBCDEF gene cluster but only one copy of the tfdA gene (19). This duplication is 

likely due to the need for rapid degradation of 2,4-D transformation products that are toxic to 

bacteria (18).  

The tfd gene is most often detected in plasmids (15, 18, 20, 21) but can occasionally be 

found on a chromosome (17–19, 22, 23). tfdA-dependent 2,4-D degradation via the TfdA enzyme 

has been extensively studied on plasmids in Cupriavidus pinatubonesis, previously named 

Cupriavidus necator, Alcaligenes eutrophus, and Ralstonia eutropha (17, 20, 24, 25). The gene is 

819 bp long, and is well documented with strains belonging to Alpha, Beta, and 

Gammaproteobacteria isolated from soil systems (21, 25–27), including several strains capable of 

using 2,4-D as their sole carbon source (15, 16, 27). There are three recognized tfdA gene classes, 

but because the gene can be horizontally transferred (28) these classes are distributed throughout 

different bacterial phyla. Class I is located on transmissible plasmids and has been detected in 

Betaproteobacteria. Class II has 76% nucleotide identity to class I, has also been mostly detected 

in Betaprotebacteria (Burkholderia strains), and can also be found on the chromosome where it is 

referred to as tfdAa (22, 23). Lastly, class III has 77% and 80% nucleotide identity to class I and 

class II, respectively, and has been detected in Beta- and Gammaproteobacteria (28). Phylogenetic 
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analysis of tfdA genes sequenced from 31 confirmed 2,4-D degraders found that while there is 

diversity among the tfdA sequences that can be attributed to the different gene classes, gene 

sequences within the classes are relatively well conserved (25). 

Previously, a set of qPCR primers were developed for the quantitative detection of tfdA in 

pure cultures and from the environment (29). Two primer sets that amplify an 81 or 215 bp 

fragment are expected to amplify all three gene classes. These primers have been applied with 

variable success in soil (20, 30), sediments (31), aquifer solids (32), and glacial ice (33), but have 

been limitedly applied in aquatic environments (4, 34, 35). Despite a wide range of environmental 

applications, the qPCR primers were developed from cultured representatives of soil environments 

that may miss other environmental representatives. Additionally, to the best of our knowledge no 

previous studies have applied metagenomic analyses to the tfdA gene, suggesting the diversity of 

the gene at present is limited to what has been detected through culturing, potentially 

misrepresenting the complete diversity of the degrading population.  

In this study, we combined molecular and metagenomic approaches to examine the 

accuracy of established tfdA qPCR primers on environmental samples and update the tfdA 

phylogeny. Established tfdA primers failed to amplify clean PCR products when applied to 

environmental samples known to degrade 2,4-D. We also identified over 1000 genomes containing 

the tfdA marker from publicly available isolate genomes and metagenome-assembled genomes 

(MAGs) belonging to over a dozen different phyla from several different environmental sources. 

Importantly, we found several putative 2,4-D degraders belonging to phyla that, to our knowledge, 

have not previously been characterized as 2,4-D degraders. Lastly, a predictive in silico PCR 

analysis found extremely poor amplification of tfdA gene fragments from environmental samples, 

while genomes of cultured and experimentally verified representatives were indeed predicted to 
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yield PCR products. This work underscores the pitfalls associated with relying on cultured 

representatives when constructing primers and the challenges of translating findings from a few 

cultured representatives to understudied or unknown microorganisms in complex environments. 

 

3.5 Results 

3.5.1 Confirming Specificity of 81 and 215 bp Primers in tfdA Reference Genes   

Amplification of the standard template for all three gene classes using the 215 bp primer 

produced products of expected size when visualized on a 1.5% agarose gel (Figure B.1). Analysis 

with BLASTN versus the NCBI database also confirmed the sequence of the tfdA gene product 

using the 215 bp primers (Supplementary Data). However, initial efforts to amplify tfdA using 

both 81 and 215 bp primers in sediment and soil samples previously exposed to and known to 

degrade 2,4-D (Table 3.1) yielded non-specific products from extracted sample DNA as evidenced 

by smearing on agarose gels, even though the positive control produced products of expected size 

(Figure 3.1a, Figure 3.2). We first hypothesized that co-extracted constituents were interfering 

with PCR and investigated further amplification interference with two experiments. 

 

Table 3.1. Characteristics of four environmental samples used in TOPO cloning including 
environmental origin, number of colonies sequenced from each parent sample, and primer used 
for PCR amplification. 
 

Environment Experimental 2,4-D 
half-life (days) 

Colonies sampled  Primer used for 
PCR 

Soil  < 7 S 81 bp 
Soil < 7 T,U,V,W 81 bp 

Water 24 A,D,E,F,G,H,I,J,K,L,M,N,O 215 bp 
Sediment 24 B,C,P,Q,R 215 bp 
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Figure 3.1. Gel of sediment recovery experiment using a serial dilution of tfdA class I gene 
standard from 107 (most left) to 101 (most right) (a). Gel of lake sediments and spiked with 103 
gene copies (white boxes) and unspiked sediments (black boxes) as well as a 103 standard (orange 
box) (b). Ladder in both (a) and (b) is New England biotech 100 bp ladder. Band size is 
approximately 215 bp. 

 

To evaluate interference by impurities co-extracted from sediments, serial dilutions of the 

class I tfdA gene from 107 to 101 copies were spiked into duplicate 0.5 g wet sediment aliquots 

previously unexposed to 2,4-D, extracted, and amplified with the 215 bp primer. High spiked gene 

copies (105 and 102.5 after correcting concentration for saturated sediments) had a percent recovery 

of 96-107% (Table 3.2), indicating successful recovery by DNA extraction and amplification of 

the standard. However, poor percent recoveries were observed at low copies (below 102.5). Gene 

products visualized using a 1.5% v/v agarose gel showed some smearing and additional bands for 

all products (Figure 3.1b, Figure 3.2). At high concentrations, a prominent band was present at 

around 200 bp, which aligns with the expected fragment size of 215 bp. However, the band was 

less clear at 102.5 copies and below, which also had poor calculated recoveries. This suggests, even 

with the standard derived from cultured representatives, low concentrations of the tfdA gene were 

not selectively amplified using the primers when the template DNA was present at relatively low 

abundance.  

We conducted additional recovery experiments with sediment from four lakes unexposed 

to 2,4-D (4) with varying organic carbon concentrations to test organic matter interference. We 
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103 copies of the tfdA gene and amplifying with the 215 bp primer (Figure 3.1a). Sediments with 

the added standard had a clear product band at ~200 bp, but the unspiked sediments had no clear 

band at 200 bp. Rather, these unspiked sediments had some smearing and light bands at 500 bp. 

This confirmed the finding that the primers could amplify the standard when found at relatively 

high levels in the extracted DNA, but that native tfdA, if present in the samples, was not selectively 

amplified. Instead, another non-specific product was being amplified. 

 

Figure 3.2. Electrophoresis gel of a qPCR amplification product of tfdA class I 81 bp primer in 
soil sample collected from the growth chamber study with 100 bp ladder. 
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Table 3.2. Recovery of tfdA class I gene in sediments unexposed to 2,4-D. Expected gene 
recoveries are calculated based on sediment mass and water content. 

 
 

Additional attempts to optimize the reaction did not improve amplification results. First, 

we attempted to adjust annealing temperatures by running a temperature gradient from 60 - 70oC 

and separately changing annealing time from 15 seconds to 30 seconds. We also tested doubling 

and tripling primer concentrations as well as lowering template concentrations to 0.5x and 0.25x 

of the standard protocol. Lastly, we performed additional clean up steps with phenol-chloroform 

and salt/alcohol precipitation to remove additional interferences prior to amplification. None of 

these troubleshooting steps generated clean bands on a gel from environmental samples. As a 

result, we cloned and sequenced PCR products to determine what, if anything, was being 

amplified.  

 

3.5.2 Failed Amplicon Cloning and Sequencing of PCR Products  

We constructed clone libraries to sequence individual amplicons from two soil (81 bp 

primer), one water (215 bp primer), and one sediment (215 bp primer) sample (Table 3.1). We 

selected 23 colonies for sequencing (5 from soil, 13 from water, 5 from sediment, Table 3.1). 

Log10 gene 
copies  

Expected 

Log10 gene 
copies  
Rep 1 

Log10 gene 
copies  
Rep 2 

Rep 1 
recovery 

Rep 2 
recovery 

Average 
recovery 

SD 
recovery 

5.73 5.64 5.47 0.98 0.95 0.97 0.02 

4.40 4.73 4.66 1.08 1.06 1.07 0.01 

3.54 3.67 3.62 1.04 1.02 1.03 0.01 

2.51 2.66 2.74 1.06 1.09 1.08 0.02 

1.42 2.02 1.94 1.42 1.36 1.39 0.04 

-0.565 1.49 1.73 -2.69 -3.06 -2.85 0.30 

-0.229 1.63 1.54 -7.10 -6.71 -6.90 0.28 

0.000 1.59 1.65 
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Following plasmid prep and amplification using M13 primers, visualization of 19 plasmid insert-

derived PCR products from the sediment and water samples generated bands of approximately 200 

bp each, which is shorter than the expected product of 215 bp. Amplified plasmid inserts from the 

remaining four clones from soil samples showed a band size between 200 and 500 bp (Figure 3.3). 

Analysis with blastn versus the NCBI nr database confirmed the sequences from samples A-S 

(water, sediment, and soil derived colonies) were fragments of the cloning vector rather than the 

tfdA gene product. For samples T-W (soil only) the insert sequence had less than 20% alignment 

with the best hits. Only 6 to 18%, 5 to 17%, and 5 to 17%, for class I, II, and III, respectively was 

calculated as the percent query coverage (Table B.2). Sequences producing significant alignments 

did not exhibit any predicted functions with similarities to TfdA.  

Our work here shows the tfdA qPCR primers failed to detect 2,4-D degrading 

microorganisms in environmental samples, which is consistent with other studies that have 

demonstrated challenges in applying primers created from cultured representatives to 

environmental samples (36–39). A potential explanation for the failed amplification results in 

environmental samples could be the presence of the cad pathway, which can degrade 2,4-D and 

has predominantly been found in Burkholderia (40–42). Additionally, the isolation technique used 

can influence what class of tfdA is recovered, suggesting primers created from isolates may miss 

parts of the degrading community solely based on how the strains were isolated (43). Thus, we 

further investigated if extensive tfdA sequence divergence at the primer binding site could explain 

why the primers failed on our environmental samples using non-isolation-based tools.  
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Figure 3.3. Gel of colonies with gene product from two soil (green letters), one sediment (brown 
letters), and one water sample (blue letters) after TOPO cloning, incubation in LB and plates at 
37oC, and amplified using M13 primers. Expected product size of 215 bp for samples A-R and 81 
bp for samples S-W. Ladder size indicated on gel is 100 bp and 1 kbp from left to right. 

 

 

3.5.3 Phylogenetic Analysis Leads to Discovery of Putative Degraders  

We searched for tfdA homologs using a custom Hidden Markov Model (HMM) in more 

than 200,000 publicly available isolate genomes and MAGs available in Genbank at the time of 

the search and found 1,035 putative 2,4-D degraders spanning over a dozen phyla and several 

different environmental sources (Figure 3.4, Metadata file). 90% of identified putative degraders 

belong to Proteobacteria, specifically the Alpha-, Beta-, Gamma-, Deltaproteobacteria classes 

and otherwise unresolved Proteobacteria (Figure 3.4b and 3.4c), groups which have previously  
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Figure 3.4. Phylogenetic tree of putative tfdA degraders (a). Tree color corresponds to phylum and 
outer ring corresponds to environmental origin. Counts of sequences from each phyla of putative 
2,4-D degraders (b). Counts of sequences from each environment of origin of putative 2,4-D 
degraders (c). 

 

 

been identified to contain 2,4-D degraders. The remaining 103 novel putative degraders are 

classified within the Acidobacteria (1), Actinobacteria (5), Fibrobacteres (1), Gemmatimonadetes 

(2), and PVC Superphylum (7) as well as several recently described candidate phyla, including 

Candidatus Eremiobacteraeota (20), Candidatus Latescibacteria (1), Candidatus Rokubacteria 

(61), and Candidatus Tectomicrobia (4). Putative degrader genomes were recovered from marine, 

freshwater, and wetland aquatic environments in addition to the more well studied terrestrial and 

subsurface environments. The distribution of the putative degraders across all environments and 
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phyla aligns with evidence for horizontal gene transfer (28). Importantly, cultured and 

experimentally verified representatives clustered separately from the putative degraders, 

suggesting the gene is highly conserved among degraders that are easily isolated or can use 2,4-D 

as a sole carbon source.   

We found putative 2,4-D degraders in Acidobacteria, Gemmatimonadetes, and the PVC 

superphylum that have been previously reported as degraders or members of the degrading 

community of the related phenoxyalkanoic acid herbicide (2-methyl-4-chlorophenoxy) propionic 

acid (MCPA) (44). While these phyla have not been shown to degrade 2,4-D, the structural 

similarity of MCPA to 2,4-D and the demonstrated ability of tfdA to degrade both herbicides (29, 

30, 45) suggests these microbes have the potential to degrade 2,4-D as well.  

Most of the novel putative degraders were members of Candidatus Rokubacteria in our 

search and contained representatives from marine, freshwater, soil, subsurface, and sediment 

environments. This is consistent with previous reports of the global diversity of Rokubacteria (46), 

which are also expected to play an important role in sulfur cycling (47, 48) and degradation of 

complex carbon compounds found in leaf litter or root exudates (48–50). Previous work 

demonstrating uncultured microbes like Rokubacteria may use alternative metabolic pathways that 

prevent their culturing under typical conditions (46, 51, 52) highlights the power of non-culture-

based methods in exploring community structure and function and the limits of historic cultured-

based primer development methods for environmental analyses. 

Wetland-derived putative degraders are predominantly from Candidatus 

Eremiobacteraeota, specifically found in artic peatlands. Another uncultured phylum, 

Eremiobacteraeota are described as “heterotrophic scavengers” (53) found in polar/alpine 

environments (54–57) as well as polychlorinated biphenyl- and fracking-contaminated 
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environments (58, 59). All instances of Candidatus Eremiobacteraeota in our study were derived 

from the arctic wetland environment. Other wetland-derived putative degraders include 

Acetobacteraceae, Rhizobiales, and Rhodospirillales (Alphaproteobacteria), Burkholderiales 

(Betaproteobacteria), nine unresolved Gammaproteobacteria, and one unresolved 

Deltaproteobacteria.  

Several of the putative degraders from all environments have been found to survive in 

heavily contaminated environments. For example, Sphingomonadaceae (Alphaproteobacteria) are 

known to have several members that can tolerate or degrade contaminants, including 2,4-D (25, 

28, 60, 61), and have been found in gasoline (62), polyaromatic hydrocarbon (63), 

hexachlorocyclohexane (64), copper-mine (65), and electronic-waste (66) contaminated soils and 

sediments. We found Sphingomonadaceae in all sampled environments, including a large group 

of human-associated isolates from building infrastructure and patient cultures during an 

investigation of an outbreak of multiple-drug resistant S. koreensis at the NIH Clinical Center from 

2006-2016 (67). We found several other tfdA carrying representatives in drinking water samples, 

specifically a member of the family Bradyrhizobiaceae (68, 69), Variovorax paradoxus (70), and 

other Proteobacteria representatives (69). Additional putative 2,4-D degraders known to tolerate 

contaminants include the isoprene-degrading Variovorax (71), heavy metal-resistant 

Altererythrobacter atlanticus (72), and the previously described Eremiobacteraeota (58, 59).  

The variety in origin and diversity of putative 2,4-D degraders suggests they can be found 

nearly ubiquitously across natural and built environments and supports previous evidence that the 

gene can be horizontally transferred. Many of the degraders identified here, both established and 

putative, are associated with complex carbon cycling, such as the Eremiobacteraeota and 

Rokubacteria. This finding aligns with previous evidence that tfd genes or ancestral tfd genes were 
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used to degrade naturally occurring compounds that are structurally similar to 2,4-D (73–75). 

Additionally, the large number of putative degraders found in contaminated or engineered 

environments implies the gene or plasmid is resilient or conveys advantageous traits in stressful 

environments, even if 2,4-D or MCPA is not present.  

 

3.5.4 Failed in silico Amplification With qPCR Primers on Putative Degraders  

Given the wide distribution of the tfdA gene across all environments sampled here, we 

investigated the in silico amplification using the 81 and 215 bp primers from putative degrader 

genomes as compared to the confirmed 2,4-D degrader sequences, to investigate primer accuracy. 

Applying the 81 and 215 bp primers to the curated sequences of putative degraders resulted in poor 

rates of in silico amplification, even when allowing for one and three mismatches (Figure 3.5a). 

The 81 bp forward and reverse primer found zero matches for 1604 sequences when allowing for 

zero mismatches. Allowing for one mismatch amplified 10 sequences while further allowing for 

three mismatches resulted in 55 amplified sequences, (i.e., 3.4% success rate). The 215 bp primer 

had slightly better success with 8 amplified sequences assuming zero mismatches. Increasing the 

number of allowable mismatches to one and three resulted in 9 and 83 (i.e., 5.2% success rate) 

amplified sequences, respectively (Figure 3.5a).  

In contrast, applying both primer sets to experimentally verified and cultured 2,4-D 

degraders (25) resulted in 52% amplification with zero mismatches and 100% amplification for 

one mismatch (Figure 3.5b). These results, combined with the previously described tree, show the 

diversity of the tfdA gene is much larger than previously described using tfdA sequences obtained 

from microorganisms predominantly cultivated from soil environments. 
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Figure 3.5. (a) Amplification success rates using 1604 sequences of putative 2,4-D degraders 
tested with 81 and 215 bp primers. Zero, one, and three mismatches were allowed. (b) 
Amplification success rates of 29 experimentally verified 2,4-D degraders with 81 and 215 bp 
primers. 

 

 

3.6 Conclusions  

In this study we expanded the diversity of known putative 2,4-D degraders using genome-

resolved metagenomics and evaluated the accuracy of published qPCR primers commonly used to 

quantify the amount of tfdA gene in environmental samples. Our study found a significant gap 

between amplification of experimentally verified degraders and putative environmental degraders, 

which demonstrates how the use of cultured representatives to develop quantitative molecular tools 

has been known to underestimate the diversity of gene-carrying microorganisms in natural 

environments (51). Additionally, many of the putative degrader sequences were within phyla or 

families containing experimentally verified degraders, groups known to degrade similar 

phenoxyacid herbicides, or groups known to degrade other organic contaminants across the natural 

and built environment, suggesting the gene is more widespread than previously described. 
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Understanding tfdA gene distribution and prevalence across the natural environment is 

critical for understanding natural herbicide biodegradation, which is especially important for 

relatively persistent compounds such as 2,4-D. Our study evaluated established qPCR primers for 

the tfdA gene through molecular and computational techniques and found these primers missed a 

large portion of the potential 2,4-D degrading community. We did not evaluate PCR primers that 

predated the development of the qPCR primers (34, 76) nor did we explore the more recently 

reported cad genes (41). Our results underscore the importance of using caution when applying 

qPCR primers developed from a small number of sequences from cultured representatives to 

environmental samples because they are likely to misrepresent true environmental diversity. 

Additionally, further investigation into the 2,4-D degrading community is critical to understand 

the true environmental impact of phenoxyacid herbicides or other persistent halogenated 

compounds that are prevalent in the environment. The combination of targeted molecular 

techniques and genome-resolved metagenomics is a powerful way to link quantitative data to 

qualitative community and function data for a holistic understanding of microbial community 

response to anthropogenic stressors and both should be considered when designing future studies.  

 

3.7 Methods 

3.7.1 Environmental Sample Collection  

Lake water and sediment were collected from several Wisconsin Lakes undergoing large-

scale (i.e., lake wide concentrations >0.45 µM) treatments, described in detail in (4). Water and 

sediment used in TOPO cloning were from Random Lake, which had whole-lake treatments in 

2018 and 2019. The water column biomass and sediment used in TOPO cloning were collected 

May 20th and 29th, 2019, respectively. These samples were chosen for additional analysis because 
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of a low Ct-value relative to other samples in preliminary qPCR tests. Water samples were 

collected via grab sampling from the epilimnion of the deepest point of the lake (< 1 m sampling 

depth) and stored on ice until processing. 1.5 L of water was filtered through a 0.22 µm 

polyethersulfone filter in a Sterivex filter unit (Millipore Sigma) and stored in a -20oC freezer. 

Lake sediment samples were collected by hand using a 5 cm diameter PVC core tube. Three 

individual sediment cores (top 0-4 cm) were homogenized in a sterile plastic bag and transferred 

to a 50 mL falcon tube for long term storage in a -20oC freezer. Soil samples were collected using 

a 100 mm PVC diameter soil core at a depth of 200 mm from OJ Noer Turfgrass Research Station 

in Madison, Wisconsin, on July 30th, 2020. 2,4-D formulation was applied to field plots using a 

nozzle pressure of 40 psi using a CO2 pressurized boom sprayer with two XR Teejet AI8004 

nozzles. The herbicide was agitated by hand and applied at a rate equivalent to 0.35 mL / m2 of 

the commercial 2,4-D product with an initial concentration of 11.9 µM. Soil subsamples from each 

core were then collected in the following regions: upper soil (top 5 cm) and lower soil (15-20 cm 

depth) using a stainless-steel soil core sampler.   

 

3.7.2 qPCR Amplification 

Sediment, water, and soil samples exposed to 2,4-D were collected and amplified as 

described previously in (4) and (77). DNA was extracted using an MP Bio Fast DNA Spin Kit and 

quantified for DNA concentration using an Invitrogen Qubit 3.0 fluorimeter. Amplification was 

attempted using non-class specific tfdA primers intended to amplify an 81bp or 215bp fragment 

(29, 30).  

Primer sequences and thermocycle conditions adapted from Baelum et al. 2008 (30). For 

the 215 bp product, the forward primer was 5’-GAGCACTACGCRCTGAAYTCCCG-3’ and the 
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reverse primer was 5’-GTCGCGTGCTCGAGAAG-3’. Amplification was done using a BioRad 

Thermocycler with initial heating for 10 minutes at 95oC and 40 cycles of 15 seconds at 95oC; 30 

seconds at 64oC, and 30 seconds at 72oC. For the 81 bp product, forward primer was 5’- 

GAGCACTAC GCRCTGAAYTCCCG-3’ and the reverse primer was 5’-

SACCGGMGGCATSGCATT-3’. The reaction conditions were as follows: 3 min at 95°C for 

enzyme activation, followed by 35 cycles of 15 s at 95°C and 1 min at 62°C in a Bio-Rad CFX96 

Touch Real-Time PCR Detection System. Amplified product melt curves were inspected to assess 

product homogeneity and visualized using agarose gel electrophoresis (1-1.5% wt/vol) to confirm 

product length. 

 

3.7.3 Bacterial Strains and tfdA Reference Genes  

tfdA class I gene, originally from R. eutropha pJP4(JMP134), tfdA Class II and Class III 

genes originated from Burkholderia strain RASC and Burkholderia cepacia strain 2a pIJB1, 

respectively, were synthesized by Integrated DNA Technologies in a pUCIDT- AMP cloning 

vector and transformed into E. coli AMP-resistant competent cells and processed as described in 

Gonzalez-Vasquez 2021. Cultures of each class were grown overnight at 37°C on Luria Bertani 

(LB) medium containing 500 mg/L ampicillin. According to the manufacturer's protocol, DNA 

plasmid isolations were performed using E.Z.N.A. Plasmid DNA Kit (Omega Bio Tek, Radnor, 

PA). Plasmid DNA, including tfdA class I, II, and III gene fragments, were quantified using a 

NanoDrop ND-1000 spectrophotometer (ThermoFisher Scientific, Waltham, MA). Plasmids were 

serially diluted and used as standards for quantitative real-time PCR (29).  
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3.7.4 TOPO Cloning 

TOPO cloning using an Invitrogen TOPO®-TAcloning (Invitrogen, Karlruhe, Germany) 

kit with One Shot TOP10 chemically competent Escherichia coli cells was conducted on two soil, 

one sediment, and one water sample amplified with either the 81 bp or 215 bp primer set. To set 

up the TOPO® reaction, 4 μL of fresh qPCR product, 1 μL salt solution and 1 μL of the pCRTM4-

TOPO® vector were combined. Fresh PCR product was inserted into the provided plasmids and 

transformed into the chemically competent cells. Cells were spread on LB Agar plates with 50 

mg/mL kanamycin, incubated overnight at 37oC. Colonies grown on overnight plates were 

transferred to LB broth with 50 mg/mL kanamycin and incubated at 37oC overnight again. Aliquots 

of liquid cultures were extracted using an Invitrogen PureLink Quick Plasmid Miniprep kit. 

Plasmids were then amplified with IDT ReadyMade M13 (-20) forward primers. Product sizes 

were evaluated using gel electrophoresis (1.5% agarose) with SYBR Safe DNA Gel Stain (Fisher 

Scientific, Chicago, IL) and purified using a Qiagen PCR Purification Kit (Qiagen, Hilden, 

Germany). Final products were quantified using a NanoDrop 1000 (Thermo Fisher Scientific, 

Waltham, MA) and sequenced on a 3730XL Genetic Analyzer (ThermoFisher) for Sanger 

sequencing in the Biotechnology Center at the University of Wisconsin-Madison. Obtained 

sequences were processed using A Plasmid Editor (ApE) (78) and analyzed using NCBI 

NucleotideBLAST (blastn) and blastx. 

 

3.7.5 Accessed Datasets 

We used a combination of publicly available sequenced isolates and metagenome-

assembled genomes (MAGs) to survey tfdA diversity. All publicly available isolates and MAGs 

were accessed from Genbank in August 2019, resulting in more than 200,000 genomes to search 
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for tfdA. We also included MAGs assembled from three freshwater lakes, Lake Tanganyika in the 

East African Rift Valley (79), Trout Bog near Minocqua, WI, and Lake Mendota in Madison, WI 

(80). Samples from Trout Bog and Lake Mendota were sequenced, and population genomes 

assembled as described previously (80). Samples were sequenced, and population genomes were 

also assembled from two stations in Lake Tanganyika, Kegoma and Mahale, as described 

previously (79).  

 

3.7.6 Identification of Putative 2,4-D Degraders 

We constructed a Hidden Markov Model (HMM) of the TfdA protein using a collection of 

30 reference TfdA protein sequences from experimentally verified isolates with 2,4-D degradation 

activity (25). Reference protein sequences were aligned with MUSCLE and an HMM built with 

the hmmbuild function of the HMMER suite (81). The constructed HMM profile was used to then 

identify putative 2,4-D degraders among over 1000 publicly available genomes, including pure 

culture isolates and metagenome assembled genomes (MAGs). For all genome sequences, open 

reading frames and protein-coding genes were predicted with Prodigal (82). We used hmmsearch 

as part of the HMMER program to search all predicted proteins for putative TfdA sequences with 

an e-value cutoff of 1e-50 (81). All sequence hits were aligned with MUSCLE and visualized using 

AliView to manually check for specific conserved residues (83, 84). Based on the predicted 

positions of active site residues of TfdA in Cupriavidus pinatubonensis JMP134 (previously 

known as Cupriavidus necator JMP134 and Ralstonia eutropha JMP134), we checked for the 

presence of residues at His263 and Arg278 that appeared to be required for degradation and mostly 

conserved among the majority of sequences (75, 85, 86). Any sequences without these residues 

aligned with the corresponding positions of C. pinatubonensis were discarded. 
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3.7.7 Phylogenetic Diversity of Putative 2,4-D Degraders and Functional Annotations  

A phylogenetic tree of all TfdA protein sequences was created from the alignment of all 

confident TfdA hits and constructed with RAxML (87). The tree was rooted using TauD sequences 

as an outgroup, as these sequences are from a related family of dioxygenases as TfdA (61, 88, 89). 

TauD sequences from Mycobacterium marinum strain M (ACC39598), Burkholderia 

pseudomallei 1710b (ABA48168), Escherichia coli K12 (BAE76149.1), and Yersinia pestis CO92 

(CAL18870.1) were used as outgroup dioxygenases, as these were also used in Gonod et al. 2006 

(88). These outgroups sequences were used to root the tree, and any putative TfdA sequences that 

did not fall within a monophyletic clade outside of the root were removed. The environmental or 

isolation source was overlaid on the tree as described by the project type for the associated 

BioProject for each strain or MAG in Genbank. The tree and associated metadata were visualized 

using EMPress v1.1.0 (90), and a full phylogenetic tree with bootstrap values is provided in the 

Supplementary Data.  

 

3.7.8 Primer Analysis  

Primer specificity was evaluated using the Geneious (Biomatters, New Zealand) primer 

mapper. Both the 215 and 81 bp forward and reverse primer sets were mapped against a database 

of tfdA sequences from cultured organisms and environmental MAGs. Mapping was done with 

different stringency criteria, allowing for 0, 1, and 3 mismatches. Sequences that were not matched 

by the primers when three mismatches were allowed were considered unlikely to be amplified by 

the primers in environmental samples. 
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3.8 Data availability statement  

All data files and supplementary information available at 

https://figshare.com/projects/Expanded_diversity_of_tfdA_harboring_bacteria_across_the_natur

al_and_built_environment/145275. Metadata, HMM, phylogenetic tree with bootstraps, and 

alignment files for curated sequences well as Sanger sequencing results for 215 bp primer 

verification and TOPO cloning are available.  A PDF Supplementary File with Table S1 and Figure 

S1 is also available. All code available at https://github.com/elizabethmcd/tfdA. 
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Chapter 4 
 

Aquatic transformation of the novel herbicide florpyrauxifen-benzyl 

generates more persistent degradation product florpyrauxifen 

 

4.1 Details on Collaboration 

Chapter 4 is a collaboration between Amber White, Sydney Van Frost, Angela Magness, Josie 

Jauquet, Katherine McMahon, and Christina Remucal. A.W. designed the project structure and 

goals. A.W., S.V.F., A.M., and J.J. carried out the field work and laboratory work experiments. 

A.W. wrote the manuscript with input from K.M. and C.R.  

 

 
4.2 Abstract 

 
The transformation of polar organic compounds can produce multiple transformation 

products with unknown the toxicity and persistence. Here, we investigated the photodegradation, 

biodegradation, and hydrolysis of the herbicide florpyrauxifen-benzyl (FPB) in field and 

laboratory experiments as well as formation and fate of several transformation products. FPB 

persisted 5 to 7 days after application in five Wisconsin lakes with an in-lake half-life of < 2 days. 

The transformation product florpyrauxifen was detectable for 20-30 days post-FPB application at 

high conversion rates from FPB to the product florpyrauxifen. Paired laboratory studies 

demonstrated that FPB is degraded to florpyrauxifen via hydrolysis, and that photodegradation 

transformation pathways generate unique transformation products not found in the field campaign. 
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Mass balance calculations found that FPB can be completely hydrolyzed to florpyrauxifen and the 

microbially degraded to X11966341, which is further degraded into an unknown product. 

Additional bulk carbon analyses of surface water during treatments were used to characterize inert 

herbicide formulation components, which had a quantifiable impact on whole-lake carbon 

concentration and composition. This is the first reported quantification of FPB and florpyrauxifen 

in aquatic environments, as well as measurements of transformation processes affecting both FPB 

and florpyrauxifen. These results show how the combined use of field and laboratory studies can 

be used to identify transformation products that warrant further investigation for polar organic 

compounds.  

 

4.3 Introduction 

The accumulation of micropollutants in the aquatic environment poses a risk to the health 

of aquatic ecosystems.1,2 The mixture of organic chemicals found in the aquatic environment 

contains intentionally released compounds (e.g., pesticides), unintentionally released compounds 

(e.g., pharmaceuticals and personal care products from wastewater treatment facilities), and their 

products produced by biotic and abiotic degradation. Additionally, these transformation products 

may retain or increase persistence or toxicity once in the environment, suggesting transformation 

does not lead to a reduction of toxicity of aquatic micropollutants.3–6 

However, the laboratory studies used to investigate the transformation of pesticides and 

other polar organic compounds for regulatory risk assessment often fall short of accurately 

replicating environmental conditions.7–10 Photodegradation studies do not require modeling for all 

compounds under environmental conditions or quantification of potential indirect 

photodegradation, or which can be an important environmental pathway.11–13 Biodegradation is 
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isolated to either water or sediment microbial communities, which oversimplifies sediment-water 

dynamics and disrupts the ambient nutrients, oxygen, and light trends the microbial populations 

may have been conditioned before.14–17 Techniques used to keep incubations oxygenated, such as 

shaking or stirring sediments, as well as high ratios of sediment to water can influence how 

chemicals of interest and their degradation products sorb in a way that is not environmentally 

relevant.14,18,19   

Laboratory transformation studies are designed to inform regulation of the compound of 

concern and are not typically conducted to study the transformation product behavior.20 

Furthermore, commercial solutions of these chemicals are applied in a mixture of active 

ingredients that carry out the specific function of the product and inactive ingredients that support 

the delivery or effectiveness of the product and can change the environmental fate of the 

compound.21–24 These inactive ingredients are often also not subjected to as strict regulatory testing 

and simply listed as “inert” or “other” on product labels.25,26 Thus, the emphasis of regulatory 

study on the active ingredient may inadequately describe the complete fate and transport of the 

actual applied solution. 

Florpyrauxifen-benzyl (FPB) is an auxin mimic herbicide registered in 2017 predominantly 

for use in aquatic environments.27 Commonly used to combat hydrilla, Eurasian watermilfoil, and 

other broadleaf plants, FPB was developed to address increasing tolerance to previously used 

herbicides28 such as 2,4-D, an auxin mimic targeting different binding sites than FPB,29–32 and 

fluridone, a photobleaching agent.33–35 FPB is an active ingredient in at least seven commercial 

formulations ranging from 1.3 - 26.2% FPB in each formulation.36–42 Interestingly, aquatic 

application of FPB in spot treatments is allowed up to 114 nM (i.e., 50 ppb) despite a low solubility 
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of 34 nM (i.e., 15 ppb),27,40,43 suggesting the inactive ingredients help increase the solubility of 

FPB. 

FPB is understudied in laboratory and field settings with most existing information about 

the fate and transformation reported in EPA registration, product labels, and SDS sheets, and 

promotional materials. FPB is highly sorptive with a octanol-water partitioning coefficient (log 

Kow) of 5.5 and partitioning coefficient (log Koc) of 4.53 mL g-1.44 FPB is expected to undergo 

rapid photodegradation (t1/2 = 0.07 days at 40 oN latitude in pH 4) and has negligible 

volatilization.44 Hydrolysis at pH 7 is slow (t1/2 = 111 days), but significantly faster at pH 9 (t1/2 = 

1.3 days).43  Aerobic and anaerobic microbial degradation is expected to be faster at low and 

neutral pH with aquatic metabolism half-lives of 2-6 days.27,44 Thus, the existing laboratory data 

suggest rapid transformation of FPB via several pathways in aquatic environments. 

Five degradation products of FPB have been identified in laboratory studies investigating 

photo- and biodegradation (Table C.1, Figure 4.7).27,45,46 The primary degradation product in 

water-sediment systems is florpyrauxifen, which is also herbicidal.46,47 Authentic standards and 

common names for the remaining four products are not available. They are instead identified as 

X11966341 and X12300837, which are also likely to form in water-sediment systems, and 

X12131932 and X12393505 which are expected to form predominantly through 

photodegradation.46 The suggestion that different pathways form different products means 

transformation mechanisms could be identified in the environment based on product formation but 

has yet to be tested. Importantly, the lack of field data quantifying transformation of FPB or the 

persistence of these potential degradation products makes decision making difficult for resource 

managers.48  
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The goal of this study was to use the aquatic herbicide FPB as a tool to study micropollutant 

transformation in aquatic environments with competing transformation mechanisms through 

combined laboratory and field degradation studies. We also investigated the bulk composition and 

fate of the inactive portions of herbicide solution in the field campaign due to the high fraction of 

these ingredients (97.3%)40 to understand how the inactive ingredients transform in the aquatic 

environment. These two goals combined will provide insight to the complete transformation of the 

end-use FPB formulation and potential effects on lake chemistry from the active ingredients, inert 

ingredients, and transformation products.   

 

4.4 Materials and Methods 

 
4.4.1 Chemicals 

Chemicals were used as received and are described in detail in Section C.1. All commercial FPB 

solutions used in lake treatments were ProcellaCOR EC, which consists of 2.7% FPB and 97.3% 

inactive ingredients (2.1% ethylhexanol, 0.9% methanol, 94.3% unknown).40,43 13C-labeled 

florpyrauxifen-benzyl and florpyrauxifen, as well as unnamed potential degradation products 

X12300837, X11966341, X12131932, and X12393505, were obtained from Corteva Agriscience. 

Ultrapure water (18.2 MW cm) was obtained from an ultrapure water purification system. 

 

4.4.2 FPB Sample Preservation and Processing  

Water samples for FPB analysis were preserved with methanol (50:50 methanol:water 

ratio) and 0.1% formic acid prior to syringe filtering through a 0.22 µm PES filter. A 13C-labeled 

florpyrauxifen-benzyl internal standard was added at 1 ppb (field campaign) or 5 ppb (hydrolysis 

and microcosm experiments) to account for loss during processing and storage.  
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4.4.3 Field Sampling  

Five FPB treatments were studied during May-August 2021 and 2022 (Table 4.1, Figure 

C.1). These treatments applied FPB to areas of high-density Eurasian watermilfoil but had the 

potential to mix completely throughout the lake. Lakes were selected in collaboration with the 

Wisconsin Department of Natural Resources (WIDNR) to study lakes with potential lake wide 

FPB concentrations high enough to detect several orders of magnitude of loss.  

 

Table 4.1. Summary of sampled lakes including waterbody identification code (WBIC), herbicide 
application area, treatment date, target concentration, and treatment history. Trophic status is 
designated as eutrophic (E), mesotrophic (M), or oligotrophic (O). Target 2,4-D concentration is 
from treatment permit application. When not stated on permit application, target concentration was 
calculated from lake/bay volume and amount of herbicide applied as listed on treatment record. 

 

 

Lake 
(WBIC) 

Herbicide 
application 
area (m2) 

Lake 
Surface 

area (m2) 

Trophic 
Status 

Treatment 
Date  

Water 
temp 
(oC) 

pH Potential 
lake wide 

conc.  
(nM)/(ppb) 

South Twin 
Lake 

31623700  

234,718 2,541,000 O June 9th, 2021 24 8.6 0.93/0.41 

Muskellunge 
Lake 

1596600 
 

80,128 1,093,000 E June 23rd, 2021 24 7.2 0.48/0.21 

Silver Lake 
555700 

60,703 1,283,000 O-M June 23rd, 2021 22 7.2 0.36/0.16 

Lilly Lake 
740900 

 

42,492 343,983 O May 23rd, 2022 17 8 2.16/0.95 

Kettle 
Moraine 

Lake 
43900 

 

72,843 845,793 M June 3rd, 2022 21 8.8 1.28/0.56 
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Pretreatment surface water and sediment were collected from the epilimnion and nearshore 

area ≤ 2 hours prior to treatment and stored at 4oC until processing (Section C2). Pretreatment 

samples were used for bulk water chemistry measurements (Section C3), photochemical 

irradiations (Section C4), microcosm incubations (Section C5), and hydrolysis experiments 

(Section C6). Water samples were collected at three sites on each lake, with at least one site in 

treatment area, one outside of treatment area (i.e., not intended to be treated) to monitor advective 

transport out of treatment area, and one site at the deepest point of the lake. Samples were collected 

immediately after FPB application (<1 hour after application) and at 3- to 4-hour intervals for 12 

hours after treatment, every 1 to 2 days after treatment for one week after treatment, and then 

weekly thereafter. Additional depth discrete samples were collected with a Van Dorn sampler at 2 

or 3 m intervals the deep hole of Muskellunge and Silver Lakes. At each sampling event, surface 

water was analyzed for all six described compounds. Additional samples no preserved with 

methanol were collected for organic carbon analysis and UV-vis spectroscopy.  

Sediment for sorption analysis was collected by Eckman dredge or hand-coring at the 

nearshore site (Section C2). Samples collected during the treatment were stored on ice and in the 

dark until processing, typically on site (i.e., within 1 hour of collection) but no more than 24 hours 

after collection and preserved with methanol and formic acid as described above. 

 

4.4.4 Photochemical Irradiation Experiments 

Photodegradation experiments were conducted in a Rayonet merry-go-round photoreactor 

equipped with sixteen bulbs that emit light at 311 nm (± 22 nm width at half-max), which is within 

the absorbance spectra of FPB (Figure C2), to quantify direct and indirect FPB photodegradation. 

Irradiation experiments in borosilicate glass tubes were conducted in triplicate using 45 nM (10 
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ppb) FPB in buffered (pH 7, 10 mM phosphate buffer) ultrapure water (direct photodegradation) 

or 3 mg-C L-1 lake water (indirect photodegradation) alongside dark controls. Light intensity 

during the experiment was quantified using 2-nitrobenzaldehyde49 as a chemical actinometer. This 

FPB concentration is representative of the maximum FPB application concentration in spot 

treatments. 

The direct quantum yield of FPB was calculated relative to the actinometer as described 

previously.7,50–52 The calculated quantum yield was combined with solar irradiance modeling using 

the Simple Model of Atmospheric Transfer of Sunshine (SMARTS)53 to calculate FPB half-lives 

in sunlight (Section C4).  

 

4.4.5 Microcosm Incubations  

Water and sediment were collected from two study lakes (Kettle Moraine and Lilly Lakes) 

in the field campaign for microcosm biodegradation studies of FPB and florpyrauxifen (Section 

C5).  Glass 4 L amber bottles were used to reduce sorption. Microcosms were stored at room 

temperature (21-28 oC) in the Water Science and Engineering Laboratory in Madison, WI. 

Degradation by the water column microbial community was quantified in triplicate microcosms 

with unfiltered lake water (3 L) while degradation by the sediment microbial community was 

quantified in microcosms with filtered lake water (2 L) and sediment (1 kg). Abiotic loss processes 

were assessed in control microcosms with filtered lake water (2 L). Microcosms were incubated 

with 45 nM (10 ppb). Samples were collected for up to 150 days, preserved as described above, 

and analyzed for FPB and five degradation products. 
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4.4.6 Hydrolysis Experiment 

Ultrapure water and water from five study lakes was spiked at 45 nM and buffered at pH 

4-10 (ultra-pure water) or ambient pH (study lakes, 0.45 um filtered) using 10 mM acetate (pH 4-

5), phosphate (6-7), or borate buffer (pH 8-10). Triplicate 250 mL glass amber bottles were stored 

at room temperature (20-25 oC) in the dark and sampled at a regular frequency, ranging from every 

three hours for high pH conditions to weekly/biweekly for low pH conditions. Samples were 

collected for up to 100 days, preserved as previously above, and analyzed for FPB and degradation 

products using liquid chromatography tandem mass spectrometry (LC-MS/MS). 

 

4.4.7 Analytical Methods  

FPB, florpyrauxifen, 13C-FPB, 13C-florpyrauxifen, X12300837, X11966341, X12131932, 

and X12393505 were measured using liquid LC-MS/MS. 2-Nitrobenzaldehyde was quantified 

using high-performance liquid chromatography using a diode-array detector.  Ultraviolet-visible 

light spectra for each lake were collected from 200-800 nm to calculate specific absorbance at 254 

nm (SUVA254)54 and the ratio of absorbance 250 nm to 365 nm (E2:E3).55 Dissolved organic carbon 

concentrations were quantified using a Shimadzu total organic carbon analyzer. Methods details 

are provided in Section C7. 

 

4.4.8 Mass Balance Calculations  

A mass balance was carried out to calculate the recovery of FPB as a degradation product 

in both the lake treatments and hydrolysis experiment. For the lake treatments, an estimate of time 

of lake mixing, specifically when lake wide concentrations began to stabilize, was made within 
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the first 12-48 hours based on [FPB] concentrations at all three sampling sites in a lake (Figures 

C.8-C.12). Percent recovery was calculated using Equation 4.1: 

%	𝐹𝑃𝐵$.'/ 	𝑟𝑒𝑐𝑜𝑣𝑒𝑟𝑦 =
[123]0-1+*,[56789:((<)]0-1+*
>?5/:(/8	$.'/	@A8/	[123]

                        Eq. 4.1 

 

where [FPB]mixed is the average of [FPB] at all sampling stations and [product(s)]mixed is the average 

concentration of any degradation product at all three stations found in the lake at the time of 

mixing. The expected lake wide [FPB] is found on the herbicide treatment plan or calculated using 

lake volume56 and mass of FPB applied from treatment record. 

 For the hydrolysis experiments, FPB recovery was calculated using Equation 4.2: 

%	𝐹𝑃𝐵BC867$C<A<	𝑟𝑒𝑐𝑜𝑣𝑒𝑟𝑦 =
[D$765C6.9?AD/%])

[123]
                               Eq. 4.2 

where [florpyrauxifen]t is florpyrauxifen at time t normalized to the initial [FPB] added to the 

reactor. 

 

4.5 Results and Discussion 

4.5.1 FPB Degradation and Florpyrauxifen Formation in Lakes  

FPB was quantified in five Wisconsin lakes undergoing treatments (Table 4.1, Figure 

C.1). [FPB] ranged from < 0.07 to 32 nM and was below the detection limit (LOD = 0.07 nM) 

after day 7. [FPB] in treatment areas immediately after treatment reached up to 32 nM, which is 

close to the solubility of 34 nM.44 However, within 4-6 hours after treatment, FPB quickly moved 

from the site of application to the non-treated sites of all lakes except Kettle Moraine (Figure 4.1a, 

4.2a, C.8-C.12). This movement of FPB from the treatment area to all other sites demonstrates 

that FPB does not remain localized to the treatment area even within 6 hours after treatment, 

suggesting appropriate dosing measures and considerations of non-target impacts should be made 
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for the whole lake. Advective transport occurs rapidly over the first 12-48 hours after treatment, 

after which a lake-wide homogenous concentration is achieved (Figure C.8-C.12).  FPB half-lives 

are estimated using lake-wide average [FPB] and visually estimating when a consistent loss occurs 

over one half-life (i.e., concentrations appear mixed throughout the lake), and range <1 day to 3 

days (Figure 4.1a, Table 4.2).  

 

Table 4.2. Half-lives of FPB in field study and laboratory experiments.  
 

Lake In lake 
recovery 
of FPB  

Lake half-life  
(days) 

Photodeg. 
Half-life 
(days) 

Microcosm half-life (days) Hydrolysis 
half-life 
(days) 

Abiotic Water 
only 

Water-
Sediment 

South Twin 
Lake 160% 1 0.08 - - - 5.5 

Muskellunge 
Lake 112% 2 0.08 - - - 14 

Silver Lake 126% 3 0.08 - - - 18 
Lilly Lake 103% 0.17 0.08 6.6 7.3 2.5 n/a 

Kettle 
Moraine 

Lake 
257% 1 0.08 6.5 8.5 1.8 n/a 

 

 

 

Figure 4.1. (a) [FPB] and (b) [florpyrauxifen] in the treatment zone of all treated lakes. 
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 While advective transport is important in initial loss of FPB from the treatment area, the 

degradation product florpyrauxifen is generated nearly immediately after FPB treatment, 

suggesting transformation is occurring on the same timescale as physical transport.  

[Florpyrauxifen] ranges < 0.09 to 3 nM in all lakes and persists 2-3 times as long in each lake as 

FPB (Figure 4.1b and 4.2b). The only other degradation product detected was X11966341 starting 

at days 4 and 7 in Kettle Moraine (Figure 4.2b) and Lilly Lakes (Figure C.12) respectively, which 

persisted until 25 days after treatment.   

 

 

Figure 4.2. (a) [FPB] at three sites and (b) epilimnion wide average [FPB], [florpyrauxifen], and 
[X11966341] in Kettle Moraine Lake. Error bars in (b) represent standard deviation of all 
epilimnion samples.  
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0

5

10

15

20

0 1 2 3 4 5 6 7

1-FPBnM

2-FPBnM

3-FPBnM

1-FPBnM

[F
P
B
]	
(n
M
)

Days	after	treatment

Site	1	(treated)
Site	2	(not	treated)
Site	3	(deep	hole)

(a)

0

1

2

3

4

5
12

18

0 5 10 15 20 25

FPB

KM-Flor

KM-6341	

ST-FPB-std

C
o
n
c
e
n
tr
a
ti
o
n
	(
n
M
)

Days	after	treatment

FPB
Florpyrauxifen
X11966341

(b)



 108 

Kettle Moraine Lake had the highest recovery of 257%, but also did not experience complete 

mixing throughout the waterbody (Figure 4.2a) which likely caused the epilimnetic volume used 

in the calculation to be inaccurate and excessively overestimate recovery. While these calculations 

all overestimate the expected lake-wide concentration, this is likely due to averaging across the 

epilimnion while FPB and florpyrauxifen are both still mixing throughout the waterbody. 

Interestingly, florpyrauxifen accounts for 48% of added FPB 19 days after treatment in Silver Lake 

and 56% of added FPB 20 days after treatment in Muskellunge Lake. Thus, we conclude that the 

primary environmental transformation product in aquatic systems is florpyrauxifen (Figure 4.7) 

and predict a complete transformation of FPB to florpyrauxifen is possible based on these 

calculations. However, the formation and persistence of florpyrauxifen in the lakes alone cannot 

be used to identify the transformation pathway.  

 
 
Figure 4.3. Silver Lake (a) [dissolved organic carbon] (DOC), (b) ratio of absorbance at 265 and 
350 nm (b), and (c) SUVA254 during 2021 herbicide treatment. Purple sashed lines represents 
pretreatment values of 4.94, 8.5, and 0.8 for [DOC], E2:E3, and SUVA254 respectively.  
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concentrations ranging from 5.38 to 8.65 mg-C L-1 during the first 48 hours after treatment at both 

the treated and non-treated sites. E2:E3 (Figure 4.3b), which is inversely related to apparent 

molecular weight,55,57 increases from 8.45 before treatment to 8.9 to 12.8 during the same period. 

Similarly, SUVA254 (Figure 4.3c), an indicator of aromaticity,54 decreases from 1.89 to 0.68 L mg-

1 m-1. Combined, the increases in [DOC] and E2:E3 and decrease in SUVA254 suggests the inactive 

ingredient of the applied herbicide product contains a high concentration of small, aliphatic organic 

compounds. The ProcellaCOR EC SDS document describes as ethylhexanol and methanol as two 

components of the full herbicide mixture, which is consistent with these bulk carbon composition 

measurements. However, these two compounds only make up 3% of the whole solution while 

another 94% is unknown. The remaining solution is likely additional short chain carbons, but a 

full identification is beyond the scope of this paper. While FPB and florpyrauxifen persist for days 

and weeks, respectively, [DOC] returned to pre-treatment levels approximately 2-5 days after 

treatment, suggesting any effects of the added carbon-solution are transient. Combined, this data 

but illustrates three different fate and transport scenarios (i.e., FPB degradation, florpyrauxifen 

generation, and DOC concentration and composition changes) associated with the application of 

one mixed herbicide solution, of which differently regulatory/investigative processes were applied 

to each component of the product despite a measurable and likely compounding change to the lake 

by all three components.   

The field data demonstrates that FPB is subject to both advective transport and degradation 

on similar timescales once in aquatic systems. However, the field data alone cannot be used to 

identify what transformation pathways generate florpyrauxifen or X11966341. Laboratory studies 

isolating photodegradation, biodegradation, and hydrolysis of FPB were used to identify 
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transformation rates and additional products for these reactions in a controlled setting to identify 

what process(es) are dominant in lakes. 

 

4.5.2 Photochemical Irradiations and Environmental Photodegradation Modeling  

FPB undergoes direct photodegradation under 311 nm irradiation with an observed first-

order loss rate constant of (1.0 ± 0.1) x 10-2 s-1 (t1/2 = 70 seconds; Figure C.3), which corresponds 

to a quantum yield (F) of (2.3 ± 0.3) x 10-2, which is the first reported quantum yield for this 

compound. The observed photodegradation rate constants in the presence of dissolved organic 

matter were slower than the direct photodegradation rate constant with an average value of (7.5 ± 

0.6) x 10-3 s-1 (t1/2 = 93 seconds) after correcting for light screening, suggesting that indirect 

photodegradation is negligible. Furthermore, the slower photodegradation rate in the presence of 

lake water may be due to the dissolved organic matter acting as an antioxidant.58–60 Thus, direct 

photodegradation is dominant in aquatic environments.  

Irradiation of FPB produced two degradation products: X12131932 and X12393505 

(Figure 4.4 and Figure 4.7), which is consistent with the European Food Safety review 

document.46 Interestingly, photodegradation of FPB did not generate florpyrauxifen or 

X11966341, which were the two measurable environmental degradation products (Figure 4.1 and 

Figure 4.2)46 and X1239505 is only generated in lake water irradiations (Figure 4.4c). However, 

both products appear to undergo photodegradation on similar timescales as FPB, suggesting they 

may degrade too quickly to accumulate in the environment (Figure 4.4b and Figure 4.4c). 

Modeling of in situ depth integrated photodegradation using sunlight intensity from Vilas 

County, WI at noon on June 9th, 2019 (12 hours of sunlight a day) estimates a half-life of 1.9 hours 

(0.08 days), which is consistent with registration documentation reports of 0.07 days (Section 
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C.4).43,44,61 Despite this rapid predicted lake photodegradation rate, field observations did not find 

an accumulation of either of the photodegradation products or direct evidence of in-lake 

photodegradation. This suggests photodegradation is not responsible for the transformation of FPB 

to florpyrauxifen, the primary environmental degradation product identified.  
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Figure 4.4 311 nm irradiation of FPB in (a) ultrapure water and (b,c) Muskellunge Lake water. 
[FPB] and [florpyrauxifen] on left axis and degradation products (b) X12131932 and (c) 
X12393505 on right axis, presented as area. Error bars represent standard deviation of triplicate 
samples.  
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4.5.3 Microcosm Incubations  

FPB loss is observed in microcosm incubations under all control and experimental 

conditions (Table 4.2, Figure 4.5). Loss is fastest in the sediment-water microcosm incubations, 

while loss in the water-only microcosms (filtered and unfiltered water) were nearly the same for 

both lakes. All microcosms had loss of FPB, generation of florpyrauxifen, and loss of 

florpyrauxifen over 30-35 days. Loss in the microcosms followed pseudo-first order loss with no 

significant lag time and thus FPB half-life was calculated by finding the slope of the line of 

ln([FPB]t/[FPB]0) versus time (Figure C.4).  

 

Figure 4.5. Microcosms incubated with FPB in (a-c) Kettle Moraine Lake and (d-f) Lilly Lake. 
(a, d) Abiotic controls are 0.2 µm filter sterilized, while (b, e) water only microcosms are unfiltered 
lake water and no sediment. (c, f) Sediment microcosms contain area of degradation product 
X11966341 due to issues with quantification on LC-MS/MS. Error bars represent the standard 
deviation of samples from triplicate microcosms.  
 

 

0

10

20

0 10 20

FW-FPBnM

FW-Flor-nM

FW-FPBstd

Incubation	days

FPB
Florpyrauxifen

C
o
n
c
e
n
tr
a
ti
o
n
	(
n
M
)

Kettle	Moraine	abiotic	control

(a)

0

10

20

0 10 20

UFW-FPBnM

UFW-flor-nm

FW-FPBnM

Incubation	days

FPB
Florpyrauxifen

C
o
n
c
e
n
tr
a
ti
o
n
	(
n
M
)

Kettle	Moraine	water	only

(b)

0

10

20

0

5E+3

10E+3

15E+3

20E+3
FWS-FPB-nM

FWS-flor-nM

FWS-6341-nM FW-Flor-std

0 10 20

X
1
1
9
6
6
3
4
1
	(a
re
a
)

Incubation	days

C
o
n
c
e
n
tr
a
ti
o
n
	(
n
M
)

FPB
Florpyrauxifen

X11966341

Kettle	Moraine
water	sediment

(c)

0

10

20

0 10 20 30

FW-FPBnM

FW-Flor-nM

FW-FPBstd

Incubation	days

FPB
Florpyrauxifen

C
o
n
c
e
n
tr
a
ti
o
n
	(
n
M
)

Lilly	abiotic	control 0

10

20

0 10 20 30

UFW-FPBnM

UFW-flor-nm

FW-FPBnM

Incubation	days

FPB
Florpyrauxifen

C
o
n
c
e
n
tr
a
ti
o
n
	(
n
M
)

Lilly	water	only
0

10

20

0

5E+3

10E+3

15E+3

20E+3
FWS-FPB-nM

FWS-flor-nM

FWS-6341-nM FW-FPBnM

0 10 20 30

X
1
1
9
6
6
3
4
1
	(a
re
a
)

Incubation	days

C
o
n
c
e
n
tr
a
ti
o
n
	(
n
M
)

FPB
Florpyrauxifen

X11966341

Lilly
water-sediment

(d) (e) (f)



 114 

 

Rapid sorption of FPB to solids is likely responsible for a decrease in initial [FPB] of 8.5 

nM and 9.9 nM in microcosms constructed using sediments from Lilly and Kettle Moraine, 

respectively, from the spiked 23 nM. It is important to note that while wet sediment was used in 

this experiment, attempts to reduce water added to microcosms from the sediments were made by 

pouring off excess water as it settled out of sediments. FPB half-lives in the sediment-water 

microcosm were 2.5 and 1.8 days in Lilly and Kettle Moraine Lakes, respectively. Abiotic 

microcosms (Figure 4.5a, 4.5d) had an FPB half-life of 6.6 days for both Lilly and Kettle Moraine 

Lakes (Table 4.2). This is nearly the same as the unfiltered water incubations, which have an FPB 

half-life of 7.3 and 8.5 days in Lilly and Kettle Moraine Lakes (Figure 4.5b, 4.5e). 

Given the predominance of florpyrauxifen in the lakes, a second set of microcosms were 

incubated with florpyrauxifen (Figure C.5). Since the florpyrauxifen microcosms have yet to 

experience the 2 logs of loss required for kinetic calculations, florpyrauxifen half-life is estimated 

by visually inspecting the graph and finding the time when [florpyrauxifen] decreases by half. Like 

the FPB microcosms, florpyrauxifen is lost in both the filtered water control and unfiltered water 

microcosms with similar half-lives (20-23 days in Kettle Moraine Lake and 15 days in Lilly Lake). 

The product X11966341 is also generated in the sediment microcosms, demonstrating that this 

compound is a biodegradation product of florpyrauxifen. Both FPB and florpyrauxifen degraded 

fastest in the sediment-water microcosms, likely due to higher microbe concentrations in the 

sediment, a result consistent with other polar organic compounds 7,10,18 that underscores the 

importance of using relevant microbial concentrations in laboratory experiments investigating 

micropollutant fate of saturated systems. 17,62 
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In all microcosms, FPB degrades to florpyrauxifen. This degradation occurs at the same 

rate the in abiotic and biotic water-only microcosms (Table 4.2, Figure 4.5), suggesting abiotic 

loss is an important transformation pathway for FPB. We hypothesized this is mostly likely a 

hydrolysis reaction due to 1) nearly complete conversion of FPB to florpyrauxifen ruling out 

significant sorption or volatilization from water, 2) use of glass amber incubation bottles and lack 

of photodegradation products, and 3) florpyrauxifen forming as a product is structurally consistent 

with the hydrolysis of a carboxylic acid esters, which is commonly susceptible to hydrolysis.63 

X11966341 was generated in both FPB and florpyrauxifen microcosms, but only in the 

presence of sediment (Figures 4.5c, 4.5f, C5). Thus, we hypothesized FPB degradation occurred 

in two steps in the sediment microcosm and lake: FPB to florpyrauxifen and then to X11966341 

(Figure 4.7). If FPB was degraded into X11966341 without first degrading to florpyrauxifen, we 

would have seen an accumulation of X12300837 prior to the accumulation of X11966341 

(potentially through hydrolysis of X12300837) but instead we saw florpyrauxifen first. 

Additionally, we only see the generation of X11966341 in the sediment microcosms in both FPB 

and florpyrauxifen microcosms, which suggests this is a biodegradation product generated by the 

sediment microbial community. We thus carried out hydrolysis experiments in ultrapure water and 

lake water to confirm the rate and product of FPB hydrolysis.  

 

4.5.4 Hydrolysis of FPB  

FPB hydrolysis rates were quantified in buffered ultrapure water from pH 4-10 and three 

lake waters over 65 days (Figure 4.6a, C.6). Hydrolysis rate increased with pH, suggesting a base 

catalyzed reaction. Our measured hydrolysis rates at low pH are much faster than current 

registration documentation (i.e., 37 days in this study versus 913 days in registration documents at 
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pH 4 and 18 days versus 111 days at pH 7) but were the same at pH 9 (i.e., 1.3 days).43 Lakes 

typically have a pH of 6-8, which suggests that FPB applications in lakes with pH less than 8 

would likely not undergo hydrolysis fast enough to disrupt the required exposure time of ~24 

hours,47,64 but resource managers working in elevated pH environments should consider this 

degradation pathway more seriously.  

 
Figure 4.6. Observed (a) hydrolysis rates plotted against pH for all tested conditions and [FPB] 
and [florpyrauxifen] at (b) pH 10, (c) pH 7, and (d) pH 4. Error bars represent the standard 
deviation of samples taken from triplicate reactors. 
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Florpyrauxifen is the only degradation product detected during the hydrolysis experiments 

and accounts for 89% and 99% of added FPB at pH 9 and 10, respectively (Figure 4.6c, Figure 

4.6d, Figure C.6). Interestingly, florpyrauxifen also degrades in the hydrolysis experiment, but no 

other product is measured. This suggests some additional abiotic process is driving the loss of 

florpyrauxifen. We hypothesize this is likely to be hydrolysis, even though florpyrauxifen does not 

have a functional group typically associated with hydrolysis,63 and rather than volatilization or 

sorption due to a pKa of 3.1 and a negative charge under our conditions (Figure C.7).  

 

 
Figure 4.7. Proposed FPB degradation schematic in aquatic environments. Product identified in 
each reaction by number as follows: 1- field campaign; 2- photodegradation experiments; 3- FPB 
incubated microcosms; 4- florpyrauxifen incubated microcosm, 5- hydrolysis experiment. Red 
boxes represent changed functional group after reaction. 
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a similar pH across all experiments. This discrepancy in half-life suggests the hydrolysis of FPB 

can be catalyzed through a mechanism not captured in the microcosm experiments or through 

sediment interaction.65 Specifically, hydrolysis via aquatic plants as part of the uptake and toxicity 

mechanism has been described for both FPB and the predecessor to FPB, halauxifen-methyl, which 

suggests the rapid hydrolysis in the lakes could be due to uptake of FPB and release of 

florpyrauxifen by the targeted plant community.28,66  

Future investigation into the sorption of FPB to sediments is needed to provide additional 

detail in the mass balances described here. While lake mass balance calculations account for nearly 

all the added FPB (Table 4.2), the high Koc and rapid sorption in the sediment-water microcosms 

suggests sorption could occur rapidly in aquatic systems, which have both sediments and 

suspended solids. Photodegradation experiments with florpyrauxifen will also provide 

transformation rates and degradation products of florpyrauxifen, which can contextualize 

florpyrauxifen degradation beyond the microcosms. While the microcosm and lake data suggest 

florpyrauxifen is degraded into X11966341 biotically, irradiation experiments will identify the 

rates and products of photodegradation for a comprehensive understanding of florpyrauxifen fate 

and transport, which is critical given the extended lifetime of florpyrauxifen in lakes. 

 

4.6 Environmental Implications  

We combined field and laboratory studies to investigate the fate and transport of an 

herbicide intentionally added to aquatic environments for the control of nuisance plants, including 

the degradation products formed in situ following treatment and the inactive components of the 

commercial herbicide solution. Our study combined kinetics and product tracking to determine the 
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mechanism responsible for degrading FPB into florpyrauxifen at nearly a 1:1 ratio in aquatic 

environments, as well as the biodegradation of florpyrauxifen into the product X11966341.  

Our study demonstrates the limitations of laboratory experiments in predicting 

environmental fate of polar organic compounds. While photodegradation experiments and 

modeling predict rapid in situ photodegradation of FPB, the predominance of florpyrauxifen after 

treatment suggests a different mechanism is likely more dominant. Additionally, isolating different 

transformation pathways in laboratory experiments may miss combinations of transformation 

pathways that occur in the environment, such as the proposed biotically catalyzed hydrolysis of 

FPB to florpyrauxifen and subsequent microbial degradation of florpyrauxifen to X11966341. 

Our results show that regulatory studies that only focus on the active ingredient of an 

intentionally applied chemical mixture may overlook the degradation products or inactive 

ingredients that have a measurable impact on water chemistry. While our study focused on the 

chemical fate and transport of these compounds, additional studies are needed to understand how 

the concentration and lifetime of these compounds can impact aquatic or plant life, which is beyond 

the scope of this paper. Additionally, more research is needed to investigate the effects of mixtures 

of compounds, such as combination herbicide treatments using triclopyr and FPB or wastewater 

treatment plant discharge that can have dozens of compounds present. As such, the current 

approach to regulatory studies relying on active ingredients alone should be revisited from a 

holistic environmental fate perspective.  
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Chapter 5 

 

Photodegradation and biodegradation of fluridone in laboratory 

experiments  

 

5.1 Contribution Statement 

 This chapter is a collaboration between Amber M. White, Sydney Van Frost, Angela M. 

Magness, Katherine D. McMahon, and Christina K. Remucal. A.M.W wrote the paper and did 

photodegradation modeling, A.M.M. conducted biodegradation microcosm, and S. V. F. did 

photodegradation irradiations and sediment sorption analyses. 

 

5.2 Abstract 

Fluridone is used commonly to treat invasive and nuisance plants in lakes. However, 

required exposures times are very long, often exceeding 100 days. Thus, understanding the 

mechanisms responsible for degrading fluridone in lakes is critical for supporting effective 

herbicide treatments. We used laboratory studies to quantify the direct and indirect 

photodegradation rates of fluridone, as well microbial degradation rates in water and sediment 

microcosms. Irradiation studies found fluridone is susceptible to direct photodegradation with 

negligible indirect photodegradation. Modeling with natural sunlight intensities predict in-lake 

photodegradation half-life to be 11 days in 10 cm of water and 102 days in 1 meter of water. 

Biodegradation only occurred in the sediment microcosm after a 170 day lag period.  Lastly, 

sorption to solids accounted for 10% of fluridone loss in microcosm experiments. Combined, these 
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results demonstrate the importance of direct photodegradation and sorption on fluridone fate in 

lakes and can be used to help resource managers apply herbicides to waterbodies in a responsible 

manner.  

 

5.3 Introduction 

Aquatic herbicides are popular for their effective semi-selective control of several invasive 

plant species.1–5 Herbicide treatments are only effective when specific concentrations and exposure 

times are met, which are often successfully achieved through whole-lake exposures.6–8 However, 

variable herbicide degradation rates can cause what would be a successful treatment to fail, 

prompting additional treatments at even higher concentrations. Furthermore, extensive use of 

similar mode of action herbicides has contributed to more prevalent herbicide tolerance and 

resistance.9–12 Not only does extensive herbicide use impact efficacy of herbicidal control on 

nuisance plant populations, but herbicide applications can negatively impact the native plant 

community.13 Thus, understanding the specific degradation pathways of aquatic herbicides is 

crucial to responsible herbicide use to both prevent the rise of herbicide resistance/tolerance but 

also protect native plant populations. 

Fluridone is a commonly used systemic herbicide that prevents the synthesis of important 

biomolecules that protect the plant from photobleaching.2,14 For fluridone to be effective, a low 

concentration (6-26 nM)15–17 is applied for an entire growing season, which often requires multiple 

applications to maintain an effective concentration.17–20 It is also a popular alternative to auxin-

mimic herbicides, such as 2,4-dichlorophenoxyacetic acid (2,4-D), for treating the 2,4-D tolerant 

hybrid watermilfoil (Myriophyllum spicatum × Myriophyllum sibiricum, HWM).11,21 While 

fluridone has shown control of both EWM and HWM,1,15,17,22,23 preliminary documented fluridone 
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tolerance by HWM9 and Hydrilla (Hydrilla verticillate)24 underscores the importance of highly 

responsible herbicide applications to preserve fluridone as a viable herbicide tool. 

 

 

Figure 5.1. Chemical structure of fluridone. 

 

In lakes, fluridone is expected to undergo rapid photolysis with reported half-lives of 28 

hours – 12 days in Milli-Q and lake water, respectively (Table 5.1).25–27 Few laboratory studies 

have investigated fluridone degradation in lake water, but all have demonstrated the photolability 

of the compound. However, these studies have not specifically described how dissolved organic 

carbon in a lake may enhance (i.e., through indirect photodegradation) or hinder fluridone 

degradation.26,27 Indirect photodegradation is the mechanism through which dissolved organic 

carbon becomes sensitized by sunlight, causing a chain of reactions that can increase degradation 

of chemicals such as fluridone.28–30 Thus, a thorough investigation into possible indirect 

photodegradation is critical for understanding fluridone fate in lakes.  

Microbial degradation of fluridone has also been observed but is expected to be slower 

than photolysis. Additionally, no specific microbes or metabolic pathways have been associated 

with its degradation.20,31,32 Fluridone also has a high affinity for binding to sediments33 and has 

been found to persist for up to a year following initial treatment, suggesting sediments are a 

possible sink for unreacted fluridone that is available for future resuspension or uptake.20,34,35 Field 
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observations of fluridone treatments have reported half-lives in the range of hours to hundreds of 

days (Table 5.1),20,36 with some instances of fluridone persisting more than a year in the water 

column,17 indicating a need for additional investigation of the specific degradation mechanisms of 

fluridone.   

The extended exposure time requirement of fluridone in lakes requires a mechanistic 

understanding of the environmental transformation process that degrade fluridone to better inform 

herbicide application strategies. Thus, the goal of this study is to quantify the photodegradation, 

biodegradation, and sorption of fluridone through laboratory studies. The results of this study will 

be used to inform strategic fluridone herbicide applications in lakes to ensure successful treatments 

and minimize potential effects to the non-target community.  

 

5.4 Materials and Methods 

5.4.1 Chemicals 

 Chemicals were used as received. Fluridone (99.5%) was purchased ChemService, Inc. 

Dibasic potassium phosphate (ACS, 98%), monobasic potassium phosphate (ReagentPlus(R)), 

were purchased from Sigma Aldrich. Acetonitrile (HPLC grade), formic acid (ACS, 88%) were 

purchased from Fisher Chemical. 2-Nitrobenzyaldehyde (99%) was purchased from Acros 

Organics. Ultrapure water (18.2 MW cm) for all analyses and photochemical irradiations was 

obtained from Milli-Q water purification system. Calibration solutions for the pH meter were 

obtained from Aqua Solutions. 
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Table 5.1. Summary of literature reports of field, photodegradation, biodegradation, and sorption 
studies of fluridone.  
 

Half-life Study type Ref. 
Field Studies 

2-11 days Three ponds and one lake in MI, NY, FL, & Panama Canal 37 
4 – 7 days Small ponds in Manitoba, Canada 35 
6-50 days Ponds in TX, WV, MO, CA, IN, and FL 20 
30-50 days Small- medium ponds in Greeenfield, Indiana 14 
8 months Lake, Silver Lake, Wisconsin 17 

Photodegradation Studies 
15-36 hours Ultrapure water, natural light, filtered > 297 nm 27 

23 hours Ultrapure water, simulated sunlight 280-365 nm 37 
28-55 hours Ultrapure water, simulated sunlight 280-365 nm 26 

35 hours Ultrapure water, natural sunlight, 325-355 nm 27 
8.8 days Ultrapure water, simulated sunlight, 310-380 nm 27 
7 days Well water, natural sunlight 25 
12 days Ultrapure & lake water, natural sunlight 26 
33 days Well water, natural sunlight, 290 - 320 nm light filtered out 25 

Biodegradation Studies 
50 days Microcosms with silty and sandy soil, saturated with tap water 38 

>150 days  Microcosm with lake sediment 31 
>150 days Cultures enriched from lake sediments 31 

                                 Sorption studies 
10% sorbed in 30 

days 
Silty and sandy soil, saturated with tap water 38 

16-27% sorbed in 
28 days 

Pond application in New York and Florida 37 

14-52% sorbed in 
over 150 days 

Pond sediments in Manitoba, Canada 34 

Koc: 883- 2462 L 
kg-1 

Pond sediments in Manitoba, Canada 35 

 
 

 

5.4.2 Photochemical Irradiation Experiments 

 Photodegradation experiments were conducted in a Rayonet merry-go-round photoreactor 

equipped with sixteen bulbs that emit light at 311 nm (± 22 nm width at half-max). This is both 

within the environmental irradiance spectrum (> 290 nm) and in the absorbance spectrum of 

fluridone (Figure 5.2). Irradiation experiments in borosilicate glass tubes were conducted in 
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triplicate using 20 µM (6.58 ppm) fluridone in 10 mM pH 7 buffered ultrapure water to measure 

direct photodegradation. Indirect photodegradation was measured in lake water diluted to 3 mg-C 

L-1 from six lakes. South Twin and Muskellunge Lake water was also irradiated at ambient 

dissolved organic carbon concentrations of 3.8 and 6.9 mg-C L-1, respectively. Light intensity was 

quantified using 2-nitrobenzaldehyde39 as a chemical actinometer. [Fluridone] used in irradiations 

is much higher than typical fluridone applications but was better for detection over several orders 

of magnitude of loss and to account for sorption during the experiment. 

 

 

Figure 5.2. Absorbance spectra of 20 µM fluridone in ultrapure water.  

 

The direct quantum yield of fluridone was calculated relative to the actinometer as 
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where kscreened,direct,fluridone is direct photodegradation rate constant for the direct control corrected 

for light screening (s-1), kdirect,act is the photodegradation rate constant of the actinometer (s-1), 

kabs,act (s-1) is the rate of light absorbance of the actinometer, kabs,fluridone (s-1) is the rate of light 

absorption for fluridone and Fact = 0.41 for 2-nitrobenzaldehyde.39  

The calculated quantum yield was combined with solar irradiance modeling using the 

Simple Model of Atmospheric Transfer of Sunshine (SMARTS)44 to calculate fluridone half-life 

in sunlight in lakes using Equation 5.2:  

𝑘5B7(78/E6.8.(A7% =	𝑘.F<,<9%	x	F1$96A87%/                                   Eq. 5.2 

where kabs,sun, is a light absorbance rate constant was calculated for the horizontal global irradiance 

spectrum for Vilas County, WI, on June 9th 2019. A depth integrated photodegradation29,42 rate 

was calculated as described previously. Briefly, we calculated the photodegradation rate in 1 cm 

intervals through a 1-meter-deep water column (i.e., at 1 cm, 2 cm, 3 cm … 100 cm) and averaged 

the rates through the water column. The depth integrated rate was then used to calculate an in-lake 

photodegradation half-life using Equation 5.3, assuming first-order loss: 

𝑡!/# =	
HI#

'&'()(*+$,"*")-(.,80
                                                      Eq. 5.3 

where 𝑘5B7(78/E6.8.(A7%,!J is the modeled aquatic photodegradation rate calculated in Eq. 5.2 and 

averaged through the 1 meter-water column. 

 

5.4.3 Microcosm Incubations 

 Water and sediment were collected from Lake Mendota, Madison, WI, USA for 

microcosm incubations quantifying fluridone biodegradation. 10 L LDPE cubitainers were 

incubated at 12oC in the Microbial Sciences Building. Degradation by the water column microbial 

community was quantified in triplicate microcosms with unfiltered lake water (5 L) while 
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degradation by the sediment microbial community was quantified in microcosms with filtered lake 

water (2 L) and sediment (1 kg). Abiotic loss processes were assessed in control microcosms with 

filtered lake water (2 L). Microcosms were incubated with 3 µM (998 ppb) fluridone and incubated 

for 250 days. Water and sediment samples were collected bi-weekly during the first three months 

and then monthly thereafter. Water samples were filtered through a 0.45 nylon filter and stored in 

a 4oC fridge prior to analysis. Sediment samples were collected using a serological pipette and 

stored in a 2.5 mL PCR tube in a -20oC freezer until analysis.  

 

5.4.4 Sediment Fluridone Extractions  

Sediment extractions were conducted using 100 mg of microcosm sediment, dried it at 

100oC for at least 8 hours. Dried samples were placed in falcon tubes with 10 mL of a 50:50 

methanol:water  extraction solution, shaken for 2 hours, centrifuged, and syringe filtered (0.45 um) 

into clean 2 mL glass amber vial for analysis. Additionally, sediment and water spiked with 

fluridone over the range of 1 to 12 µM was used to calculate was used to calculate a sediment-

water partition coefficient (Kd) and water-organic carbon partitioning coefficient (Koc) using 

Equation 5.4: 

𝐾8 = 𝐾7: 	𝑥	𝑓7:                                                     Eq. 5.4 

where Kd is the sediment-water partitioning coefficient (L kg-1), Koc is the water-carbon 

partitioning coefficient (L kg-1), and foc is the fraction of sediment that is comprised of organic 

carbon. 45 
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5.4.5 Analytical Methods  

Fluridone and 2-nitrobenzyaldehyde were analyzed via high performance liquid 

chromatography (HPLC). All methods used an Agilent Technologies 1260 Infinity instrument 

equipped a diode array detector, an Agilent InfinityLab C-18 Poroshell 120 column, and an 

aqueous buffer composed of 10% acetonitrile and 0.1% formic acid in ultrapure water for the 

aqueous phase (A) and 100% acetonitrile for the mobile phase (B). Fluridone was analyzed using 

a gradient method (Table 5.2 and 5.3)46 and 2-nitrobenzyaldehyde was analyzed using an isocratic 

method.  

 

Table 5.2. Time segments for gradient method used to analyze fluridone on HPLC.  

Time (minutes) A% B% 

0 60 40 

0.8 100 0 

1.25 0 100 

1.30 60 40 

3.5 60 40 

 

Table 5.3. Instrument parameters for detection of 2-nitrobenzaldehyde and fluridone in water. 

 
 

Compound % 
Aqueous 
Buffer 

Flow 
(mL  

min-1) 

Detection 
wavelength 

(nm) 

Retention 
Time 
(min) 

Purpose LOD 
(µM) 

2-nitrobenzaldehyde 80 0.5 231 2.9 311 nm 
actinometer 

0.5 

Fluridone See 
Table 5.2 

0.8 313 1.8 Herbicide 0.6 
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5.5 Results and Discussion 

5.5.1 Photodegradation of Fluridone in Lake Water 

  Irradiation of fluridone at 311 nm (Figure 5.3) followed first-order kinetics with a direct 

photodegradation rate constant in buffered ultrapure water (kdirect) of (4.27 ± 0.5) x 10-4  s-1 (t1/2 = 

27 minutes). The measured direct photodegradation rate constant corresponds to a quantum yield 

(F), or reaction efficiency, of (5.6 ± 0.58) x 10-4. This is a factor of two higher than previous 

measurements of quantum yield of 2.7 to 6.7 x 10-5 in ultrapure water.26 

 

 
Figure 5.3. Irradiation at 311 nm for direct degradation control and six different lake waters 
including the high (undiluted lake water) and low (diluted to 3 mg-C L-1) dissolved organic carbon 
concentrations.  
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Figure 5.4. Rate constants measured during 311 nm irradiation experiments in ultrapure and 
natural water (corrected for light screening). Error bars represent standard deviation of triplicate 
samples. 
 

 

Irradiation of fluridone in lake water also followed first order kinetics (Figure 5.3). kobs in 

lake water was similar to the direct photodegradation rate constants when corrected for light 

screening (Figure 5.4), even between the diluted and undiluted South Twin and Muskellunge Lake 

waters, with an average rate constant across all irradiated samples of kobs = (4.38 ± 0.81) x 10-4 

(sec-1). The similarity of rate constants across all irradiated samples suggests fluridone is 

susceptible to direct photodegradation and that indirect photodegradation is negligible under these 

conditions. Previous literature has described similar photodegradation rates between ultrapure 

water and one natural water sample in sunlight.26,37 Therefore, our study confirms the dominance 

of direct photodegradation by testing several different natural waters as well as comparing 

photodegradation rates across the same waters (i.e., South Twin and Muskellunge) but varying 

dissolved organic carbon concentrations. 
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In-lake photodegradation modeling using sunlight intensity in Vilas County, WI on June 

9th, 2019, and the calculated quantum yield estimates an aquatic photodegradation half-life of 2 

days in the top 1 cm of surface water and 11 days when integrated through the top 10 cm of water. 

However, half-life increases steeply to 102 days when integrated through 100 cm (i.e., 1 meter). 

Previous studies report an environmental fluridone photodegradation half-life of 7 to 12 days in 

57 cm deep uncovered concrete outdoor mesocosms25 and 100 mL glass bottles irradiated in 

sunlight,26 which is consistent with our modeled half-life of 11 days.  

While our 10 cm depth integrated modeled photodegradation half-life agrees with previous 

photodegradation studies in natural sunlight, there some notable differences. First, the bottle study 

was irradiated in summer sunlight in Indiana while the mesocosm experiment was conducted in 

Florida, which means light intensity is not consistent across all three studies. Additionally, both 

sunlight irradiated studies experienced varying light intensity throughout the day, which suggests 

our constant noontime sunlight intensity is like an overestimate.47 Lastly, the pathlength (i.e., depth 

of “water”) of our and the two reported studies is different. Our 10 cm deep half-life estimate is 

smaller than the 57 cm pathlength in the Florida mesocosm study, but more representative of the 

aquatic environment than the irradiated glass bottles that let light pass through all sides. Thus, 

while our modeled photodegradation rate compares to two reported sunlight irradiations, more 

research is need on the effect of water depth, diurnal light intensity, and water clarity to better 

understand aquatic photodegradation of fluridone. 

 

5.5.2 Microcosm Incubations  

The fluridone concentration fluctuated frequently over 236 days of fluridone incubation in 

the abiotic control, unfiltered water, and water-sediment microcosms (Figure 5.5a). We 
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hypothesize this variability is due to analytical issues across two HPLC instruments and several 

columns during a 250-day study. Because these fluctuations were consistent across all 

microcosms, including the abiotic control, [fluridone] in the unfiltered water (i.e., water only) 

microcosm and water-sediment microcosm were normalized to the abiotic control microcosm 

(Figure 5.5b). Normalizing concentrations in the experimental microcosms to the abiotic control 

reduced the variability over time and allowed interpretation of the data to draw conclusions about 

biodegradation.  

Normalized fluridone concentrations in unfiltered water microcosm remained consistent 

across the 236 days of incubation, with most concentration fluctuations remaining with in the 

standard deviation of previously analyzed samples. Because the ratio of fluridone between 

unfiltered water: filtered water stayed close to one for the duration of the study, this means both 

the abiotic control and the unfiltered water experienced no loss of fluridone throughout the study. 

However, fluridone concentrations in the water-sediment microcosms were not consistent 

throughout the duration of the study. While fluridone concentrations remained consistent until 

~170 days after incubation, fluridone degradation started shortly after and continued until below 

detection limit (0.6 µM). The degradation of fluridone only in the sediment microcosms is 

consistent with several other polar organic compounds (e.g., 2,4-D and FPB) and is likely due to 

a higher concentration of microbes or additional nutrients in the sediments.43,48–52 The extended 

lag period and then onset of faster degradation is also common for persistent polar organic 

compounds.53,54  
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Figure 5.5. (a) [Fluridone] in microcosms incubated with relevant environmental inocula at an 
initial concentration of 3 µM. (b) [Fluridone] in unfiltered lake water and water and sediment 
microcosms normalized to abiotic control [fluridone]. Error bars in (a) represent the standard 
deviation of triplicate microcosms measurements and in (b) are the standard deviation of the 
triplicate concentration ratios. 

 

Because of the inconsistencies in fluridone concentrations throughout the experiment, no 

half-life was calculated for the biodegradation of fluridone. However, the extended lag time and 

persistence of fluridone in the microcosms for over 200 days suggests fluridone is not easily 

biodegraded in the environment. This conclusion is consistent with biodegradation studies that did 

not see significant fluridone loss after 150 days 31 (Table 5.1) and, given the long lag time, suggests 

biodegradation is slower than our modeled photodegradation, especially in shallower waters. 

While fluridone is degraded slowly in the sediment microcosms over 236 days, fluridone persisted 

for 200+ days in the water only microcosms, suggesting fluridone is highly stable in water alone 

in the absence of sunlight.  

There is an immediate decrease in dissolved fluridone concentration from initial sampling 

through the end of the experiment in the sediment microcosms compared to the unfiltered water 
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and abiotic control microcosms (Figure 5.5b). This consistent offset in fluridone concentration is 

potentially due to sediment sorption in the microcosm. Thus, measurements of sediment fluridone 

concentrations are needed to quantify the amount of fluridone lost to the sediments throughout the 

experiment.  

 

5.5.3 Sediment fluridone extractions 

 Sediment fluridone extractions using methanol and water consistently achieved an average 

of 103% recovery over a fluridone concentration range of 1 to 20 µM (Table 5.4). This suggests 

the extraction protocol is sensitive and reliable for microcosm sediment quantification. Thus, nine 

sediment samples from the water and sediment microcosms were extracted using this validated 

protocol to quantify the amount of sorption to solids (Table 5.5). Sediment microcosm extractions 

found an average recover of 10.8% ± 5% across nine sediment samples from the first 26 days of 

microcosm incubation. This average sorption percentage is consistent with previous studies 

reporting 10-27%37,38 of added fluridone partitioning to the solid phase.  

Table 5.4. Recovery and standard deviation of triplicate fluridone sediment extractions measured 
during method development.  

 
 
 
 

Sample 
Spiked 

concentration (µM) 
Recovery concentration 

(µM) 

Average 
Recovery 

(%) 

Standard 
deviation 

1-3 1 1.00 100.1 0.12 
4-6 5 5.80 116.1 0.32 
7-9 10 10.95 109.5 0.38 

10-12 15 15.10 100.6 1.92 
13-15 20 17.94 89.7 0.34 
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Table 5.5. Recovery and standard deviation of triplicate fluridone sediment extractions measured 
in microcosms. Each microcosm had 1 kg of sediment was incubated with a total of 6 µM 
fluridone. 
 
 

Incubation 
day 

[Fluridone] 
µM g-1 

[Fluridone] 
µM kg-1 

Percent of fluridone 
recovered 

Standard 
deviation  

0 0.00E+00 0 0.0% 0 
7 6.52E-04 0.65 10.9% 5.52E-05 
11 6.87E-04 0.69 11.4% 6.09E-05 
13 7.17E-04 0.72 12.0% 2.53E-05 
15 1.53E-04 0.15 2.6% 9.96E-06 
17 5.86E-04 0.59 9.8% 2.36E-05 
20 7.13E-04 0.71 11.9% 4.16E-06 
23 1.05E-03 1.05 17.5% 1.23E-04 
26 6.26E-04 0.63 10.4% 2.89E-05 

 
 

Given the importance of sediment sorption to fluridone fate in the microcosms, we 

calculated a solid-water partitioning coefficient (Kd; Figure 5.6). We measured partitioning over 

a range of 1 to 12 µM and found a Kd of 145.14 ± 3.4 x 10-5 L kg-1. Because the sediment used in 

this experiment contained an organic carbon fraction (foc) of 0.39, we calculated a Koc of 366 ± 8.8 

x 10-5 L kg-1. This calculated Koc is lower than literature values of 883 – 2,462 L kg-1, although 

these measurements were made using field sediments in experimental ponds, which could 

introduce uncharacterized variability from other transformation reactions, temperature changes, 

and water mixing compared to our measurements.35  
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Figure 5.6. Sorption isotherm for fluridone over concentration range of 1-12 µM. Cw is the 
concentration in the water and Cs is concentration on the solid.  
 

5.6 Conclusions and Future Directions 

 Our work quantified the photodegradation, biodegradation, and sorption of fluridone in 

laboratory experiments. These laboratory experiments are critical to isolating specific 

transformation pathways under controlled conditions, which can be used to contextualize field data 

and aid in the design of field studies investigating fluridone fate. Our results found fluridone is 

susceptible to photodegradation and biodegradation, although the water depth and water clarity of 

a treated water body will be critical for determining what degradation process is dominant. 

Sediment sorption accounted for a 10% loss of fluridone in the microcosms nearly immediately 

after spiking with fluridone, suggesting sorption can happen quickly. Our measured degradation 

rates are much slower than reported field half-lives, suggesting a loss mechanism not characterized 

here is responsible for the loss of fluridone, such as plant uptake55 or discharge from lakes.43 

Additionally, the importance of photodegradation in shallow waters and sediment sorption 

suggests physical lake parameters such as sediment surface area, average depth, or surface area to 

volume ratios may be important in understanding the in-lake degradation mechanisms of fluridone.  
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Chapter 6 
 
Conclusions 
 
 
6.1 Summary 

 The primary goal of this dissertation was to investigate the environmental fate and 

transformation of three aquatic herbicides and use these three herbicides as a tool to relate 

laboratory degradation studies to environmental fate. Most of the research described in this 

dissertation combined laboratory-based degradation studies that quantified photodegradation, 

biodegradation, hydrolysis, and/or sorption under isolated and controlled conditions. When 

possible, paired field campaigns quantified herbicide degradation following direct applications to 

lakes and were used to contextualize the laboratory data. The variety of required exposure times, 

effective concentrations, and physical-chemical properties of each herbicide allowed for an 

investigation into more transformation reactions than one herbicide alone would have allowed. 

These results were used to determine the primary transformation mechanisms acting on each 

herbicide in the aquatic environment, but also draw broader conclusions about laboratory-based 

descriptions of environmental fate of polar organic compounds.  

 2,4-Dichlorophenoxyacetic acid (2,4-D) is susceptible to photodegradation and 

biodegradation, but the combined laboratory and field studies demonstrated that sediment bacteria 

are responsible for 2,4-D loss in aquatic environments (Chapter 2). Laboratory photodegradation 

studies found 2,4-D is degraded through direct photodegradation, with negligible indirect 

photodegradation. Modeling of aquatic photodegradation, however, resulted in a photodegradation 

half-life much longer than any 2,4-D half-lives quantified in the field campaign. Laboratory 

biodegradation microcosms only quantified 2,4-D loss in the presence of sediment, with a wide 
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range of half-lives comparable to those observed in the field campaigns. However, 2,4-D loss in 

the lakes was also strongly affected by lake physical parameters not captured by the laboratory 

studies. For example, physical discharge of unreacted 2,4-D through lake outlets also contributed 

to 2,4-D loss while stratification mid-treatment changed degradation kinetics such that epilimnion 

and hypolimnion had different degradation rates. Ultimately, mass balance modeling that included 

advective transport, biodegradation, and photodegradation was most representative of [2,4-D] 

observed in the field studies, underscoring the importance of including physical waterbody 

properties or considerations in translating laboratory data to the environment.  

 Because of the importance of bacteria to the degradation of 2,4-D, we tried to quantify the 

abundance of 2,4-D degradation gene copies in the laboratory and field studies (Chapter 3). 

However, poor accuracy of established qPCR primers for amplifying the tfd gene was found to be 

a consistent problem across aquatic, terrestrial, and subsurface environments. Metagenomic 

analysis of publicly available genomes discovered over 1,000 putative 2,4-D degraders, which 

included bacterial phyla not previously cultured. These results demonstrate the limitations of 

applying culture-based molecular tools to the environment and that attempts to do so should be 

appropriately verified prior to environmental application. 

 Our work expanded to another auxin mimic herbicide in Chapter 4: florpyrauxifen-benzyl. 

(FPB). FPB which was developed to target a different binding site than other auxin mimic 

herbicides, like 2,4-D, to combat herbicide resistance in aquatic plant populations.1,2 We found 

FPB should photodegrade rapidly when photodegradation is modeled in lake water with natural 

sunlight intensity. However, field quantification of FPB also measured an accumulation of the 

product florpyrauxifen, which was produced in hydrolysis experiments and all three microcosm 

conditions. A second product, X11966341, was measured in lake water and sediment microcosms, 
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including microcosms spiked only with florpyrauxifen, suggesting that FPB can be hydrolyzed to 

florpyrauxifen and microbially degraded to X1199641. While FPB hydrolysis is a base catalyzed 

reaction, FPB degradation in lakes was still faster than any hydrolysis or microcosm experiment 

at the same pH. We hypothesize this discrepancy in degradation rate is due to plant catalyzed 

hydrolysis in the lake, which is listed as part of the toxicity mechanism of FPB.1,3  

While the laboratory experiments were able to identify the likely transformation pathway 

in lakes by tracking transformation products across field and laboratory experiments, 

documentation of plant-catalyzed hydrolysis of similar compounds suggests that transformation 

rate in the lake is likely dependent on physical lake parameters (e.g., plant density) missed by the 

laboratory studies. Additionally, changes in lake carbon concentration and composition were 

measured following the application of FPB, which is applied in a solution of mostly inactive 

ingredients.4 The focus of laboratory studies on transformation of active ingredients in herbicides 

overlooks potential compounding effects of the complete end use product formulation.  

Fluridone (Chapter 5) is another aquatic herbicide that is predominantly degraded via direct 

photodegradation and is likely photodegraded in aquatic systems based on photodegradation 

modeling and resistance to biodegradation in microcosm experiments. Like 2,4-D and FPB, 

biodegradation was only observed in the presence of sediment, albeit after a 170-day lag period. 

Additionally, sorption to solids accounted for 10% of added fluridone in the. While no field 

treatments occurred during the 2021 field season in Wisconsin, lake physical parameters such as 

average water depth, water clarity, and sediment-water surface are likely critical to understanding 

fluridone fate given the high potential for photodegradation and sorption.  
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6.2 Suggestions for Future Research  

  The research in this dissertation demonstrated the complexities of translating laboratory 

studies to environmental fate, especially when transformation mechanisms not captured by the 

laboratory studies are important to environmental fate. Based on the findings of this research, there 

are several questions remaining that can be explored to better understand specific herbicide fate 

and continue connecting laboratory experiments to environmental fate.  

 

6.2.1 FPB Degradation in Plants 

 In Chapter 4, a hypothesis that FPB is hydrolyzed in plants in the lakes is proposed based 

on documentation describing the discovery of FPB (referred to under trade name Rinskor Active) 

that the toxicity mechanism relies on “phloem trapping” to transport and trap the active ingredient 

in the plant.1 This mechanism works by designing an herbicide to be easily absorbed by plants. 

Once inside the plant, this compound can degrade into a charged or more polar active compound, 

which makes it difficult to pass back out of the plant so it can accumulate and cause the toxic 

effect.1,3 One potential area of future research could investigate the accumulation of FPB or 

florpyrauxifen in plants being treated to estimate FPB uptake both quantity and rate and confirm 

if florpyrauxifen is produced in the plant structure. In our study, we found most FPB was quickly 

converted to florpyrauxifen after treatment and that most FPB added to the lake was converted to 

florpyrauxifen. If the transformation of FPB to florpyrauxifen is mediated by plants, understanding 

the kinetics of this reaction is important to future treatment design. Additional work to relate plant 

parameters in the lakes, such as plant density, biomass, growth rate, etc., to degradation rate would 

also be useful for comprehensively understanding FPB fate and risk to non-target organisms. 
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6.2.2 Florpyrauxifen Fate and Transformation 

 Chapter 4 documented that the persistence of florpyrauxifen is significantly longer than 

FPB in all study lakes. As such, investigating the fate and transformation of florpyrauxifen is an 

important next step for understanding the complete transformation of FPB post-herbicide 

treatments. Florpyrauxifen also has herbicidal activity,2,5 yet most research and regulation has 

focused on FPB instead of florpyrauxifen, likely because FPB is the active ingredient. Additional 

research into the photodegradation or potential hydrolysis of florpyrauxifen is important given the 

aquatic persistence of this compound. Lastly, investigation into potential effects of florpyrauxifen 

on the non-target community would be ideal for a complete risk assessment of FPB as an aquatic 

herbicide. Previous work has demonstrated that transformation of one toxic chemical to a 

degradation product does not necessarily eliminate toxicity,6–10 and thus the extended lifetime of 

florpyrauxifen, which is known to have herbicidal activity2 requires additional investigation into 

the toxicity, fate, and transport of this chemical. 

 

6.2.3 Incorporation of Microbiology Community Analysis Into Standardized Biodegradation 

Tests 

 Chapters 2 and 4 demonstrate the importance of the microbial community to herbicide 

degradation while Chapter 3 describes several tools that can be used to characterize the microbial 

community associated contaminant degradation, specifically 2,4-D degradation. However, 

standardized laboratory biodegradation tests do not include characterization of the microbial 

community beyond inoculum source and concentrations.11–13 While identifying specific genes or 

bacterial strains that can degrade a contaminant is likely not a feasible approach for every chemical 

risk assessment, incorporating molecular tools like 16S rRNA sequencing could be used to 
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describe community structure and diversity of inocula used in biodegradation experiments.12,14,15 

Metagenomic or metatranscriptomic data could be used to characterize community metabolism as 

a “finger print” to associate with biodegradation studies,16–18 while measurements of increased 

abundance or transcription of genes associated negative health outcomes like antibiotic resistance 

genes19 or cyanotoxin production20,21 could be screened as part of the environmental fate and 

transformation studies. A systemic investigation of these microbiology tools coupled to a suite of 

chemical kinetic studies could be used to develop new laboratory biodegradation tests that explain 

or eliminate high variability across biodegradation tests22,23 or better predict microbial degradation 

of polar organic compounds in the environment. 
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Appendix A 
 
 
Supplementary Material for Chapter 2 
 
  
Section A.1. Bio- and Photodegradation Transformation Pathways and Products 

Several potential degradation products are associated with the bio- and photodegradation 

of 2,4-dichlorophenoxyacetic acid (2,4-D). 2,4-Dichlorophenol is expected to be produced as a 

primary photodegradation product1–3 (Figure A.1) before being transformed into 2-chloro-1,4-

benzoquinone.4  

 
Figure A.1. Degradation schematic for photodegradation of 2,4-D. The primary product, 2,4-
dichlorophenol, can be photodegraded into 2-chloro-1,4-benzoquinone. 
 
 

Initial biodegradation of 2,4-D via tfdA gene product uses alpha-ketoglutarate to produce 

2,4-dichlorophenol, glyoxylate, succinate, and carbon dioxide (Figure A.2).1,5,6 However, 2,4-

dichlorophenol is toxic to microbes and is quickly transformed into 3,5-dichlorocatechol by tfdB 

gene product,6,7 suggesting no build-up of 2,4-dichlorophenol will occur during biodegradation. 
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Thus, we used 2,4-dichlorophenol as an indicator of photodegradation and 3,5-dichlorocatechol as 

an indicator for biodegradation.  

 
 

 
 
 
Figure A.2. Biodegradation schematic for 2,4-D via the tfdA and tfdB genes products. Primary 
degradation products formed include 2,4-dichlorophenol, glyoxylate, succinate, and carbon 
dioxide before 2,4-dichlorophenol is further oxidized to 3,5-dichlorocatechol.5,7 
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Table A.1. Summary of 2,4-D transformation pathways and rates for field and lab studies. Half-
lives, formulation, and study type with important details are summarized. All studies were 
completed using the 2,4-D anion except the field studies, which used a 2,4-D dimethylamine salt 
formulation that dissociates immediately.8,9 Asterisk indicates two half-lives provided that are not 
directly applicable to our study system based on experimental conditions but are included for 
completeness.  
 

Half-Life Study type Ref. 
Field Studies 

4 – 76 days Field study, large-scale treatment 10 
34 to 41 days Field study, large-scale treatment 11 

Photodegradation Studies 
50 minutes* Laboratory, 254 nm, ultrapure water 1 
2.3 hours* Laboratory, 254 nm, ultrapure water 12 
38.5 hours Laboratory, 290-800 nm, secondary wastewater 

treatment plant effluent with •OH 
13 

12.9 days Laboratory, ultrapure water, modeled in aquatic half-life 
with 12 hours of sunlight a day 

9 

13 days  Laboratory, 300-800 nm, ultrapure water, constant light 13 
32 days Laboratory, simulated sunlight, ultrapure water 13 

Biodegradation Studies 
24-60 hours Cultures isolated from soil using 2,4-D as sole carbon 

source, complete degradation by 72 hours 
15 

30-40 hours Unfiltered river water microcosm, 18-day acclimation 16 
48 hours Soil microcosm, 3-day acclimation. rapid loss from days 

3-8 but slowed from days 8-150 
17 

48 hours C. necator culture, one half-life achieved, maximum 
loss of 59% by day 10 

18 

7-38 days Soil microcosms 19 
10-30 days Soil microcosms 20 
12-25 days Sediment microcosms 21 
25-50 days Sediment microcosms 1 
> 120 days Lake water microcosms 1 
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Section A.2. Materials 

Dibasic potassium phosphate (ACS, 98%), monobasic potassium phosphate 

(ReagentPlus(R)), and 3,5-dichlorocatechol (97%) were purchased from Sigma Aldrich. 

Acetonitrile (HPLC grade), formic acid (ACS, 88%) were purchased from Fisher Chemical. 2,4-

Dichlorophenoxyacetic acid (98%) and 2,4-dichlorophenol (99%) were purchased from Alfa 

Aesar. para-Nitroanisole (PNA, 99%) and 2-nitrobenzyaldehyde (99%) were purchased from 

Acros Organics. All chemicals were used as received.  

Ultrapure water (18.2 MW cm) for all analyses and photochemical irradiations was 

obtained from Milli-Q water purification system. Calibration solutions for the pH meter were 

obtained from Aqua Solutions. The dissolved organic carbon (DOC) analyzer was calibrated using 

potassium hydrogen phthalate (99.8%) purchased from Tokyo Chemical Industry. 
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Section A.3. Field Sampling Methods 

Water.  Surface water was collected from the epilimnion in the center of each lake prior 

to treatment using either four-liter combusted glass amber bottles for chemical analysis or ten-liter 

high-density polyethylene cubitainers for microcosm construction and pre-treatment tfdA 

quantification. Additional pre-treatment surface water samples were collected into cubitainers 

from a nearshore site and hypolimnion (when possible) to collect microbial filters for tfdA analysis. 

Following 2,4-D applications, water samples were collected immediately after treatment, 

1, 3, 5, and 7 days after treatment, and approximately weekly thereafter. At each sampling event, 

water samples were collected in ten-liter high density polyethylene cubitainers from the epilimnion 

in the middle of the lake, a nearshore site, and the hypolimnion for 2,4-D and tfdA quantification. 

Additional spatially discreet samples were collected using a 50 mL plastic syringe and immediately 

filtered through a 0.45 µm nylon syringe filter (Agilent) into 15 mL plastic Falcon tubes to quantify 

herbicide drift from treatment area and to monitor complete mixing in the lake. Depth profiles of 

temperature and dissolved oxygen were measured from the center of the lake using a 

multiparameter sonde (YSI Incorporated, Yellow Springs, OH). Secchi depths were recorded 

during each sampling event 

For all sampling points, surface water samples were collected via grab sampling and all 

deep-water samples were collected using a Van Dorn sampler. Samples were stored on ice in a 

dark cooler and transported back to the lab. Grab samples were filtered using a 0.22 µm 

polyethersulfone filter in a Sterivex filter unit (Millipore Sigma). All samples were stored at 4 oC 

in the dark until analysis.  

 Homeowners on the treated lakes collected water samples in between regular weekly 

sampling. Samples were collected in 15 mL Falcon tubes after rinsing the tubes three times with 
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lake water and stored at 4 oC in the dark. Homeowners recorded the time and date of sample 

collection on a sample log sheet. Samples were collected from homeowners during weekly 

sampling visits, filtered through a 0.45 µm nylon syringe filter, and stored at 4 oC until analysis.  

 Microbial community samples. Samples for tfdA quantification were collected prior to 

treatment and at each sampling event. Ten liters of water were collected and filtered in triplicate 

using a 0.22 µm Sterivex polyethersulfone inline filter and stored in a -20 oC freezer until DNA 

extraction. Sediment samples were collected using a 1.5-inch diameter PVC pipe sediment corer. 

Three sediment cores were collected into a sterile plastic bag, homogenized, and transferred to a 

50 mL falcon tube prior to storage in a -20 oC freezer.  

Flow. Flow out of the lake was measured at a point of discharge in the middle of the water 

column using a Marsh McBirney Flo-Mate Model 2000 portable flowmeter to calculate 2,4-D flux 

out of the lake. A corresponding 2,4-D water sample was collected at the culvert for flow 

calculation (Section A.8). 

 
Figure A.3. Location of all lakes sampled in Wisconsin, USA. All maps were created using 
ArcGIS software (10.6.1) by Esri. Data provided by the National Atlas of the United States, USGS. 

 

Eagle & McCarryBony
Round

Random

Pleasant
PikeOkauchee
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Table A.2. Summary of all sample types collected during field campaign.  
 

Sample 
Type 

When Where Volume Preservation Purpose 

Surface 
water 

Prior to 
treatment 

Epilimnion; 
middle of the 

lake 

4 L 0.22 µm 
polyethersulfone 
filter (Sterivex) 

Water used for 
photochemical 
irradiations and 

bulk water 
characterization. 
Filter used for 
DNA analysis 

Surface 
water 

Prior to 
treatment 

Epilimnion; 
middle of the 

lake 

30 L 4 oC fridge Microcosms 

Sediment Prior to 
treatment 

Shore 19 L 4 oC fridge Microcosms 

Surface 
water 

During 
treatment 
at every 
sampling 

event 

Epilimnion, 
hypolimnion, 

and shore 
location 

10 L 0.22 µm 
polyethersulfone 
filter (Sterivex) 

Water used for 
2,4-D 

quantification 
Filter used for 
DNA analysis 

Surface 
water 

During 
treatment 
at every 
sampling 

event 

Various 
locations 

throughout 
epilimnion 

15 mL 0.45 µm nylon 
syringe filter 

2,4-D 
quantification 

Sediment During 
treatment 
at every 
sampling 

event 

Shore 0.5 L -20oC freezer DNA analysis 

 
  



 163 

Section A.4. Bulk Water Chemistry 

Dissolved organic carbon (DOC) was measured using a GE Sievers M5310 TOC analyzer. 

Calibration check solutions were made from analytical grade potassium hydrogen phthalate 

ranging from 0 - 10 mg-C L-1. Ultraviolet-visible light spectra for each lake were collected using 

a Shimadzu 2401PC recording spectrophotometer in 1 nm increments from 200-800 nm. Anions 

were measured using ion chromatography using a Thermo Dionex 1100. Cations and metals were 

measured using an Agilent 5110 VDV inductively coupled plasma-optical emission spectrometer 

(ICP-OES). All samples were filtered through 0.2 µm syringe filter and acidified to 2% nitric acid. 

Calibration solutions were made from 1000 mg L-1 SPEX CertiPrep solutions. 

 
Table A.3. Dissolved carbon, E2:E3 (absorbance at 250 nm divided by absorbance at 365 nm),22 
and SUVA254 (specific UV absorbance at 254 nm)23 for all lakes visited during field sampling.  
 

Lake [DOC] (mg L-1) E2:E3 SUVA254 (L mg-C-1 m-1) 
Eagle 3.4 7.7 1.5 

McCarry 5.2 5.7 2.4 
Okauchee 7.9 8.4 2.1 

Pike 7.2 9.2 1.8 
Pleasant 6.2 9.6 0.9 
Random 5.6 8.7 2.1 
Round 3.2 15.0 0.9 
Bony 3.2 16.1 0.8 
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Table A.4. Bulk water chemistry for all lakes visited during the field campaign. ND indicates 
concentrates were below the limit of detection. 
 

Lake [Ca2+]  
(ppm) 

[K+] 
(ppm) 

[Mg2+] 
(ppm) 

[Na+] 
(ppm) 

[SO42-] 
(ppm) 

[Cl-] 
(ppm) 

[NO3-]  
(ppm) 

Eagle 13.19 0.55 3.87 3.04 2.25 4.82 ND 
McCarry 15.32 0.63 4.11 4.58 2.07 9.70 0.17 
Okauchee 40.32 1.52 31.59 21.45 13.00 50.42 ND 

Pike 36.07 2.09 33.76 41.36 13.44 79.96 ND 
Pleasant 26.66 1.36 30.23 18.29 20.22 51.69 0.41 
Random 48.22 1.57 28.13 23.61 22.06 55.38 1.23 
Round 11.90 0.49 3.54 1.93 1.23 2.42 ND 
Bony 14.64 0.51 3.70 3.52 2.82 5.63 ND 
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Section A.5. Photodegradation Experiments and Modeling 

Irradiation Experiments. Irradiation experiments carried out using either 311 ± 22 nm 

(width at half-max) or 365 ± 10 nm (width at half-max) bulbs to test the direct and indirect 

photodegradation of 2,4-D, 2,4-dichlorophenol, and 3,5-dichlorocatechol. Experiments using the 

311 nm bulbs were conducted alongside a 2-nitrobenzaledhyde actinometer,24 while experiments 

using the 365 nm bulbs used the para-nitroanisole/pyridine actinometer.25 2,4-Dichlorophenol and 

3,5-dichlorocatechol experiments were only conducted at 311 nm.  

 

 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure A.4. Molar absorptivity of 2,4-D, 2,4-dichlorocatechol, and 3,5-dichlorocatechol on left y-
axis. Bulb intensity of 311 and 365 nm bulbs on right y-axis. 
 

Quantum yield calculations. The observed 2,4-D, 2,4-dichlorophenol, and 3,5-

dichlorocatechol photodegradation rate constants (kobs) were corrected for light screening in all 

solutions using by calculating a screening factor at each wavelength (Sλ): 
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𝑆K =
!*!)9:;∗6

#.M)M∗*O;∗$
                      Eq. A1 

where αλ is the solution decadic absorbance measured using a UV-vis spectrophotometer and l is 

the pathlength of the cuvette (1 cm). An average weighted screening factor (Sweighted) was 

calculated over the from 250-455 nm for the 311 bulbs and 300-455 nm for the 365 bulbs. The 

weighted screening factor was used to correct the observed degradation rate constants for all lake 

waters and the direct control using the Equation A2: 

𝑘<:6//%/8 =
'(/2

P=+-$')+*
	                           Eq. A2 

The light absorbance rate constant (kabs) was calculated using Equation A3: 

𝑘.F< = Σ #.M)M	?	Q>	R	S>	R	T>
[U]	R	V

                  Eq. A3     

where Iλ is the intensity of light (mEi cm-2 s-1), aλ is the solution decadic absorbance, Sλ is the 

weighted screening factor, [C] is 2,4-D, 2,4-dichlorophenol, or 3,5-dichlorocatechol concentration 

(µM), and j is a conversion factor of 1 einstein-mol-1.26  

The quantum yield (F) was then calculated using Equation A4:27,28  

Φ9%' =
'23,++.+*,*-,+3)
'*-,+3),,"3)

	𝑥	 '"/2,"3)
'"/2,7.?

	𝑥	F.:(                                   Eq. A4 

where kscreened,direct is the light screening corrected direct photodegradation rate constant for the 

direct control (s-1), kdirect,act is the photodegradation rate constant of the actinometer (s-1), kabs,act  

(s-1) is the rate of light absorbance of the actinometer, kabs,unk (s-1) is the rate of light absorption for 

either 2,4-D, 2,4-dichlorophenol, or 3,5-dichlorocatechol, and Fact is the quantum yield for the 

relevant actinometer (Fact = 0.41 for 2-nitrobenzaldehyde; 24 Fact = 3.19 x 10-4 for PNA/pyridine).25 
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Table A.5. Measured quantum yields for 2,4-D, 2,4-dichlorophenol, and 3,5-dichlorocatechol at 
pH 7. Quantum yields are calculated from 311 nm exposures using the ultrapure water (direct 
degradation) control.  
 
 
 
 
 
 
 

In-lake photodegradation modeling. The calculated quantum yield was coupled with 

solar irradiance modeling using the Simple Model of Atmospheric Transfer of Sunshine 

(SMARTS)29 to calculate 2,4-D half-lives in Wisconsin lakes. Using the horizontal global 

irradiance spectrum for I (Figure A.4), a light absorbance rate constant kabs,sun for direct 

photodegradation was calculated using Equation A3. kabs,sun was then used to calculate direct 

photodegradation rates in lakes with site-specific solar intensity using Equation A5: 

𝑘5B7(78/E6.8.(A7% =	𝑘.F<,<9%	x	F#,W-Y                               Eq. A5 

The kphotodegradation for 2,4-D was used in mass balance modeling described in Section A.6. 

 
 
 
 

 

 

 

 

 

 

Figure A.5. Irradiance data for the global horizontal irradiance spectra generated using SMARTS. 
Early summer treatments show slightly higher intensities than fall treatments. 

Compound Quantum Yield 
2,4-D (3.12 ± 0.01) x 10-3 

2,4-Dichlorophenol (7.9 ± 0.3) x 10-2 
3,5-Dichlorocatechol (5.5 ± 0.16) x 10-2 



 168 

Table A.6. SMARTS Modeling input parameters for the in-lake photolysis degradation of 2,4-D. 
Each lakes modeling conditions, such as date, time, and location of treatment, is included. CO2 
concentration is from measurements from January 2019. 
 
Card 
Number/ 
Description 

Random Eagle McCarry Round Pleasant Okauchee 

1- 1. Comment 'Random' 'Eagle 
Lake' 

'McCarry 
Lake' 

'Round 
Lake' 

'Pleasant 
Lake' 

'Okauchee 
Lake' 

2- 1. Manually 
input 
pressure 

1 1 1 1 1 1 

2a. Pressure, 
surface 
altitude, and 
height 

989.7 
0.271 0 

972  
0.37 0 

972 
 0.37 0 

957.3 
0.363 0 

988.9 
0.300 0 

984  
0.269 0 

3- 3. Option to 
use default 
atmosphere 

1 1 1 1 1 1 

3a. 
Midlatitude 
Summer 

'MLS' 'MLS' 'MLS' 'MLS' 'MLS' 'MLS' 

4. Use 
default 
Water vapor 

1 1 1 1 1 1 

5. Use 
default ozone 
abundance 

1 1 1 1 1 1 

6. Use 
default gas 
abundance 
except CO2 

1 1 1 1 1 1 

7. Carbon 
dioxide from 
January 2019 

411 411 411 411 411 411 

7a. Use 
default 
synthetic 
spectrum 

0 0 0 0 0 0 

8.Use 
continental 
aerosol 
model 

'SRA_ 
CONTL' 

'SRA_ 
CONTL' 

'SRA_ 
CONTL' 

'SRA_ 
CONT
L' 

'SRA_ 
CONTL' 

'SRA_ 
CONTL' 

9. Use 
aerosol 

5 5 5 5 5 5 
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optical depth 
of 55 nm 
9a. 0.084 0.084 0.084 0.084 0.084 0.084 
10. Select 
“water” for 
albedo 

2 2 2 2 2 2 

10b. ITILT 1 1 1 1 1 1 
ITILT is an 
option for 
tilted surface 
calculations. 
Leave box 
unchecked 

51 37. 
180. 

51 37. 
180. 

51 37. 
180. 

51 37. 
180. 

51 37. 
180. 

51 37. 
180. 

11. Minimal 
spectral 
range, max 
spectral 
range, 
variability in 
irradiance, 
and default 
solar 
constant. 

280 4000 
1.0 1366.1 

280 4000 
1.0 
1366.1 

280 4000 
1.0 1366.1 

280 
4000 
1.0 
1366.1 

280 4000 
1.0 
1366.1 

280 4000 
1.0 1366.1 

12. Option to 
generate 
results with 
spreadsheet 

2 2 2 2 2 2 

12a: Interval 
for printing 
results 

280 4000 
1 

280 4000 
1 

280 4000 
1 

280 
4000 1 

280 4000 
1 

280 4000 
1 

12b. Total 
number of 
outputs 

5 5 5 5 5 5 

12c. Outputs: 
(1) 
extraterrestri
al spectrum, 
(2) direct 
normal 
irradiance, 
(3) diffuse 
horizontal 
irradiance, 
(4) global 
horizontal 
irradiance 

1 2 3 4 5 1 2 3 4 5 1 2 3 4 5 1 2 3 4 
5 

1 2 3 4 5 1 2 3 4 5 



 170 

and (5) direct 
horizontal 
irradiance 
13. Bypass 
circumsolar 
radiation  

0 0 0 0 0 0 

14. Bypass 
smoothing 
calculation 

0 0 0 0 0 0 

15. 
Illuminance 
using CIE 
photopic 
curve 

1 1 1 1 1 1 

16. No 
special UV 
calculations 

0 0 0 0 0 0 

17. Set 
inputs for 
card 17 

3 3 3 3 3 3 

17a. Year, 
month, day 
hour, 
latitude, 
longitude, 
time zone.  

2019 05 
20 12.1 
43.549815  
-
87.955191  
-6 

2019 06 
10  
12.1  
46.49804
9  
-
91.35682
7  
-6 

2019 06 
10 12.1 
46.516587  
-
91.371709  
-6 

2019 
06 25 
12.1  
45.995
52 
 -
91.320
341  
-6 

2019 09 
16 12.1 
42.78957
4  
-
88.54590
6  
-6 

2019 09 
23 12.1 
43.119245  
-
88.545906  
-6 
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Section A.6. Microbial Degradation and tfdA Quantification 

 
Figure A.6. 2,4-D degradation in microcosms. (a) Random, (b) Round, (c) Pleasant, and (d) 
Okauchee Lakes have been treated with 2,4-D previously, while (e) Pike, (f) Bony, (g) McCarry, 
and (h) Eagle Lakes have had no previous treatments. Two of three (h) Eagle water-only 
microcosms were destroyed during incubation so only one microcosm is shown after day 3. One 
replicate in the (e) Pike Lake water-only microcosm had loss, as shown in the large error bars at 
day 14 and 28. Error bars represent standard deviation of triplicate microcosms. 
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DNA extraction and tfdA quantification. DNA was extracted from samples collected 

from field sites. Sediment (0.5 g) and filters (1/2 filter) were extracted using an MP Bio Fast DNA 

Spin Kit and quantified for DNA concentration using an Invitrogen Qubit 3.0 fluorimeter. DNA 

was then qPCR amplified using the following forward and reverse general (non-class specific) 

tfdA primers intended to amplify a 215bp section. The forward primer was 5’-

GAGCACTACGCRCTGAAYTCCCG-3’ and the reverse primer was 5’-

GTCGCGTGCTCGAGAAG-3’. Amplification was carried out on a BioRad thermocycler using 

the conditions in Table A.7.30,31 A vector containing a plasmid carrying the tfdA class I gene from 

Ralstonia eutropha was used to construct the standard curve, obtained originally from Dr. Jan 

Roelof van der Meer from the University of Lausanne, Switzerland by way of Dr. Lily Gonzalez 

Vazquez at the University of Wisconsin-Madison. The class I gene had been directly ligated into 

pGEM7-Ampicillin vector and transformed into Escherichia coli DH5 α competent cells. The PCR 

product from the standards was confirmed to be the expected length using a 1.5% agarose gel. The 

values obtained for tfdA abundance by qPCR in environmental samples were extremely low, 

corresponding to barely above the quantification limit (~10 copies per reaction). We also attempted 

to optimize the reaction by adjusting the annealing temperature, primer concentration, template 

concentration, and additional template clean-up steps but this was unsuccessful. This prompted us 

to verify that amplification products were truly tfdA gene fragments. 

 To confirm specific amplification of the tfdA gene fragment, we cloned the PCR products 

from two samples (one water column and one sediment from Random Lake) using an Invitrogen 

TOPO TA Cloning kit with One Shot TOP10 chemically competent E. coli cells. Fresh PCR 

product was inserted into the provided plasmids and transformed into the chemically competent 
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cells. Cells were spread on LB Agar plates with 50 µg/mL kanamycin and incubated overnight at 

37 oC. Colonies grown on overnight plates were transferred to LB broth with 50 µg/mL kanamycin 

and incubated at 37 oC overnight again. Aliquots of 19 liquid cultures (total from both samples) 

were extracted using an Invitrogen PureLink Quick Plasmid Miniprep kit. Plasmids were then 

amplified with IDT ReadyMade M13 (-20) forward primers. Amplified plasmids were sent for 

Sanger sequencing University of Wisconsin-Madison Biotechnology Center. Obtained sequences 

were analyzed using NCBI NucleotideBLAST and blastx.   

 Chromatograms were processed using A plasmid Editor software32 (v. 3.0.7) to export fasta 

formatted sequences. None of the 19 sequences we obtained matched with any known tfdA in the 

NCBI nr database. The sequences only had “hits” to plasmid sequences related to the TOPO TA 

Cloning vector with ~97-100% nucleotide identity across ~ 50% of the query length (~180 bp). 

The other half of each sequence had no match using default settings.  

 

Table A.7. Thermocycler conditions for qPCR amplification of a portion of the tfdA gene adapted 
from Baelum et al. 2008.30,31 Conditions were optimized for our thermocycler.  
 
 
 
 
 
 
 
 
 
 
 
  

Step Time Temperature (oC) 
Initial 10 minutes 95 

Denaturation 15 seconds 95 
Annealing 30 seconds 64 
Elongation 30 seconds 72 
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Section A.7. Analytical Methods 

Organic compound quantification. 2,4-D, 2,4-dichclorophenol, 3,5-dichlorocatechol, p-

nitroanisole, and 2-nitrobenzaldehyde were quantified using an Agilent 1260 high-performance 

liquid chromatograph (HPLC) equipped with a diode-array detector. All methods used an Agilent 

InfinityLab Poroshell 120 EC-C18 (3.0 x 50 mm) column and a column temperature control of 30 

oC. Samples were eluted using an isocratic method with acetonitrile as a mobile phase and an 

aqueous buffer of 90:10 ultrapure water: aqueous buffer of 10 % acetonitrile and 0.1% formic acid 

in ultra-pure water. 

 

Table A.8. Flow rates, aqueous buffer ratios, and detection wavelengths for each compound 
analyzed via HPLC.  

 

Analysis of low concentration (< 0.1 µM) 2,4-D samples used an Agilent Triple Quad 6460 

liquid chromatograph-tandem mass spectrometer (LC-MS/MS). Samples were analyzed using an 

isocratic method of 80% aqueous buffer (10 % acetonitrile and 0.1% formic acid in ultra-pure 

water) and 20% acetonitrile at 0.3 mL min-1 on an Agilent InfinityLab Poroshell 120 EC-C18 (3.0 

x 50 mm) column with column temperature control of 30 oC. 2,4-D had an injection volume of 50 

µL, retention time of 4.7 minutes, and detection limit of 0.047 µM. 

Compound % 
Aqueous 
Buffer 

Flow 
(mL 

min-1) 

Detection 
wavelength 

(nm) 

Retention 
Time 
(min) 

Purpose LOD 
(µM) 

2,4-D 
 

70 0.6 284 2.2 Herbicide 0.1 

2,4-dichlorophenol 70 0.6 284 4.0 Degradation 
product 

0.3 

3,5-dichlorocatechol 70 0.6 284 1.8 Degradation 
product 

0.8 

2-nitrobenzaldehyde 80 0.5 231 2.9 311 nm 
actinometer 

0.5 

para-nitroanisole 60 0.5 314 1.4 365 nm 
actinometer 

0.8 
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LC-MS/MS running conditions: 
Mode: Negative electrospray ionization 
Scan type: MRM 
Dwell time: 400 
Fragmentor voltage: 75 
Cell accelerator voltage: 7 
Gas temp: 300 oC 
Speed: 5 L/min 
Nebulizer pressure: 45 psi 
Sheath gas temperature: 250 oC 
Sheath gas flow rate: 11 L/min 

 Precursor ion: 219 m/z 
 Product: 161 m/z 
 Product: 125 m/z 
 Product: 89 m/z 
 
 
Section A.8. Mass Balance 

A mass balance for two lakes using photodegradation, biodegradation, and discharge rates 

modeled 2,4-D loss through each pathway. All loss is assumed to follow first-order kinetics and 

the overall mass balance is represented with Equation A6: 

8Z
8(
=	[-.Z-.

\
− [(7)Z6"?+

\
− 𝑘5B7(78/E6.8.(A7%𝐶$.'/ − 𝑘FA78/E6.8.(A7%𝐶$.'/         Eq. A6 

where Q is flow in (Qin) and out (Qout) in L day-1, Cin is [2,4-D] flowing into the lake (µM), Clake 

is the lake-wide [2,4-D] (µM), and kphotodegradation and kbiodegradation are reaction rate constants of 

photo- and biodegradation (day-1), respectively. There are no new inputs of 2,4-D to the system 

after the treatment, so Cin is 0 after t = 0. Integrating the overall equation generates Equation S7 

(i.e., Equation 1 in the manuscript) used in the mass balance model: 

𝐶( = 𝐶)	𝑥	𝑒
*+!(7)% 	,'&'()(*+$,"*")-(.,'/-(*+$,"*")-(.	-	(	                      Eq. A7 

where Ct (µM) is concentration at any time t (days) and C0 (µM) is the initial lake-wide 2,4-D 

concentration.  
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Discharge for McCarry and Round Lakes was calculated using water depth, channel width 

(i.e., culvert width), and flow rate (Tables A.9 and A.10) at the middle of the water column using 

Equation A8: 

𝑄 = 𝐷	𝑥	𝑊	𝑥	𝑉	𝑥	𝑗                                                    Eq. A8 

where Q is discharge (L day-1), D is depth (m), W is culvert width (m), V is water velocity (m  

day-1) and j is a conversion factor of converting m3 to L (1000 L m-3). We compared the average 

of all discharge observations versus using a weekly value and found no difference in modeled 2,4-

D loss between the two approaches (Figure A.7). For simplicity, we used the average discharge 

for the overall mass balance.  

 

 

Figure A.7. Modeled [2,4-D] in McCarry Lake using weekly flow measurements compared to 
average discharge for 70 days of treatment.  
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The biodegradation rate constant (kbiodegradation, days-1) was determined using the half-life 

observed in the microcosm incubations. Microcosm half-life was calculated from the day of 2,4-

D addition to the day the concentration decreased to half the initial concentration. The only 

exception to this approach was McCarry Lake, in which degradation was only observed after a 

long lag phase. In this case, an adjusted time zero was used at day 67, which was the last time 

point before degradation started. The biodegradation half-lives (t1/2) were used in Equation A9 to 

determine a biodegradation rate constant:  

𝑘FA78/E6.8.(A7% =
$%#
(8
@

                                                Eq. A9 

The in-lake photodegradation rate constant (kphotodegradation) is calculated in Equation A5. 
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Table A.9. Water flow and depth observations at culvert discharging McCarry Lake. 
 

 
Date 

Water depth 
(m) Flow (m/s) 

Culvert width 
(m) 

June 15 0.14 0.03 1.83 
June 17 0.14 0.03 1.83 
June 25 0.14 0.03 1.83 
July 1 0.26 0.04 1.83 
July 1 0.13 0.04 1.83 
July 1 0.03 0.00 1.83 
July 1 0.02 0.00 1.83 
July 8 0.26 0.00 1.83 
July 8 0.13 0.01 1.83 
July 8 0.03 0.03 1.83 
July 15 0.21 0.01 1.83 
July 15 0.10 0.01 1.83 
July 15 0.03 0.01 1.83 
July 22 0.26 0.05 1.83 
July 22 0.13 0.05 1.83 
July 22 0.05 0.03 1.83 
July 22 0.03 0.01 1.83 
July 29 0.23 0.05 1.83 
July 29 0.14 0.04 1.83 
July 29 0.05 0.03 1.83 

August 19 0.25 0.05 1.83 
August 19 0.10 0.02 1.83 
August 19 0.05 0.00 1.83 
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Table A.10. Water flow and depth observations at culvert discharging Round Lake. 
 

 
Date 

Water depth 
(m) Flow (m/s) 

Culvert width 
(m) 

June 28 0.54 0.10 8.05 
June 28 0.25 0.10 8.05 
June 28 0.05 0.05 8.05 
June 28 1.89 N/A 8.05 
June 30 0.05 0.07 8.05 
June 30 0.25 0.15 8.05 
June 30 0.58 0.10 8.05 
June 30 1.92 N/A 8.05 
July 2 0.00 0.01 8.05 
July 2 0.25 0.03 8.05 
July 2 0.05 0.01 8.05 
July 2 0.59 0.07 8.05 
July 2 1.92 N/A 8.05 
July 9 0.64 0.01 8.05 
July 9 0.33 0.00 8.05 
July 9 0.03 0.00 8.05 
July 15 0.03 0.01 8.05 
July 15 0.49 0.20 8.05 
July 15 0.23 0.31 8.05 
July 15 1.88 N/A 8.05 
July 23 0.05 0.04 8.05 
July 23 0.55 0.07 8.05 
July 23 0.27 0.06 8.05 
July 23 1.91 N/A 8.05 
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Section A.9. Treatment data 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure A.8. [2,4-D] in (a) surface water and (b) porewater for (c) Eagle Lake. Hypolimnion 
samples were collected at EL1 and peepers were installed at site EL4. EL6 is a culvert under the 
road and was sampled to monitor advective transport back into Twin Bear Lake. EL7 is Murrays 
Dam at the outflow of Flynn Lake and was sampled to monitor advective transport downstream. 
Homeowner volunteers collected weekly samples at EL4 and EL5. Green dashed line in (a) 
represents application target whole lake concentration of 1.67 µM.  
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Figure A.9. [2,4-D] in (a) surface water and (b) porewater in (c) McCarry Lake. Hypolimnion 
collected at ML1. Peepers were installed and volunteer homeowner samples were collected at 
ML4. Green dashed line in (a) represents target whole lake concentration of 1.58 µM.  
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Figure A.10. [2,4-D] in (a) surface water and (b) porewater in (c) Round Lake. Hypolimnion 
samples were collected at RB1 and peepers were installed at RB7. Flow measurements and 
volunteer homeowner collected samples were made at RB5 and RB6. Green dashed line in (a) 
represents target bay-wide concentration of 1.63 µM.
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Figure A.11. [2,4-D] in (a) surface water and (b) porewater in (c) Pleasant Lake. Peepers were 
installed at site PL4. PL1 was used as reference for advective transport out of the treated bay. 
Green dashed line in (a) represents target bay-wide concentration of 14.2 µM. Large error bars in 
the top peeper wells for days 1, 5, and 7 is likely due to resettling of sediment and suspended solids 
following peeper placement given the shallowness (1.5 m) of the bay and unconsolidated nature 
of the sediment. Error bars represent the standard deviation of triplicate porewater samples. 
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Figure A.12. (a) [2,4-D] in surface water at all sampling sites for (b) Okauchee Lake. Green dashed 
line in (a) represents target bay wide concentration of 9 µM. Peepers were not deployed in this 
lake. 
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Figure A.13. [2,4-D] in (a) surface water and (b) porewater in (c) Random Lake. Hypolimnion 
sample were collected from RL1. Peepers were installed at RL2. Volunteer homeowner water 
samples and peepers were collected at RL2. Green dashed line in (a) represents target whole lake 
concentration of 1.17 µM. Three peepers were collected each sampling event for 15 days. Two 
peepers had a paired top and bottom sample while the third peeper was bottom only. Error bars 
represent the standard deviation of triplicate (bottom) or duplicate (top) samples. 
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Figure A.14. (a) Temperature and (b) dissolved oxygen depth profiles for Random Lake. The lake 
was completely mixed at the beginning of treatment and began to stratify by May 29, 2019. 
Dissolved oxygen remained low in the hypolimnion throughout the entire treatment. 
 
 

 
 

 
 
Table A.11. Predicted sediment [2,4-D] using lake/bay-wide 24-hour surface water [2,4-D], 
sediment organic carbon concentrations, and Koc = 61.7 to 78 mL g-1.9,20   

  

Lake Organic carbon 
content (%) 

Estimated [2,4-D]sediment 
after 24 hours (µM g-1) 

Percent of 2,4-D lost 
to sediments 

Eagle 12.0 0.01 0.84% 
McCarry 3.0 0.01 0.21% 
Pleasant 8.5 0.10 0.59% 
Random 15.4 0.10 1.08% 
Round 14.2 0.03 0.99% 
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Table A.12. Summary physical parameters distributions for each lake expressed as percent of 
lake area under 6 m and 1 m as well as mean depth.33 

 
  
 

Figure A.15. Hypsographs for (a) Eagle, (b) McCarry, (c) Round, and (d) Random Lakes. Pink 
dashed line represents stratification depth. Area above pink curve represents sediment exposed to 
epilimnion, while area below the pink line is sediment isolated from epilimnion. Hypsographs34 
for each stratified lake were generated using the rLakeAnalyzer package in R Studio.35,36 

Lake Area under 6 m (%) Area under 1 m (%) Mean depth (m) 
Random 96 14 1.8 

Eagle 73 12 4.3 
Round 69 9 5.2 

McCarry 98 56 1.5 
Pleasant 100 100 0.4 

Okauchee 100 100 0.6 
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Appendix B  
 
Supplementary Material for Chapter 3 
 

 
Figure B.1. Gel visualization of gene product of 215 bp tfdA primer on class I gene standard (a) 
as well as class II and class III standard (b) in duplicate.  
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Table B.1. NCBI BLAST hits for top pairwise alignments between tfdA classes I, II, and III 
genes and sequenced plasmids. 
 
 

  

Reference Gene Sample Max 
Score 

Total 
Score 

Query Cover 
(%) 

E-
value 

Identity 
(%) 

R. eutropha  
(Class I) 

S 38.3 71.1 10 6.00E-
06 

95.65 

T 35.6 70.2 18 1.00E-
05 

91.67 

U 32.8 32.8 7 1.00E-
04 

95.00 

V 42.8 80.1 15 1.00E-
07 

92.86 

W 38.3 71.1 6 1.00E-
05 

95.65 

B. tropica  
(Class II) 

S 33.7 85.9 12 7.00E-
05 

91.30 

T 40.1 69.3 17 1.00E-
06 

95.83 

U 27.4 27.4 6 6.00E-
03 

94.12 

V 37.4 37.4 8 4.00E-
06 

92.00 

W 33.7 61.2 5 1.00E-
04 

91.30 

D. acidovorans 
(Class III) 

S 33.7 85.9 12 7.00E-
05 

91.30 

T 40.1 69.3 17 1.00E-
06 

95.83 

U 27.4 27.4 6 6.00E-
03 

94.12 

V 37.4 37.4 8 4.00E-
04 

92.00 

W 33.7 61.2 5 1.00E-
04 

91.30 
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Appendix C 
 

Supplementary Materials for Chapter 4 

Section C.1. Materials and Chemical Structures 

 
Dibasic potassium phosphate (ACS, 98%), monobasic potassium phosphate 

(ReagentPlus(R)), were purchased from Sigma Aldrich. Acetonitrile (HPLC grade), formic acid 

(ACS, 88%) were purchased from Fisher Chemical. 2-nitrobenzyaldehyde (99%) was purchased 

from Acros Organics. Florpyrauxifen-benzyl (99.5%) was purchased from Chem Service, Inc. 

Florpyauxifen (98.5%) was purchased from LGC Standards. Sodium Borate Buffer purchased 

from Amresco. Sodium Acetate (ACS purity) purchased from Alfa Aesar. Methanol (>99.8%) 

purchased from VWR. Standards for X12300837, X11966341, X12131932, X12393505 (Table 

S1) were not commercially available. Analytical standards were provided curtesy of Corteva 

Agrisciences. All chemicals were used as received. 

Ultrapure water (18.2 MW cm) for all analyses and photochemical irradiations was 

obtained from Milli-Q water purification system. Calibration solutions for the pH meter were 

obtained from Aqua Solutions. The dissolved organic carbon (DOC) analyzer was calibrated using 

potassium hydrogen phthalate (99.8%) purchased from Tokyo Chemical Industry. 
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Table C.1. Chemical structures, formulas, and molecular weight of florpyrauxifen-benzyl and 
five degradation products. 1–3 
 
Chemical Name and 
Formula 

Structure 

Florpyrauxifen-benzyl 
 
Molecular Formula: 
C20H14Cl2F2N2O3  
 
Molecular Weight:  
439.24  
 
CAS Number: 
1390661-72-9  

 

Florpyrauxifen 
 
Molecular Formula: 
C20H14Cl2F2N2O3 

  
Molecular Weight: 
439.24  
 
CAS Number: 
1390661-72-9  

 

X12300837 
 
Molecular Formula: 
C19H12Cl2F2N2O3  
 
Molecular Weight: 
425.21  
  
X11966341 
 
Molecular Formula: 
C12H6Cl2F2N2O3  
 
Molecular Weight: 
335.09  
  

N O

O

O

Cl

F F
NH2

Cl
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X12131932 
 
Molecular Formula: 
C20H15ClF2N2O3  
 
Molecular Weight: 
404.79  
  
X12393505 
 
Molecular Formula: 
C13H9ClF2N2O3  
 
Molecular Weight: 
314.67  
  

 
 
Section C.2. Field Sampling Methods 

 
Five FPB treatments were studied during May-August 2021 and 2022 (Table C.1, Figure 

C.1). These treatments applied FPB to areas of high-density Eurasian watermilfoil but had the 

potential to mix completely throughout the lake. Lakes were selected in collaboration with the 

Wisconsin Department of Natural Resources (WIDNR).  

Pretreatment surface water and sediment were collected from the epilimnion and nearshore 

area ≤ 2 hours prior to treatment and stored at 4oC until processing. Pretreatment samples were 

used for bulk water chemistry measurements and photochemical irradiations were collected in 4 L 

combusted glass amber bottles, filtered through a 0.45 µM nylon filter, and preserved at 4oC until 

analysis. Water for microcosm incubations was collected with 10 L HDPE cubitainers and stored 

in the dark on ice until microcosm set up. Sediment for microcosm incubations was collected by 

Eckman dredge or hand-coring at a nearshore site of each, store in the dark on ice until microcosms 

set up.  
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Water samples collected during the treatment were stored on ice and in the dark until 

processing, typically on site (i.e., within 1 hour of collection) but no more than 24 hours after 

collection and preserved with methanol, formic acid, and the internal standard as described in the 

main text and in Section C.7. 

Water samples were collected at three sites on each lake, with at least one site in treatment 

area, one outside of treatment area (i.e., not intended to be treated) to monitor advective transport 

out of treatment area, and one site at the deepest point of the lake. Samples were collected 

immediately after FPB application (<1 hour after application) and at 3- to-4-hour intervals for 12 

hours after treatment, every 1 to 2 days after treatment for one week after treatment, and then 

weekly thereafter. Additional depth discrete samples were collected with a Van Dorn sampler at 2 

or 3 m intervals the deep hole of Muskellunge and Silver Lakes. At each sampling event, surface 

water was analyzed for all six described compounds (Table C.1). Additional samples not 

preserved with methanol were collected for organic carbon analysis and UV-vis spectroscopy.  
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Figure C.1. Map of lakes sampled during 2021-2022 field campaign. All lakes selected in 
conjunction with Wisconsin Department of Natural Resources (WIDNR). Map made using Leaflet 
package in RStudio.   
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Section C.3. Bulk Water Chemistry 

 
Dissolved organic carbon (DOC) was measured using a GE Sievers M5310 TOC analyzer. 

Calibration check solutions from 0 - 10 mg-C L-1. were made from analytical grade potassium 

hydrogen phthalate. Ultraviolet-visible light spectra for each lake were collected using a Shimadzu 

2401PC recording spectrophotometer in 1 nm increments from 200-800 nm. Ultraviolet-visible 

light spectra for each lake were collected from 200-800 nm. Specific absorbance at 254 nm 

(SUVA254) 4 and the ratio of absorbance 250 nm to 365 nm (E2:E3)5 was calculated using UV-

visible spectra and DOC measurements. 

 
Section C.4. Photochemical Irradiations and Modeling 

 
Irradiation Experiments. Irradiation experiments carried out using 311 ± 22 nm bulbs 

(width at half-max) alongside a 2-nitrobenzaledhyde actinometer.6 Lake water used for indirect 

photodegradation analysis was diluted to 3 mg-C L-1.  

Quantum yield calculations. The FPB quantum yield was calculated as described 

previously.7,8 Briefly, the observed FPB photodegradation rate constants (kobs) were corrected for 

light screening in all solutions using by calculating a screening factor at each wavelength (Sλ): 

𝑆! =
"#"$!"#∗%

%.'$'∗#)#∗*
                      Eq. C1 

where αλ is the solution decadic absorbance measured using a UV-vis spectrophotometer and l is 

the pathlength of the cuvette (1 cm). An average weighted screening factor (Sweighted) was 

calculated over the from 250-455 nm, which was used to correct the observed degradation rate 

constants for all lake waters and the direct control using the Equation C2: 

𝑘<:6//%/8 =
'(/2

P=+-$')+*
	                           Eq. C2 
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The light absorbance rate constant (kabs) was calculated using Equation C3: 

𝑘.F< = Σ #.M)M	?	Q>	R	S>	R	T>
[U]	R	V

                  Eq. C3     

where Iλ is the intensity of light (mEi cm-2 s-1), aλ is the solution decadic absorbance, Sλ is the 

weighted screening factor, [C] is FPB concentration (molar), and j is a conversion factor of 1 

einstein-mol-1. 9  

The quantum yield (F) was then calculated using Equation SC: 7,8,10  

Φ123 =
'23,++.+*,*-,+3),ABC

'*-,+3),"3)
	𝑥	 '"/2,"3)

'"/2,ABC
	𝑥	F.:(                                   Eq. C4 

where kscreened,direct is the light screening corrected direct photodegradation rate constant for the 

direct control (s-1), kdirect,act is the photodegradation rate constant of the actinometer (s-1), kabs,act  

(s-1) is the rate of light absorbance of the actinometer, kabs,unk (s-1) is the rate of light absorption for 

FPB and Fact = 0.41 for 2-nitrobenzaldehyde.6  

In-lake photodegradation modeling. The calculated quantum yield was coupled with 

solar irradiance modeling using the Simple Model of Atmospheric Transfer of Sunshine 

(SMARTS)11 to calculate FPB half-lives in the study lakes. A light absorbance rate constant, 

kabs,sun, was calculated for the horizontal global irradiance spectrum for I7 using Equation C3. 

kabs,sun was then used to calculate direct photodegradation rates in lakes with site-specific solar 

intensity using Equation S5: 

𝑘5B7(78/E6.8.(A7% =	𝑘.F<,<9%	x	F123                               Eq. C5 

A depth integrated photodegradation rate was calculated by varying the pathlength (Eq. C1) to 

find a new kphotodegradation at 10 cm intervals through a 10 m water column (i.e., 1 cm, 10 cm, 20 

cm, … 1000 cm). The depth discrete rates were then averaged together to find a depth integrated 

photodegradation rate.  
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Figure C.2. Absorbance spectra of 10 µM FPB (blue) and 20 µM florpyrauxifen (purple). 
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Figure C.3. Photochemical irradiation of FPB at 311 nm. Natural log of the ratio of [FPB] at 
time t to initial [FPB]. 
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Section C.5. Microcosm Incubations  

 
 

 
 
 
Figure C.4. Microcosms kinetics for FPB in (a) Kettle Moraine La and (b) Kettle Moraine Lake 
as well as florpyrauxifen incubations in (c) Lilly Lake and (d) Kettle Moraine Lake. Error bars 
represent the standard deviation of triplicate reactors.   
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Figure C.5. Microcosms incubated with florpyrauxifen in (a-c) Kettle Moraine Lake and (d-f) 
Lilly Lake. (a, d) Abiotic controls are 0.2 µm filter sterilized while (b, e) water only microcosms 
are unfiltered lake water and no sediment. (c, f) Sediment microcosms contain area of degradation 
product X11966341 due to issues with quantification on LC-MS/MS. Error bars represent the 
standard deviation of samples from triplicate reactors.  
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Section C.6. Hydrolysis Experiments 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure C.6. [FPB] and [florpyrauxifen] in hydrolysis experiments at (a) pH 10, (b) pH 9, (c) pH 
8, (d) pH 7, (e) pH 6, (f) pH 5, (g) pH 4. Three lake waters included at ambient pH: (h) Muskellunge 
(pH 7.15), (i) Silver Lake (pH 7.22), (j) South Twin Lake (pH 8.62). Error bars represent the 
standard deviation of triplicate reactors.  

0

10

20

30

40

0 10 20 30 40 50 60 70

Time	(days)

C
o
n
c
e
n
tr
a
ti
o
n
	(
n
M
)

pH	7

0

10

20

30

40

0 1 2 3 20 40 60

pH10_FPB_nM

pH10_flor_nM

pH10C/C0

Time	(days)

C
o
n
c
e
n
tr
a
ti
o
n
	(
n
M
)

FPB
Florpyrauxifen

pH	10

0

10

20

30

40

0 10 20 30 40 50 60 70

Time	(days)

pH	6

0

10

20

30

40

0 10 20 30 40 50 60

Time	(days)

pH	9

0

10

20

30

40

0 10 20 30 40 50 60 70

Time	(days)

pH	5

0

10

20

30

40

0 10 20 30 40 50 60 70

Time	(days)

C
o
n
c
e
n
tr
a
ti
o
n
	(
n
M
)

pH	4

0

10

20

30

40

0 10 20 30 40 50 60

Time	(days)

Muskellunge	(pH	7.15)

0

10

20

30

40

0 10 20 30 40 50 60

Time	(days)

pH	8(a) (b) (c)

(d) (e) (f)

(g)

0

10

20

30

40

0 10 20 30 40 50 60 70

Time	(days)

Silver	(pH	7.22) (i)(h)

0

10

20

30

40

0 10 20 30 40 50 60 70

Time	(days)

C
o
n
c
e
n
tr
a
ti
o
n
	(
n
M
)

South	Twin	(pH	8.62) (j)



 205 

 
Figure C.7. Absorbance data for florpyrauxifen from pH 2.5-4. pKa determined by measuring pH 
at different wavelengths and using least squares regression, which is at pH of 3.18.8 
 
 
 
Section C.7. Analytical Methods 

 
LC-MS/MS running conditions and method details for FPB and degradation products.  

Mode: Positive electrospray ionization 
Scan type: MRM 
Gas temp: 400 oC 
Speed: 13 L/min 
Nebulizer pressure: 45 psi 
Sheath gas temperature: 400 oC 
Sheath gas flow rate: 12 L/min 
Capillary voltage: 4500 V 
Dwell: 100 msec 
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Table C.2. Precursor and product ion information for FPB, internal standard, and degradation 
products. 

 
Compound Retention 

Time 
(min) 

Precursor 
m/z 

Product 
m/z 

Fragmentor 
voltage 

Collision 
energy 

Cell 
accelerator 

voltage 

LOD 
(nM) 

FPB 5.1 439 91 95 98 4 0.07 
65 95 110 4 

13C FPB 
 

5.1 445 91 95 98 4 0.07 
65 95 110 4 

Florpyrauxifen 4.2 349 268 96 25 7 0.09 
303 96 20 7 

13C 
Florpyrauxifen  

4.2 355 274 96 25 7 0.09 
309 96 20 7 

X12300837 4.8 425 91 102 50 7 Not 
calculated 65 102 100 7 

X12131932 4.9 405 91 93 30 7 Not 
calculated 65 93 100 6 

X11966341 2.9 335 289 12 21 5 Not 
calculated 254 102 34 5 

X12393505 3.7 315 234 98 30 4 Not 
calculated 191 98 60 4 

 
 

Samples were analyzed using a gradient method (Table C.3) of aqueous buffer (0.1% 

formic acid in ultra-pure water) and organic phase of 100% methanol at 0.35 mL min-1 on an 

Agilent InfinityLab Poroshell 120 EC-C18 (3.0 x 50 mm). 

 

Table C.3. Gradient chromatography details for analytical method of FPB, internal standard, and 
degradation products. 
 

Time (minutes) A% B% 
0.0 50 50 
1 50 50 

1.25 20 80 
2 0 100 

5.2 0 100 
5.3 50 50 
8.5 50 50 
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Table C.4. Method information for quantification of 2-nitrobenzaldehyde via high pressure liquid 
chromatography. 

 
 
 
 
 
 
 
 
 
 
 
 
 
 

Compound % 
Aqueous 
Buffer 

Flow 
(mL  

min-1) 

Detection 
wavelength 

(nm) 

Retention 
Time 
(min) 

Purpose LOD 
(µM) 

2-nitrobenzaldehyde 80 0.5 231 2.9 311 nm 
actinometer 

0.5 
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Section C.8. Treatment Data 

Figure C.8. (a) All sites on Kettle Moraine Lake, (b) [FPB], [florpyrauxifen], and [X11966341] 
of site KM1. (c) [FPB], (d) [florpyrauxifen], and [X11966341] in all sites. Dashed line is potential 
lake wide concentration of 1.28 nM. Standards for X11966341 and a quantitative method were 
only available for the 2022 lakes (Kettle Moraine Lake and Lilly Lake). 
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Figure C.9. (a) All sites on Muskellunge Lake, (b) lake wide average [FPB] and [florpyrauxifen]. 
(c) [FPB], (d) [florpyrauxifen] in all sites. Dashed line is potential lake wide concentration of 0.48 
nM. Error bars in (b) represent standard deviation of three samples (one from each site) at each 
time point. Standards for X11966341 and a quantitative method were only available for the 2022 
lakes (Kettle Moraine Lake and Lilly Lake). 
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Figure C.10. (a) All sites on Silver Lake, (b) lake wide average [FPB] and [florpyrauxifen]. (c) 
[FPB], (d) [florpyrauxifen] in all sites. Dashed line is potential lake wide concentration of 0.36 
nM. Error bars in (b) represent standard deviation of three samples (one from each site) at each 
time point. Standards for X11966341 and a quantitative method were only available for the 2022 
lakes (Kettle Moraine Lake and Lilly Lake). 
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Figure C.11. (a) All sites on South Twin Lake, (b) lake wide average [FPB] and [florpyrauxifen]. 
(c) [FPB], (d) [florpyrauxifen] in all sites. Dashed line is potential lake wide concentration of 0.93 
nM. Error bars in (b) represent standard deviation of three samples (one from each site) at each 
time point. Standards for X11966341 and a quantitative method were only available for the 2022 
lakes (Kettle Moraine Lake and Lilly Lake). 
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Figure C.12. (a) All sites on Lilly Lake, (b) lake wide average [FPB], [florpyrauxifen], and 
[X11966341]. (c) [FPB], (d) [florpyrauxifen] in all sites. Dashed line is potential lake wide 
concentration of 2.16 nM. Error bars in (b) represent standard deviation of three samples (one from 
each site) at each time point. Standards for X11966341 and a quantitative method were only 
available for the 2022 lakes (Kettle Moraine Lake and Lilly Lake). 
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