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Abstract 

Metastasis is the leading cause of death in cancer patients and, once cancer cells spread from the 

primary tumor, treatment becomes challenging. A key step during cancer metastasis is cancer cell 

intravasation (i.e., entry of cancer cells into the blood or lymphatic vasculature) that results in 

tumor cell dissemination to distant organs. Certain cancers (e.g., breast and head and neck), 

preferentially spread out of the primary tumor using the lymphatic vasculature, a process that is 

regulated by the interactions between cancer cells, the lymphatic vasculature and the surrounding 

tumor microenvironment (TME). Despite the identification of mechanisms that cancer cells use to 

intravasate into lymphatic vessels, lymphatic metastasis remains a problem. In this regard, recent 

studies have highlighted the critical role the TME plays in lymphatic metastasis and, recently 

emerged as a potential new target to inhibit tumor growth and metastasis. Therefore, there is a 

need to better understand how components of the TME influence lymphatic vessels to identify new 

therapeutic targets that prevent metastasis. To study lymphatics, traditional cell culture approaches 

(e.g., petri dishes) have been used, however, these approaches lack the complexity of the biological 

structures. Hence, to understand the influence of different TME components in lymphatics, a 

microfluidic in vitro model that can recapitulate the physiological conditions found in vivo would 

be a beneficial tool to advance cancer research. Thereby, this Ph.D. thesis presents the 

development of an organotypic lymphatic vessel model to study the influence of different tumor 

microenvironment components in lymphatic vessel remodeling. The following thesis is divided 

into 5 chapters and an appendix. From which each part can be independently read but all of them 

should be considered within the overall picture.  
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In chapter 1, an introduction about lymphatic metastasis, the tumor microenvironment and 

current models to study the lymphatics are described. In chapter 2, the lymphatic in vitro model 

developed was characterized based on lymphatic vessel hallmarks. Then, in chapter 3, the 

lymphatic model was used to investigate the influence of ECM density in lymphatic vessels in the 

context of breast cancer. In chapter 4, the lymphatic model was used in for translational research 

to investigate the influence of patient-derived head and neck cancer-associated fibroblasts in 

lymphangiogenesis. Finally, the main conclusions of this Ph.D. thesis and future directions are 

described in chapter 5.    
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Chapter 1: Introduction 

1.1 Cancer Metastasis 

Cancer is the main public health problem worldwide. As for the United States, cancer is the second 

leading cause of death with many cases diagnosed every year. For 2019, there were an approximate 

1,762,450 new cancer cases diagnosed, which is equivalent to more than 4,800 new cases each 

day[1]. Clinically, cancer metastasis accounts for 90% of cancer-related deaths[2]. Metastasis is a 

multistep process by which cancer cells invade the surrounding stroma, intravasate the blood or 

lymphatic vessels, and travel in the circulation to a secondary site in the body where cancer cells 

can initiate malignant growth and form secondary tumors[3,4] (Figure 1.1). As mentioned before, 

once cancer spreads to a secondary site, treatment becomes challenging due to the biological 

heterogeneity of metastases, reducing the survival rate of patients[5]. The heterogeneity of 

metastasis refers to the fact that the growth and survival of metastases will depend on the 

interactions between tumor cells and the surrounding microenvironment, making cancer 

progression challenging to be effectively targeted. The ineffectiveness of treatments is reflected in 

the five-year survival rates of patients. For example, patients presenting distant cancer metastasis, 

the five-year survival rates are very low with 27% for breast cancer (compared to 99% for the 

localized cancer) and 39% for oral cavity & pharynx cancers (compared to 84% for the localized 

cancer)[1].The statistics described above demonstrate the ineffectiveness to efficiently treat 

patients with metastatic disease. Therefore, a better understanding of the initial stages of the 

metastatic cascade could help to identify potential treatments that prevent cancer spread, 

improving patient’s survival rates. In the primary tumor, cancer cells interact with components of 

the surrounding TME that determine tumor outcome. In the next section, the main aspects of the 

TME are described.  
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Figure 1.1: Cancer Metastasis. Lymphatic and blood vessels are conducts for tumor spread, metastasis to a distant 
site. Remodeling of lymphatic vessels in cancer contributes to metastasis. Lymphangiogenic growth factors derived 
from tumor cells and components of the tumor microenvironment, promote tumor lymphangiogenesis in and around 
the primary tumor, these processes are thought to facilitate metastasis. Adapted from [6].  
 
1.2 The Tumor Microenvironment (TME)   

As previously mentioned, cancers are more complex than just cancer cells that proliferate 

uncontrollably. Cancers are surrounded and often supported by the tumor microenvironment 

(TME) [7]. Consequently, the outlook on cancer has changed dramatically and the tumor is no 

longer viewed as a single component, but rather as a complex TME in which the tumor exists. The 

TME comprises malignant and non-transformed cells surrounding the tumor, including fibroblasts, 

immune cells, vasculature (blood and lymphatic), the extracellular matrix (ECM) as well as soluble 

factors (e.g., cytokines, growth factors and exosomes), which represents the surrounding stroma 

[7–10]. Cancer cells can modify the adjacent stroma to form a tolerant and supportive 

microenvironment that leads to tumor progression, known as the “reactive tumor stroma” [11].   

Tumor 
Microenvironment 

Extracellular
Matrix
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Figure 1.2: The Tumor Microenvironment (TME). Comprised of a cellular and non-cellular component (ECM). 
Some of  stromal components are labeled (e.g., cancer-associated fibroblasts, blood and lymphatic vessels) Adapted 
from [12].  
 

Through production of growth factors, cytokines and proteases cancer cells modify the 

surrounding TME. These factors lead to the disruption of normal tissue homeostasis and act in a 

paracrine way to induce changes in the TME such as angiogenesis, inflammation and the activation 

of the stromal cells (e.g., fibroblasts) that can then lead to the secretion of additional growth factors 

and proteases favorable for tumor progression [13]. Activation of fibroblasts in the stroma promote 

tumor progression through the secretion of growth factors and pro-migratory ECM components, 

which leads to the increase of ECM stiffness, as well as through the upregulation of matrix 

metalloproteinases that degrade and remodel the ECM which in turn affects cancer cells (Figure 

1.3) [14].   
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Figure 1.3: Cancer and cancer-associated fibroblasts feedback loop. Cancer cells induce fibroblast activation 
that leads to cytokine release, in turn, cancer associated fibroblast promote tumor growth, and metastasis. Adapted 
from [14].   
 

In addition, activated fibroblasts secrete pro-angiogenic factors (e.g., VEGF-C) [15], which 

are sensed by the surrounding vessels and as a consequence new vessels start to grow towards the 

tumor in order to increase the blood supply[16,17]. As a result of the formation of new blood 

vessels there is a boost in tumor growth that, in turn, facilitate the spreading of tumor cells through 

the blood or lymphatic vasculature (i.e. metastasis) [18]. To sum up, the stromal signals from the 

TME interact with each other as well as with cancer cells, defining tumor outcome. Thus, as it has 

been already established, the TME is an important regulator of tumor development, progression 

and metastasis, which also plays a critical role in response to treatment [19–21]. After revealing 

the important influence of TME on tumor development, it is not surprising that many recent 

therapies aim to use stromal cells as therapeutic target. For this reason, newly developed in vitro 

models should incorporate components of the TME to better understand the TME and to perform 

drug-testing in more relevant microenvironments. Among the many components of the TME, 
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activated fibroblasts, the ECM (density and composition) and the lymphatic vasculature are of 

interest in this dissertation as these components have been reported key players that regulate 

cancer progression and metastasis [22–24]. In this section, these components of the TME are 

described, distinguishing between cellular and non-cellular components of the TME. 

 

1.2.1 Cancer-associated Fibroblasts (CAFs)  

Activated fibroblasts, better known as cancer-associated fibroblasts (CAFs), are the predominant 

cell type within the tumor stroma [9,25]. As mentioned before, CAFs are fibroblasts that were 

altered by cancer cells to maintain a favorable microenvironment for tumor cell growth and 

proliferation [13]. It has been demonstrated that CAFs present in the TME promote tumor growth, 

progression and chemoresistance via the secretion of a variety of autocrine and paracrine cytokines 

and other tumor-promoting factors critical for tumor cell proliferation, angiogenesis, invasion and 

inflammation [26,27]. Some of the factors include growth factors such as epidermal growth factor 

(EGF), hepatocyte growth factor (HGF), vascular endothelial growth factor (VEGF). And, 

cytokines and chemokines such as interleukins (ILs) IL-6 and IL-17A, C-C motif chemokine 

ligands (CCLs) CCL5 and CCL7 and C-X-C motif chemokine ligands[25,28–31]. In addition, 

CAFs are also producers of matrix-metalloproteinases (MMPs), which are important in modulating 

the remodeling of the TME through the degradation of ECM and the release of soluble factors 

present in the ECM [32–34]. These changes in the ECM, in turn, promote an invasive phenotype 

of cancer cells. Therefore, the ECM is as important as the CAFs in promoting cancer progression. 

For this reason, the ECM will be described in the next section.   
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1.2.2 Extracellular Matrix (ECM) 

The extracellular matrix (ECM) is the non-cellular component that supports all tissues and organs 

by providing surrounding cells with physical and biochemical support that is required for tissue 

morphogenesis, differentiation and homeostasis[35]. It is mainly composed of proteins, 

polysaccharides and water, which are crucial for cell function. Each tissue has an ECM with a 

unique composition and architecture and its dynamic structure is constantly being remodeled by 

the cells in the ECM[36].  

In cancer, it is well recognized that the ECM becomes deregulated and disorganized, which 

in turn, promotes malignant cell transformation and cancer progression [37,38]. Upon 

deregulation, the protein composition of the ECM is altered, where higher levels of collagen, 

fibronectin and tenascin have been found[39], altering cell adhesion and proliferation. As an 

example of ECM deregulation, the increase in collagen density is one of the major changes in 

certain tumors such as breast cancer, that leads to tumor progression [40].On the other hand, 

mounting evidence suggests that the increase in secretion of ECM proteins results in elevated 

stiffness of the tumor compared to the normal tissue, which supports cancer progression [41,42]. 

Another example of ECM deregulation is due to the altered function of MMPs, which in addition 

to degrading the matrix, results in the release of factors that are anchored to the ECM which induce 

tumor growth, invasion and metastasis[43].  

Altogether, the mounting evidence demonstrates that the tumor-associated ECM alters 

cancer progression by promoting cancer cell migration[44], proliferation[45], and altering cellular 

metabolism[46]. Given the importance of the ECM and its influence on cells, in vitro models 

should carefully consider the integration of the most representative ECM to obtain relevant results. 
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After discussing the importance of the ECM in tumor progression and its integration in in vitro 

models, the importance of vessels within the TME is discussed.  

 

1.2.3 Blood and Lymphatic Vessels 

In tissues, the main function of the blood and the lymphatic vasculature is to deliver oxygen and 

nutrients, remove waste and CO2, and regulate interstitial pressure[47]. Within the TME, cancer 

cells drive blood vessel growth (i.e., angiogenesis) to obtain oxygen and nutrients to support tumor 

progression[48]. The resulting blood vessels are variable and abnormal, ranging in size and 

morphology which often leads to a leakier phenotype [49]. On the other hand, cancer cells induce 

lymphatic vessel growth (i.e., lymphangiogenesis) to facilitate fluid drainage and 

metastasis[50,51]. Altogether, blood and lymphatic vessels are critical components of the TME 

that can lead to metastasis.  Therefore, in the following section the role of vessels in cancer 

metastasis is described.  

 

1.3 The Role of Vessels in Cancer Metastasis  

As previously described, in order to metastasize, cancer cells dissociate from the primary tumor 

and intravasate blood or lymphatic vessels[6]. Historically, it is well documented that cancer cells 

intravasate into blood vessels to reach distant organs as evidence of circulating cancer cells were 

found in the blood. Thus, it was assumed that cancer cells used only blood vessels to spread out of 

the primary tumors. Although now is well known that lymphatic vessel intravasation is another 

way that cancer cells can enter the circulation, it is not as well understood as compared to blood 

vessels. One reason for the lack of understanding of lymphatic vessel involvement in metastasis is 
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because until recently, it was not possible to discern which type of vessel (i.e. blood or lymphatic) 

cancer cells were using to spread out from the primary tumor.  

Recently, the emergence of specific lymphatic markers such as LYVE-1[52], PROX-1[53] 

and podoplanin[54] have made it possible to distinguish between lymphatic and blood vessel 

invasion by cancer cells. And, interestingly, the use of these markers has provided strong clinical 

evidence demonstrating the preferential spread of carcinomas to the regional lymph nodes prior to 

distant metastasis, which is used as a critical prognostic indicator[55–57]. In fact, having a positive 

lymph node status has been correlated with a worse clinical prognosis (reduced patient survival), 

in certain cancers, including breast and head and neck cancer patients[58–60]. Although either 

route of dissemination (i.e. blood or lymphatic vessels) can lead to venous dissemination as 

lymphatics drain into blood (Figure 1.4), compared to blood vessels, lymphatic vessels are 

potentially more advantageous routes given their leakier endothelium and natural fluid draining 

function[61]. Despite the clinical implications of lymphatic metastasis, the mechanisms leading 

to tumor spread via lymphatic vessels and the contribution of lymphatic vessels on cancer 

progression are poorly understood. Altogether, there is a need to better understand the lymphatics 

in the context of cancer metastasis. Thus, in vitro models should include this essential component 

of the TME. For this reason, in the next section, the structure of the lymphatic vasculature is 

described and in the following section lymphangiogenesis and lymphatic vessel remodeling in the 

context of cancer metastasis is described. 
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Figure 1.4: Macroscopic view of the blood versus lymphatic system and illustration of the structures of 
lymphatic capillaries. Figure modified from [62].  
 

1.4 Structure of the Lymphatic Vasculature 

The lymphatic system comprises of a network of initial, pre-collecting, collecting lymphatic and 

lymph nodes (Figure 1.5). Initial lymphatics are small blind-ended (30-80μm diameter) vessels 

with thin walls that absorb fluid and cells in tissues [63,64]. In contrast to blood vessels, initial and 

pre-collecting lymphatic vessels have a discontinuous basement membrane and no supporting cells 

(e.g. smooth muscle cells or pericytes), with occasional valves found in pre-collecting vessels. In 

the context of cancer metastasis, the lack of basement membrane and supporting cells in lymphatic 

vessels makes it simpler for cancer cells to intravasate. Going back to the structure of lymphatics, 

fluid enters the initial lymphatics and it is subsequently transported to thicker collecting 

lymphatics, which are connected with multiple lymph nodes. Therefore, fluid is eventually 

returned to the blood circulation through the thoracic or lymphatic ducts that join to the subclavian 

veins as previously mentioned. Overall, this route serves as the means by which the immune 
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system continuously samples the periphery of tissues. Where draining the lymph carried by the 

initial lymphatics into the lymph nodes can elicit the activation of and mobilization of leukocytes, 

priming the immune responses, and assisting the immune surveillance through the supply of 

antigen and immune cell-rich lymph. Unfortunately, dysfunction of the lymphatic vessels is 

implicated in multiple diseases, including lymphedema, inflammation, and cancer[65]. As 

mentioned before, in the next section, lymphangiogenesis and lymphatic vessel remodeling in the 

context of cancer metastasis is described.  

 

Figure 1.5: Structure of the lymphatic vasculature and of lymphatic endothelial cells from initial lymphatics. 
Hierarchy of lymphatic vessel subtypes (i.e., initial lymphatic, pre-collecting lymphatic and collecting lymphatic) 
with the characteristics of the subtypes denoted. Figure modified from [6].  
 

1.5 Lymphangiogenesis and Lymphatic Vessel Remodeling in Cancer Metastasis 

In the TME, tumors induce changes in the lymphatic vasculature (e.g., lymphangiogenesis) to 

increase lymph drainage [51] and to promote metastasis of tumors to draining lymph nodes[66,67]. 
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As mentioned before, lymphangiogenesis is the process in which new lymphatic vessel forms from 

pre-existing lymphatic vessels. In healthy states, lymphangiogenesis is important for functioning 

of the immune system, lymphoid organ formation, tissue fluid homeostasis, and absorption of 

dietary fats[6]. However, dysregulated lymphangiogenesis result in pathological conditions such 

as lymphedema, abnormal fat metabolism, hypertension, inflammatory diseases and lymph node 

mediated tumor metastasis[63]. In cancer, blood and lymphatic vessels are formed intratumoral 

and peritumoral via the angiogenic and lymphangiogenic cues (e.g., VEGF-C and VEGF-D) 

derived from cancer and stromal cells[68,69]. Thus, blocking tumor lymphangiogenesis is 

considered as one anti-metastatic approach[70,71].  

As described before, lymphatic vessels in the TME are considered as a passive route of 

tumor dissemination. However, recently, a number of studies have reported that lymphatic vessels 

are conditioned by metastatic breast cancer cells within the pre-metastatic niche to accelerate 

metastasis through the secretion of CCL5 [72]. Hence, this study demonstrates that lymphatic 

vessels are more than a route for cancer dissemination and suggest that lymphatic vessels are an 

active component of the TME that needs to be better understood. Another study demonstrated that 

lymphatic endothelial cells support tumor growth through the secreted factors of the lymphatic 

endothelial cells (LECs), but not by blood endothelial cells secreted factors[73]. Overall, these 

studies demonstrate the active role of lymphatics in cancer progression. Interestingly, a recent 

study using a transwell 3D tri-culture model containing a monolayer of LECs, metastatic cancer 

cells and normal fibroblasts demonstrated that tumor cell invasion significantly increased in the 

presence of chemotherapeutic agents when LECs were present. Therefore, this study demonstrates 

how LECs conferred resistance to chemotherapies, effect that was mitigated by anti-

lymphangiogenic therapy [74]. Taken together, these results demonstrate that lymphatics are an 
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active component that regulates cancer progression and suggest that there is an opportunity to 

target stromal interaction to increase benefits of cancer treatment, and therefore, reduce 

lymphatic metastasis. In the next section, the influence of TME components in lymphatic 

metastasis is described.  

 

1.5.1 Influence of TME Components in Lymphatic Metastasis 

As established in previous sections, TME components regulate tumor progression and metastasis. 

Additionally, it was established that lymphatics are the preferential route of metastasis for certain 

cancers. However, the previous sections focused on cancer-TME interactions and cancer-

lymphatics interactions. In this section, the focus is on the clinical evidence that implicate TME 

components in regulating lymphatic metastasis. As previously described, lymphatic studies have 

focused on the interactions between cancer cells and LECs [73,75,76]. However, how lymphatic 

vessels interact with other components of the TME that could promote metastasis is less studied. 

As an example, TME components such as CAFs have a profound influence in breast and head and 

neck cancer progression and have been associated to lymphatic metastasis [13,26,77–81]. 

However, little is known about the interactions between lymphatic vessels and tumor stromal cells 

(e.g. CAFs) that contribute to cancer progression and lymphatic metastasis. Thus, of interest in 

this thesis is to understand the influence of CAFs on lymphatic vessel remodeling. As previously 

described, another component of the TME that can regulate metastasis is the ECM. In the context 

of breast cancer, a clinical correlation between high ECM density with a positive lymph node status 

has been found [82].Despite the clinical evidence suggesting that the ECM could be altering the 

lymphatics, it remains to be determined how a tumor-associated ECM affects lymphatic vessels. 

Altogether, answering these questions is critical for developing potential cancer treatment 
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strategies that target lymphatic metastasis and for this, an in vitro model that recapitulate these 

aspects of the TME while including the lymphatic vessel component is essential. In the next 

section, the approaches for studying lymphatics in vitro and in vivo are described.  

 

1.6 Lymphatic in vitro and in vivo Models 

To investigate how different components of the TME affect lymphatic vessels and potentially 

lymphatic metastasis, in vitro models that recapitulate the in vivo microenvironment would be 

beneficial. Traditional two-dimensional (2D) in vitro methods to study lymphatic biology include 

monolayer cell culture on plastic dishes or matrix-coated dishes[83]. These methods allow for easy 

examination of biochemical activity, proliferation, adhesion assays, wound scratch assays and 

invasion assays. However, the main limitation in the 2D models is the lack of physiological 

representation (i.e. lack of structure and microenvironmental components). The current state-of-

the-art three-dimensional (3D)  in vitro approach is the lymphatic ring assay, whereby an excised 

mouse lymphatic thoracic duct is embedded in a 3D collagen matrix[84]. On the other hand, the 

main in vivo approach to study lymphatic vessel-tumor interactions has been xenotransplantation 

of human tumors into mouse models[85,86]. While the lymphatic ring assay bridges current in 

vitro and in vivo methods, the reliance on excised mice tissue limits its relevance to human 

physiology and hinders experimental throughput and repeatability. Therefore, lymphatic in vitro 

models are currently scarce and fail to recapitulate the TME, which includes vasculature, 

fibroblasts, as well as the non-cellular composition of the extracellular matrix [8,21,87]. 

Although animal models provide relevant in vivo microenvironments the experimental control is 

challenging in these dynamic systems. To bridge this gap, microscale models are often used and 

are discussed in the next section.  
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1.7 Rationale for Using Microscale Organotypic in vitro Models  

Historically, 2D cell culture has being the approach that most biologists use due to the simplicity 

and efficiency of the experimental approach[88]. 2D cell culture consists on the adherence of cells 

to a flat surface (e.g., petri dish) to provide mechanical support for the cells, allowing for access 

to similar amount of nutrient and growth factors present in the media which results in homogenous 

cell proliferation[89]. However, cells in vivo perform bioactivities in response to the stimulation 

from a complex 3D microenvironment. For this reason, 3D cell cultures have become more 

commonly used within the last decade since the structure is more physiologically relevant and 

better represent in vivo tissue. Several studies have revealed that cells cultured in 3D behave 

differently compared to cells cultured in 2D due to the cell-cell and cell-matrix interactions, having 

a profound effect on cell behavior [90,91]. For example, gene expression is a cellular characteristic 

found to be modified between 2D and 3D, where the overall gene expression becomes more similar 

to that observed in tumors[91]. Another example is the mechanisms of cell migration which 

dramatically change between 2D and 3D environments [92,93]. Although 3D cell culture 

recapitulates the matrix aspect of the in vivo microenvironment, these models often lack the 

specific tissue geometries found in vivo. Nowadays, microfluidic technologies have the ability to 

engineer specific tissue geometries such as luminal structures, providing an additional level of 

spatial organization, and recapitulating the in vivo structure. The impact of tissue geometry in its 

function has been previously demonstrated by us and others[94,95]. For example,  our lab and 

others have demonstrated that geometry deeply influences cell function[96] and cytokine secretion 

by endothelial cells when cultured in an in vivo-like structure (i.e. luminal structure) compared to 

conventional 2D and 3D cultures[94]. Another advantage of microfluidic technologies is that they 
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consume dramatically less reagents than macroscale or traditional in vitro platforms, which greatly 

decreases the cost of each experiment and allows for the potential use of patient-specific cells[97]. 

 

1.8 Thesis Aims  

This thesis is aimed to develop a microfluidic organotypic lymphatic vessel model to investigate 

the role of tumor microenvironmental factors on lymphatic vessel remodeling. As described 

through the introduction, lymphatic vessel remodeling and lymphangiogenesis are important in the 

context of cancer metastasis. Unfortunately, lymphatic in vitro models are currently scarce and fail 

to recapitulate the influence of the TME, which includes vasculature, fibroblasts, as well as the 

non-cellular composition of the extracellular matrix. Taking advantage of microfluidic techniques, 

the specific aims of this thesis were to (Figure 1.6):  

1. Develop and characterize an in vitro organotypic lymphatic vessel model using 

microfluidic approaches. The organotypic lymphatic vessel model was developed using 

a microfluidic device that allows the culture of cells lining a 3D lumen structure surrounded 

by a 3D matrix.  

2. Assess the influence of ECM density in lymphatic vessel remodeling. Modification of 

the 3D matrix composition in the developed organotypic lymphatic vessel model was done 

to recapitulate the ECM density of the normal breast and breast tumors (i.e., low- and high-

collagen density), allowing the study of the influence of ECM in lymphatic vessel 

remodeling.  

3. Assess the influence of patient-derived head and neck CAFs in lymphangiogenesis. 

Patient-derived CAFs from head and neck patients are embedded in the surrounding 3D 
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matrix of the organotypic lymphatic vessel model to assess the changes in 

lymphangiogenesis. 

 
 
 

 
Figure 1.6: Overview of thesis aims. 
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Chapter 2: Human Organotypic Lymphatic Vessel Model Elucidates 
Microenvironment-dependent Signaling and Barrier Function1 

 
Abstract 

The lymphatic system is an active player in the pathogenesis of several human diseases, including 

lymphedema and cancer. Relevant models are needed to advance our understanding of lymphatic 

biology in disease progression to improve therapy and patient outcomes. Currently, there are few 

3D in vitro lymphatic models that can recapitulate the physiological structure, function, and 

interactions of lymphatic vessels in normal and diseased microenvironments. Here, we developed 

a 3D microscale lymphatic vessel (µLYMPH) system for generating human lymphatic vessels with 

physiological tubular structure and function. Consistent with characteristics of lymphatic vessels 

in vivo, the endothelium of cultured vessels was leaky with an average permeability of 1.38 x 10-5 

± 0.29 x 10-5 cm/s as compared to 0.68 x 10-5 ± 0.13 x 10-5 cm/s for blood vessels. This leakiness 

also resulted in higher uptake of solute by the lymphatic vessels under interstitial flow, 

demonstrating recapitulation of their natural draining function. The vessels secreted appropriate 

growth factors and inflammatory mediators. Our system identified the follistatin/activin axis as a 

novel pathway in lymphatic vessel maintenance and inflammation. Moreover, the µLYMPH 

system provided a platform for examining crosstalk between lymphatic vessels and tumor 

microenvironmental components, such as breast cancer-associated fibroblasts (CAFs). In co-

culture with CAFs, vessel barrier function was significantly impaired by CAF-secreted IL-6, a 

possible pro-metastatic mechanism of lymphatic metastasis. Targeted blocking of the IL-6/IL-6R 

 
1 This chapter has been adapted from the manuscript published in Biomaterials in 2019: “Human 
organotypic lymphatic vessel model elucidates microenvironment-dependent signaling and barrier 
function.” The manuscript was authored by Max M. Gong*, Karina M. Lugo-Cintron*, Bridget R. White, 
Sheena C. Kerr, Paul M. Harari and David J. Beebe. * These authors contributed equally. 
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signaling pathway with an IL-6 neutralizing antibody fully rescued the vessels, demonstrating the 

potential of our system for screening therapeutic targets. These results collectively demonstrate 

the µLYMPH system as a powerful model for advancing lymphatic biology in health and disease. 
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2.1 Introduction 
 
The lymphatic system is a crucial component of the circulatory and immune systems. It 

complements blood circulation, modulating interstitial fluid transport, immune cell trafficking, and 

lipid absorption [98]. Impairment of lymphatic vessels can result in lymphedema, i.e., the swelling 

of tissue due to interstitial fluid accumulation [98]. The lymph node microenvironment can also 

facilitate lymphoma progression and dissemination (e.g. non-Hodgkin’s lymphoma) [99]. 

Moreover, lymphangiogenesis is a critical step in the metastasis of cancer cells to secondary organs 

[100]. Despite their importance in normal health and disease, the lymphatics are often 

understudied, especially in comparison to blood vasculature. However, there has been renewed 

effort and substantial progress in advancing lymphatic biology in the last two decades, following 

recognition of the lymphatic system as a key player in the pathogenesis of human diseases [100]. 

The discovery of protein markers for isolating lymphatic endothelial cells (LECs) in 1995 [101] 

and 1999 [53,54,102] has enabled in vitro lymphatic cultures and modeling. 

 Conventional methods for modeling lymphatic vessels comprise LECs cultured as 

monolayers on plastic surfaces (2D in vitro), LECs cultured in or on a matrix (3D in vitro), excised 

vessels from mice cultured in a matrix (3D ex vivo), and mouse models (in vivo) [103]. The 

usefulness of these models can be measured on a scale of tractability (i.e. repeatability and control 

over experimental parameters) versus physiological relevance (i.e. recapitulation of in vivo 

geometry and interactions). In vitro LEC cultures enable robust and repeatable experimentation 

but have limited capability in recapitulating microenvironmental cues (e.g. cell-cell 

communication, fluid shear stress, and matrix forces). In contrast, animal models provide relevant 

in vivo microenvironments; yet, experimental control is challenging in these dynamic systems. 

Current organotypic approaches, such as the lymphatic ring assay [84], offer a possible bridge 
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between in vitro and in vivo approaches. Nevertheless, their dependence on excised vessels from 

animal sources reduces repeatability and reproducibility. There is an opportunity, then, to develop 

organotypic models using human lymphatic tissue that balance tractability and recapitulation of in 

vivo lymphatic structure, function, and microenvironmental interactions in a reliable and 

repeatable manner.       

 Microfluidic organotypic models, also known as microphysiological systems or organs-on-

chips, show promise to this end. These models enable 3D culture at the physical length scales of 

cells and tissue. They can recapitulate the form, function, and biophysical and biochemical 

microenvironments of various organs [104–106]. In the context of vasculature, organotypic vessels 

have tubular structure, barrier function, and respond to microenvironmental cues (e.g. growth 

factors) as similar to in vivo [107–113]. While endothelial monolayers and cells-in-gels in 

microchannels can mimic vascular physiology [114–117], capturing the tubular structure of 

vessels is not trivial and has implications in structure-function relationships. Geometry alone can 

alter endothelial cell signaling and phenotype [94]. To date, organotypic models of the lymphatic 

system are scarce. Existing models have examined the effect of cyclic adenosine monophosphate 

on the permeability of the lymphatic endothelium [118], and the interstitial fluid drainage function 

of artificial lymphatics (i.e. lumens without LECs) [119]. Further development of microfluidic 

organotypic lymphatic models would accelerate basic and translational lymphatics research. 

 Here, we developed a microscale lymphatic vessel (µLYMPH) system for culturing human 

lymphatic endothelial vessels. The system enables several capabilities for mechanistically 

studying lymphatic vessel biology, including: (1) basic characterization of vessel phenotype, (2) 

assessment of vessel cytokine secretion and barrier capacity, (3) assessment of vessel response to 

exogenous stimuli, (4) simulation of diseased microenvironments via co-culture with disease-
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specific stromal cells, and (5) identification of potential therapeutic targets for lymphatic-tumor 

microenvironmental interactions. Vessels generated in the µLYMPH system had patent tubular 

structure with diameters in the range of 200-250 µm and expressed classical endothelial junctional 

proteins (e.g. CD31, vascular endothelial cadherin - VE-cadherin, and zonula occluens-1 - ZO-1) 

continuously throughout their endothelium, which are characteristics representative of pre-

collecting/collecting lymphatic vessels in vivo [120,121]. In comparison to blood vessels cultured 

in the same system, the lymphatic vessels had comparatively leakier endothelia allowing 

significantly more solute drainage into the vessels. Moreover, vessel physiology was substantially 

altered when they were stimulated with exogenous lymphangiogenic and inflammatory factors, 

and co-cultured with fibroblasts. Co-culture with breast CAFs increased vessel permeability 

through IL-6 signaling, a possible mechanism for promoting lymphatic metastasis. Importantly, 

barrier function was fully recovered by neutralizing excess IL-6 in the co-culture. Collectively, 

these results demonstrate the utility of the µLYMPH system for generating functional human 

lymphatic vessels and enabling the study of lymphatic biology in physiological 

microenvironments. 

2.2 Materials and Methods 

2.2.1 µLYMPH system and vessel culture 

The µLYMPH system is polydimethylsiloxane (PDMS)-based, consisting of a luminal rod 

suspended in an extracellular matrix (ECM) gel chamber (Fig. 1a). Devices are fabricated and 

assembled based on our previously established LumeNEXT approach [112] (Fig. S1). Briefly, the 

top and bottom layers of the device were fabricated via standard soft lithography using silicon 

masters containing SU-8 100 photoresist features (Y13273, MicroChem, Newton, MA). The 

bottom layer contains the ECM gel chamber and a channel for suspending the lumen rod. The top 
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layer forms the cover for the chamber and contains ports for fluid handling. PDMS with a 1:10 

ratio of curing agent to pre-polymer was used for all device layers and lumen rods. 

Lumen rods were made using 25-gauge hypodermic needles (inner diameter ~250 µm, 14-

840-84, Fisher Scientific, Pittsburgh, PA). Uncured PDMS was pushed through the needles using 

a syringe, and the needles were heated at 80˚C for 3 hours. Polymerized rods were removed from 

the needles and cut to fit across the gel chambers of the devices. Following assembly of the device 

layers, rods were inserted into the channel with a tweezer. Completed devices were then bonded 

to glass-bottom culture dishes (P50G-1.5-30-F, MatTek Corporation, Ashland, MA) and stored 

until use. 

Devices were UV sterilized for 15 min prior to cell culture. To minimize delamination of 

collagen in the gel chamber, devices were treated with a 2% polyethyleneimine solution (03880, 

Sigma-Aldrich, St. Louis, MO) at room temperature for 10 min, followed by treatment with a 0.1% 

glutaraldehyde solution (G6257, Sigma-Aldrich, St. Louis, MO) at room temperature for 30 min. 

Devices were then washed five times with sterile deionized water. A solution of rat-tail collagen 

type I (354249, BD Biosciences, San Jose, CA) was prepared on ice and neutralized using 0.5 M 

NaOH. The recipes for different collagen densities are provided in Table 2.1. Devices were filled 

with the prepared collagen solution (6 µL per device), incubated at room temperature for 10 min 

to initiate polymerization, and then transferred to 37 oC for 1 hour. For the fibroblast co-cultures, 

a similar collagen gel solution was prepared containing normal or cancer-associated fibroblasts 

(250 cells/µL). Devices were filled with the cell-laden collagen solution (6 µL per device) and 

incubated at 37 oC for 1 hour. 

After gel polymerization, lumen rods were removed using a tweezer to reveal empty 

lumens molded in the collagen gel matrices. Prior to cell seeding, lumens were incubated with a 
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fibronectin solution (33 µg/mL, 10 µL per lumen) at room temperature for 30 min to support cell 

adhesion. HLECs were trypsinized with 0.05% Trypsin-EDTA (25300062, ThermoFisher 

Scientific, Waltham, MA), suspended in EGM-2 MV medium (~20,000 cells/μL), and seeded into 

the fibronectin-coated lumens (4 µL per lumen). HLEC-filled lumens were incubated at 37 oC for 

an initial cell attachment period of 2 hours, where devices were manually flipped every 25 min to 

ensure homogeneous cell coverage of the lumen wall. Following this process, lumens were 

supplemented with 10 μL of medium and cultured overnight at 37 oC. Cultured vessels were 

refreshed with medium twice per day post-seeding. During each feeding, vessels were washed 

three times with medium to remove dead cells and then maintained with 10 µL of medium. All 

fluid handling procedures were conducted with standard pipettes. 

Table 2.1. Recipes for different collagen gel densities at a total volume of 500 µL. 
Density (mg/mL) Collagen gela (µL) 5x PBS (µL) 0.5 M NaOH (µL) 1x PBS (µL) 

3 153 31 5.7 311 
4 204 41 7.6 248 
5 255 51 9.5 185 
6 305 61 11.5 122 

aStock concentration of 9.82 mg/mL 
 

2.2.2 Vessel culture with and without flow 

To assess cell alignment in the lymphatic vessels, vessels were cultured in static and flow 

conditions, where flow was generated via manual pipetting of media during daily vessel feedings. 

To achieve static culture, one culture dish of vessels was maintained in 2 mL of media over the 

entire culture period without daily media exchanges. Vessels cultured in static and flow conditions 

were fixed after 7 days and stained with phalloidin and DAPI. F-actin images were acquired with 

the Nikon TI® Eclipse inverted microscope. For each condition, alignment was quantified as the 

angle of a cell’s major axis for at least 20 cells per vessel and presented as histograms with 

Gaussian curve fits. All images were analyzed using Fiji[122]. 



 24 

2.2.3 Cell culture 

Human lymphatic endothelial cells isolated from the lymph node (HLECs, 2500, ScienCell, 

Carlsbad, CA) and human umbilical vein endothelial cells (HUVECs, C2517A, Lonza, Allandale, 

NJ) were cultured separately in standard cell culture flasks coated with fibronectin (5µg/cm2, 

F1141-5MG, Sigma Aldrich, St. Louis, MO) at a starting cell concentration of 5 x 105 as per 

supplier instructions. Cultures were maintained with Endothelial Basal Medium-2 (EBM-2, CC-

3156) supplemented with EGM-2 MV SingleQuot Kit (CC-4147, Lonza, Allandale, NJ). HLECs 

and HUVECs were cultured to 95% confluency at passages 4 and 5 for all experiments. Normal 

mammary fibroblasts (provided by Dr. Lisa Arendt’s lab at UW-Madison) and breast cancer-

associated fibroblasts (provided by Dr. Andreas Friedl’s lab at UW-Madison) were cultured 

separately in standard flasks at a starting cell concentration of 5 x 105. Fibroblasts were maintained 

with Dulbecco’s Modified Eagle Medium (11965092, ThermoFisher Scientific, Waltham, MA) 

supplemented with 10% fetal bovine serum. All cultures were kept in a humidified incubator at 37 

oC with 5% CO2.   

 

2.2.4 Flow cytometry 

HUVECs and HLECs were cultured in standard flasks as described in the ‘Cell culture’ section. 

Cells were lifted with PBS + 5 mM EDTA and resuspended in PBS at 10 x 106 cells/mL prior to 

live/dead staining with Ghost Red 780 (13-0865, Tonbo Biosciences, San Diego, CA) following 

manufacturer’s instructions. 1x 106 cells were aliquoted per stain or control sample and  5µl of Fc 

Block (564219, BD Biosciences, San Jose, CA) was added to the resuspended HUVECs and 

HLECs. Cells were stained with a cocktail of CD31, LYVE1, and podoplanin antibodies using 

CD31-PE/Cy7 (303117), LYVE-1-A647 (FAB20892R), and Podoplanin-PE (337003), 



 25 

respectively. All antibodies were purchased from BioLegend. Cells were then fixed and 

permeabilized prior to intracellular staining of PROX1 using the FOXP3 staining kit (A25866A, 

ThermoFisher Scientific, Waltham, MA) as per manufacturer’s instructions and PROX-1-A488 

(NBP1-30045AF488, Novus Biologicals, Centennial, CO). FMO controls were performed for each 

of the antibodies. Live/dead controls used a mixture of heat killed and live cells stained with ghost 

red only, for each cell type. Compensation controls  used Ultracomp ebeads labelled with the same 

amount of antibody as the cells (01-2222-41, ThermoFisher Scientific, Waltham, MA). Marker 

expression was quantified using the AttuneTM NxT flow cytometer (ThermoFisher Scientific). 

Analysis was completed with the FlowJo software (BD Biosciences), gating on  size, singlets and 

live cells.     

2.2.5 Live/dead assays 

The viability of cultured vessels was quantified using calcein AM (C3100MP, ThermoFisher 

Scientific, Waltham, MA) and ethidium homodimer-1 (E1169, ThermoFisher Scientific, Waltham, 

MA). A staining solution was prepared using 1 mL of EBM-2 medium containing 2.5 µL of calcein 

AM for live cells and 2 µL of ethidium homodimer-1 for dead cells. Prior to staining, cultured 

vessels were washed three times with EBM-2. Vessels were then incubated with staining solution 

(10 µL per vessel) at 37 oC for 30 min and imaged immediately afterwards. 

2.2.6 Cytokine quantification 

Cytokines secreted into the media for vessel mono- and co-cultures were analyzed using a human 

growth factor panel (HAGP1MAG-12K, EMD Millipore, Billerica, MA). Media was collected 

from six individual vessels (10 ul per vessel) over two days (culture days 3 and 4) and pooled to 

generate sufficient volume for four technical replicates per experimental condition. The panel was 

prepared following manufacturer instructions and measured using the MAPGPIX system 
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(Luminex Corp., Austin, TX). Cytokine concentrations were quantified with the Luminex 

xPONENT software. 

2.2.7 Quantitative reverse transcription PCR (qRT-PCR) 

Transcription levels of endothelial junctional proteins, CD31, VE-cadherin, and ZO-1, were 

measured qRT-PCR using TaqMan probes (ThermoFisher Scientific). mRNA isolation was 

performed using Dynabeads mRNA direct purification kit (61011, ThermoFisher Scientific, 

Waltham, MA) and reverse transcription was conducted with the RNA to cDNA kit (4387406, 

ThermoFisher Scientific, Waltham, MA). The ΔΔCT method was used to assess relative gene 

expression, where expression of cell junctional protein genes PECAM1 (Hs01065279_m1), CDH5 

(Hs00901465_m1), and TJP1 (Hs01551861_m1) were normalized to the housekeeping gene 

GAPDH (Hs01922876_m1). 

2.2.8 Dextran diffusion assays 

Solute transport from out of the vessels (i.e. permeability) and into the vessels (i.e. drainage) was 

measured by dextran diffusion. Texas Red dextran (10 kDa, D1828, and 70kDa, D1830, 

ThermoFisher Scientific, Waltham, MA) solutions were prepared to working concentrations of 1 

µM. For the permeability assays, 3 µL of dextran solution was added to each vessel such that fluid 

was flush with the lip of the ports to minimize flow from a pressure head. Solute transport was 

measured over 15 minutes per vessel. Permeability coefficients were calculated using equation 1 

[123]:  

P = (1/Io)[(If – Io)/(tf – to)](D / 4), Eq. 1 

where Io is the total initial intensity outside the vessel, If is the total intensity outside the vessel at 

15 minutes, to is the initial time point, tf is the final time point of 15 minutes, and D is vessel 

diameter. For the drainage assays, 3 µL of dextran solution was added to one gel chamber port to 
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create a pressure head for interstitial flow toward the vessel. Solute transport was measured over 

30 minutes per vessel. Drainage coefficients were calculated using a modified version of equation 

1, equation 2: 

P = (Ifvessel /Iovessel)[1/(tf – to)](D / 4), Eq. 2 

where Iovessel is the total initial intensity inside the vessel, Ifvessel is the total intensity inside the 

vessel at 30 minutes, to is the initial time point, tf is the final time point of 30 minutes, and D is 

vessel diameter. Dextran diffusion was imaged with the Nikon TI® Eclipse inverted microscope. 

All images were analyzed using Fiji. 

2.2.9 Blocking and neutralization 

MAZ51 (676492, EMD Millipore, Billerica, MA) was used to inhibit VEGF-C/VEGFR-3 

signaling. Anti-IL-6R antibody (ab47215, Abcam, Cambridge, UK) and anti-IL-6 antibody 

(501109, BioLegend, San Diego) were used to inhibit IL-6/IL-6R signaling. Mouse IgG1 (400102, 

BioLegend, San Diego, CA) and rat IgG1 (400413, BioLegend, San Diego) antibodies were used 

as isotype controls for the IL-6/IL-6R inhibition experiments. To inhibit VEGFR-3, cultured 

vessels were primed for 1 hour with media containing MAZ51 (either 1 µM or 5 µM). 

Subsequently, MAZ51 was added to media containing VEGF-C (50 ng/mL) used to stimulate 

vessels over culture days 3 and 4. Vessels were washed with fresh media without VEGF-C or 

MAZ51 on day 5 and used for dextran diffusion analysis. To block vessels stimulated with IL-6 

and in co-culture with CAFs, vessels were treated with anti-IL-6R antibody (either 5 µg/mL or 25 

µg/mL) overnight from day 2 to day 3. Blocked vessels were then treated with media containing 

IL-6 (50 ng/mL) or left to co-culture with CAFs over days 3 and 4, and used on day 5 for dextran 

diffusion analysis. To neutralize IL-6 for the CAF co-cultures, vessels were treated with fresh 
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medium containing 25 µg/mL of anti-IL-6 antibody from day 2 to day 4 and used on day 5 for 

dextran diffusion analysis.   

2.2.10 Immunofluorescent staining and imaging 

All vessels prepared for immunofluorescent staining were cultured at least 3 days post-seeding to 

ensure confluency. Washing buffer (0.1% PBS-Tween 80) and blocking buffer (3% BSA in 0.1% 

PBS-Tween 80) were made in advance and stored at 4 oC until use. Each vessel was 1) incubated 

with 5 µL of 4% paraformaldehyde at room temperature for 15 min for fixation, 2) incubated with 

5 µL of 0.2% Triton X-100 at room temperature for 30 min for permeabilization, 3) incubated with 

10 µL of blocking buffer at 4 oC overnight. All vessels were washed three times with sterile PBS 

in between each step. 

 For antibody-based staining of lymphatic-specific markers and cell junctional proteins, 

primary antibodies were diluted to desired concentrations with staining buffer (blocking buffer 

plus 1% PBS-Tween 80 at 10:1 v/v) (Table 2.2). Vessels were washed three times with washing 

buffer and incubated with primary antibodies at 4 oC overnight. To remove excess primary 

antibodies from the collagen gel matrix, vessels were washed multiple times for one day (10 min 

per wash). Secondary antibodies were prepared at desired concentrations using the staining buffer 

supplemented with 10% goat serum to reduce aspecific binding (Table 2.2). Vessels were 

incubated with the prepared antibodies at room temperature for 1 hour. Stained vessels were 

washed over two days and stored in sterile PBS until imaging. Alexa Fluor 488 phalloidin 

(A12379, ThermoFisher Scientific, Waltham, MA) and DAPI (D3571, ThermoFisher Scientific, 

Waltham, MA) were used to stain actin cytoskeleton and nuclei, respectively. 
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Table 2.2. Primary and secondary antibodies used for immunofluorescent staining. 
Primary antibody Company code Stock conc. 

(mg/mL) 
Working conc. 

(µg/mL) Dilution 

LYVE1 MAB20892 (R&D Systems) 0.5 10 1:50 
CD31 ab9498 (Abcam) N/A - 1:50 
VE-cadherin MAB9381 (R&D Systems) 0.5 10 1:50 
ZO-1 61-7300 (ThermoFisher) 0.25 10 1:25 

Primary antibody Host species Secondary antibodya Working conc. 
(µg/mL) Dilution 

LYVE1 mouse Alexa Fluor 647 anti-mouse 10 1:200 
CD31 mouse Alexa Fluor 647 anti-mouse 10 1:200 
VE-cadherinb mouse Alexa Fluor 647 anti-mouse 10 1:200 
ZO-1b rabbit Alexa Fluor 488 anti-rabbit 10 1:200 

aStock concentration of 2 mg/mL. Goat source. 
bVE-cadherin and ZO-1 were co-stained 

Fluorescent images were acquired using a Nikon TI® Eclipse inverted microscope 

(Melville, New York) and processed using the National Institutes of Health ImageJ software.  

Confocal images were acquired using a Leica SP8 3X STED Super-resolution microscope 

(Wetzlar, Germany) in the UW-Madison Optical Imaging Core. 

2.2.11 Statistical analysis 

GraphPad Prism 7 (GraphPad Software, La Jolla, CA) was used for statistical analysis. 

Significance tests were performed using multiple unpaired, two-tailed Student’s t-test with 

Bonferroni-Dunn multiple comparisons test (Fig. 3c), ordinary one-way ANOVA with 

Bonferroni’s multiple comparisons test (Fig. 1d, 4c, 5e, 6c-e, 7d, and 8c-d), and unpaired, two-

tailed Student’s t-test (Fig. 4d). Tests were considered significant for p ≤ 0.05. The number of 

replicates ranged from n = 3 to n = 6 for each experimental condition.  

2.3 Results 

2.3.1 Generation of 3D functional lymphatic endothelial vessels 

We report an organotypic lymphatic vessel model, called the µLYMPH system (Fig. 2.1), that 

enables the culture of human lymphatic endothelial vessels and the study of lymphatic vessel 

biology in tailored microenvironments, such as the tumor microenvironment. The µLYMPH 
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system is a two-layer polydimethylsiloxane (PDMS) device fabricated using standard soft 

lithography, consisting of a removable PDMS lumen rod suspended across a gel chamber (Fig. 

2.1a). To generate a lymphatic vessel, collagen type I gel is polymerized around the lumen rod, 

the rod is removed leaving an empty lumen, and the subsequent lumen is seeded with primary 

human lymphatic endothelial cells (HLECs) isolated from the lymph node (ScienCell) forming 

vessels with diameters in the range of 200-250 µm (Fig. 2.1b). We previously demonstrated this 

approach for forming HUVEC and iPSC-derived endothelial vessels with high 

reproducibility[112,113].   

 

Figure 2.1. µLYMPH system concept and vessel culture. a Exploded view of device layers. A bottom layer contains 
the extracellular matrix gel chamber and a lumen rod suspended across the chamber supported by a channel. A top 
layer forms the cover for the chamber and contains ports for fluid handling. b Schematic of fully assembled device, 
process and cultured vessel. Representative images of devices and a lymphatic vessel with a diameter of 238 µm, 
cultured in 3 mg/mL collagen type I gel.  c Viability images of vessels cultured over 7 days for gel densities ranging 
from 3 mg/mL to 6 mg/mL. Live cells are green and dead cells are red. The live fraction percentages for all densities 
are > 85%, with a maximum of 92% for 3 mg/mL. There are regions of cell detachment for 5 mg/mL and 6 mg/mL 
(dashed outlines). Live fraction percentage values are the average of n = 3 individual vessels with error bars as one 
standard deviation. *p ≤ 0.05, **p ≤ 0.01. 
 

Lymphatic vessels were viable for at least seven days for collagen densities ranging from 

3 mg/mL to 6 mg/mL; however, softer collagen gels (3 mg/mL and 4 mg/mL) produced 

significantly more viable vessels with a maximum live fraction of 92% for 3 mg/mL (Fig. 2.1c). 

b c
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At the higher densities of 5 mg/mL and 6mg/mL, there was cell detachment from the endothelium 

as indicated by the dashed outlines in Fig. 2.1c. Matrix stiffening with increasing collagen density 

has been shown to alter endothelial cell behavior[124], suggesting that the current lymphatic 

vessels sense and respond to the changing mechanical composition of the surrounding collagen 

matrix.  

Importantly, the lymphatic vessels are patent tubular structures (Fig. 2.2a), allowing 

perfusion of growth media through the vessels. Lymphatic phenotype of the vessels was 

characterized by the immunofluorescent staining of LYVE1 (Fig. 2.2b) and flow cytometry 

quantification of LYVE1, podoplanin and PROX1 (Fig. 2.2c). These expression profiles are 

consistent with the literature[125].  Interestingly, the HUVECs used to generate blood vessels also 

express LYVE1 and PROX1, which has been shown to occur in vitro[126,127]. Formation of 

mature lymphatic endothelia was confirmed by the presence of cell-cell junctional proteins, 

including CD31, VE-cadherin, and ZO-1 (Fig. 2.2b). To transport media through cultured vessels, 

we leveraged passive pumping[128], where a bolus of media was transported from the small port 

to the large port due to the difference in Laplace pressures of fluid droplets at the ports. Vessels 

were perfused with media in this manner at least 2-3 times per day for maintenance. This manner 

of perfusion mimics the pulsatile nature of lymph flow through lymphatic vessels[98]. In 

comparison to vessels maintained in the static condition without daily perfusion, we observed 

endothelial cell alignment in the direction of fluid flow (angle of 90 degrees) as a result of the 

repeated media exchanges (Fig. 2.2d and 2.2e), which is representative of lymphatic endothelial 

cell behavior in vivo[129].  
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Figure 2.2. Vessel structure and markers. a Confocal image of a lymphatic vessel showing patent tubular structure. 
b Immunofluorescent of lymphatic marker - LYVE1, endothelial cell marker - CD31, and endothelial cell junctions - 
CD31, VE-cadherin, and ZO-1. c Flow cytometry quantification of CD31, LYVE1, podoplanin, and PROX1 for both 
blood (HUVEC) and lymphatic (HLEC) endothelial cells used in the study. HUVECs express CD31, LYVE1, and 
PROX1, but not podoplanin. HLECs express all four markers. d Cells in the endothelium align in the direction of fluid 
flow from daily medium exchanges as compared to cells maintained in excess medium without flow (static condition). 
e Histograms of cell alignment for static and flow conditions. A higher number of cells in the flow condition align in 
the direction of flow (angle of 90 degrees). Histogram frequency data was generated by combining values of n = 4 
individual vessels for each condition. 

2.3.2 Cultured lymphatic vessels are functionally different from blood vessels 

The µLYMPH system enables analysis of lymphatic vessel biology, including cytokine secretion 

and barrier function. These readouts were obtained over a five-day period, which involved 

culturing the vessels in growth media for two days post-seeding, collecting media for secretion 

analysis over a subsequent two days, and then assessing vessel permeability at day five with a 

dextran diffusion assay (Fig. 2.3a). We measured the secretion levels of a panel of growth factors 

and inflammatory mediators with a multiplex magnetic bead-based immunoassay (i.e. Luminex 

MAGPIX) (Fig. 2.3b and 2.3c). Both blood and lymphatic vessels produced measurable levels of 
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all cytokines in the panel. In comparison to blood vessels, lymphatic vessels have a unique 

secretion profile and generally expressed lower levels of the measured cytokines (Fig. 2.3b). 

However, there was a particularly striking 18-fold difference in the secretion of follistatin. While 

blood vessels are known sources of follistatin[130,131], our finding implicates lymphatic 

vasculature as a major alternative source not previously known. Granulocyte colony stimulating 

factor (G-CSF) was also produced 2-fold more by the lymphatic vessels. Conversely, the blood 

vessels expressed significantly higher levels of endoglin (2-fold), hepatocyte growth factor (HGF) 

(3-fold), placental growth factor (PlGF) (6-fold), vascular endothelial growth factor (VEGF)-C (3-

fold), and interleukin (IL)-8 (3-fold).    

 

Figure 2.3. Lymphatic vessel cytokine secretion. a Schematic of experimentation timeline over five days. b Direct 
comparison of the fold change in secretion levels between blood (HUVEC) vessels and lymphatic (HLEC) vessels, 
with blood vessel levels taken as baseline. Overall, lymphatic vessels have lower secretion levels of the measured 
growth and inflammatory factors. However, follistatin expression is 18-fold higher for the lymphatic vessels. c 
Concentrations of secreted growth and inflammatory factors. Blood and lymphatic vessels have unique secretion 
profiles. There are significant differences in the secretion of endoglin, follistatin, G-CSF, HGF, PlGF, VEGF-C, and 
IL-8. Concentration values are the averages of n = 4 technical replicates of media pooled from 6 individual vessels for 
each condition.  
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 A hallmark of endothelial vessels is their capacity to regulate the passage of molecules 

through their endothelium. The permeability of lymphatic vessels cultured in the µLYMPH system 

was assessed by diffusion assays using 10 kDa and 70 kDa Texas Red dextran. As compared to 

empty lumens, both blood and lymphatic vessels demonstrated significant barrier function and 

regulated the passage of the dextran molecules (Fig. 2.4a and 2.4b). Lymphatic vessels, however, 

were leakier than blood vessels with a 23% decrease in the peak intensity of the diffusion profile 

over 15 minutes versus a 10% decrease for blood vessels (Fig. 2.4b). We also measured the 

permeability coefficients of the vessels for both 10 kDa and 70 kDa dextran (Fig. 2.4c). For the 10 

kDa molecular weight, the permeability coefficients of the lymphatic and blood vessels were 2.43 

x10-5 ± 0.29 x 10-5 cm/s and 1.39 x10-5 ± 0.43 x 10-5- cm/s, respectively. Similarly, for the 70 kDa 

case, lymphatic vessels were more permeable with a coefficient of 1.38 x 10-5 ± 0.29 x 10-5 cm/s 

as compared to 0.68 x 10-5 ± 0.13 x 10-5 cm/s for the blood vessels. The barrier capacities of both 

vessel types were significantly higher for the 70 kDa dextran, indicating tighter regulation of 

biomolecules in that size range (e.g. serum albumin, ~67 kDa). To further distinguish the 

physiology of the lymphatic and blood vessels, solute drainage into each vessel type was measured 

by adding 70 kDa dextran solution to one gel chamber port to generate interstitial flow (Fig. 2.3a-

schematic). Drainage into the lymphatic vessels was 1.3-fold higher than for the blood vessels 

(Fig. 2.4d), which demonstrates that our model can capture the natural drainage function of the 

lymphatics. Taken together, these results demonstrate the suitability of the µLYMPH system for 

assessing lymphatic vessel barrier function, which is distinctly different from blood vessels 

cultured in the same system.  
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Figure 2.4. Lymphatic vessel barrier function and drainage capacity. a Representative images of 70kDa dextran 
diffusion in empty, lymphatic, and blood vessels over 15 min. Dashed lines indicate lumen boundaries. b Normalized 
intensity profiles of 70 kDa dextran diffusion, where lymphatic vessels have moderate barrier capacity in comparison 
to blood vessels. The initial concentration decreases by 12%, 23%, and 52% for blood, lymphatic, and empty vessels, 
respectively. c Quantification of vessel permeability. For both 10 kDa and 70 kDa dextran, lymphatic vessels are ~2-
fold leakier than blood vessels. Both endothelial vessels, however, provide barrier function in comparison to empty 
lumens. d Quantification of drainage capacity. Lymphatic vessels uptake significantly more 70 kDa dextran over 30 
min. as compared to blood vessels. Permeability values are the averages of at least n = 4 individual vessels. Drainage 
values are the averages of n = 3 individual vessels. All error bars are one standard deviation. Scale bars are 100 µm. 
*p ≤ 0.05, **p ≤ 0.01, ***p ≤ 0.001, ****p ≤ 0.0001. 
 

2.3.3 Lymphangiogenic and inflammatory cytokine stimulation alters vessel function 

To demonstrate the applicability of the µLYMPH system for examining lymphatic biology beyond 

basic vessel characterization, we assessed the response of cultured vessels in lymphangiogenic and 

inflammatory microenvironments simulated by exogenous VEGF-C, VEGF-D, and IL-6 cytokine 

stimulation. Using a similar workflow as depicted in Fig. 3a, VEGF-C (50 ng/mL), VEGF-D (50 
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ng/mL), and IL-6 (50 ng/mL) were added to the vessels at two days post-seeding and cultured up 

to five days. For all conditions, there were notable morphological changes to the endothelium in 

comparison to untreated vessels, namely, increased actin stress fibers and cell detachment (Fig. 

2.5 a-d). Cell alignment, however, remained consistent for all stimulated vessels. In Fig. 2.5e, we 

limit the results to cytokines with concentration levels greater than 150 pg/mL to better visualize 

changes in the secretion profile. Stimulation of the vessels with VEGF-C and IL-6 significantly 

altered the secretion profile, more so than stimulation with VEGF-D (Fig. 2.5e). There was, 

however, a significant increase in IL-8 concentration by VEGF-D stimulation. Specifically, 

VEGF-C stimulation triggered significant increases in the secretion of endothelin-1, follistatin, 

and IL-8. IL-6 stimulation significantly increased the secretion levels of all presented factors 

(endothelin-1, follistatin, G-CSF, VEGF-C, and IL-8).  
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Figure 2.5. Morphological and secretion responses of lymphatic vessels to exogenous lymphangiogenic and 
inflammatory stimuli. a-d Images of lymphatic endothelia under VEGF-C, VEGF-D, and IL-6 stimulation (F-actin 
in green and nuclei in blue). In comparison to untreated vessels, LECs in stimulated vessels express increased actin 
stress fibers. There are also holes the vessel wall (dashed outlines). e Cytokine concentrations for untreated and 
stimulated conditions. VEGF-C and IL-6 induce significant changes in all presented cytokines. Concentration values 
are the averages of n = 4 technical replicates of media pooled from 6 individual vessels for each condition. All error 
bars are one standard deviation. Scale bars are 10 µm. *p ≤ 0.05, **p ≤ 0.01, ***p ≤ 0.001, ****p ≤ 0.0001. 

 

Similarly, barrier function was significantly altered when the lymphatic vessels were 

stimulated with VEGF-C, VEGF-D, and IL-6. Solute (70 kDa dextran) diffusion for all three 

stimulatory conditions was substantially faster in comparison to untreated vessels, where the peak 

intensity decreased by 38%, 32%, and 36% for VEGF-C, VEGF-D, and IL-6 stimulated vessels, 
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respectively, as compared to 23% for untreated vessels over 15 minutes (Fig. 2.6a and 2.6b). 

Stimulated vessels also responded at the transcriptional level with changes in the mRNA 

expression of their cell-cell junctional proteins. CD31 transcription was reduced for all stimulatory 

conditions, whereas VE-cadherin mRNA expression increased for VEGF-C and VEGF-D 

stimulation, and ZO-1 mRNA expression increased for IL-6 stimulation (Fig. 2.6c). Moreover, we 

measured significant increases in permeability for the VEGF-C and IL-6 conditions in comparison 

to untreated vessels. VEGF-C stimulation increased the permeability of the lymphatic vessels by 

~2-fold to 2.67 x 10-5 ± 0.19 x 10-5 cm/s from a baseline value of 1.38 x 10-5 ± 0.29 x 10-5 cm/s 

(Fig. 2.6d). However, this increase was mitigated by supplementing MAZ51 to the VEGF-C media 

used to stimulate the vessels. MAZ51 inhibits VEGF-C signaling by preventing the 

autophosphorylation of its receptor, VEGFR3[132]. At a dosage of 1 μM MAZ51, the VEGF-C 

stimulated vessels were still significantly more permeable than the untreated vessels, however, 

they were less permeable than vessels treated with VEGF-C alone. At a higher dosage of 5 μM 

MAZ51, VEGF-C stimulated vessels were fully rescued with no measurable difference in 

permeability as compared to the untreated vessels. Similar results were observed for the IL-6 

stimulated vessels, where their permeability was increased by ~2-fold following IL-6 treatment 

(Fig. 2.6e). IL-6 induced barrier dysfunction was prevented by treating the lymphatic vessels with 

anti-IL6R (5 μg/mL and 25 μg/mL), an antibody blocking the binding of IL-6 to its receptor. 

Collectively, these data demonstrate the utility of the µLYMPH system for simulating different 

microenvironments by exogenous cytokine stimulation and for targeting molecular pathways that 

impair barrier function. 
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Figure 2.6. Barrier response of lymphatic vessels to exogenous lymphangiogenic and inflammatory stimuli. a 
Images of 70 kDa dextran diffusion in untreated vessels and vessels stimulated with VEGF-C, VEGF-D, and IL-6. b 
Normalized intensity profiles of dextran diffusion. The initial concentration decreases by 38%, 32%, and 36% for 
VEGF-C, VEGF-D, and IL-6 stimulation, respectively, as compared to 23% for untreated vessels. c Transcriptional 
expression of intercellular junctions under stimulation. CD31 expression is significantly downregulated for all cases. 
VE-cadherin expression is upregulated after VEGF-C and VEGF-D treatment, and ZO-1 after IL-6 stimulation. 
Relative mRNA values are the averages of n = 3 technical replicates with each replicate representing two individual 
vessels. d Vessel permeability significantly increases after VEGF-C treatment. Barrier function can be rescued by 
inhibiting the phosphorylation of VEGFR3, the receptor for VEGF-C, with MAZ51 (partially at 1 μM and fully at 5 
μM). e IL-6 stimulation significantly reduces barrier capacity, which can be mitigated via antibody-mediated blocking 
of the IL-6 receptor on the lymphatic vessels. All permeability values are the averages of at least n = 3 individual 
vessels. All error bars are one standard deviation. Scale bars are 100 µm. *p ≤ 0.05, **p ≤ 0.01, ***p ≤ 0.001, ****p 
≤ 0.0001. 
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2.3.4 Cancer-associated fibroblasts promote a pro-inflammatory lymphatic 

microenvironment 

We assessed the capacity of the µLYMPH system for examining lymphatic vessel biology in 

diseased microenvironments, such as the tumor microenvironment (TME), by co-culturing 

lymphatic vessels with breast cancer-associated fibroblasts (CAFs). CAF-induced responses were 

compared to co-cultures with normal mammary fibroblasts (NFs). Fibroblast co-cultures were 

enabled by embedding either CAFs or NFs into the collagen gel prior to forming and seeding the 

lumen with HLECs (Day 0 in Fig. 2.7a). The co-cultures were maintained and analyzed using the 

same workflow as the lymphatic vessel monocultures. A dramatic morphological response was 

observed for vessels co-cultured with CAFs, where HLECs detached in large areas of the 

endothelium (dashed outlines in Fig. 2.7b). There was no observable cell detachment for the NF 

co-culture controls. Regarding cytokine secretion, co-culture with CAFs induced larger fold 

changes in cytokine concentration than with NFs, as compared to vessel monocultures (Fig. 2.7c). 

Specifically, CAFs upregulated the secretion of pro-tumorigenic growth factors, G-CSF (8-fold) 

and HGF (15-fold), and pro-inflammatory mediators, IL-6 (20-fold) and IL-8 (15-fold). 

Interestingly, follistatin secretion, which was at ng/mL levels for the monoculture condition, was 

reduced to pg/mL levels after co-culture with both CAFs and NFs. Endothelin-1, endoglin, and 

VEGF-C were also reduced by at least 10-fold for both fibroblast co-culture conditions. PlGF was 

solely downregulated by NF co-culture.  
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Figure 2.7. Lymphatic vessel co-culture with normal mammary fibroblasts (NFs) and cancer-associated 
fibroblasts (CAFs). a Schematic of co-culture experimentation timeline over 5 days. b Images of vessels co-cultured 
with NFs and CAFs (vimentin in red and nuclei in blue). The lymphatic endothelium is highly destabilized when CAFs 
are present, where cells have detached from the extracellular matrix (holes indicated by dashed outlines). c Direct 
comparison of the fold change in secretion levels between fibroblast co-cultures and vessel monoculture, with 
monoculture levels taken as baseline. CAFs increase the secretion of pro-inflammatory mediators (IL-6 and IL-8) by 
>15-fold and substantially downregulate the expression of endoglin, follistatin, and VEGF-C. Secretion of G-CSF and 
HGF is also upregulated by 8-fold and 15-fold, respectively. Secretion levels NF and CAF monocultures are also 
compared to the HLEC monoculture, where CAFs secrete HGF and IL-6 ~7-fold and 6-fold higher, respectively.  d 
Cytokine concentrations for fibroblast co-cultures. CAFs drive vessels toward a pro-inflammatory phenotype 
significantly more than NFs and amplify the secretion of key growth factors, e.g. HGF, involved in tumor progression. 
Concentration values are the averages of n = 4 technical replicates of media pooled from 6 individual vessels for each 
condition. Error bars are one standard deviation. Scale bar is100 µm. *p ≤ 0.05, ***p ≤ 0.001, ****p ≤ 0.0001. 
 

Notably, cytokine concentrations measured in Fig. 2.7d indicate that CAFs and NFs either 

regulate vessel secretion or contribute to the total concentration by their own secretion (cytokines 

with concentrations <150 pg/mL are shown in Fig. 2.8). For example, endothelin-1, follistatin, G-

CSF, and VEGF-C levels (as well as endoglin, HB-EGF, PlGF levels in Fig. 2.8) were altered in 
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the fibroblast co-cultures despite negligible secretion of these cytokines by the CAF and NF 

monocultures, suggesting their associated pathways in the lymphatic vessels are regulated by 

interactions with the fibroblasts. In the cases of HGF, IL-6, and IL-8, their levels significantly 

increased in the co-cultures predominantly due to secretion by the CAFs and NFs, as indicated by 

the accompanying CAF and NF monocultures. Indeed, it is well-known that CAFs are the primary 

contributors of HGF, IL-6, and IL-8 in the TME[133], demonstrating the capability of our 

approach to recapitulate pertinent TME stromal interactions. 

 

2.8 Growth factors and inflammatory mediators with concentrations lower than 150 pg/mL for vessels co-
cultured with normal and cancer-associated fibroblasts. 

 

CAFs also significantly impaired the barrier function of the lymphatic vessels. In 

agreement with the observed cell detachment in Fig. 2.7b, vessels co-cultured with CAFs were 

substantially leakier (leakage from areas of cell detachment indicated by arrows in Fig. 2.9a), with 

a 37% decrease in the peak intensity of the diffusion profile over 15 minutes, as compared to 27% 

and 23% for the NF co-culture and vessel monoculture conditions, respectively (Fig. 2.9b).  
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Figure 2.9. Barrier response of lymphatic vessels co-cultured with normal mammary fibroblasts (NFs) and 
cancer-associated fibroblasts (CAFs). a Images of 70 kDa dextran diffusion for vessels in monoculture and co-
culture. There are multiple holes in the endothelium for the CAF co-culture, as indicated by the focal diffusion regions 
(arrows). b Normalized intensity profiles of dextran diffusion. The initial concentration decreases by 27% and 37% 
when co-cultured with NFs and CAFs, respectively, as compared to 23% for vessels in monoculture. c Transcriptional 
expression of intercellular junctions under co-culture. CD31 and ZO-1 mRNA levels are significantly downregulated 
for both cases. VE-cadherin expression is downregulated for NFs. Relative mRNA values are the averages of n = 3 
technical replicates with each replicate representing two individual vessels. d CAFs significantly increase lymphatic 
vessel permeability. Barrier function can be rescued, in part, by blocking the IL-6 receptor on the lymphatic vessels. 
Alternatively, vessel permeability was completely normalized when IL-6 was neutralized with an anti-IL-6 antibody. 
Permeability values are the averages of at least n = 3 individual vessels. All error bars are one standard deviation. 
Scale bars are 100 µm. *p ≤ 0.05, **p ≤ 0.01, ****p ≤ 0.0001. 
 

However, the impact of CAFs on the transcription of vessel junctional proteins, CD31, VE-

cadherin, and ZO-1, was less pronounced in comparison to that of the NFs (Fig. 2.9c). The 

downregulation in transcriptional activity measured for the NF co-cultures did not correlate to 
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morphological changes (e.g. cell detachment) or a significant increase in solute diffusion in the 

vessels. These data suggest that reduction in cell-cell junctional integrity (at the transcription level) 

may not be the primary mechanism of barrier dysfunction induced by the CAFs. Moreover, vessel 

permeability significantly increased from 1.38 x 10-5 ± 0.29 x 10-5 cm/s in monoculture to 2.24 x 

10-5 ± 0.16 x 10-5 cm/s in co-culture with the CAFs (Fig. 2.9d). There was a moderate, but 

insignificant, increase in vessel permeability to 1.81 x 10-5 ± 0.38 x 10-5 cm/s induced by the NFs. 

Importantly, neutralization of excess IL-6 produced in the co-culture with CAFs, using an anti-IL-

6 antibody, fully normalized vessel permeability, while blocking IL-6R on the HLECs partially 

recovered vessel barrier function (Fig. 2.9d). Collectively, these results demonstrate the utility of 

the µLYMPH system for simulating diseased microenvironments, such as the TME. Notably, our 

co-culture approach enables direct crosstalk between lymphatic vessels and pertinent tumor 

stromal cells (e.g. CAFs), providing new insight into biological mechanisms of lymphatic 

dysfunction. 

2.4 Discussion 

Organotypic lymphatic models are few in number, especially in comparison to models of blood 

vasculature. Models that can recapitulate lymphatic vessel structure and function in relevant 

microenvironments would advance basic and translational lymphatics research. We developed the 

µLYMPH system that enables the study of lymphatic vessel biology in normal and diseased 

microenvironments. To the best of our knowledge, only one other study has demonstrated the 

culture of lymphatic vessels with in vivo tubular structure [118], which is critical for recapitulating 

vessel function in vitro [94]. Other microfluidic models have been developed for examining 

lymphatic vessel permeability and lymphangiogenesis [116,117]; however, they lack in vivo 

tubular structure. Our system offers capabilities comparable to and beyond existing models 
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including: 1) generation of human lymphatic vessels with physiologically relevant structure and 

function, 2) characterization of vessel response under cytokine stimulation, 3) co-culture of vessels 

with stromal components, and 4) assessment of molecular pathways as potential therapeutic 

targets.  

Lymphatic vessels have unique structure-function relationships as compared to their blood 

vessel counterparts. They are integral components of the blood-lymph loop, specializing in 

interstitial fluid drainage and recirculation to blood, as well as immunoregulation [98]. The 

lymphatic vascular tree consists of initial, pre-collecting, and collecting vessels, each having 

phenotypic differences. For instance, the spatial organization of junctional proteins, such as VE-

cadherin, ZO-1, and CD31, differs between the vessel types [120,134]. These proteins form 

discontinuous button junctions for the initial lymphatic vessels to facilitate fluid drainage and 

continuous zipper junctions for the pre-collecting and collecting vessels to tightly regulate fluid 

transport [120,134]. Vessel diameter also changes throughout the lymphatic vascular tree, where 

diameters range from 10-60 µm for initial vessels [135] and >200 µm for pre-collecting/collecting 

vessels [121].  Our cultured lymphatic vessels express all three junctional proteins uniformly 

throughout the endothelium and have diameters in the range of 200-250 µm, suggesting 

recapitulation of the pre-collecting/collecting phenotype. This is likely the case given the vessels 

are generated by patterning empty lumens with LECs, rather than grown via lymphvasculogenesis. 

Nevertheless, the expression of the junctional proteins indicates the vessels have capacity to 

regulate molecular transport across their endothelia. Indeed, our permeability measurements 

confirmed moderate barrier function for the lymphatic vessels, situated between little-to-no barrier 

function for the empty lumens and high barrier function for the blood vessels. This finding is 

consistent with observations that lymphatic vessels are typically leakier than blood vessels [136]. 
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The permeability of the cultured lymphatic vessels also depended on the size of the diffusing 

molecule (i.e. 10 kDa versus 70 kDa dextran), demonstrating their capacity to selectively control 

molecular transport. In comparison to a previous in vitro study on assessing lymphatic vessel 

permeability [118], our baseline permeability is comparable when adjusted for differences in 

vessel diameters. Our permeability measurements, however, are typically higher than those 

quantified for collecting vessels in mouse models [137], a discrepancy likely due to species 

variance. Furthermore, we showed that solute drainage into the lymphatic vessels was 

representative of in vivo behavior when compared to the blood vessels. Collectively, our vessel 

characterization and permeability results demonstrate the capacity of the µLYMPH system for 

generating physiological and functional lymphatic vessels in vitro.                  

Lymphatic and blood vessels leverage different molecular pathways for survival and 

growth, which is evident from their dissimilar cytokine secretion profiles. Previous studies have 

shown that several angiogenic growth factors, including endoglin, HGF, and VEGF-C measured 

in our study, can induce lymphangiogenesis [138–141]. Specifically, VEGF-C (and VEGF-D) has 

been well-characterized as a potent lymphangiogenic factor that activates the VEGFR-3 pathway 

in LECs [141]. However, our results showed significantly higher VEGF-C secretion by the 

cultured blood vessels. This finding is consistent with previous work demonstrating higher 

expression of VEGF-C by blood endothelial cells [142], supporting its role as an angiogenic factor 

and as a paracrine regulator of lymphatic vessel growth [143,144]. Other than VEGF-C, it is 

unclear what reciprocal factors are secreted by lymphatic vessels for modulating blood vessel 

growth. G-CSF, a pro-angiogenic factor [145], is one possible candidate as it was expressed 

significantly more by the cultured lymphatic vessels. G-CSF also promotes neutrophil 

differentiation and mobilization to sites of physiological stress via blood circulation [146]. Our 
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results suggest lymphatic vessels may work synergistically with blood vessels in modulating this 

process. Similarly, IL-8, a well-known neutrophil chemoattractant [147], was measured in both 

the cultured lymphatic and blood vessels, further suggesting their combined role in regulating the 

innate immune response. Moreover, the most striking difference in the cytokine secretion profiles, 

and perhaps the largest differentiator of lymphatic-blood vessel function, was the expression of 

follistatin (i.e. 18-fold higher for the lymphatic vessels). Follistatin antagonizes activin A, a 

member of the transforming growth factor-β superfamily involved in cell proliferation, 

differentiation, and apoptosis depending on the specific microenvironment [148]. In the context of 

vasculature, the follistatin/activin axis modulates angiogenesis, lymphangiogenesis, and 

inflammation [131,149,150]. Follistatin is expressed in the circulation, however, there is 

speculation on its specific source(s). Previous studies have shown that blood endothelial cells and 

hepatocytes contribute largely to plasma follistatin [130,131,151]. Consistent with these findings, 

our results confirmed blood endothelial cells as sources of follistatin. However, its significantly 

higher secretion by LECs suggests lymphatic vessels as a major contributor to plasma follistatin 

via recirculation of lymph fluid to blood. The follistatin/activin axis may also play an important 

role in autocrine regulation of lymphatic vessel maintenance, and in lymphatic vessel crosstalk 

with other tissues. Collectively, the cytokine secretion results demonstrate the utility of the 

µLYMPH system for culturing functionally distinct lymphatic vessels and identifying specific 

molecular pathways important to lymphatic biology. 

Lymphatic vessels cultured in the µLYMPH system respond to exogenous 

lymphangiogenic (VEGF-C, VEGF-D) and inflammatory (IL-6) stimuli. As aforementioned, 

VEGF-C and VEGF-D are key regulators of lymphangiogenesis via the VEGFR-3 pathway [141]. 

IL-6 is a classic pro-inflammatory cytokine and has been known to induce lymphatic vessel 
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dysfunction in vitro and in vivo [152,153]. Stimulation of lymphatic vessels with all three 

cytokines resulted in morphological and functional changes, including increased actin stress fibers, 

holes in the endothelium, altered cytokine secretion, and impaired barrier function. Regarding 

barrier function, VEGF-C and IL-6 elicited significant increases in vessel permeability, as 

consistent with similar data for LEC monolayers [152,154]. In the IL-6 study [152], the authors 

observed a correlation between reduced VE-cadherin protein expression and increased vessel 

permeability. Our mRNA expression data indicate the opposite, where VE-cadherin mRNA 

transcription increased following IL-6 stimulation. This discrepancy may be due to differences in 

approach (i.e. lumens vs monolayers, or gene vs protein expression). Moreover, our mRNA 

expression and permeability data collectively suggest barrier function may be CD31 mediated, as 

its transcription was downregulated in all conditions while VE-cadherin and ZO-1 transcription 

increased or remained near baseline. Furthermore, the increase in vessel permeability is likely 

compounded by LEC contraction as indicated by the observed increase in actin stress fibers, 

resulting in localized loss in junctional integrity and holes in the endothelium. Importantly, barrier 

dysfunction induced by VEGF-C and IL-6 stimulation could be rescued by inhibiting their 

respective pathways, demonstrating the applicability of the µLYMPH system as a potential 

therapeutic discovery and screening platform.  

In contrast to the established role of blood vasculature in inflammation, the role of 

lymphatic vasculature remains understudied. Classically, the lymphatic system has been 

considered a passive player in modulating inflammatory responses, however, emerging data 

suggests otherwise [155]. Specifically, lymphatic vessels actively remodel (e.g. enlarge) and 

proliferate to facilitate the clearance of excess interstitial fluid and pro-inflammatory cytokines 

from the site of inflammation [156,157]. These responses are typically mediated by the increased 
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expression of lymphangiogenic growth factors, such as VEGF-C [156,157]. Our cultured 

lymphatic vessels exhibited a similar resolution mechanism by releasing more VEGF-C in 

response to IL-6 treatment. IL-6 stimulation also increased the expression of neutrophil 

chemotactic factors, G-CSF and IL-8, suggesting neutrophils play a role in modulating lymphatic 

vascular inflammation. Interestingly, a previous study demonstrated that neutrophils contribute to 

inflammation-associated lymphangiogenesis by secreting VEGF-D [158]. Furthermore, inflamed 

vessels released significantly more follistatin, which is a response that typically follows a rise in 

activin expression during inflammatory insult to neutralize activin-induced inflammatory effects 

[150]. A similar follistatin response was observed when vessels were stimulated with VEGF-C. 

These results indicate lymphatic vessels leverage the follistatin/activin axis as an alternate pathway 

in regulating inflammatory and lymphangiogenic responses, in addition to the IL-6/IL-6R and 

VEGF-C/VEGFR-3 pathways. Collectively, our vessel stimulation results demonstrate the utility 

of the µLYMPH system for examining vessel response in tailored microenvironments.              

In the context of cancer, lymphatic vessels, like blood vessels, are conduits for the spread 

of primary cancer cells to secondary sites in the body. Regional nodal metastasis often precedes 

distant metastasis, and is a prognostic factor for assessing patient survival [6,159]. The interactions 

between lymphatic vessels and cancer cells that promote cancer progression typically involve 

lymphatic release of chemokines that enhance cancer cell invasion (e.g. CCL21/CCR7) and tumor 

lymphangiogenesis via overexpression of VEGF-C by cancer cells [160,161]. There is less known 

about the interactions between lymphatic vessels and tumor stromal cells that contribute to pro-

malignancy and lymphatic metastasis. We examined the impact of breast cancer CAFs on 

lymphatic vessel cytokine signaling and barrier function to provide initial insight into lymphatic 

vessel-tumor stroma interactions. Overall, our fibroblast co-culture results indicate that CAFs 



 50 

promote a pro-tumorigenic and pro-inflammatory lymphatic microenvironment. Specifically, 

CAFs alone contributed to the overexpression of HGF, a pro-tumorigenic factor that enhances 

cancer cell invasion [13]. They also enhanced lymphatic vessel secretion of G-CSF, which 

promotes breast cancer metastasis by recruiting tumor-associated neutrophils [162]. There is 

speculation on the sources of G-CSF in the TME, whether it is largely contributed by tumor cells 

or tumor stromal cells or both. Our results indicate that LECs are potential stromal sources via 

CAF stimulation, a mechanism not previously known. Moreover, CAFs induced vessel 

inflammation by releasing significant levels of pro-inflammatory cytokines, IL-6 and IL-8 [13], 

and reducing vessel secretion of follistatin. Interestingly, follistatin has been implicated as a 

prognostic factor in breast cancer, where higher levels correlated with reduced invasion and better 

patient survival [163]. Taken together, breast CAFs may have the capacity to ‘recognize’ follistatin 

as an anti-metastatic cytokine and consequently, inhibit its expression. Ultimately, the pro-

inflammatory mechanisms induced by the CAFs resulted in significant barrier dysfunction, which 

has potential implications for lymphatic metastasis. We were able to fully rescue the vessels by 

neutralizing IL-6 secreted in the CAF co-cultures. Blocking IL-6R on the lymphatic endothelium 

partially rescued barrier function. This blockade of IL-6 signaling indicates that IL-6 plays a major 

role in lymphatic vessel dysfunction and may warrant its further investigation as a target to inhibit 

progression of tumors that commonly rely on lymphatic vessels for spread to regional lymph 

nodes. Notably, our mRNA expression data showed downregulation of CD31, VE-cadherin, and 

ZO-1 for both the CAF and NF co-cultures, suggesting that loss of junctional integrity may not be 

the primary mechanism of CAF-induced barrier dysfunction. Indeed, tumor cells can cause 

endothelial necroptosis (i.e. inflammatory cell death) as a pro-metastatic mechanism [164], which 

may extend to CAFs as indicated by the large areas of cell detachment on the endothelium of co-



 51 

cultured vessels. Collectively, our co-culture results demonstrate the usefulness of the µLYMPH 

system for examining lymphatic vessel function in diseased microenvironments, such as the TME. 

In conclusion, we developed the µLYMPH system to examine lymphatic vessel biology in 

normal and diseased microenvironments. Our approach enables the generation of 3D human 

lymphatic vessels with in vivo-like structure-function relationships distinct from blood vessels. 

The system can be tailored to assess vessel response in different stimulatory conditions. Its 

capacity for co-culture further extends its modeling capabilities to relevant diseased 

microenvironments, such as the TME. We identified the follistatin/activin axis as a pathway unique 

to lymphatic vessels, which has a potential role in modulating lymphatic vascular inflammation 

and tumor microenvironmental interactions. Importantly, we demonstrated the efficacy of the 

µLYMPH system as a therapeutic screening platform, being able to mitigate cytokine (VEGF-C 

and IL-6) and CAF-induced barrier dysfunction by inhibiting relevant molecular pathways. 

Overall, our system advances the capabilities of existing in vitro lymphatic models, offering a 

powerful alternative to animal models. 
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Chapter 3: Matrix Density Drives Lymphatic Vessel Activation in a 
3D Organotypic Model of the Breast Tumor Microenvironment2 

 
Abstract 

Lymphatic vessels (LVs) have been suggested as a preferential conduit for metastatic progression 

in breast cancer, where a correlation between the occurrence of lymph node metastasis and an 

increased extracellular matrix (ECM) density has been reported. However, the effect of ECM 

density on LV function is largely unknown. To better understand these effects, we used a 

microfluidic device to recreate tubular LVs in a collagen type I matrix. The density of the matrix 

was tailored to mimic normal breast tissue using a low-density collagen (LD-3 mg/mL) and 

cancerous breast tissue using a high-density collagen (HD-6 mg/mL). We investigated the effect 

of ECM density on LV morphology, growth, cytokine secretion, and barrier function. LVs cultured 

in HD matrices showed morphological changes as compared to LVs cultured in a LD matrix. 

Specifically, LVs cultured in HD matrices had a 3-fold higher secretion of the pro-inflammatory 

cytokine, IL-6, and a leakier phenotype, suggesting LVs acquired characteristics of tumor-

associated vessels. Interestingly, LV leakiness was mitigated by blocking the IL-6 receptor on the 

lymphatic ECs, maintaining endothelium permeability at similar levels of LV cultured in a LD 

matrix. To recreate a more in vivo microenvironment, we incorporated metastatic breast cancer 

cells (MDA-MB-231) into the LD and HD matrices. For HD matrices, co-culture with MDA-MB-

231 cells exacerbated vessel leakiness and secretion of IL-6. In summary, our data suggest that (1) 

ECM density is an important microenvironmental cue that affects LV function in the breast tumor 

 
2 This chapter has been adapted from the prepared manuscript: “Matrix Density Drives Lymphatic Vessel 
Activation in a 3D Organotypic Model of the Breast Tumor Microenvironment.” The manuscript was 
authored by Karina M. Lugo-Cintrón, José M. Ayuso, Bridget R. White, Paul M. Harari, Suzanne Ponik, 
David J. Beebe, Max M. Gong and María Virumbrales-Muñoz. 
 



 53 

microenvironment (TME), (2) dense matrices condition LVs towards an activated phenotype and 

(3) blockade of IL-6 signaling may be a potential therapeutic target to mitigate LV dysfunction. 

Overall, modeling LVs and their interactions with the TME can help identify novel therapeutic 

targets and, in turn, advance therapeutic discovery. 
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3.1 Introduction  

The tumor microenvironment (TME) is the niche where tumors develop, and comprises many 

cellular components such as cancer cells, immune cells, fibroblasts, blood and lymphatic vessels, 

as well as non-cellular components such as the extracellular matrix (ECM)[7]. The ECM consists 

of a complex meshwork of fibrillar collagens, glycoproteins, and proteoglycans that shape the 

biochemical and biophysical properties of tissues[35,36,165], regulating cell behavior in normal 

physiology[166]. In the TME, ECM remodeling contributes to tumor development and progression 

by altering cell behavior and, importantly, the presence of tumor-associated ECM architecture is a 

predictive biomarker of patient outcome [39,167–169]. Another aspect of the tumor-associated 

ECM is the increase in deposition of type I collagen by fibroblasts. The increase in collagen 

deposition forms a dense fibrous tissue surrounding the tumor, which has been implicated in 

promoting cancer progression and metastasis in numerous solid tumors[170–173], including breast 

cancer[40].   

ECM remodeling is critical for regulating tumor escape (i.e. metastasis), the leading cause of 

mortality in cancer patients[174]. For example, it has been demonstrated that increased ECM 

density enhances cancer progression by promoting cancer cell migration[44], proliferation[45], 

and altering cellular metabolism[46]. Additionally, cancer cells can interact with other components 

of the TME, such as blood and lymphatic vasculature, that are also exposed to and could be 

modified by the remodeled matrix. The vasculature is of interest as it is an essential component 

that facilitates metastasis, providing a route for cancer cells to intravasate and disseminate to 

distant organs. Numerous studies have investigated how ECM density influences the physiology 

of vasculature in the TME and how these changes might contribute to metastasis. In this context, 

dense ECM has been found to reduce capillary morphogenesis[175,176] and angiogenesis[177], 
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but also increases the duration of endothelial cell-cell adhesion, cell proliferation, and sprout 

width[178]. To date, much less is known about the effect of ECM density on conditioning 

lymphatic vessel morphology and function.  

Lymphatic endothelial cells (LECs) have unique structural and functional characteristics 

compared to endothelial cells from blood vessels[179]. LECs are morphologically different as they 

lack basement membrane, making them leakier than blood vessels and providing a more 

advantageous route for cancer metastasis[180,181]. However, it is not known whether a dense 

ECM alters lymphatic vessel (LV) phenotype. Understanding the influence of a dense ECM on 

LVs is critical in breast cancer, since increased collagen I deposition has been correlated with 

increased lymph node metastasis[82] and evidence indicates that breast cancer metastasis 

preferentially occurs through LVs as compared to blood vessels[182,183] .Therefore, elucidation 

of the effects of ECM density on lymphatic vasculature is critical to advancing our understanding 

of breast cancer metastasis. Unfortunately, traditional in vitro and animal models of lymphatic 

vessels present challenges in recapitulating 3D vessel structure and physiology or have low 

tractability [83]. We have previously reported the development of microfluidic organotypic in vitro 

models for (1) generating endothelial vessels[97,113,184] and (2) demonstrating the importance 

of tissue structure on tissue behavior[94].  

Microfluidic organotypic in vitro models are becoming more widely used due to their potential 

for recapitulating in vivo tissue structure and function[94,104,105]. We and others have previously 

demonstrated the capability of microfluidic devices to recreate luminal geometries in collagen 

hydrogel[94,185,186], and we recently reported a LV model in these luminal geometries[184]. In 

the current work, we have used the microfluidic LV model to investigate the effects of ECM 

density (i.e., low- vs high-collagen density) on LV physiology. We found that LVs cultured in a 
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dense collagen I matrix exhibited a leakier, more proliferative phenotype and a pro-inflammatory 

secretion profile, suggesting that dense ECM conditions the LVs toward an activated endothelial 

phenotype. The inflammatory cytokine, IL-6, was identified as a potential mediator of LV barrier 

dysfunction given its significantly higher secretion in the dense collagen matrix. Therapeutic 

targeting of the IL-6/IL-6R pathway, using an anti-IL-6R antibody, decreased LV leakiness. 

Moreover, LVs were co-cultured with MDA-MB-231 tumor cells in both LD and HD matrices, 

where vessel dysfunction was heightened in the HD case. Collectively, our findings demonstrate 

for the first time that ECM density is an important signaling factor that affects LV physiology 

within the breast TME.   

3.2 Materials and Methods 

3.2.1 Cell culture 

Human lymphatic endothelial cells (HLECs, ScienCell, 2500) were cultured in standard cell 

culture flasks coated with fibronectin (5 µg/cm2, Sigma Aldrich, F1141-5MG) at a starting cell 

concentration of 5·105. Cultures were maintained with endothelial basal medium-2 (Lonza, CC-

3156) supplemented with EGM-2 MV SingleQuot Kit (Lonza, CC-4147). HLECs were cultured 

to 90-95% confluency at passages 3 to 5 for all experiments. We used human mammary 

adenocarcinoma cells, MDA-MB-231, transfected to stably expressing green fluorescent protein 

(GFP), a kind gift from Dr. Suzanne Ponik (University of Wisconsin, Madison). MDA-MB-231s 

were routinely cultured in high glucose DMEM (Gibco, 11965092) supplemented with 10% fetal 

bovine serum (FBS, VWR, 97068-085) and 1% penicillin/streptomycin (ThermoFisher, 15140-

122). For all experiments, a one to one mixture of lymphatic endothelial cell and MDA-MB-231 

cell media was used (i.e. EGM-2 MV to 10% FBS,1% P/S high glucose DMEM), called 
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experimental media through the text.  All cultures were kept in a humidified incubator at 37oC 

with 5% CO2.   

3.2.2 Device Fabrication 

Fabrication of the organotypic lumen structure was performed as previously described [185]. The 

microdevice consists of two PDMS layers, which define the microchamber; and a suspended 

PDMS rod, which is removed after polymerization of a hydrogel in the main chamber to create a 

tubular lumen structure. In order to fabricate the top and bottom layers of the microdevice, a 

traditional soft lithography technique was used, in which the layers were spun using SU-8 

(MicroChem, Y13273) to create the silicon master molds. Polydimethylsiloxane (PDMS, Dow 

Corning, Sylgard 184)  was mixed at a 10:1 base to curing agent ratio and poured over the SU-8 

silicon master molds. Using the same PDMS mixture, PDMS rods were fabricated by filling up a 

25 gauge (Fisher Scientific, 14-840-84) hypodermic needle with PDMS. PDMS components were 

then baked at 80°C for 4 h. After baking, the PDMS rods were extracted from the needles, yielding 

PDMS rods of 280 µm in diameter. The two layers were aligned, ethanol bonded together and the 

PDMS rods were placed into the microdevice chamber. Finally, the microdevice was oxygen 

plasma bonded to a glass-bottom MatTek dish (MatTek Corporation, P50G-1.5-30-F), following 

a general protocol. The microdevices were sterilized using UV irradiation for 15-20 min for further 

use.  

 

3.2.3 Organotypic Culture Preparation 

3.2.3.1 Device preparation  

To achieve maximum hydrogel adhesion to the PDMS chamber, a two-step coating of 2% 

poly(ethyleneimine) (PEI, Sigma-Aldrich, 03880) diluted in deionized DI water for 10 minutes 



 58 

was loaded into the side ports. The PEI solution was aspirated and 0.4% glutaraldehyde (GA, 

Sigma-Aldrich, G6257) diluted in deionized DI water was loaded into the side ports and incubated 

at room temperature for 30 minutes. During the GA incubation, the collagen solution was prepared 

on ice (refer to section 3.2).  After the 30-minute of GA incubation, the microdevices were washed 

three times with sterile DI water to remove any GA excess. At this point, devices are ready to be 

loaded with the collagen solution. To minimize evaporation, sacrificial phosphate buffered saline 

(PBS) was added around the side of the MatTek dish. 

 

3.2.3.2 Extracellular matrix preparation and loading into the device 

High-density rat-tail collagen type 1 (Corning, 354249, referred as collagen through the text) was 

diluted with 5X PBS and neutralized with 0.5 M NaOH (Fisher Scientific, S318) achieving a final 

concentration of 1X PBS, and a pH of 7.4. To achieve a final concentration of 3 mg/mL (low 

collagen density-LD) or 6 mg/mL (high collagen density-HD) dilutions with fibrinogen (Sigma-

Aldrich, F8630), fibronectin (Sigma-Aldrich, F1141) and media were performed. For experiments 

with cancer cells in the matrix, MDA-MB-231s, a final concentration of 250 cells/µL was added 

to the respective collagen solution (recipes for different collagen gel densities and cultures 

conditions can be found in Table 3.1). Right after the washes with sterile DI water, 6 µl of collagen 

solution was loaded through the side ports and polymerized at room temperature for 10 min. 

Finally, a small droplet of media (5 μL) was placed on top of the side ports to prevent evaporation, 

and devices were transferred to 37oC for 1 hour to allow collagen to fully polymerize.  
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Table 3.1. Recipes for different collagen gel densities and cultures conditions 

 

3.2.3.3 Lymphatic endothelial cell seeding in lumens  

After incubation, a small drop of media (5 μL) was added to the input port under sterile conditions. 

To remove the PDMS rod, the rod was pulled through the output port using a sterilized tweezers, 

leaving a hollow lumen filled up with media within the collagen matrix. All fluid handling 

procedures were conducted with standard pipettes, uniquely enabled by passive pumping[128]. 

Lymphatic endothelial cells (HLECs) were trypsinized with 0.05% Trypsin-EDTA (ThermoFisher 

Scientific, 25300062), counted, resuspended in experimental media at 20,000 cells/μL and seeded 

into the lumens (4 µL per lumen). HLEC-filled lumens were incubated at 37oC for 2 h to allow for 

cell attachment, flipping devices every 25 min to ensure homogeneous cell coverage of the lumen 

wall. After 2 hours, lumens were supplemented with 10 μL of experimental media and cultured 

overnight at 37oC. Cultured vessel media was refreshed twice a day by flowing experimental media 

three times through the lumen to remove dead cells.  

Lymphatic Vessels 

monocultures

Lymphatic Vessels 

co-cultures

Final collagen I density (mg/mL) 3 6 3 6

Collagen gela (µL) 80 80 80 80

5x PBS (µL) 20 20 20 20

0.5 M NaOH (µL) 3 3 3 3

Dilutions to get to the final collagen I density:

1 mg/mL Fibrinogenb (µL) 14.4 7.2 14.4 7.2

30 µg/mL Fibronectinc 8.6 4.3 8.6 4.3

250 cells/µL Cell suspensiond --- --- 23.9 12

Experimental media 172.6 36.4 148.7 24.4

Total volume 298.6 µL 150.9 µL 298.6 µL 150.9 µL 

aStock concentration of 10.76 mg/mL

bStock concentration of 20 mg/mL
cStock concentration of 1 mg/mL

dInitial concentration 3,000 cells/µL

Table S1. Recipes for different collagen gel densities and cultures conditions
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3.2.4 Immunofluorescence staining and imaging 

During immunofluorescence staining, cells were washed with PBS for 30 minutes between each 

step. Unless specified otherwise, steps took place at room temperature. Washing buffer (0.1% 

PBS-Tween 80 (Sigma-Aldrich, P1754) and blocking buffer (3% Bovine Serum Albumin (BSA, 

Sigma-Aldrich, A9056) in 0.1% PBS-Tween 80) were made in advance and stored at 4o C until 

use. Cells were fixed with 4% paraformaldehyde (PFA) (EMScience, 15700) for 15 min, then 

incubated with 0.2% Triton® X-100 (MP Biomedicals, 807426) for 30 min for permeabilization. 

Finally, vessels were incubated with 10 µL of blocking buffer at 4oC overnight.  

 

Primary antibodies were diluted to desired concentrations with staining buffer (blocking 

buffer with 1% PBS-Tween 80 at 10:1 v/v). Vessels were incubated with primary antibodies at 

4oC overnight (Table 3.2). Then, vessels were incubated with the secondary antibodies diluted 

using staining buffer supplemented with 10% goat serum to reduce unspecific binding for 2 hours. 

Stained vessels were washed over two days with the washing buffer and stored in sterile PBS until 

imaging. Texas Red-X Phalloidin (ThermoFisher Scientific, T7471) and DAPI (ThermoFisher 

Scientific, D3571) were used to stain actin cytoskeleton and nuclei, respectively. Fluorescent 

images were acquired at 10X using a Nikon TI® Eclipse inverted microscope (Melville, New 

York) and processed using the National Institutes of Health ImageJ software. Confocal images 

were acquired using a Leica SP8 3X STED Super-resolution microscope (Wetzlar, Germany) in 

the UW-Madison Optical Imaging Core. 
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Table 3.2. Primary and secondary antibodies used for immunofluorescent staining. 

 

3.2.5 Matrix visualization by SHG imaging  

SHG images were taken on a custom-built inverted multiphoton microscope (Bruker Fluorescence 

Microscopy, Middleton, WI), as described previously [187]. Briefly, the system consists of a 

titanium:sapphire laser (Spectra Physics, Insight DS-Dual), an inverted microscope (Nikon, 

Eclipse Ti), and a 40x water immersion (1.15NA, Nikon) objective. SHG images were taken using 

an excitation wavelength of 890 nm, an emission bandpass filter of 440/80 nm, and a GaAsP 

photomultiplier tube (H7422P-40, Hamamatsu).  

 

3.2.6 Collagen fiber quantification 

SHG images of low- and high-density collagen matrices were analyzed using CT-FIRE V1.3 

Beta2, an open source image processing program developed by the Laboratory for Optical and 

Computational Instrumentation (https://loci.wisc.edu/software/ctfirev1.3, University of 

Wisconsin-Madison).  As per instructions in the CT-FIRE manual, the count and width of collagen 

fibers were measured for three separate field of views per device (i.e. top, middle, and bottom 

Table S2. Primary and secondary antibodies used for immunofluorescent staining. 
Primary antibody Reference code Stock conc. 

(mg/mL) 
Working conc. 

(µg/mL) 
Dilution 

CD31 ab9498 (Abcam) N/A - 1:50 

PROX-1 PA5-11899 (Thermo 
Fisher Scientific) 0.5 mg/mL N/A 1:25 

Primary antibody Host species Secondary antibodya Working conc. 
(µg/mL) Dilution 

CD31 mouse Alexa Fluor 647 anti-mouse 10 1:200 
PROX-1 rabbit Alexa Fluor 488 anti-rabbit 10 1:200 

aStock concentration of 2 mg/mL. Goat source. 
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planes of the device). The average fiber parameter per device was calculated as the average value 

of the three planes. 

3.2.7 Fluorescent image quantification 

For all images, we conducted a rolling ball background subtraction and a region of interests (ROIs) 

was drawn over the lumens in one Z-plane. The ROI dimension and background subtraction was 

kept constant throughout a dataset. To quantify actin stress fibers, we measured the percentage of 

F-actin covered area within the ROI. To count total Ki67 positive nuclei, we counted all maxima 

within the ROI defined by a set threshold. To evaluate the percentage of Ki67 positive cells, the 

number of Ki67 positive nuclei was divided by the total number of nuclei for each lumen. To 

quantify vessel-tumor interactions throughout the whole vessel, a projection of every five Z-planes 

from each Z-stack image was performed. In each X-projection, cancer cells in contact or within 

the lymphatic vessel were quantified.  

 

3.2.8 Dextran diffusion assay 

The permeability of the lymphatic vessels was measured by dextran diffusion assays using Texas 

Red dextran (70kDa, ThermoFisher Scientific, D1830) prepared in PBS to 1 µM. For each 

replicate, 3 µL of dextran solution was added to the vessel such that fluid was flush with the lip of 

the ports to minimize flow from a pressure head. Diffusion was measured over 15 minutes per 

vessel. Permeability coefficients were calculated using equation 1[123]: 

P = (1/Io)[(If – Io)/(tf – to)](D / 4), Eq. 1 

where Io is the total initial intensity outside the vessel, If is the total intensity outside the vessel at 

15 minutes, to is the initial time point, tf is the final time point of 15 minutes, and D is vessel 
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diameter. All vessels were imaged with the Nikon TI® Eclipse inverted microscope (Melville, 

New York), and maintained at 37 oC and 5% CO2 by a stage-top incubator (Okolab,Italy).  

 

3.2.9 Targeted blocking and exogenous IL-6 treatment 

Anti-IL-6R antibody (Abcam, ab47215) was used to inhibit IL-6/IL-6R signaling. Mouse IgG1 

antibody (BioLegend, 400102) was used as an isotype control for the IL-6/IL-6R inhibition 

experiments. To block vessels cultured in the high-density matrix, vessels were treated with anti-

IL-6R antibody (25 µg/mL) from day 2 to day 5 and used for dextran diffusion analysis on day 5. 

To stimulate vessels cultured in the low-density matrix, IL-6 solutions were prepared to either 5 

ng/mL or 30 ng/mL in EGM-2 MV media. Vessels were supplemented with the IL-6 solutions on 

day 2 and refreshed daily until day 5 for dextran diffusion analysis.  

 

3.2.10 Cytokine secretion assay 

Multiplexed protein secretion analysis was performed on HLEC cultured vessels, HLEC vessels 

co-cultured with MDA-MB-231s and MDA-MB-231s monocultures for both types of matrix 

densities. The analysis was performed using the Magnetic Bead-Based Multiplex ELISA system 

MAGPIX (Luminex Corporation) with the Milliplex human cytokine panel bead kit (R&D 

Systems, LXSAHM-10) as described elsewhere[113]. Collected media (20 µL per lumen) was 

combined to increase the sample volume in each cultured condition. Briefly, media collection was 

performed on days 3 and 4 from six cultured vessels pooled per cultured condition, yielding 240 

µL in total. Sample preparation and detection was performed following the manufacturer’s 

protocol. Data were collected with xPonent software (Luminex), and soluble factor concentrations 
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in media were calculated using mean fluorescence intensities (MFI) by creating a standard curve 

for each analyte using a five-parameter logistic (5-PL) curve fit. 

 

 

3.2.11 Statistical analysis 

All the experiments were repeated at least three times as independent biological repeats.  All results 

are presented as the mean ± one standard deviation of the mean. Data were analyzed using 

GraphPad Prism 7 (GraphPad Software, La Jolla, CA) and statistical significance was set at p < 

0.05. One-to-one comparisons were performed with an unpaired Student t-test with Welch's 

correction (if SD were not the same) after the normal distribution was proved via Shapiro-Wilk 

test. If the normality test was not passed, a non-parametric test was performed (Mann-Whitney 

test) (Fig. 2,3, 4 and 5). Multiple comparisons by One-way ANOVA were corrected using the 

Dunnett test and multiple comparisons by 2-way ANOVA were corrected with a Sidak’s test (Fig. 

5C).  

 

3.3 Results  

3.3.1 3D organotypic lymphatic vessel model generation 

To investigate how ECM density affects LV function, we adapted a recently published and 

validated in vitro model that recreates a physiological lymphatic microenvironment, such as lumen 

structure and matrix composition[188], as illustrated in Fig. 3.1 A and Fig 3.1 B. LVs were 

generated within a 3 mg/mL collagen hydrogel by lining the lumen structure with primary human 

lymphatic endothelial cells (HLECs) (Fig. 3.1 C). After 5 days, LVs developed a confluent 

endothelial monolayer visualized via CD31 staining (Fig. 3.1 D) with evidence of evident tubular 

structure in cross-section (Fig. 3.1 E), demonstrating generation of a 3D tubular lymphatic vessel 
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(Fig. 3.1 F). To characterize LV phenotype, the expression of prospero homeobox protein 1 

(PROX-1), a protein that co-localizes with the nucleus of lymphatic endothelial cells[189], was 

assessed and confirmed by immunofluorescent staining (Fig. 3.1 G). We previously demonstrated 

that HLECs also express lymphatic endothelial hyaluronan receptor 1 and podoplanin[184], which 

are markers specific to lymphatic ECs.  
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Figure 3.1. Organotypic lymphatic vessel model. A) Top view of assembled microdevice (left) with cross-sectional 
view of the device showing the lymphatic endothelial cells lining the lumen structure within a collagen matrix (right). 
B) Representative image of microdevice array. Microdevices were filled with a blue dye for visualization purposes. 
C) Microdevice design and fabrication scheme. 1)The device consists of two PDMS layers bonded together with a 
suspended PDMS rod. The PDMS layers defined the microchamber, while the rod allows for the generation of the 
lumen structure. The top layer of the microdevice contains ports for fluid handling and a cover for the microchamber. 
For device operation, after plasma bonding to a glass-bottom dish: 2) the microchamber is filled with a hydrogel 
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solution and left to polymerize, 3) lumen rod is removed exposing an empty lumen within the hydrogel, 4) cells are 
seeded into the lumen with media and cultured at 37°C. D) Top view of a lymphatic vessel stained with a classical 
endothelial cell junction marker, cluster of differentiation 31 (CD31), and nuclei. E) Orthogonal view of the vessel. 
Scale bar= 140 µm F) Confocal image of the lymphatic vessel showing 3D tubular structure. G) Top view of cultured 
vessels stained with a lymphatic-specific marker, prospero homeobox protein 1 (PROX-1), and F-actin. Scale bar = 
70 µm.   
 

3.3.2 Formation and characterization of low-density and high-density collagen matrices 

Using the LV model, we sought to investigate how LVs are affected by ECM density. To do so, 

we used a low-density (LD) and a high-density (HD) collagen I matrix. The selected collagen 

concentration of 3 mg/mL (LD) is representative of healthy normal tissue such as the mammary 

gland, whereas the 6 mg/mL (HD) collagen gel mimics the tissue stiffening occurring in solid 

tumors [44,190,191]. Thus, we first aimed to elucidate the differences in matrix architecture in the 

LD and HD matrices using Second Harmonic Generation (SHG) to visualize and analyze collagen 

fibers (Fig. 3.2 A). CT-FIRE was used to compare the average fiber count and average fiber width 

in the LD and HD matrices[192]. The average fiber count was 3638±172.2 for LD and 3759±161.4 

for HD, revealing that the number of collagen fibers per field of view is similar for both matrices 

(Fig. 3.2 B). However, the average fiber width was significantly different for HD at 0.4583± 

0.008 µm as compared to 0.411± 0.009 µm for LD (Fig. 3.2 C). Overall, we found that changes in 

ECM collagen density alters matrix architecture resulting in higher fiber width. 
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Figure 3.2. Extracellular matrix characterization of a low-density (LD) and high-density (HD) collagen 
hydrogel. A) Second Harmonic Generation images of the collagen type I fibers for the low-density (LD) and high-
density (HD) matrices in the microdevice, next to the lumen structure. B) Average fiber count for LD and HD matrices. 
C) Average fiber width for LD and HD matrices. Fiber quantification was performed in one optical plane. Bars 
represent average ± SD of n=3 independent replicates. **p ≤ 0.01 
 
 

3.3.3 Influence of low-density and high-density collagen matrices on lymphatic vessel 

phenotype 

To determine the effect of LD and HD collagen on LV phenotype, we seeded HLEC lumens within 

LD and HD collagen matrices (Fig. 3.3 A), and assessed their phenotype at days 1, 3 and 5. Bright-

field images of LVs cultured after one day revealed that HLECs attached to the lumen wall equally 

in both matrices (Fig. 3.3 B), which was also confirmed via nuclei count (Fig. 3.3 C-top left), 

revealing no significant differences in the number of cells attached to the lumen on day one as 

shown by the average nuclei count per area on day 1 (Fig. 3.3 D). However, the average nuclei 

count significantly decreased in the HD matrix as compared to the LD matrix for day3 and day 5 
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(Fig. 3.3 D). In addition, LVs were stained for F-actin at day 5. Interestingly, there were noticeable 

morphological changes to the lymphatic endothelium in the HD matrix, such as cell detachment, 

as compared to the lymphatic endothelium in the LD matrix (Fig. 3.3 C- bottom right). As 

previously described by us and others, cell detachment was quantified by measuring the cell 

coverage area of the lumen, in addition to the average nuclei count per area[193,194]. Cell 

coverage area significantly decreased in HD matrices as compared to LD matrices (Fig 3.3 E). 

These observations are consistent with previous reports that point to the capacities of the ECM to 

modulate capillary network formation and structural integrity of endothelial vessels[195]. 

In addition, previous studies have demonstrated that endothelial cell proliferation increases 

in stiffer matrices as compared to more compliant matrices[196]. Therefore, we hypothesized that 

LVs cultured in HD matrices would be more proliferative than LVs cultured in LD matrices. To 

evaluate cell proliferation, LVs were stained for the cell proliferation marker Ki67 at days 1, 3 and 

5. The percentage of Ki67 positive over total nuclei (DAPI) was quantified using ImageJ[197] and 

found to be similar at day 1, revealing no differences in LEC proliferation (Fig. 3.3 F). However, 

the proliferation rate significantly increased in the HD matrix as compared to the LD matrix for 

day3 and day 5 (Fig. 3.3 F). 

Similarly, previous studies have suggested that increases in matrix stiffness, which are 

associated with increases in matrix density, alters EC-EC adhesion and EC-ECM adhesion by 

increasing cell  contractility and actin stress fiber formation [198,199]. Interestingly, in our model, 

we observed more actin stress fibers in HD matrices (Fig. 3.3 G). The percentage of actin stress 

fibers was quantified as 18.9% ± 2.7% for LD matrices and 30% ± 6.6% for HD matrices, 

indicating a significant increase in actin stress fiber formation per vessel area in the HD matrices.  
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Figure 3.3. Influence of ECM density in lymphatic vessels morphology, cell coverage, growth and f-actin stress 
fibers. A) Schematic of the culture conditions and experiment timeline. B) Brightfield images of a lymphatic vessel 
cultured in LD and HD collagen matrices on day 1. Scale bar = 200 µm C) Images of lymphatic endothelial cells 
nuclei cultured in LD and HD matrices at day 1(top left), day 3 (top right) and day 5 (bottom left) with F-actin in red 
and nuclei in blue (bottom right). Dashed outline indicates endothelial cell detachment. D)  Nuclei count of cells 
conforming the lymphatic vessels per area at day 1, 3 and 5. E) Lymphatic endothelial cell coverage area for each 
lumen cultured in LD and HD collagen matrices at day 5.  F) % Ki67 positive cells (proliferation) per lumen area in 
lymphatic vessels cultured in LD and HD matrices at day 1, 3 and 5. G) % F-actin stress fibers per lumen area for 
vessels cultured in LD and HD collagen matrices at day 5. Bars represent average ± SEM, n at least 4 individual 
vessels. Scale bars = 140 µm. *p ≤ 0.05, **p ≤ 0.01, ***p ≤ 0.001, ****p ≤ 0.0001. 
 
 

3.3.4 Dense collagen matrix promotes pro-inflammatory cytokine secretion and disrupts 

barrier function in LVs  

After studying the morphological changes of LVs cultured in LD and HD matrices, we focused on 

studying the secretory profiles of cultured lumens within the different matrices (as shown in Fig. 

3.4 A) using a pre-made bead-based ELISA panel (Luminex MAGPIX), from which all factors 

were within detectable ranges. LVs cultured in HD matrices showed an increase in most of the 
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chemokines and pro-inflammatory cytokines (Fig. 3.4 B) such as IL-1b (1.4-fold) and IL-8 (1.7-

fold), as compared to vessels cultured in LD matrices. The chemokine CXCL12 was not detectable 

in LD matrices but it was detectable in HD matrices, showing an increase in secretion in HD 

matrices. In addition, the specific inflammatory cytokines that significantly increased in HD 

matrices were TNF-a (2-fold), IL-1a (1.8-fold), CCL19 (2.1-fold), CCL21(1.6-fold), CX3CL1 

(1.6-fold) and the most strongly upregulated cytokine was IL-6, which increased 3-fold in HD 

matrices. IL-6 is of interest given that accumulating evidence establishes IL-6 as a key player of 

the tumor microenvironment which critically regulates endothelial cell dysfunction and tumor 

progression[200–202].  

To further evaluate the change in IL-6 concentration observed in LD and HD matrices, we 

sought to investigate if there is a relationship between ECM density and IL-6 secretion. For this, 

we cultured the LVs in two additional matrix densities, covering a range of collagen concentrations 

between the LD and HD matrices (i.e. 4 mg/mL and 5 mg/mL matrix). Interestingly, we observed 

an increase of IL-6 secretion in an ECM density-dependent manner (Fig. 3.4 C). Specifically, 

similar levels of IL-6 were observed in the LD (3 mg/mL) and 4 mg/mL matrices, whereas there 

was a significant increase in IL-6 secretion in the 5 mg/mL and HD (6mg/mL) matrices as 

compared to a LD matrix. These results confirm that IL-6 secretion increases in an ECM dependent 

manner. In the literature, IL-6 is known to be released from endothelial cells in inflammatory 

states, which can then alter endothelial permeability via autocrine and paracrine 

interactions[203,204]. Therefore, we hypothesized that LV culture in HD matrices have an 

increase in vessel permeability as a result of the increase in IL-6 secretion.  
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Figure 3.4. Effect of ECM density in lymphatic vessel cytokine secretion. A) Schematic of the culture conditions 
and experimental timeline. B) Pro-inflammatory cytokine and chemokine concentrations for vessels cultured in LD 
and HD collagen matrix. C) IL-6 cytokine concentration in a range of collagen I density matrices (3, 4, 5 and 6 
mg/mL). (n =4, pooled samples over 2 days from at least 6 lumens). *p ≤ 0.05, **p ≤ 0.01, ****p ≤ 0.0001. 

To test our hypothesis, we assessed the barrier function of cultured vessels in LD and HD 

matrices by diffusion assays using 70 kDa-Texas Red dextran (as shown by the schematic in Figure 

3.5 A), which represents the regulation of diffusion for biomolecules in the size range of serum 

albumin, ~67 kDa. Specifically, the solution of dextran was perfused through the lumen and 

tracked using time-lapse fluorescent microscopy for 15 minutes. In the HD matrix, localized 

leakage was observed at time 0. Representative image of the LD matrix (left image) and HD matrix 

(right image) after 15 min of dextran perfusion shows more dextran outside of the vessel wall for 

the HD matrix (Fig. 3.5 B). As shown by the representative curve in the normalized dextran 

intensity graph, LVs cultured in HD collagen matrices have higher intensity values outside of the 

vessel wall through the matrix as compared to the LD collagen matrices (Fig. 3.5 C). These results 

indicate that LVs cultured in HD matrices are leakier than those cultured in LD matrices. We also 
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calculated the permeability coefficient of the vessels which revealed that in HD density matrices 

LVs were 1.4-fold leakier than LVs cultured in LD matrices (Fig. 3.5 D). However, the increase 

in permeability in HD vessels was significantly reduced to the level of LD vessels, by treatment 

with an IL-6 receptor blocking antibody, IL-6R, (25 μg/mL) (Fig. 3.5 E). In addition, blocking 

with an IL-6R antibody significantly reduced vessel permeability compared to the control (IgG 

blocking), while the permeability values for the control and HD matrix were not significantly 

different. To confirm that IL-6 was responsible for the decrease in barrier function, we added 

exogenous IL-6 (5 ng/mL and 30 ng/mL) to the vessels cultured in the LD matrix. The addition of 

exogenous IL-6 led to a significant increase in permeability at 30 ng/mL, increasing permeability 

to a level equivalent to vessels cultured in HD matrices, 1.5·10-5 ± 0.3·10-5 cm/s (Fig. 3.5 F) and 

leading to a significant increase in vessel permeability as compared to the LD condition. However, 

treatment with 5 ng/mL of IL-6 did not result in increased vessel permeability, 0.7·10-5 ± 0.1·10-

5cm/s (Fig. 3.5 F). Overall, our results show that HD matrices promote an activated vessel 

phenotype in LVs by inducing the secretion of pro-inflammatory cytokines such as IL-6. Overall, 

IL-6 drives the decrease in LV barrier function in response to HD conditions. Additionally, our 

results demonstrate the potential of therapeutic treatment using anti-IL-6R to rescue LV barrier 

function. Taken together, the increase in secretion of pro-inflammatory cytokines and concurrent 

increase in vessel leakiness in dense matrices suggests that LVs are conditioned by the increased 

ECM density, which promotes the activation of endothelial cells and the development of a leaky 

vessel phenotype. 
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Figure 3.5. Effect of ECM density in lymphatic vessel barrier function. A) Schematic of the culture conditions 
and experimental timeline. B) Representative image of diffusion assay in vessels cultured in LD and HD matrices at 
t=15 min. Dashed lines indicate lymphatic vessel wall C) Normalized dextran intensity profile for vessels cultured in 
LD and HD matrices. D-F) Quantification of solute permeation for vessels cultured in LD and HD matrices. D) Vessel 
permeability in LD and HD matrices (baseline levels). E) Vessel permeability in HD matrices treated with IgG1 
(control) or anti-IL-6R (blocking treatment) F) Vessel permeability in LD matrices treated with IL-6 (5 mg/mL and 
30 ng/mL). Bars represent average ± SD, n at least 3 individual vessels. *p ≤ 0.05, ***p ≤ 0.001, ****p ≤ 0.0001. 
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3.3.5 Lymphatic vessel co-culture with cancer cells in dense matrix enhances vessel 

dysfunction  

Next, we investigated the interactions of breast cancer cells and LVs in the LD and HD matrices. 

Specifically, triple negative MDA-MB-231cancer cells expressing GFP were embedded in the LD 

or HD matrix on day zero and co-cultured with LVs for five days, referred to as 231-lymphatic co-

cultures (schematic in Figure 3.6 A). After five days of culture, phenotype assessment of co-

cultured vessels in LD and HD collagen matrices was performed by staining the vessels for CD31, 

F-actin, and nuclei to identify all cells whereas cancer cells were identified by GFP. In HD matrix 

conditions, there was an increase in endothelial cell detachment compared to LVs cultured in LD 

matrices, similar to our LV monocultures (Fig. 3.6 B). Our previous permeability data (Fig. 3.5 D-

F) suggested that LV barrier dysfunction is caused by IL-6. Therefore, to evaluate the levels of IL-

6 in co-culture conditions, conditioned media from the 231-lymphatic co-cultures and 

monocultures in LD and HD was collected on days 3 and 4 for the conditions shown in the 

schematic and legend (Fig. 3.6 C). Then, the concentration of IL-6 was determined by MAGPIX 

analysis (Figure 3.6 D). In the LD matrix, IL-6 concentration significantly increased in the LV 

monoculture as compared to the 231-lymphatic co-culture. However, in the HD matrix, similar 

concentrations of IL-6 were found in LV monoculture as compared to 231-lymphatic co-cultures. 

Interestingly, IL-6 concentration was significantly higher in 231-lymphatic co-cultures in HD 

matrices as compared to the LV monocultures and 231-lymphatic co-cultures in LD matrices.  

Then, we sought to compare vessel permeability in 231-lymphatic co-cultures with LV 

monocultures. Therefore, we analyzed changes in LV barrier function by measuring the 

permeability coefficient as described previously. The permeability coefficient of the 231-

lymphatic co-cultures in LD was 0.7 ·10-5 ± 0.2 ·10-5 cm/s and 1.3 ·10-5 ± 0.2·10-5 cm/s for HD, 
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revealing that in HD matrices LVs were 1.9-fold leakier (Fig. 3.6 E). Interestingly, the permeability 

values in the co-cultures are lower for both matrices as compared to the permeability values for 

the LVs monocultures (Fig. 3.5 D). Based on the results described in the previous figure, we 

hypothesized that IL-6 is responsible for decreasing LVs barrier capacity in the 231-lymphatic co-

cultures within dense matrices. To test this hypothesis, co-cultures in dense matrices were treated 

with anti-IL-6R (25 μg/mL) antibody that was previously described for the LV monocultures. 

Compared to the 231-lymphatic co-cultured in HD matrices, the increase in vessel permeability 

was significantly reduced to 1.0·10-5 ± 0.09 ·10-5 cm/s by supplementing the anti-IL6R to the 

media (Fig. 3.6 E)  while the control (IgG blocking) did not change (1.2 ·10-5 ± 0.08·10-5 cm/s). 

Overall, these results indicate that IL-6 signaling through IL-6R was likely a primary mediator of 

LV barrier function. 
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Figure 3.6. Lymphatic vessel co-culture with metastatic breast cancer cells (MDA-MB-231) in LD and HD 
matrices. A) Schematic of the experimental conditions and timeline. B) Top-view and cross-section view of 
immunofluorescent images of lymphatic vessels co-cultured with metastatic breast cancer cells in LD (left) and HD 
(right) matrices (F-actin in purple, CD31 in red, MDA-MB-231-GFP in green and nuclei in blue. Dashed outlines 
indicate endothelial cell detachment in the vessel wall.  C) Legend and cross-section view schematic of conditions. 
D) Co-cultures IL-6 protein secretion levels in LD and HD matrices. E) Quantification of solute permeation for 
lymphatic lumens in LD and HD matrices and for lymphatic lumens in LD and HD matrices treated with anti-IgG1 
(control) and anti-IL-6R (blocking treatment). Bars represent average ± SD, n at least 3 individual vessels. (n =4, 
pooled samples over 2 days from at least 6 lumens). Scale bar = 140 µm. *p ≤ 0.05, ***p ≤ 0.001, ****p ≤ 0.0001. 
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3.4 Discussion 

Despite the crucial connection between ECM density and lymphatic metastasis in breast cancer, 

little is known about how ECM density affects LV function. Elucidating the mechanisms by which 

a dense ECM mediates lymphatic metastasis can help identify new therapeutic targets and, in turn, 

improve patient outcome. To this end, we applied a LV model recently developed and 

characterized by our lab[184]. This microfluidic model is capable of reproducing LV hallmarks, 

such as the expression of lymphatic specific markers, characteristic cytokine profiles, leakier 

barrier function than blood vessels, and increased drainage capacity[205]. These characteristics 

make our model representative of in vivo LVs with the additional capability to model different 

microenvironment conditions[184].  

We adapted the LV model to study the effect of the density of the ECM in conditions 

resembling normal and cancerous breast tissue. To this end, we included cancer cells in the model 

to study the effects of high/low matrix density on LV and cancer cell crosstalk.  To the authors’ 

knowledge, this is the first LV model that incorporates the lumen structure, matrix proteins, and 

cancer cells into a single system. Our LV model offers unique capabilities for studying the 

influence of ECM density in LV morphology, barrier function, cytokine secretion and tumor 

crosstalk. In the literature, a range of 1 mg/mL to 6 mg/mL collagen matrices have been used and 

correlated to tumor cell behavior in vitro (i.e.  low density produced a  normal phenotype, whereas 

high density correlated with a tumor-like phenotype)[45,191,206].  In this work, we chose to study 

the effect of   ECM density on LV function by using two collagen densities: low density (3 mg/mL, 

abbreviated LD) and high density (6 mg/mL, abbreviated HD). We found that a higher collagen 

density produces significantly thicker collagen fibers, which is observed in breast cancerous tissues 

and contributes to enhanced mechanical rigidity, leading to tumor progression[41,207]. Therefore, 
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the selected matrices recapitulate the microenvironment found in vivo. With these matrices we 

sought to investigate the effects of collagen density in LV morphology, changes in actin stress 

fibers and cell proliferation. After one day lymphatic cells had similar nuclei counts and 

proliferation levels on both matrices. However, after 3 days of culture, we observed a significant 

decrease in nuclei count in the HD matrices and a significant increase in cell proliferation, 

suggesting that dense matrices can condition vessel behavior. Although the similar trend was 

observed on day 5, compared to day 3, there was an overall increase in nuclei count in both 

matrices but a decrease in cell proliferation. These results suggest the vessel is stabilizing at day 

5, hence, the decrease in cell proliferation. In addition, we observe a significant decrease in cell 

coverage area and a significant increase in F-actin stress fibers at day 5, revealing that LVs respond 

to dense collagen matrices by going through vascular damage which results in poor endothelial 

integrity. Therefore, our results are consistent with the vascular damage observed in vivo. 

Specifically, the increase in cell proliferation that is observed in our model in the HD matrices is 

described by one of the repair mechanisms of vascular damage where adjacent mature endothelial 

cells can replicate locally and replace the lost and damaged cells[208]. This local repair mechanism 

is usually sufficient to maintain vascular integrity in healthy conditions. However, in disease states, 

loss of endothelial integrity develops as observed in our HD matrices. Although we did not explore 

this mechanism in more detail, it is important to note that in vivo there is another repair mechanism 

that relies in circulating endothelial progenitor cells for the maintenance and repair of the 

endothelium[209,210]. Consequently, the phenotype that we observe in vitro could potentially be 

mitigated by the addition of endothelial progenitor cells.  
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Another characteristic of vascular damage described in the literature is the activation and 

dysfunction of endothelial cells. The activation of endothelial cells represents the switch from a 

quiescent phenotype toward one that involves a response from the endothelium, resulting in the 

expression of chemokines, cytokines and adhesion molecules. Then, the activation of endothelial 

cells progress to endothelial cell detachment, leading to loss of endothelial integrity[208,211,212]. 

Therefore, to examine the activation of LV, we assessed the secretion of inflammatory cytokines 

and chemokines of cultured lumens within the different matrices by measuring the secreted factors 

in the culture media. Interestingly, we found a significant increase in most of the cytokines and 

chemokines analyzed. We also identified a significant increase in IL-6 secretion in LVs cultured 

in HD matrices as compared to LD matrices and we found that IL-6 secretion increases in a density 

dependent manner as we observed the increase in the 5mg/mL and 6 mg/mL (HD) matrices but 

not the 3mg/mL (LD) or 4 mg/mL matrices. Hence, these results indicate IL-6 increases in 

response of the increase in ECM density and demonstrate that LV respond to changes in the 

surrounding ECM density, suggesting that in dense ECM conditions endothelial cells are being 

activated.  

Previous studies have shown that the increase in pro-inflammatory cytokine secretion 

results in endothelial barrier dysfunction[152,213,214]. In particular, endothelial cells have been 

shown to secrete IL-6 in inflammatory states (e.g. vascular damage), thereby altering vessel 

permeability[203,204]. For this reason, we next examined the permeability and barrier function of 

the LV in LD and HD matrices through diffusion assays using 70 kDa-Texas Red dextran. We 

determined that LV cultured in HD matrices were significantly more permeable than LV cultured 

in LD matrices, which has implications in the context of cancer metastasis. Based on the literature 

and our results, we hypothesized that the increase in permeability was a result of the increase in 
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IL-6 secretion which in turn led to an increase in cell actin stress fibers and cell detachment, 

resulting in gaps in the LV.  

Previous studies have shown that the secretion of IL-6, a major pro-inflammatory cytokine, 

has been implicated in the regulation of LV barrier function in vitro[152,215] and in promoting 

breast cancer[78,216–219]. In our model, blocking the IL-6 receptor mitigated vessel leakiness in 

HD, whereas leakiness was induced in LV cultured in LD matrices after treatment with IL-6. Thus, 

these results confirm that IL-6 is responsible for increasing LV permeability. Interestingly, 

treatment with 5 ng/mL of IL-6 did not induce leakiness in the LV cultured in LD matrices. This 

could indicate that a constant and localized source of IL-6 might be necessary to induce vessel 

permeability in an autocrine manner. The mitigation of HD-induced LV leakiness may have 

implications in breast cancer metastasis by reducing the potential of intravasation events through 

the stabilization of the endothelium. In addition to IL-6, the overexpression of chemokines that 

serve as chemotactic signals for cancer cells (e.g. CX3CL1, CXCL12) have previously been found 

to be secreted by lymphatic vessels, having an important contribution to cancer metastasis[220–

224]. In our system we observed that an increased ECM density results in an increase in cytokine 

secretions, which in turn disrupted the endothelial barrier.  

As for cancer cells, breast cancer cells have been shown to play a role in the conditioning 

of the lymphatic vasculature[74,225]. For example, a study reported that LECs support tumor 

growth in breast cancer[73], demonstrating  important interplay between lymphatic cells and breast 

cancer cells. To our knowledge, no study has investigated the effect of matrix density in a 

microenvironment that incorporates both LVs and cancer cells, despite the known correlation 

between dense matrices and lymph node metastasis in breast cancer[82]. Therefore, we leveraged 
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our model to investigate the effect of the ECM density in breast cancer cell crosstalk with LVs, 

where we also found a significant increase in IL-6 secretion in HD matrices. Although IL-6 

secretion increased in both matrices, we observed disruption of the LV in dense matrices only, 

which illustrates the importance of the matrix and cellular composition in organotypic models of 

cancer. Despite the apparent presence of gaps in the LVs co-cultured with breast cancer cells in 

dense matrices, we observed lower permeability coefficient levels as compared to monocultures. 

This discrepancy could be due to matrix remodeling exerted by the breast cancer cells. For 

example, the density of the matrix increases due to cell proliferation and reorganization of the 

collagen fibers by the cells, which may limit the diffusion of the dextran molecule through the 

matrix[226]. Another explanation for this discrepancy could be due to the crosstalk between the 

LVs and cancer cells. It is also important to note that the increase in IL-6 secretion in the co-culture 

within a LD matrix did not result in a permeability increase. Interestingly, the increase in IL-6 in 

LD matrix co-cultures did not reach the levels of LV monocultures cultured in HD matrices, 

suggesting that there might be a threshold of IL-6 that produces LV barrier destabilization.  

There is ample literature demonstrating that IL-6 also has a role in in breast cancer cell 

migration[117,183], growth and metastasis[75]. Specifically, a study demonstrated that breast 

cancer cells secrete IL-6 and educate LECs in pre-metastatic organs, facilitating breast cancer 

metastasis[72] and revealing the significance of IL-6 as a therapeutic target in cancer therapy. 

Therefore, the 231-lymphatic co-culture model allowed us to test the effect of IL-6 receptor 

blocking, a potential therapeutic target, to mitigate LVs leakiness in the HD matrix. Although the 

increase in permeability was significantly reduced by supplementing the anti-IL-6R to the media, 

the effect was lower than in the LV monocultures and the permeability levels did not return to 

baseline levels. These results suggest that there may be other factors besides cancer cells and IL-6 
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that contribute to the permeability of the vessels, which is an important factor that allows 

metastasis. Altogether, our findings demonstrate the usefulness of our model to dissect the 

contribution of different microenvironment components (e.g. ECM density, cancer cells) on LV 

biology.  

Our microfluidic in vitro model allowed us to mimic important aspects of the breast tumor 

microenvironment by including only a few key players in the tumor microenvironment. Future 

experiments utilizing this model could incorporate stromal cells such as fibroblasts, which are 

known to influence tumor behavior and LV function. The small number of cells required in our 

model allows us the potential to use primary patient cells to test translational relevance of our 

system. In the future, it would be interesting to decouple the effects of matrix density and stiffness 

on LVs. Taken together, these results demonstrated the capability of our model to investigate the 

effects of ECM density on LV physiology and tumor-lymphatic crosstalk, which can contribute to 

the understanding of breast cancer metastasis in the context of ECM mechanics and demonstrates 

the potential of the model for therapeutic assessment.  

In this paper, we elucidated how a dense ECM matrix conditions the lymphatic 

vasculature toward an activated phenotype through the increase in secretion of chemokines 

and pro-inflammatory cytokines such as IL-6. Furthermore, we demonstrated how IL-6 

secretion exacerbated vessel leakiness in LV monoculture and co-culture with breast cancer 

cells, both of which were mitigated by blocking the IL-6R. Therefore, our results provide 

a possible therapeutic target to inhibit breast cancer metastasis by modulating the lymphatic 

vasculature.    
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Chapter 4: Primary Head and Neck Cancer Associated Fibroblasts 
Promote Lymphangiogenesis in a Lymphatic Organotypic Model3 

 

Abstract 

Head and neck cancer cell metastasis to lymph nodes via lymphatic vessels is a major determining 

factor of patient outcome. In this type of cancer, a high intratumoral lymphatic density and tumor 

lymphangiogenesis has been correlated with lymphatic metastasis. Hence, understanding the 

lymphatic-promoting factors that lead to the presence of a positive lymph node (e.g., 

lymphangiogenesis), would be beneficial to improve patient outcomes. Within the primary 

microenvironment, cancer-associated fibroblasts can modulate lymphangiogenesis and its 

presence has been correlated with lymphatic metastasis. Therefore, a better understanding of how 

CAFs can modulate lymphangiogenesis, and in turn lymphatic metastasis is needed. To better 

understand the effect of CAFs in lymphangiogenesis, we used a lymphatic organotypic model to 

investigate lymphatic vessel conditioning (i.e., lymphangiogenesis) by patient-derived CAFs. 

Using CAFs from three different patients, different models were developed, in which CAFs were 

embedded within a 3D matrix surrounding the tubular lymphatic vessel and co-cultured for five 

days. We demonstrated that our model allows the conditioning of the lymphatic vessels by CAFs, 

as we observe that the presence of CAFs induced vessel sprouting, altered vessel permeability and 

angiogenic gene expression profiles. Overall, tumor-induced lymphangiogenesis is a critical 

component in head and neck tumor metastasis and having a better understanding of the pathways 

leading to lymphangiogenesis for each patient could potentially provide a therapeutic target. 

 
3 This chapter has been adapted from the manuscript in preparation: “Primary head and neck cancer 
associated fibroblasts promote lymphangiogenesis in a lymphatic organotypic model.” The manuscript is 
authored by Karina M. Lugo-Cintrón, María Virumbrales-Muñoz, José M. Ayuso, Mouhita Humayun, Max 
M. Gong, Suzanne Ponik, Paul M. Harari and David J. Beebe.  
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4.1 Introduction 

Head and neck squamous cell carcinoma (HNSCC) accounts for 90% of the head and neck cancers 

(HNC), which can be detected at different anatomical sites (e.g., oral cavity and larynx)[227]. In 

the United States, there will be an estimated 50,000 new cases this year, with a mortality rate of 

~20% [1]. Similar to other cancers, distant metastases are a primary cause of death for HNSCC 

patients, where the spread of HNC cells to lymph nodes via lymphatic vessels is a major 

determining factor of patient outcome. Specifically, the presence of cancer cells in a lymph node 

(i.e., a positive lymph node status) is indicative of distant metastasis and has been associated with 

poor patient prognosis and low survival rates[228,229]. Additionally, a high intra-tumoral 

lymphatic density and tumor lymphangiogenesis in the primary tumor has been correlated with 

lymphatic metastasis[50,230]. Therefore, understanding the lymphangiogenic-promoting factors 

that lead to the presence of a positive lymph node (e.g., lymphangiogenesis), would be beneficial 

to improve patient outcomes.  

Lymphangiogenesis is a multi-step mechanism, requiring the proliferation, migration and 

sprouting of lymphatic endothelial cells to generate a new lymphatic vessel[231]. Several in vitro 

and animal studies indicate that lymphangiogenesis signaling cascades from the binding of the 

vascular endothelial growth factor (VEGF) -C/D-  to VEGF receptor (VEGFR)-3 [232]. Recent 

studies have demonstrated the implication of other factors such as cytokines[233], matrix-

metalloproteases (MMPs)[234], interstitial flow[235], extracellular matrix (ECM)[234] and 

changes in cellular metabolism[236,237] in lymphangiogenesis. In addition, during tumor 

progression, cancer cells produce pro-lymphangiogenic growth factors that lead to tumor-induced 

lymphangiogenesis and lymphatic vessel remodeling[66]. Cancer cells can also  promote 

lymphangiogenesis by activating fibroblasts (cancer-associated fibroblasts) to secrete pro-
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angiogenic factors, such as hepatocyte growth factor (HGF) that leads to lymphangiogenesis 

[238,239].  

In HNC, cancer-associated fibroblasts (CAFs) are the most abundant stromal component 

within the tumor microenvironment (TME) [9]. Several in vitro, in vivo and pre-clinical studies 

have demonstrated that CAFs enhance cancer cell proliferation, invasion, progression, stemness 

and metastasis, indicating that CAFs are a major contributor in HNSCC 

metastasis[80,81,240,241]. And, in the context of cancer metastasis, the presence of CAFs is 

correlated with lymphatic metastasis[242,243]. Therefore, to improve HNSCC patient outcomes, 

a better understanding of how CAFs modulate lymphangiogenesis, and in turn lymphatic 

metastasis is needed.  To unravel these mechanisms and determine potential pharmacological 

targets, a model that allows the investigation of tumor-induced lymphangiogenesis within a 

relevant TME would provide more in-depth insight into current knowledge, therefore, advancing 

translational HNSCC research. 

The spectrum of current lymphatic models ranges from 2D/3D in vitro cultures to in vivo 

animal and human subjects[83]. Conventional in vitro cultures offer simplicity and the greatest 

experimental control of parameters and readouts, but do not incorporate physiological components. 

On the other hand, the dynamic nature of animal and human subjects diminishes experimental 

tractability. Microscale organotypic models bridge the gap between these conventional 

approaches, these models are in vitro models that recapitulate in vivo 3D geometries and 

interactions, allowing precise interrogation of microenvironmental conditions. Recently, the use 

of microscale organotypic models has been used to include patient-specific cells, demonstrating a 

viable approach for examining patient-specific gene expression alterations and to examine 

response to anti-angiogenic therapies[97]. Therefore, the use microscale organotypic models 
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would be beneficial to improve the precision medicine approach that takes in consideration how 

patient-specific CAFs induce changes in lymphangiogenesis and angiogenic gene expression.  

 

In this chapter, we developed a lymphatic organotypic co-culture model to investigate 

lymphatic vessel conditioning by HNSCC patient-derived CAFs. For this, patient-derived CAFs 

were successfully isolated from three different HNSCC patients where the CAFs phenotype was 

verified by gene expression analysis. Then, patient-derived CAFs were embedded within a 3D 

matrix and a tubular lymphatic vessel model was co-cultured with CAFs for five days. We 

demonstrated that in our model, lymphatic vessels are conditioned by CAFs as evidenced by 

increased angiogenic sprouting and permeability. Gene expression analysis of lymphatic cells co-

cultured with patient-specific CAFs revealed differential dysregulation of angiogenic genes as 

compared to lymphatic cells in monoculture, with patient-specific profiles unique to each patient. 

Additionally, we found that some of the dysregulations in angiogenic genes are common across 

the different patients. Overall, these results demonstrate the utility of our model for elucidating 

patient-specific mechanisms of tumor-induced lymphangiogenesis and informing relevant 

therapies. 

 

4.2 Materials and Methods 

4.2.1 Head and Neck Cancer Patient Sample Processing 

All patient resection samples were provided by the Translational Science Biocore according to 

University of Wisconsin IRB protocol 2016-0934. Resected samples were maintained in transport 

media (DMEM basal media with gentamycin, amphotericin, and penicillin streptomycin at 1% v/v 

each) prior to processing. Processing of a sample for enzymatic digestion was performed as 
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follows: Samples were cut to pieces of 1-2 mm width using a sterile scalpel and tweezer. Cut pieces 

were transferred to a 15 mL conical tube containing digestion media (6 mL of transport media with 

0.1% collagenase (Thermo-Fisher, 17100017), 0.1% hyaluronidase (Sigma, H3506), and 0.02% 

DNAse (Roche, 04716728001)). The tube with the digestion mixture was attached to a rotating 

platform in an incubator and incubated overnight at 37oC. Following overnight digestion, cells 

were isolated from the digested sample. To that end, enzymatic activity was neutralized by adding 

6 mL of primary HNC media (DMEM with 10% FBS, 1% penicillin streptomycin, 1 µg/mL 

hydrocortisone, 10 µg/mL bovine insulin, and 50 ng/mL EGF). Then, the digested sample was 

filtered into a new 50 mL conical tube using a 40 µm cap filter. Filtered debris in the cap filter was 

collected and cultured with primary HNC media in a separate flask and the filtrate was centrifuged 

at 400 g for 10 min. The cell pellet was washed with 10 mL of PBS and centrifuged at 300 g for 3 

min, and the PBS supernatant was removed. Cells were resuspended with primary HNC media for 

culture in a T25 cm2 flask. Cultured cells were expanded into a new T75 cm2 flask (Corning, 

CLS430641U), depending on confluency after 7-10 days. After cell expansion in the T75 cm2, 

fibroblasts were removed by trypsinizing (0.25% trypsin)  the culture at room temperature for a 

few minutes using cold trypsin, where fibroblasts detach faster than epithelial cells as previously 

described[244]. This step was done multiple times until the fibroblast population was recovered 

from the flask. The recovered fibroblasts were then cultured and expanded in a T75 cm2 using 

fibroblast media (described in the next section). 

4.2.2 Cell culture 

Human lymphatic endothelial cells (HLECs, ScienCell, 2500) were cultured in standard cell 

culture flasks (Corning, 430641U) coated for 30 min at room temperature with fibronectin (Sigma 

Aldrich, F1141-5MG, diluted to 5 µg/cm2 with distilled 1X PBS,) at a starting cell concentration 
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of 5·105 cells as per supplier instructions . Cultures were maintained with endothelial basal 

medium-2 (Lonza, CC-3156) supplemented with EGM-2 MV SingleQuot Kit (Lonza, CC-4147), 

referred as endothelial media through the text. HLECs were cultured to 90-95% confluency at 

passage 3 for all experiments. Head and neck fibroblasts were routinely cultured in high glucose 

DMEM (Gibco, 11965092) supplemented with 5% fetal bovine serum (FBS, VWR, 97068-085), 

1% penicillin/streptomycin (ThermoFisher, 15140-122), 1% sodium pyruvate (Lonza, 13-115E) 

and 1 µg/mL hydrocortisone (StemCell, 07925). All cultures were kept in a humidified incubator 

at 37oC with 5% CO2.   

4.2.3 Device Fabrication 

Fabrication of the PDMS microdevice was performed as previously described[185]. The 

microdevice consists of two PDMS layers, which define the microchamber; and a suspended 

PDMS rod, which is removed after polymerization of a hydrogel in the main chamber to create a 

tubular lumen structure. In order to fabricate the top and bottom layers of the microdevice, a 

traditional soft lithography technique was used, in which the layers were spun using SU-8 

(MicroChem, Y13273) to create the silicon master molds. Polydimethylsiloxane (PDMS, Dow 

Corning, Sylgard 184)  was mixed at a 10:1 base to curing agent ratio and poured over the SU-8 

silicon master molds. Using the same PDMS mixture, PDMS rods were fabricated by filling up a 

25 gauge (Fisher Scientific, 14-840-84) hypodermic needle with PDMS. PDMS components were 

then baked at 80°C for 4 h. After baking, the PDMS rods were extracted from the needles, yielding 

PDMS rods of 280 µm in diameter. The two layers were aligned, ethanol bonded together and the 

PDMS rods were placed into the microdevice chamber. Finally, the microdevice was oxygen 

plasma bonded to a glass-bottom MatTek dish (MatTek Corporation, P50G-1.5-30-F), following 
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a general protocol. The microdevices were sterilized using UV irradiation for 15-20 min for further 

use.  

4.2.4 Organotypic Co-Culture Preparation 

4.2.4.1 Device preparation  

To achieve maximum hydrogel adhesion to the PDMS chamber, a solution of 2% 

poly(ethyleneimine) (PEI, Sigma-Aldrich, 03880) diluted in deionized water was loaded into the 

side ports and incubated for 10 min. Subsequently, PEI was aspirated and a 0.4% glutaraldehyde 

(GA, Sigma-Aldrich, G6257) solution in deionized water was loaded into the side ports and 

incubated at room temperature for 30 min. During the GA incubation, the collagen solution was 

prepared on ice (refer to the next section).  After the 30-min of GA incubation, the microdevices 

were washed three times with sterile deionized water to remove any GA excess.  

4.2.4.2 Collagen hydrogel preparation and loading into the device 

 High-density rat-tail collagen type 1 (Corning, 354249, referred to as collagen through the text) 

was diluted with 5X PBS and neutralized with 0.5 M NaOH (Fisher Scientific, S318) achieving a 

final concentration of 1X PBS, and a pH of 7.4. Final concentration of 3 mg/mL collagen type I, 

was achieved through the addition of fibrinogen (Sigma-Aldrich, F8630), fibronectin (Sigma-

Aldrich, F1141) and  fibroblast media. For co-culture experiments, fibroblasts were added in the 

fibroblast media. Fibroblasts were diluted to a final concentration of 250 cells/µL (final volumes 

are detailed in Table 4.1). Right after the washes with distilled water, 6 µl of the collagen solution 

was loaded through the side ports and polymerized at room temperature for 10 min. Finally, a 

droplet of media (5 μL) was placed on top of the side ports to prevent evaporation and sacrificial 

phosphate buffered saline (PBS) was added around the side of the MatTek dish. Finally, devices 

were transferred to 37oC for 1 hour to allow collagen to fully polymerize. 
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Table 4.1. Recipes for different collagen matrices 
 Lymphatic Vessels 

monocultures 
(µL) 

Lymphatic Vessels 

co-cultures 
(µL) 

Collagen gela (µL) 80 80 

5x PBS (µL) 20 20 

0.5 M NaOH (µL) 3 3 

1 mg/mL Fibrinogenb (µL) 11.7 11.7 
100 µg/mL Fibronectinc 13.4 13.4 
250 cells/µL Cell suspensiond --- 58.4 

Fibroblasts media 108.6 50.2 
aStock concentration of 10.76 mg/mL 
bStock concentration of 20 mg/mL 
cStock concentration of 1 mg/mL 
dInitial concentration 1,000 cells/µL 
 

4.2.4.3 Lymphatic endothelial cell seeding in lumens  

After incubation, a small drop of media (5 μL) was added to the input port under sterile conditions. 

The rod was removed by pulling through the output port using sterilized tweezers. Following rod 

removal, the hollow tubular structure remained filled up with media within the collagen matrix. 

All fluid handling procedures were conducted with standard pipettes, leveraging the passive 

pumping mechanism uniquely enabled by the microdevice design [128]. Lymphatic endothelial 

cells (HLECs) were trypsinized with 0.05% Trypsin-EDTA (ThermoFisher Scientific, 25300062), 

resuspended in endothelial media at 20,000 cells/μL and seeded into the lumens (4 µL per lumen). 

HLEC-filled lumens were incubated at 37oC for 2 h to allow for cell attachment, flipping devices 

every 25 min to ensure homogeneous cell coverage of the lumen wall. After 2 h, lumens were 

supplemented with 10 μL of endothelial media and cultured overnight at 37oC. Cultured vessel 

media was refreshed twice a day by flowing endothelial media three times through the lumen to 

remove dead cells.  
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4.2.5 Immunofluorescence staining and imaging 

During immunofluorescence staining, cells were washed with PBS for 30 min between each step 

using washing buffer (0.1% Tween 80 (Sigma-Aldrich, P1754) in PBS). Unless specified 

otherwise, steps took place at room temperature. Cells were fixed with 4% paraformaldehyde 

(PFA) (EMScience, 15700) for 15 min, then incubated with 0.2% Triton® X-100 (MP 

Biomedicals, 807426) for 30 min for permeabilization. Finally, vessels were incubated with 10 µL 

of blocking buffer (3% Bovine Serum Albumin (BSA, Sigma-Aldrich, A9056) in 0.1% PBS-

Tween 80) at 4oC overnight.  

Primary antibody mouse anti-CD31 (Abcam, ab9498) was diluted (1:50) with staining 

buffer (blocking buffer supplemented with 1% Tween 80 in PBS at 10:1 v/v), whereas secondary 

antibodies were diluted using staining buffer supplemented with 10% goat serum to reduce 

unspecific binding. Vessels were incubated with primary antibodies at 4oC overnight. Then, 

vessels were incubated with the secondary antibodies for 2 hours, Alexa Fluor 647 anti-mouse 

(Abcam, ab150115). Stained vessels were washed over two days with the washing buffer and 

stored in sterile PBS until imaging. Texas Red-X Phalloidin (ThermoFisher Scientific, T7471) and 

DAPI (ThermoFisher Scientific, D3571) were used to stain actin cytoskeleton and nuclei, 

respectively. Fluorescent images were acquired at 10X using a Nikon TI® Eclipse inverted 

microscope (Melville, New York) and processed using the National Institutes of Health Fiji 

software [122]. Confocal images were acquired using a Leica SP8 3X STED Super-resolution 

microscope (Wetzlar, Germany) in the UW-Madison Optical Imaging Core. 
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4.2.6 Fluorescent image quantification 

For all images, background subtraction was performed. To quantify sprout length in each vessel, 

a projection of every 10 Z-planes from each Z-stack image was performed. In each Z-projection, 

each sprout was traced from which the length was measured.  

 

4.2.7 Dextran diffusion assay 

The permeability of the lymphatic vessels was measured by dextran diffusion assays using Texas 

Red dextran (70kDa, ThermoFisher Scientific, D1830) prepared in PBS to 1 µM. For each 

replicate, 3 µL of dextran solution was added to the vessel such that fluid was flush with the lip of 

the ports to minimize flow from a pressure head. Diffusion was measured over 15 minutes per 

vessel. Permeability coefficients were calculated using equation 1[123]: 

P = (1/Io)[(If – Io)/(tf – to)](D / 4), Eq. 1 

where Io is the total initial intensity outside the vessel, If is the total intensity outside the vessel at 

15 minutes, to is the initial time point, tf is the final time point of 15 minutes, and D is vessel 

diameter. All vessels were imaged using a Nikon TI® Eclipse inverted microscope (Melville, New 

York), and maintained at 37 oC and 5% CO2 by a stage-top incubator (Okolab, Italy).  

 

4.2.8 Verification of CAFs phenotype via qPCR 

RNAs were extracted from cells seeded in a confluent 60-mmculture dish. mRNA was isolated in 

15 μL 10 mM Tris buffer using Dynabeads mRNA DIRECT Purification Kit (Invitrogen, #61011) 

per the manufacturer's instructions. Immediately following mRNA isolation, a reverse 

transcription reaction was run using iScript cDNA Synthesis kit (Bio-Rad, #170-8891). Custom 
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qPCR primers (Biorad) were used for the genes presented in Table 4.2, where primers are also 

detailed. Screened and reference (housekeeping) genes are detailed in Table 4.2. 

Table 4.2. Primers used for CAFs identification 
Primer Fluorescence 
GAPDH Vic 
HPRT Vic 

PO Vic 
Coll I Fam 
Vim Fam 

EPCAM Fam 
 

GAPDH, HPRT and PO were used for normalization of the data. Finally, qPCR reactions 

were run using Light cycler 480 probes master mix (Roche 04887301001) in Roche's Lightcycler 

480 II (Roche Molecular Systems, Indianapolis, IN). Target gene expression was normalized using 

the geometric mean of the mentioned reference genes. Relative gene expression fold changes were 

determined using the 2−ΔΔCt method compared to the reference genes. 

 

4.2.9 RT-qPCR 

RT-qPCR was used to analyze the changes in expression of multiple genes related to angiogenesis 

in lymphatic cells as a result of the co-culture with head and neck primary fibroblasts. Briefly, 

after 5 days of co-culture in the microfluidic device, the collagen hydrogel was digested using 6 

mg/mL collagenase type I solution (Thermo-Fisher, 17100017) to separate the cells from the 

matrix. Lymphatic cells were positively isolated from the fibroblasts using the Dynabeads® CD31 

Endothelial Cell (ThermoFisher Scientific, 11155D). Then, lymphatic cells were lysed, and mRNA 

was isolated using the Dynabeads™ mRNA DIRECT™ Purification Kit (ThermoFisher Scientific, 

61011) as previously described[97]. mRNA was retrotranscribed to cDNA using the RT2 PreAMP 

cDNA Synthesis Kit (Qiagen, 330451) with the RT2 Nano PreAMP Primer Mix- Angiogenesis 

pathway (Qiagen, 330241). cDNA was analyzed by RT-qPCR using a Qiagen RT2 profiler custom 
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panel (Qiagen, PAHS-024ZA) and data was analyzed using the Qiagen online software 

(http://pcrdataanalysis.sabiosciences.com/pcr/arrayanalysis.php). 

4.2.10 GSEA  

We used the upregulated genes identified via qPCR with GSEA to perform a gene set enrichment 

analysis. GO term p-values were acquired and are presented as -log10.  

4.2.11 Statistical analysis 

All the experiments were repeated in three independent experiments.  All results are presented as 

the mean ± standard deviation of the mean (S.E.M.). Data were analyzed using GraphPad Prism 8 

(GraphPad Software) and statistical significance was set at p < 0.05. One-to-one comparisons were 

performed with an unpaired Student t-test with Welch's correction (in case of variance in 

homogeneity) after the normal distribution was proved via Shapiro-Wilk test. If the normality test 

was not passed, a non-parametric test was performed (Mann-Whitney test) Comparisons among 

multiple groups were performed using One-way ANOVA with post-hoc Dunnett test. 

 

4.3 Results  

4.3.1 Development of the HNSCC patient-specific CAF-lymphatic co-culture microfluidic 

model 

To investigate the effect of HNSCC patient specific-CAFs on the lymphangiogenic response of 

HLECs we adapted a recently published and validated in vitro model that recreates physiological 

aspects of the lymphatic vasculature. Aspects such as lymphatic specific markers, leaky lumen 

structure  and differential protein secretion that are characteristics of the lymphatic vasculature as 

compared to blood vessels[184]. Briefly, the device consists of a chamber that is filled with a 

solution of unpolymerized collagen type I hydrogel with a PDMS rod suspended in the chamber 



 97 

that is removed after collagen polymerization (Figure 4.1A-B). Once the rod is removed, the lumen 

structure is loaded with commercially available primary human endothelial cells (HLECs) and 

after an hour cells are attached to collagen, resulting in the cell lining in the wall of the lumen. 

After 5 days of culture, lymphatic vessel has a confluent endothelial monolayer (Figure 4.1B). As 

we previously demonstrated, the model allows the incorporation of stromal components such as 

fibroblasts embedded in a collagen matrix. 

 

Figure 4.1: Image of the model and schematic of methodology. A) Photography of the microdevice with schematic 
of the microdevice. Top view and cross-section view of the devices are shown. B) Lumen with lymphatic endothelial 
cells (HLECs) attached at day 0, which generate the lymphatic vessel. C) Schematic of the process, from collecting a 
primary sample to incorporating the isolated cancer-associated fibroblasts in the collagen matrix surrounding the 
lymphatic vessel. D) Lumen with HLECs attached in the lumen (green) surrounded by cancer-associated fibroblasts 
(red) isolated from patient 1 at day 0 (left) and at day 5(right). Scale bar= 250 µm 
 

Day 0

HLECs

A) B)

C)

D) Day 5

HLECs
CAFs

Day 0

HLECs
CAFs



 98 

To incorporate CAFs in the matrix, biopsy samples were collected. To harvest HNSCC 

patient-derived CAFs, biopsy samples from three patients with HNSCC were collected from the 

tumor tissue and normal adjacent tissue (Figure 4.1C), from which tumor grade and lymph node 

status was different for each patient (Table 4.2). Briefly, samples were mechanically dissociated 

and enzymatically digested. All cells from the tumor tissue were cultured and expanded in a 

standard cell culture flask (T75).  

Table 4.3. Patients tumor stage and lymph node status 

 
 

To isolate CAFs, cell trypsinization at room temperature was performed multiple times due 

to the lack of specific and unique CAF markers, this led to CAFs detachment and not the epithelial 

population of the tumor tissue. CAFs were then expanded and frozen at the same passage number 

to be used for further experiments. To verify the fibroblast and to confirm the population of CAFs, 

RT-qPCR was performed for a set of genes that are characteristic of CAFs (i.e., collagen Ia, 

vimentin) in the cultured cells and a negative control (i.e., EpCAM) was used to demonstrate that 

these cells are not epithelial cells. Results revealed expression of collagen 1a and vimentin in the 

samples from the three different patients and, no expression of EpCAM was observed (Figure 4.2).  

Patient Primary 
tumor 

classification

Lymph node 
status

1 pT4a pN2b (positive)

2 pT4a pN0 (negative)

3 pT2 pN1 (positive)
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Figure 4.2: Preliminary patient-derived CAFs characterization. N=1.  
 

After positive fibroblast identification, CAFs were embedded within the collagen matrix 

surrounding the lumen, which was then lined by lymphatic endothelial cells, mimicking what is 

found in vivo (Figure 4.1C). Following an hour of co-culture, the model shows lymphatic 

endothelial cell attachment into the tubular structure with no matrix invasion and CAFs in the 

surrounding matrix (Figure 4.1D). After 5 days of co-culture, sprouts can be observed in the 

lymphatic lumens (Figure 4.1D). Overall, patient-derived CAFs were successfully isolated and 

cultured in the lymphatic microfluidic model. 

 

4.3.2 Co-culture with HNSCC patient-derived CAFs induce lymphatic vessel sprouting 

Lymphatic vessels were co-cultured with HNSCC patient-specific CAFs from three different 

patients to evaluate CAFs influence in tumor-induced lymphangiogenesis and vessel remodeling, 

that could in turn lead to HNC metastasis (Figure 4.3A). Qualitatively, endothelial sprouts are 

selectively stained with CD31 and are shown invading the matrix in the co-cultures (Figure 4.3C-

E) more than in monocultures (Figure 4.3B). Thereafter, vessel sprouts were counted, as a readout 

of lymphangiogenesis. Interestingly, for the lymphatic monoculture, single cell migration is 

observed, but not vessel sprouting (Figure 4.3 B). Conversely, in the co-cultures, vessel sprouts 
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are observed (Figure 4.3C-E). Specifically, heterogeneity in angiogenic sprouting induced by 

CAFs from different patients was observed.  

First, we measured the length of sprouts per vessel. In the HLEC monoculture, the average 

sprout length was 126.4 ± 39.9 µm. In the co-cultures, the average sprout length increased to 233.2 

± 97.8 µm for patient 1, 230.9 ± 90.0 µm for patient 2 and 187.0 ± 53.4 µm for patient 3, revealing 

a significant increase in sprout length when comparing the co-cultures with the HLEC monoculture 

(***P<0.0001 via one-way Anova) (Figure 4.3F). When comparing the sprout length between 

patients, sprouts of patient 1 and patient 2 where significantly longer than patient 3 (**P=0.0018 

and **P=0.0075, respectively). Next, we quantified the number of sprouts per vessel to determine 

if there was a difference in the incidence of vessel sprout between patients. For this, the number 

of sprouts was quantified, sprouts longer than the average length of HLEC monoculture (126 µm) 

were considered since we wanted to exclude the potential to quantify single cell migration 

observed in the monoculture.  

In the HLEC monoculture, the average number of sprouts was 4.8 ± 1.2. In the co-cultures, 

the average number of sprouts was increased to 18.0 ± 2.5 for patient 1, 11.0 ± 1.1 for patient 2 

and 10.5 ± 1.1  for patient 3, revealing a significant increase in sprouts when comparing the co-

cultures with the HLEC monoculture (***P<0.0003, **P=0.0011, **P=0.0016, respectively) 

(Figure 4.3G). When comparing the number of sprouts among patients, the number of sprouts of 

patient 1 was significantly higher than patient 2 and patient 3 (*P=0.0234 and **P=0.0160, 

respectively). Therefore, we observe heterogeneity in the length of vessel sprouts and the number 

of sprouts. between the co-cultures with CAFs from different patients.  
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Figure 4.3: Lymphatic vessel sprouting induced by HNSCC patient-derived CAFs. A) Schematic indicating the 
seeding procedure and imaging. B-E) CD31 stained lymphatic B) monoculture and co-culture with CAFs from C) 
Patient 1, D) Patient 2 and E) Patient 3. F) Sprouts length. G) Number of sprouts per vessel. n= 12 lumens from at 
least 3 independent experiments. Bars represent average ± S.E.M. Scale bar= 250 µm *p ≤ 0.05, **p ≤ 0.01, ***p ≤ 
0.001, ****p ≤ 0.0001. 
 

4.3.3 Co-culture with HNSCC patient-derived CAFs alter lymphatic vessel permeability 

Lymphangiogenesis, in addition to vessel sprout formation, is associated with a decreased vessel 

integrity, which leads to an increased permeability to solutes. In the context of metastasis, the 

mentioned vessel characteristics have been associated with the potential to facilitate 

metastasis[245]. For this reason, we assessed the barrier function of cultured vessels by diffusion 

assays using 70 kDa-Texas Red dextran (Figure 4.4A), which is representative of proteins such as 
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serum albumin (~67kDa). Briefly, the solution of dextran was perfused through the lumen and 

tracked using time-lapse fluorescent microscopy for 15 min. Representative image and diffusion 

profile of the monoculture (Figure 4.4B) at time 0 min and after 15 min of dextran perfusion shows 

that the dextran was contained to the lumen region at time 0 min in the monoculture and was 

mostly retained in the lumen after 15 min. For the monoculture example, the diffusion profiles 

show that ~20% of the dextran diffused into the matrix.   

 

Figure 4.4: Lymphatic vessel permeability in monoculture and co-culture with HNSCC patient-derived CAFs. 
A) Schematic indicating the seeding procedure and dextran diffusion assay for permeability calculation. B) 
Representative images of 70 kDa dextran diffusion in lymphatic monoculture (HLEC). C) Permeability values 
calculated for an empty lumen structure, lymphatic vessel monoculture and co-cultures with CAFs and were compared 
to the lymphatic vessel monoculture (as calculated via multiple t-tests). n= 12 lumens from at least 3 independent 
experiments. Bars represent average ± S.E.M. *p ≤ 0.05, **p ≤ 0.01.  
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tubular structure) (Figure 4.4F) according to equation 1. The quantification revealed that lymphatic 

vessel monoculture has an average permeability of 0.8 ± 0.2 · 10-5 cm/s. Compared to lymphatic 

vessel monoculture, patient 1 and patient 3 have significant higher permeability values, 1.8 ± 0.3 

· 10-5 cm/s and 1.7 ± 0.3 · 10-5 cm/s respectively(*P=0.0237 and *P=0.0159, respectively). 

Interestingly, the permeability of patient 2 was similar as the lymphatic vessel monoculture, 1.1 ± 

0.3 · 10-5 cm/s. On the other hand, empty lumens show a significant increase in permeability 4.6 

± 0.6 · 10-5 cm/s compared to lymphatic vessel monoculture (**P=0.0080), demonstrating that the 

lymphatic endothelium model exhibits a barrier function. Taken together, these results demonstrate 

the ability of HNSCC patient-derived CAFs to alter the permeability of the lymphatic vessels and 

how the changes are dependent on the patients.  

 

4.3.4 HNSCC patient-derived CAFs induce gene-expression changes in lymphatic vessels 

Next, we sought to determine the expression differences among patients leading to a 

phenotypically different lymphatic vessel sprouting and changes in vessel permeability. For this, 

lymphatic vessels were cultured for five days and the expression of 84 genes related to 

angiogenesis was analyzed in the lymphatic vessels specifically (i.e, both seeded in monoculture 

and in co-culture). The unsupervised expression of the 84 genes is presented (Figure 4.5), revealing 

that lymphatic vessels have a distinct gene expression profiles compared to lymphatic vessel co-

cultures.  
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Figure 4.5: Unsupervised clustergram analysis of qPCR from lymphatic vessel co-cultured with different 
CAFs normalized to correlative lymphatic vessel monocultures. N=3 independent experiments per patient with 4 
pooled lumens each 
 

Regarding gene ontology in the clustergrams, we observe how patient 1 and patient 2 group 

are more closely related, and farther than patient 3 and lymphatic monoculture. Then, we identified 

the significantly changed genes and presented them in clustergrams for each patient (Figure 4.6A-

C). When observing the clustergrams for each patient, a size difference is noticeable where patient 

1 has 24 significant genes (Figure 4.6A), patient 2 has 18 significant genes (Figure 4.6B) and 

patient 3 has 16 genes (Figure 4.6C).  

 
Figure 4.6: Unsupervised clustergrams analysis showing significant changes for each patient. Clustergrams were 
produced using genes showing significant changes for each patient. A) Patient 1. B) Patient 2. C) Patient 3.  
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The expression of the significantly dysregulated genes from each patient is presented in a 

single clustergram summarizing the control and all three patients (Figure 4.7A). This patient-

focused clustergram revealed the same results as the complete 84 gene expression clustergram 

previously presented where lymphatic vessels have a distinct gene expression profiles compared 

to lymphatic vessel co-cultures. Using the gene expression data, we performed quantitative 

analysis for each patient in which we plotted the fold change of the significantly dysregulated 

genes for each patient (Figure 4.7B-D). Although we observed that the composition of the gene 

expression profiles is different for each patient, we observe some upregulated and downregulated 

genes in common between patients 1, 2 and 3. For example, the most upregulated angiogenesis 

driver gene in all patients is IGF1. In addition, we observe an upregulation in different angiogenic 

genes for each patient. We observed an upregulation for VEGF-C (2.1 ± 0.4-fold change) in patient 

1(Figure 4.7B) and an upregulation for KDR (2.0 ± 0.3-fold change) in patient 2 (Figure 4.7C).  
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Figure 4.7: Results of qRT-PCR analysis for genes that significantly changed. A) Unsupervised clustergrams were 
produced using only those genes showing significant changes. N=3 independent experiments per patient with 4 pooled 
lumens each. B-D) Significant changes in gene expression for each patient were plotted for patients 1, 2, and 3 to 
reflect the direction of the change. Bars represent average ± S.D. p ≤ 0.05, **p ≤ 0.01, ***p ≤ 0.001, ****p ≤ 0.0001. 
 

For a more in-depth analysis of the profiles, we classified shared and private dysregulated 

genes using a Venn diagram (Figure 4.8A), where the upregulated genes are shown in red. In the 

Venn diagram we can observe that the conditioning of the CAFs from different patients resulted 

in having ten shared dysregulated genes. We can also observe that patient 1 and patient 2 share six 

genes and that patient 1 and patient 3 share only two genes. From the shared genes in all patients, 
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we identified two upregulated and downregulated genes of interest (Figure 4.8B). For the 

upregulated genes, insulin like growth factor 1(IGF1) has been found to induce cell migration and 

has a pro-angiogenic role[246]. In patient 1 and patient 2, IGF had an increase of ~6-fold change 

as compared to lymphatic vessel monoculture (*P=0.0455 and *P=0.0330, respectively) and, 

patient 3 had a 4-fold change (**P=0.0053) (Figure 4.8B-left). Another upregulated gene was 

integrin beta-3 (ITGB3), which is a pro-angiogenic factor[247]. We observed the higher fold 

change in patient 1 (4-fold) (***P=0.0004) and a similar fold change was observed in patient 2 

and patient 3 (~1.8-fold) (*P= 0.038 and **P=0.0091, respectively) (Figure 4.8B-left). As for the 

downregulated genes, tissue inhibitor of metalloproteinases-3(TIMP3) and plasminogen activator 

inhibitor-1(SERPINE1) have been shown to have an anti-angiogenic role[248,249]. In patient 1 

and patient 2, TIMP3 was similarly downregulated with a 0.72-fold change (*P=0.0112) and 0.66-

fold change (*P=0.0280) respectively (Figure 4.8B-right). Interestingly, patient 3, TIMP3 had a 

0.46-fold change (**P=0.0071), lower than in patient 1 and patient 2. As for SERPINE1, patient 

1 had a 0.25-fold change, patient 2 had a 0.35-fold change and patient 3 had a 0.40-fold change 

(***P=0.002, **P=0.0070, ****P<0.0001, respectively) (Figure 4.8B-right).  
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Figure 4.8: Breakdown of gene dysregulation among patients, overlaps and differences. A) Venn-diagram shows 
that some genes are shared between patients. B) Significant changes in gene expression (upregulated and 
downregulated) in all patients. C) Upregulated genes were used to compute expression profiles (GSEA) showed as 
GO_terms. D) Significant downregulated genes of interest in patient 1 and 2. E) Significant downregulated genes of 
interest in patient 1 and 3. Bars represent average ± SD. p ≤ 0.05, **p ≤ 0.01, ***p ≤ 0.001, ****p ≤ 0.0001. 
 

Using the upregulated genes from all three different patients we performed a gene ontology 

(GO) enrichment analysis named GO_terms. The GO_terms provide a defined term representing 

the gene product properties which covers cellular components, molecular function and biological 

process (Figure 4.8C). The search revealed GO_terms related to a pro-angiogenic phenotype, such 

as “KSHVinfection-angiogenic markers”, “Positive regulation of endothelial cell proliferation”, 

“Positive regulation of locomotion” and “Transmembrane receptor protein tyrosine kinase 
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models have a pro-angiogenic profile as compared with the mono-culture lymphatic model. Future 

work will include GO-enrichment profiles for the downregulated gene for each patient to illustrate 

the inter-patient heterogeneity that is observed in the functional readouts.  

Next, we wondered if the dysregulated genes shared by patient 1 and patient 2 explained 

the changes observed in the functional readouts. For example, we observed an increase in the 

length of sprouts from patient 1 and patient 2 and we observed that patient 1 had the highest number 

of sprouts.  One of the shared genes between patients 1 and 2 is thrombospondin-1 (THBP1), 

which is reportedly anti-angiogenic[250].  Interestingly, THBP1 is downregulated in patient 1 and 

patient 2 (***P=0.003 and *P=0.0335, respectively) (Figure 4.8D). Another gene shared by patient 

1 and patient 2 is matrix-metalloprotease-9 (MMP-9), which is reportedly pro-

angiogenic[250,251]. We observe a significant downregulation of MMP-9 in all patients, from 

which the lowest levels where observed in patient 3 (patient 1 ****P<0.0001, patient 2 

**P=0.0067 and patient 3 *P=0.0142) (Figure 4.8D). As for genes shared between patient 1 and 

patient 3, we found that VE-Cadherin (CDH5) is significantly downregulated in patient 1 and 

patient 3 (**P=0.094 and *P=0.0163, respectively). It is well known that VE-Cadherin is necessary 

for cell-cell adhesion (Figure 4.8E), and that its downregulation corresponds to one of the first 

stages of angiogenesis[252,253]. Another common downregulated gene in these patients is the 

sphingosine-1-phosphate receptor 1 (S1PR1), which is implicated in the regulation of cell-to-cell 

interactions and has been recognized as an anti-angiogenic[254,255]. Specifically, it is well known 

that S1PR1 downregulation correlates with a VEGF pathway upregulation. We observe a 

significant downregulation of S1PR1 in patient 1 and patient 2 (*P=0.0279 and *P=0.0128, 

respectively) (Figure 4.8E). Although S1PR1 was not significantly downregulated in patient 2, the 

fold change was similar to patient 2 and patient 3. Taking all the data together, we demonstrated 
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how patient-specific fibroblasts condition differently lymphatic endothelial cells to promote 

lymphangiogenesis.  

4.4 Discussion 

In this chapter, we evaluated the influence of HNSCC patient-derived CAFs from three different 

patients in lymphatic vessel remodeling (i.e., lymphangiogenesis), that could lead to HNC 

metastasis. We found that patient-derived CAFs induced a lymphangiogenic response with 

variable readouts (e.g., sprout length and quantity), consistent with inter-patient heterogeneity. 

Specifically, we observed that patient 1 and patient 2 had longer sprouts compared to patient 3. On 

the other hand, we found that vessel permeability increased in patient 1 and patient 3, whereas it 

was not altered in patient 2, as compared to the lymphatic vessel monoculture. Interestingly, we 

observed that the changes observed in sprout length go in hand with the patient tumor grade (i.e., 

patient 1 and patient 3 had higher grade than patient 2) as seen in Table 4.2. As for vessel 

permeability, the increase in vessel permeability observed in patient 1 and patient 3 correlates with 

the patient lymph node status, where patient 1 and patient 3 have a positive lymph node status but 

patient 2 has a negative lymph node status. These results suggest that there is a relationship 

between tumor grade and vessel sprouting and a relationship between tumor grade and vessel 

permeability. However, the cohort size is too small to corroborate the relationships.  

Recent studies have studied sprouting lymphangiogenesis using microfluidic 

platforms[117,256]. Yet, to the authors’ knowledge this is the first report demonstrating how 

patient-derived CAFs from HNC patients induce lymphangiogenesis using an organotypic 

microfluidic model. To explain the changes in the functional readouts and to potentially identify a 

therapeutic target, gene expression analysis for each patient was performed. Gene expression 

analysis revealed that lymphatic vessels have a distinct gene expression profiles compared to 
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lymphatic vessel co-cultures. In the gene expression profiles we observe how patient 1 and patient 

2 are ontologically more closely related, and farther than patient 3 and lymphatic monoculture. 

These results suggest that CAFs derived from patient 1 and patient 2, which had a tumor stage 

four, share more gene expression similarities with each other than with patient 3. We also observe 

that the conditioning of the lymphatic vessels by patient-derived CAFs from three different patients 

share some genes in all patients, but we also observe a distinct expression profile for each patient. 

Some of the upregulated genes shared by all patients are IGF1 and ITGB3, which are both pro-

angiogenic[246,247]. Although these genes are upregulated in all patients, we observe that the 

level of regulation differs between patients. For example, ITGB3 has a 2-fold change upregulation 

in patient 1, compared to patient 2 and 3. These results suggest that in patient 1, ITGB3 could be 

one a key player in the sprouting process. We were interested in the genes shared among patients 

that could explain the differences in functional readouts. In patients 1 and 2, where we observed 

the longest sprouts, thrombospondin-1 (THBP1), an angiostatic factor, is significantly 

downregulated [250]. Therefore, THBP1 downregulation would lead to a more angiogenic 

phenotype which is consistent with our observations in these patients’ specific models. For patients 

1 and 3, we observed an increase in vessel permeability.  Interestingly, a down-regulation in VE-

Cadherin (CDH5) and sphingosine-1-phosphate receptor 1 (S1PR1), which are involved in cell-

to-cell adhesions [252–255]. Specifically, CDH5 downregulation corresponds to one of the first 

stages of angiogenesis and S1PR1 downregulation correlates with a VEGF pathway upregulation. 

Therefore, the gene expression profiles explain the functional readouts and could be used to target 

sprouting lymphangiogenesis and changes in vessel permeability.  
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Altogether, these experiments demonstrate how HNSCC patient-derived CAFs can induce 

lymphatic vessel remodeling (e.g., lymphangiogenesis and changes in permeability). Specifically, 

we showed that sprouting length and quantity depends on the patient specific CAFs and is not 

induced in the same way for every patient. We also found that the permeability of the vessel was 

increased in co-culture with CAFs in a patient-specific way, where in patient 2 a change in vessel 

permeability was not observed. Finally, we identified potential genes that could be responsible for 

the functional changes. Future work will require larger patient cohorts to correlate what we are 

observing in vitro with the patients. Additionally, examination of the cells’ crosstalk would help 

to identify potential targets to reduce lymphangiogenesis. Moving forward, incorporation of cancer 

cells into the model would provide a better picture of what is happening and provide a better 

understanding of the changes induced from each patient to the lymphatic vessels, therefore, 

identifying the best potential therapeutic targets. For example, from the results presented here, 

therapeutic targets points toward classic anti-angiogenics drugs such as sunitinib, which would 

target VEGF-VEGFR2 pathway, which is upregulated in a particular way among all patients.  
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Chapter 5: Concluding Remarks and Future Directions 

This dissertation focusses on the development of an organotypic lymphatic model to investigate 

the contribution of different tumor microenvironmental components in lymphatic vessel function 

and remodeling. The introduction (Chapter 1), describes the significance of lymphatic vessels in 

cancer metastasis and how components of the tumor microenvironment play a role in promoting 

metastasis. In addition, this chapter describes why lymphatics are understudied (compared to the 

blood vasculature) and the current models and approaches to study lymphatics. This chapter also 

explains the need for an in vitro model to study important physiological events associated with 

lymphatic vessels that could lead to metastasis.  

In chapter 2, the development and characterization of a new organotypic lymphatic vessel 

model are presented with potential implications in cancer research. The focus of the chapter is the 

characterization of the lymphatic vessel markers, permeability, drainage capacity and the secretion 

of soluble factors compared to blood vessels. In this chapter, it was demonstrated that lymphatic 

vessel permeability and drainage capacity in the model is higher than in blood vessel models, 

which is consistent with in vivo observations. As a proof-of-concept, lymphatic vessel models were 

co-cultured with breast fibroblasts (i.e., normal fibroblasts and cancer-associated fibroblasts), 

examining their crosstalk. In co-culture with cancer-associated fibroblasts, IL-6 was identified as 

an upregulated secreted factor. Vessel permeability decreased after blocking the IL-6 receptor with 

an FDA approved drug. Therefore, this chapter demonstrated the application of this model to 

examine the influence of TME components in lymphatic vessels and the potential to test 

therapeutic options. In chapter 3, the lymphatic model was used to investigate the influence of 

ECM density in the context of breast cancer. The ECM around the lymphatic vessel was modified 

to mimic the density of the normal mammary gland (low-density collagen) and to mimic the 
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density of a breast tumor (high-density collagen). This chapter revealed that high-density collagen 

promotes lymphatic vessel dysfunction, as observed by the increase in cell detachment, cytokine 

secretions and increase in vessel permeability. It was demonstrated that the increase in collagen 

density promoted an increase in IL-6 secretion, which in turn increased vessel permeability, 

consistently with the findings of chapter 2. This model was used to recapitulate more accurately 

the breast TME by embedding metastatic breast cancer cells within both matrices. In the presence 

of breast cancer cells similar findings as in lymphatic monocultures were found, increased 

permeability and secretion of IL-6. However, targeting IL-6 receptor was not as effective in the 

co-culture with cancer cells as in the lymphatic monoculture. Therefore, this chapter demonstrates 

the importance of including different components of the TME in in vitro models, allowing to 

identify the contribution of each component. 

 Lastly, in chapter 4, the lymphatic vessel model was used for a more translational approach 

to investigate the influence of head and neck patient-derived cancer-associated fibroblasts (CAFs) 

in lymphatic vessel remodeling (e.g., lymphangiogenesis). This chapter demonstrated how cancer-

associated fibroblasts induce different amounts of lymphangiogenesis. Importantly, it was 

observed that conditioning with patient-derived CAFs from three different patients induced the 

upregulation of common genes that regulate angiogenesis but at different levels. Although CAF 

conditioning induced the upregulation of common genes, it was observed that the CAFs 

conditioning induced distinct gene expression profiles for each patient. Altogether, this dissertation 

highlights the first microfluidic organotypic lymphatic model that enabled the examination of 

TME-lymphatics interactions, demonstrating that changes in ECM density and fibroblasts 

composition can induce lymphatic vessel remodeling. This work has also demonstrated the 

potential of the model to use patient-specific cells (i.e., primary cells isolated from human samples) 
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to identify the changes induced to the lymphatic vessels. Overall, this thesis established the 

foundations and demonstrated the applications of the lymphatic organotypic model. Future studies 

are needed to better determine the influence of other TME components that could facilitate 

metastasis and, the use of this model could be expanded to a diverse set of research areas.  

5.1 Examine the effect of lymphatic-stromal signaling as potential therapeutic 
targets  
 
In Chapter 2, the lymphatic vessel was co-

cultured with breast normal fibroblasts (NF) and 

cancer-associated fibroblasts (CAFs). Results 

from this chapter revealed changes in lymphatic 

vessel barrier function and cytokine secretions 

(e.g., IL-6). Using this model, it was determined 

that IL-6 was responsible for the changes in 

barrier function, demonstrating the potential of 

the model to assess therapeutic targets. In 

addition of IL-6, other potential therapeutic 

targets found in this chapter are found in Table 

5.1. As future directions, this model could be 

used to screen the potential of these therapeutic 

targets. To increase the relevance of the model, incorporation of breast cancer cells could be 

performed, as demonstrated by preliminary results (Figure 5.1). Incorporation of cancer cells 

allows testing of the response using readouts such as  cancer cell proliferation, migration and 

intravasation into the lymphatic vessel. The end goal of this approach is to build similar models 

using patient-specific components to improve precision medicine.     

Table 5.1. Potential tumor-stromal therapeutic targets. 
Chemokine/cytokine Blocking Agents in Clinical Trials 

HGF Anti-HGF  
IL-6 Anti-IL6R 
IL-8 Anti-IL8R 

CXCL12 Anti-CXCR4 (AMD3100) 

Figure 5.1. Lymphatic organotypic vessel co-cultured with GFP-
tagged MDA-MB-231 and CAFs embedded in the 3 mg/ml collagen 
matrix after 24 hours. Scale bar is 140 µm.   

Lymphatic  
vessel 

Collagen matrix 
with CAFs 

MDA-MB-231 
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5.2 Determine the influence of additional ECM properties and compositions in 
lymphatic vessel remodeling 
 
The results showed in Chapter 3 demonstrated that ECM density affects lymphatic vessels. 

Specifically, it was demonstrated that a high-density collagen induced endothelial cell detachment, 

increase vessel cytokine secretion and increase vessel permeability. However, by changing the 

collagen density, other parameters are affected (e.g., matrix stiffness). Thereby, future work should 

decouple the effects of matrix density and stiffness on lymphatic vessels. Additionally, as 

described in Appendix B, the composition of the ECM is altered in breast tumor tissue as compared 

to the normal tissue. Therefore, future work could leverage the optimization performed in both 

chapters to evaluate the influence of different matrix components in lymphatic vessel remodeling.  

 

5.3 Evaluation of head and neck primary fibroblasts in an expanded patient cohort 
 
In Chapter 4, we showed that lymphatic vessels co-cultured with CAFs from head and neck 

squamous carcinoma patients induced lymphangiogenesis. Specifically, we demonstrated that 

lymphatic vessel sprout (i.e., lymphangiogenesis) number and length was different among patients. 

For example, patient 1 and patient 2 had longer sprouts compared to patient 3, which correlated 

with the patient grade (e.g., patient 1 and patient 2 were grade 4 and patient 3 was grade 2). On the 

other hand, we found that vessel permeability increased in patients 1 and 3, and that vessel 

permeability did not change in patient 2, as compared to the lymphatic vessel monoculture. 

Interestingly, the changes in vessel permeability correlate with the patient lymph node status, 

where patients 1 and 3 have a positive lymph node status but patient 2 has a negative lymph node 

status. Based on these results, it is hypothesized that targeting changes in vessel permeability 

would be more effective for patients 1 and 3 than targeting lymphangiogenesis. Therefore, the 
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significance of these preliminary results relies on the potential of finding targets to inhibit lymph 

node metastasis, which is the dominant factor affecting patient prognosis. While these findings are 

exciting and promising, future studies are needed to confirm the predictive value of the assay. 

Therefore, future work should focus on including an increased sample size. In addition, due to 

patient availability, all patient samples used for the preliminary experiments were human 

papillomavirus positive (HPV+). Hence, it would be worthwhile to have fibroblasts from patients 

with an HPV- status, given that this status has poorer clinical prognosis, to compare them with the 

HPV+ patients. While the focus of this thesis has been in the effects of tumor microenvironmental 

components in lymphatic vessel remodeling, future studies could also consider including other 

patient-specific cell fractions into the model to expand the current readouts (e.g., intravasation, 

cancer cell proliferation) and to determine if the current readouts are affected.  
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Appendix A: Modeling Mammary Ducts in Breast Cancer4 
 

Background & Significance 

Breast cancer is the most common type of cancer affecting women in the United States, accounting 

for 15 % of all new cancer cases and 7% of all cancer related deaths[257]. Understanding the 

factors that contribute to breast cancer initiation and progression are crucial to prevent further 

development and progression of the disease and to effectively target the disease. For this, in vitro 

models that allow to mimic the in vivo microenvironment are essential. Of particular interest in 

this review is cancer initiation and progression in the mammary ducts (i.e. ductal subtype), which 

accounts for the vast majority of the breast carcinoma cases (83%)[258]. 

 

Function and structure of the mammary gland 

The mammary gland is an organ in female mammals composed of a complex structure with 

networks of ducts and glands designed for lactation (i.e. milk production)[259]. The main 

components of the mammary gland are lobules and ducts which are formed by an epithelial layer 

surrounded by myoepithelial cells[260]. Within the breast, the ducts branch out from the nipple 

and terminate at functional units known as terminal ductal lobular unit, which is comprised of 

blind-ended tubules called acini that are responsible for milk secretion. The milk is carried from 

the acini through the tubular ducts to the nipple. These ducts and lobules are surrounded by a 

fibrous material, known as the extracellular matrix (ECM), and various cell types, comprising 

 
4 This chapter has been adapted from the manuscript accepted in Chem. Soc. Rev. (2019) “Microfluidic 
lumen-based systems for advancing human disease modeling.” The manuscript was authored by Gong et 
al. and this section was co-authored section by Megan K. Livingston and Karina M. Lugo-Cintrón.  
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together the tissue known as stroma, which is embedded within the mammary fat pad (i.e. adipose 

tissue).  

 

Stages of breast cancer: initiation, progression and metastasis 

Most breast cancers arise from the cells located in the lobules and terminal ducts, which is how 

the histological cancer subtypes are divided (i.e. lobular or ductal). In pre-invasive breast cancer, 

ductal carcinoma in situ (DCIS) accounts for 80% of the cases as compared to lobular carcinoma 

in situ (LCIS) which accounts for 20% of the cases[261]. As for invasive breast cancer, invasive 

ductal carcinoma (IDC) accounts for 79% of the cases as compared to invasive lobular carcinoma 

(ILC) which accounts for 10% of the cases[261]. Hence, a better understanding of the ductal 

subtype has the potential to improve the outcome of thousands of patients.    

The current hypothesis of how ductal breast cancer progress indicates that breast cancer 

advances in a linear progression from a benign lesion such as (1) ductal hyperplasia to (2) 

carcinoma in situ,  (3) invasive carcinoma and, ultimately, (4) metastasis[262,263] (Figure A.1) 

Thus, atypical ductal hyperplasia (ADH) is one of the initial steps of breast cancer progression, 

which is considered to be an early and premalignant epithelial abnormality[264,265].  Followed 

by ductal carcinoma in situ (DCIS), which is a stage of cancer cell proliferation with no evidence 

of basement membrane penetration (i.e. no invasion into the surrounding matrix)[266]. In this 

stage, proliferation of cells occurs within lumen of ducts and results in the loss of a hollow lumen 

and distortion of the duct. Cells within DCIS lesions acquire further genetic abnormalities that 

promote cell migration and invasion such as loss of E-cadherin.[267] Additionally, DCIS tumor 
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cells increase secretion of proteinases (i.e. MMPs)[268] that facilitates the degradation of the 

basement membrane and the entry into the surrounding matrix.  

 

Figure A.1. Hypothetical model of breast cancer progression. Schematic view of a normal duct, atypical ductal 
hyperplasia, ductal carcinoma in situ, invasive ductal carcinoma and metastasis (i.e. intravasation and extravasation).  

As cancer cells invade the surrounding matrix, they interact with biochemical and 

biophysical components of the tumor microenvironment (i.e., oxygen gradients, stiffness 

gradients) as well as stromal components such as blood vessels, fibroblasts and immune cells. 

Once in the matrix, cancer cells can migrate through the tissue toward the vasculature, which may 

lead to cancer spreading to distant organs (i.e. metastasis).  Metastasis is a multistep process by 

which tumor cells migrate from the primary tumor through the surrounding matrix, intravasate into 

the vasculature (blood or lymphatic), extravasate and colonize a distant organ. Each of these events 

is driven by (1) genetic and/or epigenetic alterations within tumor cells and the (2) involvement of 

stromal cells[269](which has been recently begin to be appreciates). Although we are aware of the 

steps of the metastatic cascade, metastasis still accounts for 90% of cancer-related deaths[174], 

demonstrating the lack of complete knowledge of the underlying mechanisms in the cascade. In 

vivo mouse models have been widely used for the study of metastasis[270–272], however, often 
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these models do not allow researchers to dissect the contribution a specific component responsible 

for certain event. On the other hand, 2D in vitro models have been mainly used for understanding 

the biology of cancer cells[273], but these models certainly do not represent the components found 

in vivo. Thus, our limited understanding of complex events such as cancer cell intravasation and 

extravasation is in part because of the lack of physiologically relevant in vitro models that allow 

for the study of such events. 

 

Modeling the Human Mammary Gland in vitro 

Our limited understanding of the complex relationships between breast tumors and the surrounding 

tumor microenvironment has motivated the field to develop in vitro models of the human 

mammary gland spanning from models of a healthy mammary gland to invasive ductal carcinoma 

(IDC). A recent example, from Carter et. al. in 2017, utilized organoids in a channel of a micro-

device to demonstrate that mammary gland cells could be isolated from patients undergoing breast 

reduction surgery, split into myoepithelial and luminal cell populations and cultured on a 2D 

plastic dish. The cells on the dish were transfected for fluorescent protein and the ability to initiate 

overexpression human epidermal growth factor receptor 2 (HER2), then recombined in a 3D 

matrix. The 3D embedded recombined cells arranged themselves in a layered geometry with 

myoepithelial cells surrounding a hollowed lumen formed from luminal cells, as seen in vivo. The 

study also showed that DCIS could be achieved when treated with a compound, doxycycline, 

known to induce progression of breast cancer. When HER2 overexpression was initiated, the 

researchers showed that DCIS did not respond to drug trastuzumab, but lower HER2 expressing 

cells were able to clear the DCIS tumor and return to the normal luminal geometry[274]. The 3D 

nature of these organoids provides insight into the factors involved in tumor progression by 
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allowing researchers to visually study the cellular arrangements within a relevant breast cancer 

model. While these embedded 3D models have contributed to understand the relationship between 

the tumor and the microenvironment, they are not amenable to control the spacio-orientation of 

several cell types or manipulation of the organoid itself. Herein, we discuss the role of microfluidic 

technologies in the study of breast cancer progression. We have narrowed the scope to only include 

microfluidic technologies with relevant luminal geometries, unless otherwise indicated. 

In addition to studying tumor cells alone, there is also interest in studying how tumor cells 

interact with other cells and body systems. For example, breast cancer progression is not limited 

to the interactions of the tumor and its surrounding microenvironment, breast cancer also 

undergoes metastasis to distant sites in the body. Unfortunately, metastasis accounts for 90% of 

total breast cancer related deaths[174]. Where factors that regulate intravasation, extravasation, 

and ultimately colonization of a secondary site are a studied area that would benefit from modeling 

the events in micro-devices since they enable spatio-control of materials and multiple cell types in 

one culture system, making possible to study the interplay of multiple factors while retaining 

tractability. The following studies do not incorporate a luminal geometry, but do incorporate 

micro-scale modeling of steps in the metastatic cascade and are worth noting due to their 

contributions to the field. Intravasation and extravasation are critical steps in the metastasis of 

breast tumor cells, since it allows cancer cells to move from the primary tumor to a secondary 

location.  Current micro-scale efforts to model intravasation and extravasation have been 

implemented in micro-devices that allow for 2D mono-layer of cells on the surface of the device 

itself or on top of an ECM mimicking hydrogel. In 2015, one model of metastasis studied the DCIS 

to IDC transition, the first step in metastasis, of a DCIS spheroid (DCIS.com) cultured on a mono-

layer of normal human mammary cells, on a planar layer of vitrified collagen. A mono-layer of 
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primary mammary fibroblasts were seeded on the opposite side of the planar collagen. This model 

accurately accounts for the spatial orientation of the mammary epithelium and stromal components 

found in the mammary gland, but does not include the appropriate luminal geometry or varieties 

of ECM proteins. The study showed that DCIS spheroids did not grow in size when exposed to 

paclitaxel, a commonly used breast cancer drug, but did not explore any other details in the 

metastasis process[275]. In the same year, a study was published including another relevant cell 

type in the dissemination of breast cancer cells around the body, lymphatic endothelial cells. The 

body’s lymphatic system is a commonly utilized highway for breast cancer cells in the metastasis 

process. In this study, researchers used a similar spatial orientation of cell types as in the study 

above, but instead of designing an all-encompassing micro-device, they modified and fabricated a 

platform for a transwell insert. Using micro-scale channels in the platform, they were able to 

induce flow across the bottom of the transwell membrane, which they had seeded with a mono-

layer of lymphatic endothelial cells. Additionally, researchers could induce flow through the top 

of the well which contained a 3D hydrogel matrix embedded with highly migratory breast tumor 

cells, MDA-MB-231. They were able to track the migration events across the lymphatic membrane 

to show that luminal flow increased transmigration of the MDA-MB-231 cells by acting on the 

lymphatic endothelial cells, and the addition of flow through the 3D embedded hydrogel increased 

the tumor cells’ migration even more[276].  

Micro-scale studies that focused on metastatic events utilized co-culture of breast cancer 

tumor cells and endothelial cells from the human vasculature initiated in 2009. An early micro-

device modeled tumor adherence to a layer of vascular endothelial cells exposed to different 

compounds. The device was constructed such that the endothelium was seeded in a mono-layer on 

a membrane separating it from a network of micro-channels beneath orthogonal to the endothelial 
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chamber. The device allowed researchers to screen several compounds by exposing the basal side 

of polarized endothelial cells to the compounds, which increased the device’s bio-mimetic 

relevance. Results indicated that circulating MDA-MB-231 cells adhered most to endothelium 

exposed to tumor necrosis factor alpha (TNF α)[277]. Another study also looked at the effects of 

TNFα and co-culture with macrophages on MDA-MB-231 migration across an ECM hydrogel 

towards a monolayer of vascular endothelial cells oriented vertically in the device. The device 

allowed researchers to expose the system to compounds with spatial separation of the cell types, 

biomimetic orientation, and the ability to track tumor cell migration paths through relevant ECM 

matrix against a gradient[278]. A similar study compared the extravasation of MDA-MB-231 and 

a normal mammary epithelial cell line, MCF10A, across a monolayer of vascular endothelial cells, 

hMVEC. Results showed that both breast epithelial cell types were able to migrate but MDA-MB-

231 cells extravasated at a much higher percentage[279]. Breast cancer metastasis shows patterns 

of site specificity, meaning secondary tumors tend to occur in certain organs (i.e. brain, lungs and 

bone) rather than at random sites. Utilizing a micro-device platform allows researchers the ability 

to probe specific organ microenvironments and study the response of migratory cancer cells in 

those environments. The small-scale nature of micro-devices also allows for screening of tumor 

response many organ types, individual components from the microenvironment of interest, and the 

ability to screen compounds’ effects on the system. Jeon et. al. utilized a three channel microdevice 

to determine the components of the bone microenvironment that encourage site specific metastasis 

of breast cancer cells. The middle channel of the device contained a hydrogel with protein 

components found in bone with embedded primary human bone marrow-derived mesenchymal 

stem cells (MSC), vascular endothelial cells, and C2C12 myoblast cells to mimic muscle in order 

to model the bone microenvironment. The flanking channels were used to provide cell culture 
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medium, initiate interstitial flow through the hydrogel, and perfuse MDA-MB-231 cells through 

the modeled vasculature. By including or not including certain cell types in the hydrogel matrix, 

the study was able to probe which cell types were important in initiating extravasation of the MDA-

MB-231 cancer cells from the modeled vasculature into the surrounding bone microenvironment. 

The MDA-MB-231 cells adhered to the vasculature and extravasated at a significantly higher rate 

in the bone microenvironment with all cell types included versus into the hydrogel matrix alone or 

the hydrogel embedded with C2C12 myoblasts. These results provide great insight into bone 

specific metastasis because it demonstrates that MSCs are necessary to provide cues for breast 

cancer cells to recognize and metastasize to bone[280]. Results from the studies discussed above 

no doubt provide valuable understanding of events included in the progression of breast cancer. 

The platforms are amenable to chemical screening, allow multiple cell types to communicate with 

each other, and therefore, are considerably closer to mimicking in vivo than traditional 2D on 

plastic cell culture studies.  

However, with advances made in micro-scale culture, we’ve seen evidence that organ-

mimicking geometry is also a necessity when trying to replicate in vivo response to changes in the 

system[94]. Examples include: a self-folding poly(ethylene glycol diacrylate) (PEGDA) free-

floating viable mammary duct, a luminal endothelial cell lined vessel through ECM embedded 

breast tumor cells, an endothelial lumen in porous PDMS surrounding a tumor spheroid, and a 

collagen derived DCIS model in a luminal geometry have all been created with intention to carry 

out further biological testing[281–284].  

The first study to highlight the biological impact of geometry in mammary duct-mimicking 

micro-fluidic models is from the Lelievre lab in manuscripts published in 2011 and 2014. The 

earlier of the two manuscripts explored a method of creating a semicircular geometry in a 
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hemichannel, in which, the cells were seeded in a monolayer in a curved geometry at the bottom 

of the channel[285]. The group was able to create the model in both polydimethyl siloxane (PDMS) 

and acrylic, and showed that addition of laminin 111, a protein found in the breast 

microenvironment, as a coating of the hemichannel supported correct apical/basal polarity of both 

S1 (normal) and T4-2 (tumor) cells. The later manuscript used the hemichannel device to screen 

commonly used anti-tumor drugs and looked at the sensitivity of the cells’ responses to the drugs 

in planar and semi-circular geometries. They found that cells in the hemichannels were 

significantly less sensitive to bleomycin and doxorubicin when compared to their 2D 

counterparts[286]. Because lower sensitivity in the hemi-channels may be more indicative of in 

vivo response, traditional 2D screening assays could miss the relevant chemical or drug activity 

window completely. 
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Figure A.2. Use of LumeNEXT to model luminal geometry of the mammary duct. A) Cross-section of MCF12a 
cells (blue nuclei, red f-actin) lining a col I (green) ductal structure in LumeNEXT model. B) Schematic for device 
operation. Hydrogel is loaded through side ports. A sacrificial rod is removed to create luminal geometry through 
polymerized hydrogel. Cells are seeded via passive pumping from small to large port (as are subsequent replenishing 
of media/compound doses). Figure credit: Megan K. Livingston 
 

The ability to include relevant ECM hydrogels surrounding the mammary duct impacts the 

biological response of the cells, as demonstrated in the cell polarization observed in the hemi-

channel model. LumeNEXT is a microfluidic device, developed in the Beebe lab, that allows for 

repeatable luminal geometry formation through relevant ECM hydrogels and proteins (Fig. 

A.2)[112]. LumeNEXT has the added benefit of relying on passive pumping for operation, 

therefore the operator does not need to use fluid pumps. In LumeNEXT, a range of ECMs with 

biologically relevant hydrogel stiffness and cell types from the mammary duct microenvironment 
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can be used to fabricate the luminal geometry. When MCF7 cells were cultured with human 

mammary fibroblasts (HMF) in LumeNEXT embedded within collagen, they polarized with 

apical/basal orientation. Signaling from HMF cells also decreased MCF7 cell proliferation rates to 

approximately 3%, matching proliferation rates of the mammary duct epithelium in vivo. The 

chemical, 17β-estradiol (E2) was used as an ER agonist, to model the progression of ER+ breast 

cancer. Similar to progression in vivo, E2 induced hyperplasia of MCF7s into the center of the 

luminal geometry, the response was significantly enhanced with the addition of HMFs in the 

surrounding collagen matrix. Co-culture with HMFs also increased the level of ER transactivation 

in MCF7 cells, decreased apoptosis, and increased overall viability in the LumeNEXT 

platform[287]. Next, the luminal platform was used to screen effects of body mass index on breast 

cancer by co-culturing MCF7 cells with commercially available primary adipose derived 

mesenchymal stem cells (AdMSCs). AdMSCs metabolize androgens to estrogens via aromatase. 

To characterize this metabolism in the model, MCF7s were exposed to testosterone in mono-

culture and co-culture with AdMSCs. In co-culture, the testosterone induced an estrogenic 

response of the MCF7s, detected through luminescent readout of ER transactivation, indicating 

that AdMSCs were able to metabolize the testosterone to estrogen in the surrounding col1 matrix. 

The co-culture was exposed to the compound anastrazole, an aromatase inhibitor, and the ER 

transactivation was completely diminished, highlighting the ability of the platform to screen for 

compounds that act on the surrounding microenvironment to impact the progression of breast 

cancer. After characterizing MCF7 response to testosterone when co-cultured with AdMSC cells, 

the ductal model was then co-cultured with healthy patient derived AdMSCs (PD-AdMSC) 

obtained from breast reduction surgery. The study concluded by comparing PD-AdMSC from 

patients categorized in low and high body mass index (BMI). When exposed to testosterone and 
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anastrazole. MCF7s co-cultured with PD-AdMSC from higher BMI patients had a significantly 

lower sensitivity to anastrazole, highlighting the ability of this screening platform to screen 

compounds for tissue response from individual patients and demonstrates the importance of 

carefully considering components of the microenvironment[288]. An adaptation of the 

LumeNEXT platform, to include 3 luminal geometries, was used to study the effect of hypoxia 

and nutrient starvation of a DCIS model in response to drug compounds. The study demonstrated 

the ability to set up hypoxia gradient across the DCIS model and determine the hypoxia/normoxia 

status of individual cells in the tumor via metabolic imaging. Treatment with drugs resulted in the 

ability to kill tumor cells in hypoxia, but normoxic cells remained viable[187]. Platforms such as 

these not only promote higher relevance to in vivo biology, but also support medium throughput 

of drug and compound screening. Because the biology more closely matches that in vivo, we can 

begin to rely on these models to help with diagnostics and predictive modeling. 
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Appendix B: Breast fibroblasts and ECM components modulate 
breast cancer cell migration through the secretion of MMPs in a 3D 

microfluidic co-culture model5 
 
Abstract  

Within the tumor microenvironment, cancer cells partake in crucial crosstalk with stromal cells 

(e.g., fibroblasts) that will define tumor outcomes. In addition, biophysical and biochemical cues, 

such as those from the extracellular matrix (ECM), are known to alter cell invasion greatly. 

However, these interactions are often overlooked in traditional in vitro migration models. 

Therefore, creating reproducible models that incorporate organotypic structure, ECM, and stromal 

support have the potential to improve migration and invasion assays.  Here, we use a microfluidic 

platform that consists of a luminal structure filled with a mixture of cancer cells and a surrounding 

3D collagen matrix that enables the testing of heterogeneous ECMs with different stromal 

components. Thus, the presented platform mimics an invasive stage of breast cancer surrounded 

by a complex and relevant TME. Using this model, we demonstrate that cancer cell migration is 

influenced by the synergistic effect of the matrix and fibroblast composition. Specifically, we show 

that in the presence of normal breast fibroblasts, a fibronectin-rich matrix induces more cancer cell 

migration. On the other hand, in the presence of cancer-associated fibroblasts, cancer cell 

migration increases to levels higher than in co-culture with normal fibroblasts regardless of matrix 

composition. Analysis of the extracellular matrix revealed an increase in matrix degradation in co-

culture with fibroblasts observed by the presence of pores in the matrix. In addition, cancer-stromal 

crosstalk induced an increase in the secretion of MMPs in co-cultures. Specifically, in the co-

 
5 This chapter has been adapted from the manuscript in preparation: “Breast fibroblasts and ECM 
components modulate breast cancer cell migration through the secretion of MMPs in a 3D microfluidic co-
culture model.” The manuscript was authored by Karina M. Lugo-Cintrón, Max M. Gong, José M. Ayuso, 
Lucas Tomko, Suzanne Ponik, David J. Beebe and María Virumbrales-Muñoz 
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culture with normal fibroblasts, MMP secretion increased in the fibronectin-rich matrix and, in the 

co-culture with cancer-associated fibroblasts there was an increase regardless of the matrix 

composition. MMP inhibitor experiments revealed a decrease in migration distance in the collagen 

matrix but not in the fibronectin-rich matrix in the co-culture with HMFs. These data reveal the 

importance of using in vitro models that incorporate components of the tumor microenvironment 

that are essential in regulating cancer progression. Overall, this data demonstrates the capability 

of the model to pinpoint the contribution of different components of the TME. 
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Introduction 
 
Breast cancer is among the three most common cancers worldwide and the most common 

malignancy in women[289]. Currently,  cancer metastasis accounts for 90% of cancer related 

deaths[174]. Cancer metastasis is a multistep process by which tumor cells migrate from the 

primary tumor through the surrounding matrix, intravasate into the vasculature (either blood or 

lymphatic), extravasate and colonize a distant organ[290]. In order to metastasize, cancer cells 

must degrade the surrounding ECM to invade and migrate through the stroma. Within the 

surrounding matrix, cancer cells interact with biochemical and biophysical components of the 

matrix (e.g., matrix composition) as well as stromal components such fibroblasts, that regulate 

metastatic outcome[291]. Despite significant advances in the understanding of breast cancer, 

metastasis remains a poorly understood process and is the main cellular event leading to poor 

patient survival. Therefore, it is essential to understand the migration of cancer cells within the 

stroma to develop successful strategies that target metastasis.   

The tumor microenvironment (TME) has emerged as a critical player in cancer progression 

and metastasis[292–294]. The TME has two major components, a cellular and a non-cellular 

component[7,295]. The cellular component comprises malignant and non-transformed cells 

including fibroblasts, immune cells, vasculature, and adipocytes[8,87]. Among the many 

components of the TME, fibroblasts have been reported as the major cellular component that 

regulates cancer cell progression due to the ability of cancer cells to alter fibroblasts into an 

activated phenotype[296–299]. In breast cancer, fibroblast have been shown to promote tumor 

growth, migration and metastasis[300]. Fibroblasts can promote tumor progression by remodeling 

the extracellular matrix structure and composition. The extracellular matrix (ECM) is the non-

cellular component of the TME and it is mostly composed of collagen I, which has been 
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demonstrated to align next to the boundary of the tumor, thereby facilitating cancer cell 

migration[37,301]. In addition, recent in vivo proteomics data revealed that breast tissue of 

invasive ductal carcinoma patients have an increase deposition of other components of the ECM 

(e.g., fibronectin) as compared to normal tissues[39]. Furthermore, areas of collagen alignment 

surrounding the tumor significantly correlated with increased levels of FN, TNC, TSP2, and Col12. 

Clinically, the increase in fibronectin expression has been associated with poor clinical outcome, 

decreased survival rates and therapeutic resistance[302,303]. Although it is evident then that the 

TME plays a crucial role in tumor progression and metastasis, critical TME components, such as 

fibroblasts and alterations in ECM composition are not included in traditional in vitro assays that 

investigate cancer cell migration. 

Traditional in vitro models for studying cell migration include wound healing assays and 

transwells, and present several limitations[304,305]. For example, studies using wound healing 

assays are performed in two-dimensional substrates (2D). However,  it is well known that the 

mechanisms of cell migration used in 2D differ from those in 3D environments[92,93]. On the 

other hand, transwells have been used to study cell migration in 3D environments, but do not 

recapitulate the structural characteristics of the TME[306]. Another limitation from traditional in 

vitro cell migration assays is the lack of additional cell types from the TME, which are known to 

have an impact in cancer cell migration [307]. Microfluidics has been recently used to better 

recapitulate the TME[308–313]. In the context of breast cancer migration, microfluidic models 

have been developed to co-culture cancer cells with components such as endothelial vessels[278] 

and immune cells[314]. Several studies have focused on the interaction between cancer cells and 

fibroblasts in breast cancer migration and progression[187,315,316]. As for the ECM, microfluidic 

models have investigated the migration of cancer cells in 3D collagen matrices[317] and have 
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changed parameters of the ECM such as density[191] and composition[318]. However, most 

studies have focused on studying only one parameter at a time, either the matrix or the stromal 

composition, therefore limiting our understanding of more complex microenvironments.  

In this work, we incorporated specific TME components such as fibroblasts and a 

fibronectin-rich matrix in a relevant 3D platform to build the complexity of the TME. Specifically, 

we mimicked an invasive stage of breast cancer surrounded by a complex and relevant TME using 

a microfluidic platform previously developed in our lab. This platform allows the creation of a 

lumen structure within a 3D collagen matrix which is easily modified to include different 

fibroblasts and ECM compositions. Based on in vivo proteomics literature, we chose to assess the 

effects of fibronectin within a collagen matrix, in addition to either human mammary fibroblasts 

(HMF) or cancer associated fibroblasts (CAF) which were embedded into the matrix. In this setup, 

we added metastatic breast cancer cells (MDA-MB-231) into the lumen structure to recreate a 

tumor-like mass invading the surrounding stroma and then we assessed their migration distance 

and matrix remodeling, as well as the crosstalk with HMF or CAF.  Overall, in this paper we used 

previously reported ECM proteomics data to recapitulate tumor-like conditions in vitro to 

understand how different ECM compositions, matrix and fibroblast composition, impact the 

migration of breast cancer cells. Finally, we discuss the effects of TME components in potential 

therapeutic options (i.e., MMP inhibitors). To our knowledge, this is the first report of a 

microfluidic device being used to screen the effects of TME components on cancer cell migration 

and TME effects on the efficacy of cell migration inhibitors. 

 

 

 



 135 

 
Materials and methods 

Cell Culture  

Human mammary adenocarcinoma cells MDA-MB-231 were selected for high invasiveness and 

their ability to metastasize in vivo[319]. MDA-MB-231s were transfected to stably expressing 

green fluorescent protein (GFP), a kind gift from Dr. Suzanne Ponik (University of Wisconsin, 

Madison). Immortalized human mammary fibroblasts, referred as HMFs, were derived from the 

stromal vascular fraction of a reduction mammoplasty and were gifted to us from Dr. Lisa Arndt’s 

lab (University of Wisconsin, Madison). Cancer Associated Fibroblasts were gifted from Dr. 

Andreas Friedl’s lab. All cells were routinely cultured in high glucose DMEM (Gibco, 11965092) 

supplemented with 10% fetal bovine serum (FBS, VWR, 97068-085) and 1% 

penicillin/streptomycin (ThermoFisher, 15140-122) and were kept in a humidified incubator at 

37oC with 5% CO2. All cells were cultured to 90-95% confluency at passages X to X for all 

experiments and media was changed every 2-3 days.  

 

Device Fabrication  

LumeNEXT fabrication was performed as previously described [185]. Briefly, the microdevice 

consists of two PDMS layers, which define the microchamber; and a suspended PDMS rod, which 

is removed after polymerization of a hydrogel in the main chamber to create a tubular lumen 

structure. In order to fabricate the top and bottom layers of the microdevice, a traditional soft 

lithography technique was used, in which the layers were spun using SU-8 (MicroChem, Y13273) 

to create the silicon master molds. Polydimethylsiloxane (PDMS, Dow Corning, Sylgard 184)  was 

mixed at a 10:1 base to curing agent ratio and poured over the SU-8 silicon master molds. Using 

the same PDMS mixture, PDMS rods were fabricated by filling up a 25 gauge (Fisher Scientific, 
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14-840-84) hypodermic needle with PDMS. PDMS components were then baked at 80°C for 4 h. 

After baking, the PDMS rods were extracted from the needles, yielding PDMS rods of 280 µm in 

diameter. The two layers were aligned, ethanol bonded together and the PDMS rods were placed 

into the microdevice chamber. Finally, the microdevice was oxygen plasma bonded to a glass-

bottom MatTek dish (MatTek Corporation, P50G-1.5-30-F), following a general protocol. The 

microdevices were sterilized using UV irradiation for 15-20 min for further use.  

 

Organotypic Culture 

LumeNEXT device preparation  

To achieve maximum hydrogel adhesion to the PDMS chamber, a two-step coating of 2% 

poly(ethyleneimine) (PEI, Sigma-Aldrich, 03880) diluted in deionized DI water for 10 minutes 

was loaded into the side ports. The PEI solution was aspirated and 0.4% glutaraldehyde (GA, 

Sigma-Aldrich, G6257) diluted in deionized DI water was loaded into the side ports and incubated 

at room temperature for 30 minutes. During the GA incubation, the collagen solution was prepared 

on ice (refer to section 3.2).  After the 30-minute of GA incubation, the microdevices were washed 

three times with sterile DI water to remove any GA excess. At this point, devices are ready to be 

loaded with the collagen solution. To minimize evaporation, sacrificial phosphate buffered saline 

(PBS) was added around the side of the MatTek dish. 

Extracellular matrix preparation and loading into the device 

High-density rat-tail collagen type 1 (Corning, 354249, referred as collagen through the text) was 

diluted with 5X PBS and neutralized with 0.5 M NaOH (Fisher Scientific, S318) achieving a final 

concentration of 1X PBS, and a pH of 7.4. To achieve a final concentration of 2.25 mg/mL 

dilutions with fibrinogen (Sigma-Aldrich, F8630) and media were performed. For the collagen 
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solution containing fibronectin, a final concentration of 100 µg µl-1 fibronectin (Sigma-Aldrich, 

F1141) solution was added to the collagen. For experiments with stromal cells in the matrix, HMFs 

or CAFs, a final concentration of 500 cells µl-1 was added to the respective collagen solution.  

Right after the washes with sterile DI water, 8 µl of collagen solution was loaded through the side 

ports and polymerized at room temperature for 10 min. Finally, a small droplet of media (5 μL) 

was placed on top of the side ports to prevent evaporation, and devices were transferred to 37oC 

for 1 hour to allow collagen to fully polymerize.  

Preparation of collagen I solution containing MDA-MB-231 and loading into device   

After incubation, a small drop of media (5 μL) was added to the input port under sterile conditions. 

To remove the PDMS rod, the rod was pulled through the output port using a sterilized tweezers, 

leaving a hollow lumen filled up with media within the collagen matrix which is ready for cell 

loading. All fluid handling procedures were conducted with standard pipettes, uniquely enabled 

by passive pumping[128]. A 1.5mg/ml collagen solution containing MDA-MB-231s was prepared 

as indicated in section 3.2, with the addition of the MDA-MB-231s at final concentration of 16,666 

cells µl-1. Then, to fill up the lumen with the collagen solution containing MDA-MB-231, the 

media from the lumen was aspirated and 3 µl of collagen solution containing MDA-MB-231 was 

loaded through the input port and polymerized at room temperature for 10 min. Finally, a droplet 

of media (10 μL) was placed on top of the side ports to prevent evaporation, and devices were 

transferred to 37oC for 1 hour to allow collagen to fully polymerize. After incubation, collagen 

solution left in the output port was aspirated to remove the excess of cancer cells. Then, 20 μL 

media was added to the output port and devices were transferred to the incubator for overnight 

incubation. The next morning, media was replenished and was changed every day.  
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Imaging Acquisition 

Cancer cell migration and migration distance quantification 

The GFP signal from the MDA-MB-231 was used to track cancer cell migration out of the lumen. 

For each device, a Z-stack imaging was performed after 48 hours of culture. Bright-field images 

were acquired at 4X using a Nikon TI® Eclipse inverted microscope (Melville, New York) and 

processed using the National Institutes of Health ImageJ software. To analyze the migration 

distance, each Z-stack was projected, and the distance were the MDA-MB-231 is located was 

measured from the lumen using Image J[197].  

 

Cytokine secretion assay 

Multiplexed protein secretion analysis was performed on the cancer-fibroblasts co-cultures, cancer 

monocultures and fibroblast monocultured in both type of matrix composition. The analysis was 

performed using the Magnetic Bead-Based Multiplex ELISA system MAGPIX (Luminex 

Corporation) using a Human MMP Magnetic Panel (3-Plex) (R&D Systems, FCSTM07-03) as 

described elsewhere[113]. Collected media was combined to increase the sample volume in each 

cultured condition. Briefly, media collection was performed at 24 and 48 hours of culture from six 

cultured vessels. Collected media was combined to increase the sample volume of each condition. 

Sample preparation and detection was performed following the manufacturer’s protocol. Data 

were collected with xPonent software (Luminex), and soluble factor concentrations in media were 

calculated using mean fluorescence intensities (MFI) by creating a standard curve for each analyte 

using a five-parameter logistic (5-PL) curve fit.  
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Matrix visualization by SHG imaging 

Collagen hydrogel structure was visualized by second harmonic (SHG) using a custom-built 

inverted multiphoton microscope (Bruker Fluorescence Microscopy, Middleton, WI), as described 

previously[187]. The system consists of a titanium:sapphire laser (Spectra Physics, Insight DS-

Dual), an inverted microscope (Nikon, Eclipse Ti), and a 40x water immersion (1.15NA, Nikon) 

objective. Collagen fibers were excited using an 890 nm infrared laser and collecting the emission 

at 450 nm. 

 

Matrix quantification 

SHG images the different collagen matrices were analyzed using image J. Images were uploaded 

to the program and a threshold was applied, which was maintain constant for all the images. The 

pore area on each image was measured resulting in a distribution of different pore area sizes.  

 

Cell tracker and immunofluorescence staining 

In some experiments cell were fluorescently labeled with Red or Blue cell tracker. Stock solutions 

of cell tracker red CMTPX (Thermo Fisher, C34552) and blue (Thermo Fisher, C2110) were 

prepared following supplier instructions. Then, the stock solution was diluted 1/1000 in growth 

medium and cells were trypsinized and incubated in this medium for 30 min. Finally, cells were 

washed twice with 1X PBS to remove the excess of cell tracker. 

For immunofluorescence staining, cells were washed with PBS for 30 minutes between 

each step. Unless specified otherwise, steps took place at room temperature. Washing buffer (0.1% 

PBS-Tween 80 (Sigma-Aldrich, P1754) and blocking buffer (3% Bovine Serum Albumin (BSA, 

Sigma-Aldrich, A9056) in 0.1% PBS-Tween 80) were made in advance and stored at 4o C until 
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use. Cells were fixed with 4% paraformaldehyde (PFA) (EMScience, 15700) for 15 min, then 

incubated with 0.2% Triton® X-100 (MP Biomedicals, 807426) for 30 min for permeabilization. 

Finally, devices were incubated with 10 µL of blocking buffer at 4oC overnight. Texas Red-X 

Phalloidin (ThermoFisher Scientific, T7471) and DAPI (ThermoFisher Scientific, D3571) were 

used to stain actin cytoskeleton and nuclei, respectively. A fibronectin antibody was used to stain 

the presence of fibronectin in the collagen gel (Abcam, ab2413). Fluorescent images were acquired 

at 10X using a Nikon TI® Eclipse inverted microscope (Melville, New York) and processed using 

the National Institutes of Health ImageJ software. 

 

MMP inhibition 

Marimastat was used to inhibit the activity of different MMPs such as (MMP -1, 2, -7, -14). A 

stock solution was prepared at 10mM concentration following supplier instructions. For the 

treatment with Marimastat in the different microenvironments, the stock solution was diluted to a 

final concentration of 30 µM Marimastat. Treatment with 30 µM Marimastat or a vehicle control 

(DMSO) was performed for 48 hours, following imaging acquisition. Image analysis was 

performed to determine changes in migration distance, which was quantified as previously 

described.  

 

Statistical analysis 

All the experiments were repeated at least three times as independent biological repeats.  All results 

are presented as the mean ± standard deviation of the mean. Data were analyzed using GraphPad 

Prism 8 (GraphPad Software, La Jolla, CA) and statistical significance was set at p < 0.05. One-

to-one comparisons were performed with an unpaired Student t-test with Welch's correction (if SD 
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were not the same) after the normal distribution was proved via Shapiro-Wilk test. If the normality 

test was not passed, a non-parametric test was performed (Mann-Whitney test).  

 
Results and Discussion 
 
In vitro 3D microfluidic model incorporating different stromal and matrix compositions 

In recent years, the TME has emerged as a highly regulative factor of cancer progression[320]. It 

is well known that the ECM of the breast TME can promote cancer cell invasion, migration and 

metastatic potential[321,322]. However, the few in vitro models assessing the influence of the 

TME components on cancer cells have been performed in 2D platforms, which do not accurately 

mimic the in vivo microenvironment. To mimic an invasive stage of breast cancer surrounded by 

a distinctive fibroblast and a relevant matrix composition (i.e., collagen and fibronectin as 

observed for highly invasive breast cancers) we used a microfluidic device previously described 

by us called LumeNEXT (Fig. B.1 A). Using this device, the lumen was filled with a solution of 

collagen containing metastatic breast cancer cells (MDA-MB-231) surrounded by a collagen 

matrix with fibroblasts (Fig. B.1 B), recapitulating the scenario of a tumor mass invading the 

stroma. The surrounding matrix was then tailored to incorporate normal mammary fibroblasts or 

cancer associated fibroblasts (referred as HMFs and CAFs throughout the text) (Fig. B.1 C), 

allowing for cancer-stromal crosstalk. In addition, to determine the influence of the matrix 

composition in cancer cell migration, the protein composition of the matrix was changed by 

incorporating 100 µg/ml fibronectin that was mixed in the collagen solution before polymerization. 

The successful incorporation of fibronectin in the collagen was validated by immunofluorescence 

staining (Fig. B.1 D) as seen in red, and the collagen fibers were visualized by second harmonic 

imaging (SHG). Overall, this model includes allows to investigate the synergistic effect of the 

fibroblasts and ECM composition in cancer cell migration.  
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Figure B.1: 3D co-culture model that recapitulate different tumor microenvironments. A) Photograph of the co-
culture model (Scale bar= 10 mm). B) Schematic magnification of the device, top view (left) and cross-section view 
(right). Cross-section schematic shows the basic components of the microenvironment that are included in the model 
including a 3D collagen I matrix with fibroblasts and cancer cells embedded in collagen I. The matrix and fibroblast 
composition are tailored to mimic different microenvironments. C) Top view image showing MDA-MB-231s (green) 
co-cultures with normal fibroblasts (purple) or cancer associated-fibroblasts (red) one hour after seeding. Scale 
bar=250 µm D) Collagen I matrix is supplemented with 100 µg/ml fibronectin to mimic a tumor-like 
microenvironment. Visualization of the matrix was performed were collagen fibers are shown in green and were 
visualized by Second Harmonic Generation imaging (left panel). Immunofluorescence staining was performed on gels 
to detect the presence of fibronectin as shown in red (middle panel). Composite image shows some fibers overlaps 
(right panel).  
 

Cancer cell migration within different tumor-like microenvironments 

To better understand cancer cell migration within different tumor-like microenvironments, we 

used the 3D microfluidic model that recapitulates different microenvironments. Using this model, 

we sought to investigate the effect of a fibronectin-rich matrix and the role of fibroblasts on MDA-

MB-231 migration.  To this end, cancer cells were seeded in the different matrix compositions 

(i.e., fibronectin-rich collagen or collagen alone) with embedded fibroblasts (i.e., CAFs or HMFs) 

for 48h (Fig. B.2 A-C). Cancer cells were visualized in all four conditions via the GFP-expression 

of cancer cells from which the number of migrating cancer cells and the migration distance from 
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the edge of the lumen was quantified using Image J. Qualitatively, an increase in the number of 

migrating cells is observed in a fibronectin-rich matrix as compared to the collagen only matrix 

regardless the type of fibroblasts present (Fig. B.2 B-C). In the presence of HMFs, the average 

number of migrating cells was 146 ± 70 cells for the collagen matrix and 319 ± 62 cells for the 

fibronectin-rich matrix, revealing a significant increase in the number of migrating cells within a 

fibronectin-rich matrix (**P=0.0019) (Fig. B.2 D). In the presence of CAFs, the average number 

of migrating cells was 224 ± 76 cells for the collagen matrix and 380 ± 61 cells for the fibronectin-

rich matrix, revealing a significant increase in the number of migrating cells within a fibronectin-

rich matrix (**P=0.0063) (Fig. B.2 D). When comparing the influence of HMFs and CAFs in the 

number of migrating cancer cells, no differences were found, indicating that both type of stromal 

cells are inducing similar changes in the number of migrating cancer cells. Qualitatively, changes 

in cell migration distance are observed (Fig. B.2 B-C). In the presence of HMFs, the average 

migration distance was 139.9 ± 20.4 µm for the collagen matrix and 189.6 ± 16.3 µm for the 

fibronectin-rich matrix, revealing a significant increase in the migration distance through a 

fibronectin-rich matrix (**P=0.0015) (Fig. B.2 E). However, in the presence of CAFs, the average 

migration distance was 173.2 ± 23.2 µm for the collagen matrix and 192.3 ± 18.7 µm for the 

fibronectin-rich matrix, revealing no differences in the migration distance within the different 

matrices (Fig. B.2 E). When comparing the influence of HMFs and CAFs in the cancer cells’ 

migration distance, a significant increase was found in the presence of CAFs within a collagen 

matrix (*P= 0.0365), compared to HMF. However, we observed that the presence of CAFs 

increased the migration distance of cancer cells regardless of the matrix composition. Interestingly, 

in the presence of HMFs, a normal component of the TME, the matrix composition induces 

changes in the fibroblasts that, in turn, enhance the migration of the cancer cells. These results 
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suggest that within a normal microenvironment (HMFs) and a tumor-promoting component such 

as the fibronectin-rich matrix, the tumor-promoting factor educate the normal environment to 

support cancer progression. On the other hand, we did not observe changes in cell migration when 

including a tumor-promoting component such as the fibronectin-rich matrix in the presence of 

CAFs. This led us hypothesize that CAFs secrete more fibronectin than HMFs, therefore, the 

addition of this tumor-promoting component does not make a difference. To determine whether 

CAFs secrete more fibronectin than HMFs, we assessed the expression of fibronectin via western 

blots. We used LOX as a loading control for Western blotting because this protein reflected total 

protein amount in both fibroblasts cultured on the collagen gels. Fibronectin was highly expressed 

in CAFs as compared with HMFs (Fig. B.2 F-G). Therefore, these results could explain the 

unchanged migration distance in tumor-promoting microenvironment (i.e. in the presence of 

CAFs) when we changed the matrix composition.  
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Figure B.2: Influence of ECM protein and fibroblast composition in cancer cell migration. A) Experimental 
schematic of the process consisting in cell seeding, media exchanges and imaging after 48 hours of culture to track 
cell migration. B-C) Fluorescence images of GFP tagged MDA-MB-231s within different matrix compositions in co-
culture with HMFs and CAFs. B) MDA-MB-231 co-cultures with HMFs in a collagen matrix (left) and a fibronectin-
rich matrix (right). C) MDA-MB-231 co-cultures with HMFs in a collagen matrix (left) and a fibronectin-rich matrix 
(right). D) Average number of cells in the matrix. E) Average migration distance measured from the edge of the lumen 
after 48 hours of culture. F) Representative western blot for many fibronectin G) Quantification of western blot as 
normalized to 0.3% total cell lysate fractions by SYPRO Ruby staining (whole lane fluorescence). Bars represent 
average ± SD, n at least 4 individual devices. Scale bar = 200 µm. *p ≤ 0.05, **p ≤ 0.01. 
 

Influence of ECM protein and fibroblast composition on MMPs secretion 

In breast cancer, tumor progression and metastasis has been found to be driven by matrix 

metalloproteinases (MMPs) shaping of the TME[323–325]. In this regard, in vitro studies have 

revealed that cancer cells induce stromal fibroblasts to express MMP-9[326], demonstrating the 

complex tumor-stromal crosstalk that occurs in breast cancer. Additional studies have found that 
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a subset of the MMPs (e.g. MMP-2 and MMP-9) are upregulated in breast cancers and are 

associated with poor outcome[43,327]. In addition, other MMPs (e.g., MMP-3), have been found 

to not only promote matrix degradation, but to act as a signaling molecule that regulates mammary 

stem cell formation[328]  

Therefore, we next focused on studying the secretion of MMPs within the different tumor-

promoting microenvironments (Fig. B.3 A). To achieve this, we measured the secretion levels of 

several MMPs implicated in breast cancer progression with a multiplex magnetic bead-based 

ELISA (i.e. Luminex MAGPIX). All studied factors were within detectable ranges. In general, an 

increased level of MMPs (i.e., MMP-2, MMP-3 and MMP-9, respectively) was observed in most 

of the co-cultures (Fig. B.3 B-D), compared to the fibroblast monocultures. The MMP secretions 

were compared to the fibroblast monoculture since the MMP levels of the cancer cell monocultures 

were lower, which is consistent with previous reports showing that fibroblasts secreting more 

MMPs than cancer cells (Fig. B.4) [329].  

In the co-culture with HMFs, a significant increase in MMP-2 (4.3-fold), MMP-3 (2-fold) 

and MMP-9 (2.3-fold) within a fibronectin-rich matrix was observed (*P=0.0351, P=0.0101 and 

P=0.0121, respectively). On the other hand, in co-culture with CAFs, a significant increase in 

MMP-3 was found for the collagen matrix (12-fold) and the fibronectin-rich matrix (14-fold) 

(**P=0.0013 and ***P=0.0006, respectively) and, a significant increase in MMP-9 (3-fold) within 

a fibronectin-rich matrix (**P=0.0084) (Fig. B.3 B-D).  
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Figure B.3: Influence of ECM protein and fibroblast composition on MMPs secretion. A) Schematic of 
theprocess. MMP concentration for the different microenvironments was determined via a multiplex bead-based 
ELISA. B-D) MMPs fold change in co-culture with HMFs (purple bars) and CAFs (red bars) within a collagen matrix 
(solid bar) and a fibronectin-rich matrix (striped bar) Fibroblast monoculture showed in solid black). B) MMP-2-fold 
change. C) MMP-3-fold change. D) MMP-9-fold change. E-G) MMPs fold change based on matrix composition for 
the co-culture with HMFs (purple dotted bars) and CAFs (patterned red). E) MMP-2-fold change. F) MMP-3-fold 
change. G) MMP-9-fold change. Bars represent average ± SD, n at least 4 individual devices. *p ≤ 0.05, **p ≤ 0.01, 
*** p < 0.001.  

 

 

Figure B.4: MMP protein secretion in monocultures. Heat-map demonstrates that MMP-2, -3 and -9 secretion is 
higher in the HMFs and CAFs monocultures compared to the MDA-MB-231 monoculture. Heat-map represent the 
average, n at least 4 individual devices 
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In order to determine if matrix composition modified cell MMP secretions, we calculated 

the fold change of the fibronectin-rich matrix over the collagen matrix for the different MMPs 

(Fig. B.3 E-G). In the co-culture with HMFs, we found an increase in MMP-2 (2.8-fold), MMP-3 

(2.7-fold) in the fibronectin-rich matrix as compared to the collagen matrix. These results 

demonstrate that the presence of a fibronectin-rich matrix drives the secretion of MMPs by the 

HMFs. Conversely, in the co-culture with CAFs, no increase in MMPs were found, revealing that 

the change in matrix composition did not affect the secretion of MMPs. These results support our 

hypothesis that the fibronectin-rich matrix induced changes in the normal component (HMFs), 

such as an increase in MMP secretion, that allows cancer cells to migrate further. Overall, these 

results suggest that the matrix composition stimulates the normal component of the tumor 

microenvironment to secrete more MMPs, promoting cancer cell migration in normal 

microenvironments.   

Co-culture with fibroblasts induces matrix degradation 

It is well recognized that fibroblasts can interact and communicate with the surrounding ECM, 

resulting in ECM structure remodeling. The remodeling of the ECM is regulated through the 

secretion of matrix-degrading enzymes (i.e., MMPs), which are known to facilitate cancer invasion 

through degradation of the ECM. Since we observed an increased secretion of MMPs in the co-

cultures, we sought to determine if this increase had an effect on matrix degradation and 

remodeling. To visualize the collagen fibers, Second Harmonic Generation (SHG) imaging was 

performed after 48 hours of culture (Fig. B.5 A). Evident matrix degradation is observed in co-

cultures with HMFs and CAFs in both matrix compositions, in the form of pores within the matrix 

(Figure B.5 B-E). Qualitatively, in co-culture with HMFs within a fibronectin-rich matrix, larger 

pores are observed as compared to the collagen matrix. Conversely, in co-culture with CAFs, 
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similar pore sizes are observed within both matrix compositions. To quantify the pore size area, 

image analysis was performed using Image J. In the presence of HMFs, the pore size was 2854 ± 

2606 pixels2 for the collagen matrix and 6929 ± 10611 pixels 2 for the fibronectin-rich matrix, 

revealing a significant increase in the pore size in the fibronectin-rich matrix (*P=0.05) (Fig. B.5 

F). In the presence of CAFs, the pore size was 2479± 2901 pixels 2 for the collagen matrix and 

2941 ± 2294 pixels 2 for the fibronectin-rich matrix, revealing no differences in pore size within 

the different matrices (Fig. B.5 F). Overall, there is an increase in pore size area in the co-culture 

with HMFs within a fibronectin-rich matrix, consistent with the increase in MMP-2, -3, and -9 

secretion in previous figures. Interestingly, these MMPs can degrade fibronectin and not collagen 

I, suggesting that the fibronectin matrix is signaling the HMFs to produce MMPs that can degrade 

the surrounding matrix. As for the degradation of collagen I, these MMPs have the potential to 

activate other MMPs to degrade collagen I.  
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Figure B.5: Matrix visualization via Second Harmonic Generation (SHG) imaging. A) Schematic of the process. 
B-E) Collagen fibers are depicted in cyan, whereas cells appear in magenta, were collagen degradation and remodeling 
are observed in form of pores in the matrix. In co-culture with HMFs, imaging was performed in the B) collagen 
matrix and C) fibronectin-rich matrix. In co-culture with CAFs, imaging was performed in the D) collagen matrix and 
E) fibronectin-rich matrix. F) Quantification of pore size. Violin plot represents the distribution of the data with the 
average and SD, n at least 4 individual devices. *p ≤ 0.05.  
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The pores observed in the matrix are indicative of matrix degradation and are not observed 

in the MDA-MB-231 monocultures (Fig. B.6 A-B). In the MDA-MB-231 monoculture, the pore 

size was 1865± 739 pixels 2 for the collagen matrix and 2323 ± 1191 pixels 2 for the fibronectin-

rich matrix, revealing a significant increase in the pore size in the fibronectin-rich matrix 

(*P=0.0187) (Fig. B.6 C). When comparing MDA-MB-231 monoculture with the co-culture with 

HMFs, there is a significant increase in pore size in the co-cultures (*P=0.0462), which was not 

observed in the collagen alone matrix. On the other hand, when comparing MDA-MB-231 

monoculture with the co-culture with CAFs, no differences in pore size were found. Interestingly, 

MDA-MB-231 monoculture and in co-culture with CAFs showed the largest migration distance. 

Therefore, we hypothesize that migration must occur in a mechanism independent of MMP-2, -3, 

and -9 in these conditions.   

 

Figure B.6: Matrix visualization via Second Harmonic Generation (SHG) imaging in the MDA-MB-231 
monoculture conditions. A) Collagen fibers are depicted in cyan, whereas MDA-MB-231cells appear in magenta. 
Left: Collagen matrix and Right: fibronectin-rich matrix. B) Quantification of pore size. Violin plot represents the 
distribution of the data with the average and SD, n at least 4 individual devices. *p ≤ 0.05. 
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Effect of MMP inhibition in breast cancer migration 

To investigate if the degradation of the matrix was responsible for changes in MDA-MB-231 

migration, an MMP inhibitor cocktail (marimastat) was used. Marimastat inhibits MMP-2, MMP-

9, MMP-1 and other MMPs and, it has been reported to inhibit cancer cell migration 3D in vitro 

at a 30 µM concentration[191]. All cultured conditions were treated with 30 µM marimastat or a 

vehicle control (DMSO) for 48 hours and imaged (Fig. B.7 A). 

 

Figure B.7: Effect of MMP inhibition on cancer cell migration. A) Schematics of the general conditions. Co-
cultures within the different matrices were treated for 48 hours with 30 µM marimastat (MMP inhibitor) and a DMSO 
vehicle (control). B) Migration distance of MDA-MB-231 in co-cultures with HMFs in the collagen matrix (left) and 
the fibronectin-rich matrix (right) for the vehicle control and treatment. C) Representative image of the co-culture 
with CAFs for the vehicle control (left image) and treatment with 30 µM marimastat (right image). D) Migration 
distance of MDA-MB-231 in co-cultures with CAFs in the collagen matrix (left) and the fibronectin-rich matrix (right) 
for the vehicle control and treatment with 30 µM marimastat. Violin plot represents the distribution of the data with 
the average and SD, n at least 4 individual devices. ** p < 0.01 and **** p <0.0001 

 

0

200

400

600

800

1000

M
ig

ra
tio

n 
di

st
an

ce
 (µ

m
)

Collagen I Collagen I
+ fibronectin

MDA-MB-231 + HMF

30 µM MarimastatVehicle

**

ns

0

200

400

600

800

1000

M
ig

ra
tio

n 
di

st
an

ce
 (µ

m
)

Collagen I Collagen I
+ fibronectin

MDA-MB-231 + CAF

**** ****

30 µM MarimastatVehicle

A)

C)

B)

D)
MDA-MB-231 + CAFs

Control (Vehicle) MMP Inhibitor (Marimastat)

MDA-MB-231 GFP 
F-actin 
Nuclei



 153 

Then, the migration distance of the cancer cells from the edge of the lumen was quantified. 

In the presence of HMFs within a collagen matrix, the average migration distance was 308.3 ± 

86.1 µm for the vehicle treatment and 272.8 ± 86.0 µm for the marimastat treatment, revealing a 

significant decrease in migration distance with marimastat treatment (**P=0.0069) (Fig. B.7 B). 

In the presence of HMFs within a fibronectin-rich matrix, the average migration distance was 

276.5 ± 135.0 µm for the vehicle treatment and 266.8 ± 117.2 µm for the marimastat treatment, 

revealing no differences in migration distance with marimastat treatment (Fig. B.7 B). In the 

presence of CAFs within a collagen matrix (Fig. B.7 C), the average migration distance was 254.4 

± 109.1 µm for the vehicle treatment and 125.0 ± 40.9 µm for the marimastat treatment, revealing 

a significant decrease in migration distance with marimastat treatment (****P<0.0001) (Fig. B.7 

D). In the presence of CAFs within a fibronectin-rich matrix, the average migration distance was 

196.1 ± 99.0 µm for the vehicle treatment and 110.3 ± 53.3 µm for the marimastat treatment, 

revealing a significant decrease in migration distance with marimastat treatment (****P<0.0001) 

(Fig. B.7 D). These results do not match previously described results which demonstrated the 

efficacy of the inhibitor in vitro[191,330]. However, previous studies were performed in cancer 

cells monocultures and did not considered the contribution of fibroblasts, the major MMP secreting 

cell. Previous in vitro results have led to intensive efforts to develop and translate a broad spectrum 

MMP inhibitors such marimastat for cancer treatment, which concluded due to disappointing 

results in multiple clinical trials[331]. Of relevance in breast cancer, a phase III trial of the MMP 

inhibitor marimastat in metastatic breast cancer found no therapeutic benefit[332].  MMP inhibitor 

treatments provided no benefit in early stages either, as demonstrated by a phase II trial of 

marimastat and rebimastat. This study found a high incidence of musculoskeletal toxicity and 

failure of chronic dose levels to maintain plasma levels within the target range for these 
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drugs[333,334]. Our results demonstrating that marimastat is not effective in the presence of 

normal fibroblasts could provide an explanation of differences between the successful MMP 

inhibitors in vitro results and in vivo the unsuccessful results in clinical trials. Therefore, this 

hypothesis led us to investigate the influence of MMPs inhibitors using our model but in MDA-

MB-231 monocultures.  

In the presence of MDA-MB-231 monocultures within a collagen matrix, the average 

migration distance was 357.9 ± 108.9 µm for the vehicle treatment and 201.6 ± 67.5 µm for the 

marimastat treatment, revealing a significant decrease in migration distance with marimastat 

treatment (****P<0.0001) (Fig. B.8). In the presence of MDA-MB-231 monocultures within a 

fibronectin-rich matrix, the average migration distance was 316.6 ± 134.3 µm for the vehicle 

treatment and 211.3 ± 99.5 µm for the marimastat treatment, revealing a significant decrease in 

migration distance with marimastat treatment (****P<0.0001) (Fig. B.8 ).  

 

Figure B.8: Effect of MMP inhibition on cancer cell migration in the MDA-MB-231 monoculture conditions. 
Monocultures within the different matrices were treated for 48 hours with 30 µM marimastat (MMP inhibitor) and a 
DMSO vehicle (control). Migration distance of MDA-MB-231 in the collagen matrix (left) and the fibronectin-rich 
matrix (right) for the vehicle control and treatment. Violin plot represents the distribution of the data with the average 
and SD, n at least 4 individual devices. **** p <0.0001 
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These results indicate that in monocultures, the MMP inhibitors are highly effective, which 

are in agreement the literature [191,335]. Our results demonstrate the importance of in vitro models 

that incorporate TME components that are essential in the microenvironment. The best example is 

the previous in vitro studies demonstrating the efficacy of MMP inhibitors[191,335] without 

incorporating fibroblasts, a highly MMP-secreting cell type.  The lack of incorporation of this 

component could explain limited successes of MMP inhibitors in clinical trials. Due to the poor 

performance in clinical trials, investment toward MMP inhibitors has fallen short. However, basic 

researchers support the idea of using more selective inhibitors. For this reason, as future directions, 

the use of patient-specific cells to build relevant in vitro models can be useful to elucidate the 

specific MMP to be target.   

 
 
Conclusion 

 The microfluidic model presented in this paper mimics the in vivo invasion of cancer cells within 

a 3D microenvironment that includes relevant fibroblasts and extracellular matrix composition. 

We found that a tumor-like matrix such a fibronectin-rich matrix altered the normal mammary 

fibroblasts over the cancer-associated fibroblasts. Some of the changes observed were an increase 

in number of migrating cells, longer migration distance, higher secretion of MMPs as well as a 

resulting increase in matrix remodeling. In co-culture with HMFs, MMP inhibition was effective 

in the collagen matrix and not in the fibronectin-rich matrix. In addition, MMP inhibition was 

performed in cancer cells monocultures and was found to be effective regardless of the matrix 

which is consistent with the literature. In conclusion, without incorporating fibroblasts, a highly 

MMP-secreting cell type, MMPs inhibitors are highly effective. Therefore, the lack of 

incorporation of this component in in vitro studies could explain the limited successes of MMP 
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inhibitors in clinical trials. Overall, this data demonstrates the capability of the model to pinpoint 

the contribution of different components of the TME.  
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Appendix C: Breast Cancer Cell-Derived Exosomes in Metastatic 
Progression6 

Abstract 

Breast cancer cell-derived exosomes have recently been found to promote tumor progression and 

metastasis. However, their effects on the colonization of the secondary tumor site are relatively 

unexplored. To better understand the effect of breast cancer cell-derived exosomes in lung 

metastasis, with particular emphasis on extravasation and colonization, we used a 3D organotypic 

microfluidic model that recreates a secondary lung site within in a collagen type 1 hydrogel. Using 

this model, we demonstrated the effects of breast cancer cell-derived exosomes in lung vessels and 

its effects on breast cancer cell extravasation. Preliminary results demonstrate that breast cancer 

cell-derived exosomes induce angiogenesis in the lung endothelium. In addition, we observed an 

increase in extravasation events from the lung endothelium when it was conditioned with breast 

cancer cell-derived exosomes.  

 

 

 

 

 

 

 

 

 
6 This chapter has been adapted from the manuscript in preparation: “Breast Cancer Cell-derived Exosomes 
Induce Angiogenesis and Facilitate Cancer Cell Extravasation in a 3D Organotypic Lung 
Microenvironment Model.” The manuscript is authored by Karina M. Lugo-Cintrón*, María Virumbrales*, 
Jiong Chen, Jordan Ciciliano, Brendon Hoover, Regina Murphy, Bong-Hwan Sung, Alissa Weaver, David 
J. Beebe and Suzanne Ponik. *Contributed to this work equally.  
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Introduction 

Breast cancer metastasis accounts for 90% of cancer-related deaths[174]. Metastasis is a complex 

and multistep process by which tumor cells migrate from the primary tumor through the 

surrounding matrix, intravasate into the vasculature (blood or lymphatic), extravasate and colonize 

a distant organ[336]. This complex process remains a primary challenge in treating cancer, 

demonstrating the lack of complete knowledge of the underlying mechanisms in the cascade. An 

increased interest in studying exosomes has recently emerged, since exosomes were found to play 

a role in cancer cell progression and metastasis.  

Exosomes are a type of extracellular vesicle (EV), 30–150 nm in diameter, found to be 

secreted by  most cells[337]. These EVs contain a wide variety of proteins, lipids, and RNAs (e.g., 

miRNAs) that are specific to their cell origin and can deliver cargo to both nearby and distant cells, 

having the ability to alter recipient cell bioactivities[337]. Exosomes are found in the supernatant 

of cultured cells as well as bodily fluids. Therefore, exosomes can act locally and distally, 

influencing the stroma in the tumor microenvironment (TME) and creating a favorable 

microenvironment at a distant site. In general, several reports have shown that exosomes play 

critical roles in modulating cancer cell growth, cancer cell migration[338], angiogenesis[339] and 

fibroblast differentiation towards an activated cancer-associated phenotype [340,341]. In the 

context of breast cancer, breast cancer cell-derived exosomes have recently been found to promote 

tumor progression and metastasis[342,343].  

Breast cancer metastasis preferentially occurs to the bone, brain, liver and lung[290]. 

Recent work on exosome-mediated metastasis has demonstrated that tumor-derived exosomes 

with specific integrin patterns dictate the site of pre-metastatic niche formation[344]. At the pre-

metastatic niche, tumor-derived exosomes educate resident cells and alter the stromal 
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microenvironment, generating a favorable environment for cancer cells. An example of how 

tumor-derived exosomes create a favorable pre-metastatic niche formation is demonstrated in 

breast cancer, where exosomes directly target lung blood vessels to induce vascular leakiness[344]. 

In addition, another study demonstrated that exosomes modulated resident lung fibroblasts and 

epithelial cells in breast cancer and melanoma[344,345]. However, the effects of exosomes on the 

metastatic site and their role in secondary site colonization are relatively unexplored. Hence, the 

interplay between metastatic breast cancer cells and its influence in the lung microenvironment 

can be further explored in a more controlled environment.  

Although in vitro and in vivo models have been useful to advance our understanding of 

cancer, in vitro models do not mimic the complexity found in vivo. On the other hand, in vivo 

models are expensive, time-consuming and tractability is very challenging. Microfluidic devices 

are ideally suited to create models that recapitulate components of the microenvironment 

[94,104,105]. In addition, microfluidic devices allow to easily control the components to be tested 

and the spatiotemporal organization. In this paper, we used a microfluidic device to mimic the 

microenvironment of the lung secondary site to study the effects of breast cancer cell exosomes. 

We found that MDA-MB-231 derived exosomes contain angiogenic factors such as vascular 

endothelial growth factor (VEGF-C) and urokinase (uPA). In addition, conditioning of the lung 

microenvironment with exosomes induced an angiogenic-like phenotype in the biomimetic 

vessels. Furthermore, addition of cancer cells into the lumen and conditioning of the 

microenvironment demonstrated that exosomes promote breast cancer cell extravasation. 

Collectively, our findings demonstrate how breast cancer cell derived exosomes condition a lung 

microenvironment, allowing for the use of this model to further investigate the mechanisms of 

cancer cell extravasation.  
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Materials and methods 

Cell culture 

Human lung microvascular endothelial cells (HLMVECs, 10HU-030, iXCells, San Diego, CA) 

were cultured in standard cell culture flasks at a starting cell concentration of 5 x 105. Cultures 

were maintained with endothelial basal medium-2 (EBM-2, CC-3156) supplemented with EGM-

2 MV SingleQuot Kit (CC-4147, Lonza, Allandale, NJ). HLMVECs were cultured to 90-95% 

confluency at passages 3 to 6 for all experiments.  Human mammary adenocarcinoma cells, MDA-

MB-231, transfected to stably expressing green fluorescent protein (GFP) were kind gift from Dr. 

Suzanne Ponik (University of Wisconsin, Madison). MDA-MB-231s were routinely cultured in 

high glucose DMEM (4.5 mg/ml, Gibco, Gaithersburg, MD, USA; #11965092) supplemented with 

10% fetal bovine serum (FBS, VWR #97068-085) and 1% penicillin/streptomycin (ThermoFisher, 

Waltham, MA, USA; #15140-122). For all experiments, endothelial media was used.  All cultures 

were kept in a humidified incubator at 37oC with 5% CO2.  

Exosome purification 

Exosomes were purified as previously described[346]. Briefly, conditioned media was collected 

from 80% confluent MDA-MB-231 cells cultured in 12-15 T125cm2 for 48 h in Opti-MEM. 

Exosomes were isolated from conditioned media by serial centrifugation at 300 x g for 10 min, 

2000 x g for 30 min, 10,000 x g for 30 min, and 100,000 x g for 18 h to respectively sediment live 

cells, dead cells, debris and large EVs, and small EVs. For further purification of ultra-centrifuged 

exosomes, a discontinuous iodixanol gradient was prepared by diluting OptiPrep™ (60% (w/v) 

aqueous iodixanol, 1114542, Axis-Shield PoC) with 0.25 M sucrose/10 mM Tris, pH 7.5 to yield 

40%, 20%, 10%, and 5% solutions, which were added from the bottom to the top of polyallomer 

tube (344060, Beckman Coulter). The ultra-centrifuged-preparation was added on top of the 
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gradient and the continuous gradient was established through ultracentrifugation at 100,000 x g 

for 18 h. 12 fractions were collected (1 ml each), each subsequently diluted in PBS, pelleted 

through ultracentrifugation at 100,000 x g for 3 h, and finally resuspended in PBS. Total protein 

concentrations were measured with Micro BCA Protein Assay Kit (Thermo Fisher Scientific) as 

per manufacturer’s instructions, using bovine serum albumin as standard. Exosome presence in 

fractions #6 and 7 was confirmed by Western blotting as described in following sections and used 

for experiments.  

Microdevice fabrication 

LumeNEXT fabrication was performed using standard soft lithography techniques, as previously 

described[185]. The microdevice consists of two PDMS layers, which define the microchamber; 

and a suspended PDMS rod, which is removed after polymerization of a hydrogel in the main 

chamber to create a tubular lumen structure. Sylgard 184 silicone elastomer kit (Dow Corning, 

1317318) was mixed at a 10:1 base to curing agent ratio and poured over the SU-8 silicon master 

molds. Using the same mixture, 25 gauge (Fisher Scientific, 14-840-84) hypodermic needles were 

filled to make PDMS rods. PDMS components were then baked at 80°C for 4 h. After baking, 280 

nm-diameter PDMS rods were extracted from the needles. The two layers were aligned and the 

PDMS rods were cut to ca. 4 mm and placed into the microdevice chamber. Finally, the 

microdevice was bonded to a glass-bottom dish (MatTek Corporation, P50G-1.5-30-F) using 

standard oxygen plasma bonding conditions. Finally, the microdevices were UV-sterilized for 15-

20 min before use. 
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Microdevice setup 

Devices were treated to achieve maximum hydrogel adhesion to the PDMS chamber. This 

treatment consisted of a 10 min wash with 2% poly(ethyleneimine) (PEI) (Sigma-Aldrich, 03880) 

in deionized sterile water (DSW) and a 30 min wash with 0.4% glutaraldehyde (GA) (Sigma-

Aldrich, G6257) in DSW. Solutions were loaded into the side ports and aspirated the same way. 

After the GA incubation, the microdevices were washed thrice with DSW to remove any GA 

excess. To counteract evaporation, 150 μl of sacrificial phosphate buffered saline (PBS) (Fisher 

BioReagents, BP3991, diluted 1:10 with DSW) were added around the side of the MatTek dish. 

 
Hydrogel preparation and lumen seeding in microdevices 

The chamber was filled with a collagen solution at 4.5 mg/ml and 1 mg/ml of fibrinogen. To 

prepare this, 101.58 μl of high-density rat-tail collagen type 1 (Corning, 354249; referred to as 

collagen through the text) was neutralized with 2.81 μl of 0.5 M NaOH (Sigma-Aldrich, S8045), 

and osmolarity was adjusted by the addition of 10x PBS (20 μl) and DSW. Fibrinogen (Sigma-

Aldrich, F8630) was resuspended at 20 mg/ml in DSW and 10 μl were added to the collagen 

mixture. Provided the pH of the collagen mixture was around 7.4 (verified with Litmus strips, 

Capitol Scientific, PH1170-7), the mixture was loaded through the side ports and polymerized at 

RT for 10 min. Finally, a small droplet of media (5 μL) was placed on top of the side ports to 

prevent evaporation, and devices were transferred to 37ºC for 1 h to allow collagen to fully 

polymerize. For the co-culture experiments, lung fibroblasts (CCL-210) were routinely trypsinized 

with 0.05% Trypsin-EDTA (Gibco) and resuspended at 1500 cells/μl in relevant media. 66 μl of 

the cell suspension were added to the collagen mixture, adjusting the volumes of 10x PBS (13.2 

μl) and DSW (6.4 μl) accordingly to achieve relevant osmolarity. A 3 µl droplet of this hydrogel 

suspension was added onto the larger port of the microdevice to establish the co-cultures. 
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To seed the lumen models, HLMVECs were routinely trypsinized with 0.05% Trypsin-EDTA and 

resuspended at a concentration of 20,000 cells/ µl. 3 µl of this cell suspension was added per lumen 

via passive pumping mechanism. Cells were incubated for 45-60 minutes on either side of the 

device to ensure confluency on the hydrogel interface. Lumen models were cultured with relevant 

media for 3 days, refreshing media daily in the lumen and on the droplet located in the larger port. 

After that, lumens were conditioned each with 15 µl of a 5% solution of exosome suspension in 

relevant media, or 5% of fraction 2 (protein-free) as a control.  

 
Nanoparticle tracking (NTA) 

NTA measurements were performed with a NanoSight LM20 (NanoSight), equipped with a 

sample chamber with a 640-nm laser and a Viton fluoroelastomer O-ring. The samples were 

diluted 1:100 with sterile PBS and injected in the sample chamber with sterile syringes (BD 

Discardit II) until the liquid reached the tip of the nozzle. All measurements were performed at 

room temperature. The software used for capturing and analyzing the data was the NTA 2.0 Build 

127. The samples were measured for 40 s with manual shutter and gain adjustments. Three 

measurements of the same sample were performed for both a protein-free fraction and the exosome 

fraction. The error bars displayed on the NTA graphs were obtained by the standard deviation of 

the different measurements of each sample. The mean size and SD values obtained by the NTA 

software correspond to the arithmetic values calculated with the sizes of all the particles analyzed 

by the software. 

 
Western Blot 

Equal volumes of the exosome fractions (5 μl) were separated by 4-12% Bis-Tris Plus Gels 

(Thermo-Fisher, NW04120BOX) and transferred onto PVDF membranes (Thermo-Fisher, 
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LC2005). The membranes were blocked with 5% bovine serum albumin (Sigma-Aldrich, A9205) 

in TBST buffer (Thermo-Fisher Scientific, 28358 for TBS and Sigma-Aldrich P1379 for Tween-

20) overnight at 4 ºC. Membranes were then incubated in the same buffer containing antibodies 

specific to CD63 (1:2000; EXOAB-CD63A-1; System Bio Sciences), Alix (1:1000; ab117600; 

Abcam), Flotillin-1 (1:2000; ab41927; Abcam),  HSP70 (1:1000; ab2787; Abcam), TSG-101 

(1:1000; ab125011; Abcam), or GM130 (1:2000, ab52649, Abcam). After washing four times with 

TBST, horseradish peroxidase (HRP)-conjugated goat anti-rabbit IgG secondary antibody 

(1:10000; 111-035-144; JIR), rabbit anti-mouse (1:10000; 115-035-003; JIR) or donkey anti-goat 

(1:10000, 705-035-003; JIR) was applied in the same buffer for 1 h at room temperature. 

Immunoreactive bands were detected with SuperSignal West Femto Maximum Sensitivity 

Substrate (Thermo-Fisher Scientific, 34096) according to the manufacturer's instructions. 

Immunoreactive bands were captured using ImageLab image analysis software (BioRad, ver. 

6.0.1). 

 
Bead-based ELISA (Luminex-MAGPIX) 

Multiplexed protein secretion analysis was performed on MDA-MB-231 derived exosomes. The 

analysis was performed using the Magnetic Bead-Based Multiplex ELISA system MAGPIX 

(Luminex Corporation) with a custom made Milliplex angiogenesis panel bead kit (R&D Systems, 

LXSAHM-24) as described elsewhere[113]. 5 µl of exosomes from a combined fraction 6 and 7, 

and 5 µl of a control fraction (fraction 1) were analyzed. Sample preparation and detection was 

performed following the manufacturer’s protocol. Data were collected with xPonent software 

(Luminex), and soluble factor concentrations in exosomes were calculated using mean 

fluorescence intensities (MFI) by creating a standard curve for each analyte using a five-parameter 

logistic (5-PL) curve fit.  
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Immunofluorescence 

Cell-lined lumens were fixed after six days of culture by perfusing 4% paraformaldehyde (Alfa 

Aesar, 43368) in PBS through the lumen and incubating for 30 min. Lumens were washed three 

times with 0.1% Tween in PBS for 30 min between every step. Cells were then permeabilized with 

a 0.2% Triton® X-100 and 0.1 M Glycin solution in PBS for 30 min and blocked with 3% BSA in 

PBS overnight at 4 °C. Cells were incubated with human anti-CD31 (Abcam, ab9498) at 0.5 μg/ml 

overnight at 4°C. Cells were then stained with 1:50 Texas Red®-X Phalloidin (5 units), 4 μg/ml 

AlexaFluor 488 goat anti-mouse (Thermo-Fisher, A32723), and 50 μg/ml DAPI in 1% Tween-20, 

3% BSA and 10% Goat Serum (Thermo-Fisher, 16210064) in PBS overnight at 4 °C. Finally, the 

lumens were washed with 0.1% Tween-20 in PBS to remove excess staining and minimize 

background. 

Cell migration assays 

For extravasation experiments, MDA-MB-231s were routinely trypsinized with 0.05% Trypsin-

EDTA and resuspended at a concentration of 500 cells/ µl. 3 µl of the cancer cell suspension was 

added per lumen at day 4. After one hour of cell incubation, lumens were imaged. Then, lumens 

were conditioned with exosomes as previously described for 48 hours. Lumens were imaged 

afterwards to quantify the extravasated cancer cells.  

Imaging 

Confocal imaging was performed on a Nikon Spinning Disc confocal microscope. Microscopy 

images were analyzed using FIJI® (www.FIJI.com).  

Statistics 

All results are presented as the mean ± standard deviation. Data were analyzed using GraphPad 

Prism v8. Statistical significance was set at p<0.05. Normal distribution was assessed by the 
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Shapiro-Wilk test. One-to-one comparisons were performed with a Student's t-test with Welch's 

correction, after passing the Shapiro-Wilk normality test. Multiple comparisons by ANOVA were 

corrected using the Tukey test.  

 

Results 

For this paper, we first purified exosome fractions from metastatic breast cancer cells (MDA-MB-

231) via ultracentrifugation in sucrose gradient, these exosomes where then used for 

characterization and for microdevice conditioning (Figure C.1).  

 

Figure C.1: Exosome isolation workflow. Purified exosomes are (1) characterized via Western Blot and (2) 
introduced into the microfluidic model to condition the lung endothelial lumen for 48 hours.  
 

After isolation, exosome fractions were quantified via nanoparticle tracking and 

corroborated via Western Blot (Figure C.2). Positive identification of bands consistent with 

expression of exosome specific markers, CD63, Alix and TSG101 confirmed that the EVs isolated 

were exosomes (Figure C.2 A). In addition, exosomes were the size of the exosomes was analyzed 

via nanoparticle tracking. The nanoparticle results show a distribution of size for the isolated 
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exosomes, from 100 nm to 300 nm, in which the highest concentration was observed in 151.1± 2.1 

nm with a concentration of 6·1010 particles/mL (Figure C.2 B). After verification of our exosome 

isolate, we were interested in identifying pro-angiogenic soluble factors carried by exosomes. 

Soluble factors in the exosome fraction were analyzed using a multiplex bead-based ELISA kit. 

Analysis of soluble factors from exosomes revealed a 2-fold increase of uPA and a 3-fold increase 

in VEGF-A, two crucial and synergistic drivers of angiogenesis (Figure C.2 C).  

 

 

Figure C.2: Exosome characterization via A) western blot, B) nanoparticle tracking and C) bead-based 
multiplex ELISA.  
 

To generate the 3D organotypic lung microenvironment model, we used a variation of 

LumeNEXT[185], a PDMS microdevice previously described by our lab. LumeNEXT enables the 

generation of luminal structures within a collagen hydrogel by polymerizing the collagen around 
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a PDMS rod. The rod is removed to define a tubular structure that can be lined with human lung 

microvascular endothelial cells to generate a 3D tubular blood-vessel model (Figure C.3 A). A 

droplet (3 µl) of hydrogel-embedded lung fibroblasts was co-cultured with the model by pipetting 

in the larger port. This system enabled both cell types to be co-cultured without direct contact 

between them in the microdevice (Figure C.3 A-right).  After 4 days of co-culture, lung vessels 

were conditioned with a 5% dilution of purified exosome in relevant media for 48 hours. We 

observed that exosome conditioning of our lumen model induced features consistent with 

angiogenesis, such as weakening of cell-cell junctions, compared to the control (protein-free 

fraction from exosome isolation (fraction 1)) (Figure C.3 B). 

 

Figure C.3: Conditioning of secondary microenvironment with exosomes. A) Schematic of the microfluidic device 
and process. Device chamber is filled with collagen and after collagen polymerization, lung fibroblasts embedded in 
gel are placed on large port. PDMS rod is removed and lung endothelial cells are seeded into the lumen. Exosome 
conditioning starts on day 4 for 48 hours with imaging afterwards. Right: Confocal image of the device showing the 
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lung fibroblasts on the left (big port) and lung endothelial lumen in blue. B) Brightfield images of the control and 
exosome conditioning before addition of exosomes and after 48 hrs. Confocal images show endothelial sprouting in 
the exosome conditioned lumens.  
 

Next, we sought to investigate the influence of exosome conditioning in breast cancer cell 

extravasation. Therefore, we loaded a solution of metastatic breast cancer cells through the lumen 

on day 4 (Figure C.4 A), vessels were imaged after 1 hour and after 48 hours. Qualitatively, more 

cancer cell extravasation is observed in the microenvironment that was conditioned with exosomes 

(Figure C.4 B). Indeed, preliminary results demonstrate that exosome conditioning increases 

breast cancer cell extravasation rates in our model (Figure C.4 C). In the control the ratio of 

extravasated MDA-MB-231 was 0.28 ± 0.03, which significantly increased by the addition of 

exosomes to 0.37 ± 0.03 (*P=0.0039).  

 

Figure C.4: Conditioning of secondary microenvironment with exosomes and addition of metastatic breast 
cancer cells (MDA-MB-231) in the device. A) Schematic of the conditioning and cancer cell addition process. B) 
Brightfield images on day 6 of the control and exosome conditioning, MDA-MB-231 are GFP tagged and can be 
observed in both conditions. C) Quantification of extravasation events presented as a ratio (number of extravasated 
cells with respect the number of cancer cells on day 1). n= 6 lumens from one experiment. Bars represent average ± 
S.E.M. *p ≤ 0.05.  
 
Discussion and Conclusions:  

In this chapter, we developed a microfluidic organotypic model of a lung metastasis site for breast 

cancer. The 3D organotypic lung model was successfully developed with the presence of lung 

fibroblasts and both cell types were successfully coculture together, keeping their structure. 

Characterization of MDA-MB-231-derived exosomes revealed that they contain pro-angiogenic 
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factors, such as VEGF and uPA. Then, we showed that exosome conditioning can induce a pro-

angiogenic phenotype in biomimetic vessels. Finally, preliminary results indicate that exosome 

conditioning increases breast cancer cell extravasation rates in our model. Current work includes 

the quantification of vessel permeability, sprout number and length and gene expression analysis 

of the lumens. In addition, further quantification of factors/cargo in exosomes will be performed 

in solubilized exosomes. Future work includes the study of the mechanism through which the 

increased extravasation and invasion occurs in the model. Overall, modeling the lung 

microenvironment can help unravel the molecular mechanisms underlying breast cancer 

extravasation, facilitate the identification of new therapeutic targets and, in turn, advance 

therapeutic discovery. 
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