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ABSTRACT 

Pyrogenic organic matter (PyOM), formed during the incomplete combustion of organic 

matter, is a carbon-rich substance with potential for long-term carbon storage. This thesis 

investigates the impact of PyOM, also known as “biochar”, on carbon cycling in post-fire soils 

over different timeframes. The influence of PyOM properties, such as ageing and pyrolysis 

temperature, on carbon dynamics and microbial responses is examined. In a series of laboratory 

experiments, biochar produced from pine wood at 350 and 550 °C was studied. The first 

investigation focused on ageing effects on biochar carbon mineralization, aiming to understand 

the changes in surface and bulk chemical properties that influence microbial mineralization. 

Short-term differences in carbon mineralization between water-extractable and non-water-

extractable PyOM fractions were then examined. High-resolution flux monitoring of burned 

soils, amended with 13C-labeled PyOM, provided insights into the partitioning of carbon fluxes 

between PyOM fractions and soil organic carbon (SOC). The study also explored the influence 

of water-extractable fraction proportions in 350 °C vs. 550 °C PyOM on SOC mineralization 

(priming). Bacterial and fungal community dynamics were tracked concurrently to identify taxa 

responding to PyOM addition. Furthermore, a quantitative stable isotope probing (qSIP) study 

using highly enriched 13C-labeled PyOM at 350 °C was conducted to identify bacteria actively 

incorporating non-water-extractable PyOM carbon. Overall, this research seeks to understand 

how PyOM heterogeneity and ageing influence carbon cycling in post-fire soils by investigating 

the response of soil microbial communities and identifying microbial taxa involved in PyOM 

degradation. The findings have implications for short and long-term carbon cycling estimates in 

post-fire soils and contribute to the understanding of functional changes in soil microbiomes 

post-fire.  
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CHAPTER ONE: INTRODUCTION 

Pyrogenic organic matter (PyOM) is a carbon (C)-rich substance, produced due to 

incomplete combustion of organic matter during fires (Santín et al., 2016; Schmidt & Noack, 

2000). Its high content of aromatic structures makes it relatively resistant to microbial 

degradation (McBeath & Smernik, 2009; Singh et al., 2012), offering potential for long-term C 

storage (Lehmann & Joseph, 2012). Over time, ageing or weathering processes can alter the bulk 

and surface properties of PyOM, impacting its carbon cycling in soils (Wang et al., 2020). When 

produced under controlled, low-oxygen environments, PyOM is commonly referred to as 

"biochar" and is used as a soil amendment for carbon management (Lehmann & Joseph, 2012). 

However, a small portion of the carbon in PyOM may be readily used by microbes (Bird et al., 

2015; Whitman et al., 2014), and factors such as pyrolysis temperature can influence both the 

total carbon content and the proportion of easily degradable carbon in PyOM (Bruun et al., 2011; 

Zimmerman et al., 2011). 

As the frequency and severity of wildfires increases due to climate change (Abatzoglou 

& Williams, 2016; Westerling, 2016), it becomes crucial to investigate the cycling of PyOM-C 

in post-fire soils over short and long timeframes (Bird et al., 2015; Santín et al., 2016). 

Additionally, understanding the impact of PyOM on soil organic carbon (SOC) cycling and its 

potential role in net carbon storage is essential (Maestrini et al., 2015; J. Wang et al., 2016; 

Whitman et al., 2015). Although PyOM is known to affect microbial communities, the precise 

mechanisms through which microbes respond to PyOM remain unclear (Lehmann et al., 2011; 

Whitman et al., 2016; Woolet & Whitman, 2020). Gaining insight into these mechanisms is 

important for understanding how shifts in microbial communities will influence carbon cycling 
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in soils affected by fires. In my dissertation, I conducted a series of laboratory experiments with 

PyOM produced from pine wood at 350 and 550 °C to address these challenges.  

First, I investigated the impact of ageing on biochar C mineralization by a putative 

biochar-decomposing Streptomyces isolate to gain insights into biochar C cycling in soils over 

longer timescales. My specific goal here was to determine whether ageing related changes in 

surface and bulk chemical properties would make the C in biochar more mineralizable by 

microbes. To achieve this, we simulated biochar ageing in lab using three different treatments - 

physical, chemical, and biological, and measured changes in biochar C mineralization, bulk 

chemistry, and surface properties in comparison with the unaged biochar. 

Next, I aimed to identify short-term differences in C mineralization between two different 

fractions within PyOM – the predominantly aliphatic water-extractable and highly aromatic non-

water-extractable PyOM fractions. To achieve this, we employed high-resolution flux monitoring 

of burned soils amended with 13C-labeled PyOM over a month-long incubation and partitioned 

fluxes between the PyOM fractions and SOC. We also examined if differences in the proportion 

of water-extractable fraction in 350 °C vs. 550 °C PyOM would affect SOC mineralization 

(priming). During the same period, we tracked bacterial and fungal communities to identify taxa 

that increased in relative abundance in response to PyOM addition.  

Lastly, I conducted a similar incubation with highly enriched 13C-labeled 350 °C PyOM 

and used quantitative stable isotope probing (qSIP) of DNA (Hungate et al., 2015), to identify 

bacteria that actively incorporate the non-water-extractable PyOM-C. Besides documented 

PyOM responders like Noviherbaspirillum sp. (Woolet & Whitman, 2020), we expected that 

incorporators would include fire responsive bacteria that are capable of exploiting post fire 

aromatic C containing PyOM such as Arthrobacter sp.  (Whitman et al., 2019). 
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Overall, my research aims to understand how PyOM-C heterogeneity and ageing 

influence C cycling in post-fire soils by investigating the response of soil microbial communities 

to PyOM addition and identifying microbial taxa that actively degrade it. The findings of this 

study have implications for both short and long-term C cycling estimates in post-fire soils and 

can contribute to our understanding of functional changes in soil microbiomes post-fire.  
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Abstract 

If biochar is to be used for carbon (C) management, we must understand how weathering 

or ageing affects biochar C mineralization. Here, we incubated aged and unaged eastern white 

pine wood biochar produced at 350 and 550 °C with a Streptomyces isolate, a putative biochar-

decomposing microbe. Ageing was accelerated via three different processes, namely, (a) physical 

ageing – subjecting biochar to alternating freeze-thaw and wet-dry cycles, (b) chemical ageing – 

treating biochar with concentrated hydrogen peroxide and (c) biological ageing – incubating 

biochar in the presence of nutrients and microorganisms. Elemental composition and surface 

chemistry (Fourier Transform Infrared spectroscopy) of biochar samples were compared before 

and after ageing. Biochar C mineralization between ageing treatments was significantly different 

in the case of 350 °C biochar (p value = 0.03). Among the 350 °C biochars, physical ageing 

resulted in the greatest increase (by 103%) in biochar C mineralization (p value = 0.05). 

However, in the case of 550 °C biochar, ageing did not result in a significant change in biochar C 

mineralization (p value = 0.40). Biochar C mineralization was positively correlated with an 

increase in O/C ratio post-ageing (rs = 0.86, p value = 0.01). In the case of 350 °C biochar, 

surface oxidation during ageing enhanced biochar degradation by the isolate. For 550 °C biochar, 

however, ageing did not significantly increase biochar C mineralization, likely due to high 

condensed aromatic C content and lower surface oxidation during ageing. The results from our 

study suggest that low temperature aged biochar is more susceptible to biological degradation by 

soil microbes. These findings have implications for the use of biochar for long term C storage in 

soils.  
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Introduction 

Biochar is the carbon-rich solid product of pyrolysis, the process of heating biomass 

under oxygen limited conditions [1]. Biochar has the potential to be used as a soil amendment for 

agricultural management (e.g., to increase water holding capacity and enhance nutrient 

management) and as a carbon (C) management strategy to help mitigate greenhouse gas 

emissions [2]. Converting waste biomass into biochar can potentially be an effective way to 

sequester C, since the C contained in biochar is generally more resistant to mineralization 

compared to the C in the parent biomass [2,3]. However, the net C effects of biochar application 

in soil depend heavily on system-specific parameters, particularly what would have happened to 

the parent biomass had it not been used to produce biochar (e.g., would it have decomposed 

rapidly, or would it have continued to grow and fix C) [4–7]. 

The persistence of biochar C in soil can be attributed to its high proportion of condensed 

aromatic C [2,8,9], which has been shown to be resistant to mineralization by both abiotic and 

biotic processes [10,11]. Further, biochar, while being rich in C, tends to have a low oxygen (O) 

and hydrogen (H) content, and low O/C and H/C ratios in biochar have been shown to correlate 

with biochar persistence in soil [12,13]. The chemical and physical properties of biochar that 

affect its persistence are initially determined by the production conditions, such as feedstock and 

production temperature [14]. But once the biochar is deposited in soil, these properties change 

over time in a process known as weathering or ageing [15–18]. Natural ageing of biochar in soil 

is a complex process with multiple relevant mechanisms [15]. We focus on three of these 

dominant mechanisms over the course of this paper:   

Physical ageing - physical breakdown of biochar, primarily by freeze-thaw cycles and 

changes in temperature and moisture [15,19–21] 
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Chemical ageing - degradation of biochar through abiotic oxidation upon exposure to 

various oxidizing agents [22–24] 

Biological ageing - biotic degradation and corresponding physical and chemical 

modifications of biochar by microbes and other soil organisms [25–29] 

Commonly reported effects of biochar ageing include a drop in pH, an increase in O 

content, and an increase in O-containing functional groups on the surface of aged biochar 

compared to unaged biochar [18,30]. This suggests that ageing of biochar, both naturally and 

artificially, causes changes to its elemental composition and surface chemistry. Furthermore, 

these changes have been shown to affect properties of biochar such as sorption [19,31] and 

cation exchange capacity [32,33]. However, there is limited information on how these changes 

will alter the mineralizability of biochar itself. Spokas [34] reported an increase in total C 

mineralization upon incubation of soil amended with 3 year aged woody biochar, primarily due 

to chemical oxidation of biochar surfaces. On the other hand, Liu et al. [35] observed lower total 

C mineralization in soil incubations amended with 6 year aged wheat straw biochar due to loss of 

easily mineralizable C during ageing. Notably, these studies primarily looked at changes in total 

C mineralization after addition of aged biochar to soil, while the effect of ageing specifically on 

the mineralizability of the aged biochar itself by soil microbes has not been fully explored. 

Investigating the relationship between physicochemical changes due to ageing and 

biochar mineralizability is one of the primary tranches of this work. Specifically, the aim of this 

study is to examine the mineralizability of aged biochar by a specific biochar-degrading microbe 

from a genus that is common to soils worldwide – a Streptomyces isolate [36]. We predicted that 

the change in mineralization with ageing will depend on whether  
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(i) the ageing process results in loss of easily mineralizable C (as indicated by 

aliphatic chemical groups), which would lead to lower mineralization, or  

(ii) an increase in the O content (as indicated by the O/C ratios), which would lead to 

higher mineralization 

Materials and Methods 

Production of biochar 

Biochar was produced from eastern white pine wood chips (Pinus strobus (L.)) at highest 

treatment temperatures (HTT) of 350 and 550 °C in a modified Fischer Scientific Lindberg/Blue 

M Moldatherm box furnace (Thermo Fisher Scientific, Waltham, MA, USA) under continuous 

argon flow (1 L min-1) and a peak temperature residence time of 30 min [37]. We chose 350 and 

550 °C HTTs as they fall within the range of temperatures recorded for naturally produced 

pyrogenic organic matter (PyOM) during wildfires in addition to being common HTTs for 

biochar production [38,39]. Including biochar produced at two different temperatures also 

allowed us to observe the effect that increasing C content and aromaticity has on the 

mineralizability of aged biochar [11]. Biochar was ground using a ball mill and sieved to a 

particle size of <45 μm. We used finely ground biochar to maximize the surface area available 

for both the ageing process and mineralization of biochar C by the Streptomyces isolate during 

incubation. The full details of biochar production can be found in Appendix S2.  

Ageing of biochar 

Biochar produced at 350 and 550 °C was subjected to one of three different ageing 

processes - physical, chemical and biological. We performed all ageing treatments on single 

batches of biochar to give us a final set of physically, chemically and biologically aged chars 

produced at 350 °C (350PHY, 350CHEM and 350BIO) and 550 °C (550PHY, 550CHEM and 
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550BIO). A batch each of 350 °C unaged biochar (350UN) and 550 °C unaged biochar (550UN) 

acted as controls in our study.  

Physical ageing 

For physical ageing, we subjected biochar samples to 20 freeze-thaw-wet-dry cycles between  

-80 °C and 100 °C using pint-sized Mason jars (473.18 mL), building on the method reported by 

Hale et al. [19]. In addition to the freeze-thaw process used by Hale et al., we included a wet-dry 

cycle to further accelerate physical breakdown of biochar. Wet-dry cycles at different moisture 

levels have been used in previous studies to artificially age biochar [18]. While our freezing 

temperature was close to that used by Hale et. al, we chose to dry our samples at 100 °C to 

ensure that the biochar rapidly and completely dried out between cycles. Quartz sand (Sargent 

Welch, Buffalo Grove, IL, USA) was used to simulate an inactive soil matrix (80 g with a 5% 

weight biochar amendment) due to its inability to retain water or nutrients. Ultrapure water was 

added to the jars containing 4 g of biochar to achieve 40% water holding capacity (WHC). 

During each cycle, the jars were frozen at -80 °C for a median time of 7 hours (min 5 h – max 48 

h), thawed for a period of 1-2 hours, following which they were dried in the oven at 100 °C for a 

median time of 18 hours (min 14 h – max 54 h) and cooled to room temperature for a period of 

1-2 hours. After each drying period, masses of the jars were measured, and ultrapure water was 

added to reach 40% WHC. After 20 cycles, biochar particles were separated from the sand by 

wet sieving using a US mesh size no. 270 sieve that allowed the biochar particles less than 45 μm 

in size to pass through while retaining the sand particles.  

Chemical ageing 

For chemical ageing, we treated biochar samples with H2O2 based on the method reported by 

Huff and Lee [22]. We used a high concentration of H2O2 based on findings from previous 
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studies that reported maximum changes in surface chemistry of biochar upon treatment with 30% 

w/w H2O2 solution [22,40]. Briefly, 30% w/w H2O2 solution was added to 5 g of biochar at a 

ratio of 1 g biochar: 20 mL solution and shaken inside a chemical fume hood for 2 hours at 100 

rpm. After 2 hours of shaking, we filtered the biochar samples through sterile Whatman glass 

microfiber filters (Grade 934-AH Circles – 1.5 μm particle retention) and rinsed with 100 mL 

aliquots of ultrapure water to remove any residual H2O2.  

Biological ageing 

For biological ageing, we exposed the biochar samples to a microbial community in a nutrient 

solution supplemented with glucose (40 μg glucose mg-1 biochar C), building on the method 

reported by Hale et al. [19]. We added glucose to stimulate microbial activity and, with it, the 

decomposition of biochar. We chose a microbial community expected to be enriched in microbes 

that could degrade biochar to further accelerate the biological ageing treatment. We derived the 

microbial inoculum from soil samples collected at the Blodgett Forest Research Station at 

University of California, Berkeley, which has been used to conduct multiple prescribed burn 

studies [41]. The soil samples for the inoculum were collected from 0-10 cm depth at the center 

of a slash pile burn after removing the ash layers. To extract the inoculum, we mixed the field-

moist soil samples with Millipore water in sterile 50 mL centrifuge tubes and vortexed the tubes 

for 2 hours at high speed. After vortexing, the tubes were allowed to stand for 5 minutes, and the 

soil suspensions were filtered through sterile 2.7 μm Whatman membrane filters into sterile 

centrifuge tubes. For the biological ageing process, nutrient solution was prepared from 

autoclave-sterilized basal salt solution (500 mL L-1 final biochar nutrient media), modified from 

Stevenson et al. [42], filter-sterilized vitamin B12 solution (200 μL L-1 final biochar nutrient 

media), filter-sterilized vitamin mixture (200 μL L-1 final biochar nutrient media) and a filter-
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sterilized trace elements solution  (1 mL L-1 final biochar nutrient media) [43]. We combined 5 g 

of biochar and glucose supplement (40 μg mg-1 biochar carbon) with 250 mL ultrapure water and 

autoclave-sterilized the mixture. After autoclaving, the biochar mixture was transferred to a 

quart-sized (946.35 mL) Mason jar and combined with 250 mL of the nutrient solution. Note that 

the pH of the basal salt solution, which is a part of the nutrient solution was adjusted to 7 to 

obtain pH neutral final biochar nutrient media. The detailed composition of the nutrient solution 

along with the steps for preparation of the final biochar nutrient media are provided as 

supplementary material accompanying this work (S2 Appendix). To the resulting biochar and 

glucose supplemented nutrient media, we added 8 mL of the filtered inoculum and incubated the 

jars at 30 °C in a shaker incubator set to 100 rpm for a period of 2 weeks to allow for biological 

ageing to take place.  

Incubation 

We performed the incubations with all the aged biochar (PHY, CHEM and BIO) as well as 

unaged biochar (UN) produced at both 350 and 550 °C as solid agar biochar media, inoculated 

with a bacterial isolate known to grow on biochar at room temperature, while tracing CO2 

emissions from each replicate. 

The bacterial isolate we used was a Streptomyces that was isolated on media with eastern white 

pine wood biochar produced at 500 °C as the sole C source. We confirmed that the isolate was a 

Streptomyces by Sanger sequencing the full length 16S ribosomal RNA gene and BLASTing the 

sequences against the GenBank database. The primary motivation for selecting this specific 

isolate is that it was able to grow on biochar media during trial lab incubations. Further, there is 

evidence that indicates that bacterial genera that respond positively to biochar addition in soils 

include members that have the potential to break down polycyclic aromatic hydrocarbons 
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(PAHs) [44], a constituent of biochar, particularly high-temperature ones. We recovered the 

isolate from glycerol stocks by streaking onto a biochar (produced from pine wood at 350 °C) 

nutrient media agar plate (as described in S2 Appendix) and incubating for 5 days at 37 °C. A 

single colony from the biochar media plate was inoculated into 30 g L-1 tryptic soy broth 

(Neogen Culture Media, Lansing, MI, USA) and incubated at 30 °C in a shaking incubator until 

growth was visible, characterized by turbidity in the media.  

We performed incubations in quarter-pint sized Mason jars (118.29 mL). The final biochar 

nutrient media that was used for the study was prepared by combining the nutrient solution with 

a biochar agar suspension. The nutrient solution was prepared as described earlier under 

“biological ageing” section. A suspension of biochar (1 g L-1 final biochar nutrient media) and 

noble agar (30 g L-1 final biochar nutrient media) was sterilized by autoclaving and combined 

with the nutrient solution to obtain a pH neutral final biochar nutrient media (S2 Appendix). For 

each sample, we poured 40 mL of the final biochar nutrient media into sterile Mason jars.  This 

volume was estimated from previous incubations, where we confirmed that it was sufficient to 

ensure that the final media did not dry out during incubation. After the agar solidified, the plates 

were inoculated with 20 μL of the bacterial suspension in malt extract broth and plated onto the 

agar surface using the spread plate technique [45]. All our treatment jars received the same 

volume of the bacterial suspension during inoculation. 

We performed the incubations in replicates of three for each treatment (five each for 350BIO 

and 550BIO) and included uninoculated controls for each treatment. The uninoculated controls 

were included to account for CO2 that may accumulate due to abiotic degradation of biochar. In 

addition, we included two empty jars as gas flux blanks for the experiment. After plating and 

inoculation, the jars were capped and sealed with sterile, gas-tight lids with fittings for CO2 gas 
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measurements and attached to randomly selected positions on the distribution manifolds 

(multiplexer) using polyurethane tubing [46]. We incubated the jars at room temperature and 

measured the concentration of CO2 respired in the headspace of each jar at intervals of 3-4 days 

using a Picarro G2131i cavity ringdown spectrometer attached to the multiplexer over a period of 

one month. After each measurement, we flushed the jars with a 400 ppm CO2-air gas mixture to 

ensure aerobic conditions inside the jar. The precise concentration after flushing each jar was 

measured and subtracted from the next time point reading to determine the respired CO2 in the 

jar. From previous biochar incubation trials with the isolate, we confirmed that sampling over a 

3-4-day interval did not lead to oxygen depletion inside the jars.  

The raw CO2 readings measured using the multiplexer-Picarro system were processed in R to 

calculate biochar C mineralized over the period of incubation using the following packages: 

‘tidyverse’ [47], ‘zoo’ [48], ‘RColorBrewer’ [49] and ‘broom’ [50]. Briefly, we calculated the 

cumulative biochar C mineralized for each replicate at each time point. We calculated the 

biological cumulative biochar C mineralized values for all replicates by subtracting the 

corresponding mean C mineralized of uninoculated replicates within each treatment. The 

biological cumulative biochar C mineralized values were normalized by the mean biochar C 

content within each treatment and a time series was plotted comparing the biochar C 

mineralization trends between the aged and unaged biochar samples.  

After the incubation period, we disconnected the jars and analyzed images of the agar surfaces 

using the software ImageJ [51]. The percentage area occupied by the growth of bacterial 

colonies was determined for each incubation jar and used as a rough proxy to compare microbial 

growth between jars (Fig. S2.1).   
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Chemical analyses 

Total C and N were determined for aged and unaged biochar samples using a Thermo 

Scientific Flash EA 1112 Flash Combustion Analyzer (Thermo Fisher Scientific, Waltham, MA, 

USA) at the Department of Agronomy, UW- Madison, WI, USA. Total H was determined using 

a Thermo Delta V isotope ratio mass spectrometer interfaced to a Temperature Conversion 

Elemental Analyzer (Thermo Fisher Scientific, Waltham, MA, USA) at the Cornell Isotope 

Laboratory, NY, USA. Total O was calculated by subtraction as per Enders et al. [14], after 

determining ash content of aged and unaged biochar samples using the method prescribed by 

ASTM D1762-84 Standard Test Method for Chemical Analysis of Wood Charcoal (See further 

details in Appendix S2).  

The pH of aged and unaged biochar samples was measured in deionized water at a 1:20 solid: 

solution ratio using an Inlab Micro Combination pH electrode (Mettler Toledo, Columbus, OH, 

USA) connected to a Thermo Scientific Orion Star A111 benchtop pH meter (Thermo Fisher 

Scientific, Waltham, MA, USA). Further details of this procedure can be found in the S2 

Appendix.  

The FT-IR measurements were performed at the U.S. Dairy Forage Research Center, Madison, 

WI, USA with a Shimadzu IRPrestige-21 FT-IR spectrometer (Shimadzu, Kyoto, Japan) on the 

ATR (Attenuated Total Reflection) absorbance mode. Briefly, 5-10 mg of the biochar sample 

was placed on the Zn-Se sample trough and scanned. For each sample, we obtained 256 scans 

per sample in the range from 4000 to 650 cm-1 with a resolution of 1 cm-1 (550UN, 350PHY and 

550PHY) and 2 cm-1 (350CHEM, 550CHEM, 350BIO, 550BIO and 350UN). Background 

corrections were performed between each sample measurement. We assigned wavenumbers for 

selected functional groups based on previous studies (S2.1 Table) and quantified the peak heights 
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of selected functional groups after spectrum normalization using the Shimadzu IR Solution FT-

IR software. Fractional signal heights for each of the FT-IR peaks were calculated by dividing 

the signal height of each of the peaks by the sum total of signal heights of all peaks of interest to 

determine the contribution of the signal generated by a particular species to the full spectra. 

Peaks for OH and CO2 stretching at 3370 cm-1 and 2350 cm-1, respectively, are identified in 

figures but were not expected to reflect meaningful differences in PyOM chemistry, and hence 

were not included in our fractional signal heights calculations. Further details of this procedure 

can be found in the Appendix S2. 

Statistical analyses 

We performed most calculations in R. Figures were made using the ‘ggplot2’ [52] and 

‘wesanderson’ [53] packages. All code used for analyses and figures in this paper is available at 

github.com/nayelazeba/biochar-ageing. 

We used the Shapiro-Wilk test to check for normality of data. Since the data did not follow a 

normal distribution, non-parametric tests were used to compare significant differences between 

cumulative biochar C mineralized. The Kruskal–Wallis one-way analysis of variance (ANOVA) 

and a nonparametric multiple comparison Dunn’s test were used to investigate significant 

differences in cumulative biochar C mineralized between groups of temperature and ageing 

treatments. In order to determine significant correlations between cumulative biochar C 

mineralized and molar O/C ratios, we used the Spearman’s rank correlation analysis. The above-

mentioned tests were all performed using the ‘stats’ package in R.  

To compare the full FT-IR spectra of biochar samples across temperatures and different ageing 

treatments, we used a multivariate dendrogram technique. We used the continuous normalized 

spectral data for these analyses, excluding the region from 4000 cm-1- 3100 cm-1 wavenumber to 
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remove signals from water sorbed to the biochar surface. We used the ‘dendextend’ [54] package 

in R to construct a dendrogram. Euclidean distances between biochar samples were calculated 

using the dist() function, and the hclust() function with the complete linkage method used for 

hierarchical clustering, where the two most similar samples are clustered together, one after 

another, forming an ordered hierarchical tree/ dendrogram.  

Results and Discussion 

Effect of ageing on biochar C mineralization 

The biochar C mineralization trends for all treatments show a similar pattern overall, with an 

initial period of steep increase in C mineralization, followed by the onset of a period of lower C 

mineralization (about 350 hours after the start of incubation, Fig. 2.1 and S2.1 Fig.). The mean 

cumulative C mineralized in uninoculated replicates at the end of the incubation period was 0.04 

mg CO2-C g-1 biochar-C for 350 °C biochar and 0.03 mg CO2-C g-1 biochar-C for 550 °C 

biochar. Mean cumulative biochar C mineralized at the end of the incubation was significantly 

higher by 39% for 350 °C biochars compared to 550 °C biochars (Kruskal-WallisANOVA, p value 

= 0.01). The difference in cumulative C mineralization between 350 °C and 550 °C biochars is 

further discussed in Appendix S2.   

Amongst the 350 °C chars, the mean cumulative biochar C mineralized for aged biochars was 

higher than that for unaged biochar through the entire incubation period (Fig. 2.1). At the end of 

the incubation period, the mean cumulative biochar C mineralized was significantly different 

between the ageing treatments (Kruskal-WallisANOVA, p value = 0.03). The greatest increase was 

measured for 350PHY which showed 103% higher C mineralization compared to unaged 

biochar, although we did not identify a statistically significant difference using the Dunn’s test 

(padj value = 0.05). The rate of C mineralization was highest for 350PHY at the onset of the 
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incubation and remained higher than the C mineralization rate of unaged biochar throughout the 

incubation period (S2.1 Fig.). 350PHY treatments also showed 87% higher surface growth of the 

isolate compared to unaged biochar at the end of the incubation period (S2.2 ..), consistent with 

the cumulative biochar C mineralized data. The mean cumulative biochar C mineralization was 

22% higher for 350BIO compared to the unaged treatment (Dunn’s test, padj value = 0.29), while 

the increase for 350CHEM was negligible.  

 

Figure 2.1. Cumulative biochar C mineralization over time.  
Data represent mean cumulative C mineralized from unaged and physically, chemically and biologically 

aged biochar samples over time, with uninoculated blanks subtracted and normalized with mean biochar-

C. n = 3 for physical, chemical and unaged, n = 5 for biological. Error bars represent 95% confidence 

intervals. The left panel shows biochar produced at 350 °C and the right panel shows biochar produced 

at 550 °C. 

 

Amongst the 550 °C biochar, there were not large differences between mean cumulative 

biochar C mineralization in aged versus unaged biochar. We observed an increase in biochar C 



19 

 

 

mineralized for 550CHEM compared to unaged biochar through the incubation period and a 

slight increase in 550PHY and 550BIO after about 400 hours after the start of incubation (Fig. 

2.1). The mean cumulative biochar C mineralized at the end of the incubation period was 47% 

higher for 550CHEM compared to unaged biochar and higher by 15% and 22% for 550PHY and 

550BIO respectively, but the differences in means were not significant (Kruskal-WallisANOVA, p 

value = 0.40). These observations were consistent with trends in growth measurements of the 

isolate on 550 °C biochar agar surfaces, where the mean surface growth was 43.4% greater for 

550CHEM compared to 550UN but no difference in growth was observed for 550BIO and 

550PHY treatments (S2.2 Fig.). 

 Changes in elemental composition during ageing 

Aged biochars produced at both 350 °C and 550 °C had lower mean total C and higher mean 

total O contents than unaged biochar, except in the case of 350CHEM, where we did not observe 

similar trends (Table 2.1). The molar O/C ratio increased for 350BIO (0.26) and 350PHY (0.39). 

The O/C ratio for the control 350UN was 0.20. In the case of 550 °C chars, the O/C ratio 

increased for 550BIO (0.18), 550PHY (0.15) and was highest for 550CHEM (0.26) compared to 

550UN (0.11).  This is consistent with previous studies that have shown an increase in O/C ratio 

following natural as well as artificial ageing of biochar through abiotic and biotic processes 

[15,20,21,32,55]. The relative decrease in C with ageing is likely due in part to leaching of C-

rich dissolved organic matter [20]. Additionally, abiotic oxidation of C to carbon dioxide and 

utilization of C as a substrate by microbes in the case of biologically aged biochars is likely to 

result in relatively greater loss of C than O [10,25,32,56]. The higher O content in aged biochars 

indicates an increase in O-containing functional groups that is likely due to both abiotic 

oxidation of C in the case of chemically and physically aged biochars [15,32] as well as 
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microbially mediated oxidation in the case of biologically aged biochar [55]. The effects of 

pyrolysis temperature on the elemental composition of biochar are discussed in Appendix S2.  

Table 2.1. Elemental composition, elemental ratio, and pH of the unaged and physically, 

chemically and biologically aged biochar samples 

HTT 

(°C) 

Ageing 

treatment 
Total C Total N Total H Ash 

Derived 

total O 
O/C H/C 

pH in 

solution 

  (wt %)    

350 Unaged 75 0.3 3.9 0.6 20.4 0.20 0.62 6.1 

 Physical 61 0.3 2.7 4.3 31.8 0.39 0.53 3.3† 

 Chemical 80 ± 4.6* 0.3 2.5 1.6 15.6 0.15 0.38 4.3 

 Biological 70 0.3 3.5 1.8 24.4 0.26 0.60 4.8 

550 Unaged 85 ± 1.2* 0.2 2.4 0.8 11.9 0.11 0.34 6.9 

 Physical 79 0.4 2.2 3.1 15.8 0.15 0.34 6.5† 

 Chemical 71 0.3 3.8 0.7 24.4 0.26 0.63 5.0 

 Biological 77 0.3 2.5 2.4 18.2 0.18 0.39 4.8 

Note: Data shown represent the mean of all lab replicates unless specified otherwise.  

*Mean ± standard deviation is shown for data where the standard deviation of lab replicates (n = 4) is > 1 
†No replicate measurements were included due to sample limitation 

 

 Changes in surface chemistry during ageing 

Amongst the ageing treatments, the surface chemistry of physically aged biochar was altered 

the most when compared against the control, as indicated by their spectra being most dissimilar 

from the unaged biochar’s (Fig. 2.2.b). While chemical and biological ageing also led to changes 

in surface chemistry, we see these samples cluster together more by production temperature than 

treatment method – i.e., production temperature was a more important determinant of biochar 

chemistry than ageing treatment. An important factor distinguishing 350 °C and 550 °C biochars 

is the increase in aromatic carbon content and decrease in H and O-containing functional groups 
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on the surface of biochar with increasing pyrolysis temperatures [10,11,39] (See Appendix S2 

for further discussion on effects of pyrolysis temperature on surface chemistry). It is interesting 

to note that the two PHY samples are more similar to each other than to other samples produced 

at the same pyrolysis temperatures. This suggests that the surface chemistry in PHY samples was 

more strongly affected by the ageing treatment than the production temperature. It is possible 

that subjecting biochar to repeated freeze-thaw-wet-dry cycles during physical ageing altered the 

particle structure, thereby causing an increase in the surface area over which these modifications 

would take place, although we did not investigate changes in surface area during ageing. 
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Figure 2.2. Changes in surface chemistry during ageing inferred using FTIR spectroscopy.  
(a) FT-IR spectra of unaged and physically, chemically and biologically aged biochar samples produced 

at 350 °C (left panel) and 550 °C (right panel). Labels on top indicate the peak names assigned to 

different functional groups as described in detail in supplementary information (O-H: O–H stretching in 

carboxylic acids, phenols, alcohols at 3370 cm-1; al CH: aliphatic C-H stretch in CH3 and CH2 at ~2932 

cm-1 and C-H bending of CH3 and CH2 at  1413 cm-1; CO2: CO2 asymmetric stretching at 2350 cm-1; 

C=O: C=O stretch in carboxylic acids and ketones at ~1701  cm-1; ar C=C: aromatic C=C vibrations 

and stretching of quinones at ~1593 cm-1; CO*: C–O stretching and O–H bending of COOH and/or C–

OH stretching of polysaccharides at ~1200 cm-1; ar C-H: aromatic C-H out of plane deformation at 810 

cm-1. (b) The clustering of biochar FT-IR spectra based on Ward’s hierarchical clustering method 

represented as a dendrogram. The distance of the link between any two clusters (or samples) is a measure 

of the relative dissimilarity between them. 
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    An important feature that stood out when comparing the FTIR spectra of unaged and aged 

biochars was the increase in O-containing carboxylic groups, measured by changes in the relative 

peak height of the C=O stretch at 1701 cm-1 wavenumber (Fig. 2.2.a and S2.2 Table). PHY 

samples across pyrolysis temperatures showed the maximum values for C=O stretch, indicating 

that the surfaces of physically aged biochar were the most oxidized and rich in carboxylic 

groups. We also measured a slight increase in carboxylic groups for both 350CHEM and 

550CHEM compared to unaged chars. The increase in surface oxygenation and O-containing 

functional groups after ageing is consistent with the findings of previous studies that investigated 

changes in surface chemistry using methods analogous to the physical and chemical treatments 

used in this study [15,20–23]. For biological ageing, we observed a relative increase in 

carboxylic groups only in the case of 350BIO. This suggests that abiotic oxidation through 

physical and chemical ageing methods used in the study resulted in more surface oxidation and 

carboxylic groups compared to biotic oxidation through biological ageing. This agrees with the 

finding of Cheng et al. [32], where they noted that abiotic processes were more important than 

biotic processes for the initial surface oxidation of fresh biochar.  

Amongst the surface aromatic and aliphatic groups, we consistently observed a decrease in 

relative peak height in the 1413 cm-1 aliphatic C-H stretch, 810 cm-1 aromatic C-H stretch and 

1593 cm−1 C=C aromatic stretch regions after ageing in 350 °C biochar. The maximum decrease 

in peak values was consistently observed for 350PHY. Additionally, in the case of 350PHY, we 

measured a considerable decrease in relative peak height for the aliphatic C-H stretch at 2932 

cm-1 after ageing. In the case of 550 °C char, we observed a considerable decrease in the relative 

peak height for the aromatic C-H stretch and a slight decrease in the 1413 cm-1 aliphatic C-H 
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stretch after ageing but the same was not observed in the case of the C=C aromatic stretch. These 

changes indicate a relative loss or transformation of both surface aliphatic and aromatic carbon 

groups during ageing. As discussed earlier, the loss in C could be due to leaching or abiotic 

oxidation of C during ageing. Further, in the case of biological ageing, the relative loss in 

aliphatic C group at 1413 cm-1 and 2932 cm-1 (for 350°C chars) could be a result of 

decomposition of aliphatic C by soil microbes [25,26,57]. While it may not be possible to 

conclusively determine whether oxidized functional groups were previously associated with 

aromatic vs. aliphatic compounds, the drop in relative heights in the aromatic regions (810 and 

1593 cm-1 wavenumbers) accompanied by a relative increase in signal for carboxyl (1701 cm-1) 

group suggests that the oxidation of aromatic C results in the development of carboxylic groups. 

It has been previously suggested that oxidation on the edges of the aromatic backbone of biochar, 

taking place over a long period of time, could lead to the formation of negatively charged 

carboxyl groups [56,58,59]. A loss in aromatic functional groups was documented during 

physical ageing of peanut straw biochar [21] and during chemical ageing of pine wood biochar 

[22]. More recently, Yi et al. [60] measured loss and transformation of condensed aromatic C 

after nine years of field ageing of high temperature bamboo and rice straw biochar. It is expected 

that these changes would appear more slowly in studies that rely on natural ageing compared to 

our study where simulated ageing was more intense than natural weathering. These previous 

findings support the inference that the ageing methods used in this study could have caused the 

disruption of aromatic carbon to form carboxylic groups.  

It is important to note that FTIR spectra as produced and analyzed in this study are only semi-

quantitative – i.e., a doubling in peak height does not necessarily represent twice as much of the 

bond associated with that wavenumber. Furthermore, since replicates for ageing treatments and 
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FTIR measurements were not included, we cannot determine whether these differences are 

statistically significant. However, the spectra represent an average of 265 scans on pooled and 

homogenized samples, and consistent responses to ageing at the two different temperatures as 

well as consistent temperature effects across different ageing treatments both help give us 

confidence in the trends observed here. 

 

Relationship between biochar C mineralization and chemical composition 

There is a significant positive correlation between biochar C mineralization across temperature 

and ageing treatments and the molar O/C ratio (Spearman’s correlation test, rs
 = 0.87, p value = 

0.01; Fig. 2.3). While this indicates that the ageing treatments where we observed a relative 

increase in the O/C ratio tended to have increased biochar C mineralizability, pyrolysis 

temperature is also an important factor here: we see a stronger impact of ageing on biochar C 

mineralization in low temperature chars. Specifically, we saw the greatest increase in cumulative 

and rate of biochar C mineralization compared to unaged biochar during physical ageing (Fig. 

2.1 and S2.1 Fig.), and 350PHY was also the treatment for which the O/C ratio is the greatest 

and the FTIR data shows the highest increase in carboxyl groups (Fig. 2.2.a and S2.2 Table). We 

also observed a positive correlation between biochar C mineralization and the molar H/C ratio 

across all temperature and ageing treatments, although, the correlation was not statistically 

significant (Spearman’s correlation test, rs = 0.67, p value = 0.08; S2.3 Fig.). An increase in the 

carboxylic groups, molar O/C and molar H/C ratio of biochar during ageing could make it less 

stable, more hydrophilic and more likely to be mineralized by microbes [12,61,62]. This surface-

oxidized biochar is easier to break down and could potentially facilitate the microbial 

metabolism of ring structures that would ordinarily be highly recalcitrant [15,18,56].   
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Additionally, in the case of 350 °C biochars, we see a drop in surface aromatic groups due to 

ageing, with maximum drop observed in the case of 350PHY (Fig. 2.2.a and S2.2 Table). 

Oxidative transformation of aromatic C to linear alkyl-C and O-alkyl-C could decrease ring 

condensation and make carbon more susceptible to microbial breakdown [60]. This is observed 

during the incubation, after 350 hours, wherein we observed higher rate of biochar C 

mineralization for 350PHY than unaged biochar (S2.1 Fig.). During this period, we would expect 

to see an increase in the breakdown of more complex, aromatic C by the isolate, as the easily 

mineralizable C is more likely to be consumed early on. Further, studies have documented 

breakdown and release of aromatic moieties in biochar to low molecular-weight organic acids 

during ageing [63,64]. The surface oxidation of aromatic C groups has important implications for 

C management and cycling for both low temperature biochars and naturally produced wildfire 

pyrogenic organic matter (PyOM). It has been suggested that the chemical stability of PyOM 

produced at high temperatures during natural wildfires is more comparable to low temperature 

biochars produced in the lab. This is because natural PyOM was found to consist of small 

clusters of aromatic C units and not highly condensed polyaromatic structures [38,65,66]. Based 

on our findings, the carbon in these PyOM materials could be more susceptible to surface 

oxidation and C loss during ageing which could lead to increased mineralizability and thus 

decreased C storage potential. 
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Figure 2.3. Relationship between mean cumulative biochar-C mineralized and molar O/C 

ratio.  
n=3 for physical, chemical and unaged, n=5 for biological treatments. Error bars represent standard 

error of the mean. Shapes indicate unaged, physically, chemically and biologically aged biochar samples 

produced at 350 °C (black) and 550 °C (gray).  
 

For the 550 °C chars, we did not observe a significant increase in biochar C mineralization 

despite seeing an increase in the O/C and H/C ratio during ageing. This is perhaps because even 

though increases in surface oxidation and loss of some surface aromatic and aliphatic C groups 

were observed during ageing, 550 °C aged chars still retained more aromatic C and were less 

oxidized than 350 °C aged chars, as observed in FTIR spectra (Fig. 2.2.a and S2.2 Table). As a 

result, there is likely to be less easily mineralizable C present in 550 °C biochars even after 

ageing. This is in line with other studies that have documented an inverse relationship between 

mineralization and aromatic fraction in biochars [56,67]. This effect is potentially the primary 

reason we did not observe a significant increase in biochar C mineralized for 550 °C chars during 

ageing despite observing changes in the surface oxidation (Fig. 2.1 & Fig. 2.2.a).   
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 Ageing considerations and future directions  

The primary goal of this study is to examine the effect that long-term ageing-related changes in 

surface chemistry and elemental composition have on mineralizability of biochar C. To this 

effect, all three ageing treatments used in this study were designed to simulate extreme degrees 

of real-world processes that occur naturally to biochar in soil. However, it is not feasible to 

develop a scale to quantify the relative severity of the treatments compared to their expected 

severity in nature, or even measure the relative severity of the treatments. It is possible that 

further increasing the severity of the biological and chemical ageing processes could lead to 

increased C mineralization for those treatments as well. For instance, increasing the duration of 

biological ageing may result in a continued increase in biochar surface oxidation and O/C ratio. 

Despite the lack of quantitative comparison, this study highlights the increased susceptibility of 

biochar to microbial degradation with increase in surface oxidation. In particular, it demonstrates 

the ability of abiotic processes such as freeze-thaw-wet-dry cycles in accelerating surface 

oxidation. The precise mechanism by which oxidation of biochar takes place during physical 

ageing remains unknown and warrants further research [30].  

It is important to note that ageing and incubation of biochar was performed in the absence of 

soil. However, we note that in soil systems, biochar-clay interactions, biochar-soil organic matter 

interactions, as well as physical protection of biochar through aggregate formation are likely to 

affect both ageing of biochar and its interactions with microbes [68–70]. Further investigation 

into changes in bulk and surface properties associated with long term ageing of biochar in 

biochar amended soils could help in verification of laboratory biochar ageing and incubation 

studies as well as broaden our understanding of the potential of biochar as a C sink [30]. While 

this study focusses on changes in surface chemistry and elemental composition, we note that 
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other effects of ageing such as changes in specific surface area, cation exchange capacity and 

solubility will affect how microbes interact with biochar in soil, in terms of accessibility to the 

biochar as well as its mineralizability.  

We note that despite this Streptomyces isolate being a known degrader of unaged PyOM, we 

still observed a trend of increase in biochar C mineralization after ageing, particularly in the case 

of physical ageing. For other soil microbes that do not share this capability of decomposing 

aromatic C in PyOM, we would predict ageing could potentially have a larger impact on their 

ability to break down PyOM. This would be interesting to test directly, as it could have 

implications in how post fire C is cycled by microbes based on their affinity for metabolizing 

PyOM. It would also be interesting to perform future experiments on PyOM degradation using 

consortia of microbes, in addition to single isolates.  

In conclusion, this study provides evidence that higher O/C ratio and surface oxidation during 

ageing is likely to accelerate biochar C mineralization by microbes. The greatest relative increase 

in surface carboxylic groups and O/C ratio was observed during physical ageing in low 

temperature char. As such, our lab experiments demonstrate that the C in low temperature 

biochar is more susceptible to oxidation and microbial mineralization. Further research is 

required to better understand how ageing due to both abiotic and microbial processes in soil will 

affect the C sequestration potential of biochar. 
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Supporting Information 

Table S2.1. FT-IR functional group peak assignment for biochar 

Functional group Wavenumber (cm-1) 

O–H stretching of carboxylic acids, phenols, 

alcohols 

3370 [1,2] 

Aliphatic C-H stretching 2932 [1–3] 

CO2 asymmetrical stretching 2350 [4] 

Carboxyl and carbonyl C=O stretching 1701 [1–3] 

Aromatic C=C vibrations  1593 [1–3] 

Aliphatic C-H deformation 1413 [5,6] 

*C–O stretching and O–H deformation of 

carboxylic groups and/or C–OH stretching of 

polysaccharides 

1200 [3,5] 

Aromatic C-H out of plane deformation 810 [7,8] 

*The peak at wavenumber 1200 cm-1 detected could be a combination of 

peaks observed in the region 1260-1200 cm-1: C–O stretching and O–H 

bending of COOH and 1170-950 cm-1: C–OH stretching of 

polysaccharides. 
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Table S2.2. FTIR spectra relative peak heights of the unaged and physically, chemically and 

biologically aged biochar samples 

HTT 

(°C) 

Ageing 

treatment 

aromatic out 

of plane C-H 

stretch 

C-O stretch 

and O-H bend 

in carboxylic 

acids* 

aliphatic C-H 

stretch in CH3 

and CH2 

aromatic 

C=C stretch 

in quinones 

C=O stretch 

in carboxylic 

acids/ 

ketones 

aliphatic C-H 

stretch in CH3 

and CH2 

  810 cm-1 1200 cm-1 1413 cm-1 1593 cm-1 1701 cm-1 2932 cm-1 

350 Unaged 0.09 0.29 0.12 0.36 0.08 0.07 

 Physical 0.05 0.32 0.00 0.28 0.35 0.00 

 Chemical 0.06 0.28 0.10 0.30 0.18 0.08 

 
Biological 

 
0.07 0.32 0.09 0.31 0.13 0.07 

550 Unaged 0.28 0.19 0.02 0.41 0.09 0.01 

 Physical 0.12 0.23 0.00 0.42 0.17 0.05 

 Chemical 0.25 0.18 0.00 0.43 0.12 0.01 

 Biological 0.20 0.30 0.00 0.41 0.09 0.00 

*The peak at wavenumber 1200 cm-1 detected could be a combination of peaks observed in the region 1260-

1200 cm-1: C–O stretching and O–H bending in carboxylic acids and 1170-950 cm-1: C–OH stretching in 

polysaccharides. 
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Picture S2.1. Images of Streptomyces isolate growth on biochar- raw and processed using 

ImageJ.  
(Left) Images of Streptomyces isolate growth on the surface of biochar nutrient agar media at the end of 

the incubation period for a replicate of (a) 350 °C unaged biochar (b) 550 °C unaged biochar (c) 350 °C 

physically aged biochar (d) 550 °C chemically aged biochar. (Right) Processed images of Streptomyces 

isolate growth on the surface of the biochar sample shown on the left using the ImageJ software.  
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Figure S2.1. Rate of biochar C mineralization over time.  
Data show mean C mineralization rate of unaged and physically, chemically and biologically aged 

biochar samples over time, with uninoculated blanks subtracted and normalized with mean biochar-C. 

n=3 for physical, chemical and unaged, n=5 for biological. Error bars represent 95% confidence 

intervals. The left panel shows biochar produced at 350 °C and the right panel shows biochar produced 

at 550 °C. 
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Figure S2.2. Comparison of Streptomyces isolate growth on aged and unaged biochar nutrient 

agar media.  
Growth of Streptomyces isolate on biologically, chemically, and physically, aged biochar and unaged 

biochar agar media over the incubation period. n=3 for physical, chemical and unaged, n=5 for 

biological. The left panel shows biochars produced at 350 °C and the right panel shows biochars 

produced at 550 °C. 
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Figure S2.3. Relationship between mean cumulative biochar-C mineralized and molar H/C 

ratio.  
n=3 for physical, chemical and unaged, n=5 for biological treatments. Error bars represent standard 

error of the mean. Shapes indicate unaged, physically, chemically and biologically aged biochar samples 

produced at 350 °C (black) and 550 °C (gray). 

 

Appendix S2 

Materials and Methods 

Production of biochar 

Biochar was produced from eastern white pine wood chips (Pinus strobus (L.)) at 350 

and 550 °C in a modified Fischer Scientific Lindberg/Blue M Moldatherm box furnace (Thermo 

Fisher Scientific, Waltham, MA, USA) fitted with an Omega CN9600 SERIES Autotune 

Temperature Controller (Omega Engineering Inc., Norwalk, CT, USA) [9]. The feedstock was 

placed in a steel cylinder inside the furnace chamber and subjected to a continuous argon gas 
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supply at a rate of 1 L min-1 to maintain anaerobic conditions during pyrolysis. The heating rate 

for production of biochar was kept constant at 5 °C min-1 and mixing of the feedstock inside the 

steel cylinder via mechanical paddles started once temperatures hit 250 °C. We held the 

temperature constant for 30 minutes once the highest treatment temperature was reached (350 

and 550 °C), after which the product was rapidly cooled by circulating cold water in stainless 

steel tubes wrapped around the steel cylinder. Pyrolyzed material was ground using a ball mill 

and sieved to collect biochar with particle size < 45 µm.  

Chemical Analyses 

Elemental analysis: Total C and N were determined for aged and unaged biochar samples 

using a Thermo Scientific Flash EA 1112 Flash Combustion Analyzer (Thermo Fisher Scientific, 

Waltham, MA, USA) at the Department of Agronomy, UW- Madison, WI, USA. Total H was 

determined using a Thermo Delta V isotope ratio mass spectrometer interfaced to a Temperature 

Conversion Elemental Analyzer (Thermo Fisher Scientific, Waltham, MA, USA) at the Cornell 

Isotope Laboratory, NY, USA. In order to estimate total O by subtraction, we determined ash 

content of aged and unaged biochar samples using the method prescribed by ASTM D1762-84.  

Replicates were included for all samples for the CHN elemental analysis and ash 

measurements. Total O was calculated by subtraction as per Enders et al. [10] as follows: 

O (%w/w) = 100 - C (%w/w) - N (%w/w) - H (%w/w) - ash (%w/w) 

 

pH: The pH of aged and unaged biochar samples was measured in deionized water at a 

1:20 solid:solution ratio using an Inlab Micro Combination pH electrode (Mettler Toledo, 

Columbus, OH, USA) connected to a Thermo Scientific Orion Star A111 benchtop pH meter 

(Thermo Fisher Scientific, Waltham, MA, USA). Briefly, we added 0.15 g of biochar to 3 mL of 
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deionized water in 5 mL centrifuge tubes and vortexed for 1 hour at low speed. After vortexing, 

the tubes were centrifuged at 15000 X g for 2 min to sediment the biochar particles. We 

aliquoted 200 μL of the clear suspension into microtubes and measured the pH. All pH 

measurements were performed in replicates except in the case of 350PHY and 550PHY where 

we had limited material. 

 

Fourier-transform infrared (FT-IR) spectroscopy: We quantified the heights of selected 

functional groups using the Shimadzu IR Solution FT-IR software. The spectra were attenuated 

total reflection (ATR) corrected to approximate a transmission spectrum and smoothed to reduce 

the background noise. Spectra baselines were drawn in the following regions using a quartic 

fitting function: 3800-2300 cm-1, 2300-1820 cm-1, 1820-1500 cm-1, 1500-925 cm-1 and 925-700 

cm-1. Wavenumbers were assigned for selected functional groups based on studies as described 

in Table S1. Peaks were manually detected around specific wavenumbers by identifying peak 

maxima, upper and lower baselines for each of the functional groups. Baselines for selected 

peaks were drawn as follows: 3006-2783 cm-1 for aliphatic C-H stretch, 1808-1645 cm-1 for C=O 

stretch, 1670-1483 cm-1 for C=C vibrations and stretch, 1501-1307 cm-1 for C-H bending of CH2 

and CH3, 1334-919 cm-1 for C–O stretching, O–H bending of COOH and/or C–OH stretching of 

polysaccharides and 934-713 cm-1 for aromatic C-H deformation.  

 

Biochar nutrient media preparation 

The final biochar nutrient media used for biochar incubations is a combination of the following 

components:  

1. Nutrient solution which consists of  
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a. Basal salt solution (described in detail below) 

b. Trace elements solution (described in detail below)  

c. Vitamin mixture (described in detail below) 

d. Vitamin B12 

2. Agar and biochar suspension 

The same media recipe was used throughout the study to (i) isolate and recover the 

Streptomyces sp. on biochar (ii) perform the biological ageing treatment of biochar with a 

microbial community and (iii) perform the incubation study of the Streptomyces isolate with 

aged and unaged biochar. For the biological ageing treatment, we used the biochar suspension 

without addition of agar. 

To prepare the final biochar nutrient media agar plates (per 1 L): 

Agar and biochar suspension = 500 mL 

Basal salt solution = 500 mL 

Vitamin B12 = 200 uL of 250 mg L-1 solution* , ** 

Vitamin mix = 200 uL* , ** 

Trace elements solution = 1 mL* , ** 

*To be added after autoclaving 

**Filter sterilize with 0.2 micron filter 

To prepare the biochar agar suspension (per 1 L): 

Nobel agar = 60 g 

Ground biochar = 2 g 

To prepare the basal salt solution (per 1 L): 

KH2PO4 = 0.4 g 
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NH4Cl = 0.5 g 

KCl = 1.0 g 

CaCl2. 2H2O = 0.3 g 

NaCl = 2 g 

MgCl2. 6H2O = 1.24 g 

NaSO4 = 5.86 g 

Note: This solution will end up being acidic with a pH of ~6, The pH was adjusted to 7 by 

addition of NaoH and buffered by adding 1 g of MES (2-(N-Morpholino) ethane sulfonic acid) 

(VWR International, Radnor, PA, USA) before autoclaving. 

To prepare the trace elements solution (aka SL-10, per 1 L): 

HCl 25% (v/v) = 10 mL 

FeCl2. 4H20 = 1.5 g 

CoCl2. 6H20 = 190 mg 

MnCl2. 4H20 = 100 mg 

ZnCl2 = 70 mg 

H3BO3 = 6 mg 

Na2MoO4. 2H2O = 36 mg 

NiCl2. 6H2O = 24 mg 

CuCl2. 2H2O = 2 mg 

To prepare the vitamin mixture (per 1L): 

4-aminobenzoic acid (Vitamin B9 precursor) = 40 mg 

D(+)-biotin (Vitamin B7) = 10 mg 

Nicotinamide (Vitaman B3) = 100 mg 
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D(+)-pantothetic acid hemicalcium (Vitamin B5) = 50 mg 

Pyridoxamine dihydrocloride (Vitamin B6) = 100 mg 

Thiamine dihydrochloride (Vitamin B1) = 100 mg 

Effect of pyrolysis temperature on biochar C mineralization of unaged biochar 

Mean cumulative biochar C mineralized at the end of the incubation was significantly higher 

by 39% for 350 °C biochars compared to 550 °C biochars (Kruskal-WallisANOVA, p value = 

0.01). This is consistent with previous studies that have noted higher microbial activity and 

respiration in incubations with low temperature chars [15–18], since biochar produced at high 

pyrolysis temperature contains a larger fraction of condensed aromatic C, which is more difficult 

for microorganisms to oxidize [19–23]. Mean colony growth on agar surfaces over the month-

long incubation, as measured by percentage of total surface area, was 166% higher for 350 °C 

biochar treatments as compared to their 550 °C counterparts (Fig.S2.3). This corresponds to 

trends observed in the cumulative biochar C mineralized over the incubation period, indicating 

that the Streptomyces strain more effectively colonizes and grows on agar surfaces containing 

biochar particles produced at 350 °C. 

Effect of pyrolysis temperature on the elemental composition and surface chemistry of  

unaged biochar 

Elemental analysis 

For unaged biochar, the total C in 550UN was higher (mean = 84.7%) than that in 350UN 

(mean = 74.8%), while the total O and H contents were lower in 550UN (mean O = 11.9%; mean 

H = 2.4%) compared to 350UN (mean O = 20.4%; mean H = 3.9%; Table 2.1). This is consistent 

with previous studies that have reported an increase in the total carbon content of biochars with 
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increasing pyrolysis temperature, due to increased carbonization and greater relative loss of H 

and O [10,12].  

 

FTIR 

While comparing the individual FTIR peaks between 350UN and 550UN, we observed 

changes in regions associated with aliphatic and aromatic C groups (Fig. 2.2a). There was, 

however, no notable change in relative height for the C=O stretch peak in carboxylic acids from 

350UN (0.08) to 550UN (0.09). For the aromatic C functional groups, we observed an increase 

in the relative peak height with increasing pyrolysis temperatures (Fig. 2.2a and Table S2.2). The 

greatest increase appeared in the 810 cm-1 aromatic C-H out of plane deformation (0.09 to 0.28) 

and a slight increase was seen in the 1593 cm−1 C=C aromatic stretch (0.36 to 0.41). In contrast, 

the relative peak heights of groups indicative of aliphatic and lignin/cellulose-derived 

transformation products that are present in low temperature biochar decreased with increasing 

pyrolysis temperature. We observed a slight decrease in the relative peak height from 350UN to 

550UN for 2932 cm-1 aliphatic C-H stretch of CH3 and CH2 (0.07 to 0.01), 1413 cm-1
 C-H 

bending of CH3 and CH2 (0.12 to 0.02) and 1200 cm-1 C–O stretching of phenols/ COOH/ 

polysaccharides (0.29 to 0.19). With the exception of the C=O carboxyl stretch, these broad 

trends in surface chemistry with increasing pyrolysis temperature are consistent with previous 

studies that investigated the effect of pyrolysis temperature on the chemical properties of biochar 

[19,24,25]. 
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Abstract 

Wildfires can either negatively impact soil carbon (C) stocks through combustion or 

increase soil carbon stocks through the production of pyrogenic organic matter (PyOM), which is 

highly persistent and can affect non-pyrogenic soil organic carbon (SOC) mineralization rates. In 

this study, we used fine-resolution 13CO2 flux tracing to investigate PyOM-C mineralization, soil 

priming effects, and their impacts on soil microbial communities in a Californian mixed conifer 

forest Xerumbrept soil burned in the 2014 King Fire. We added PyOM produced from pine 

biomass at 350 °C and 550 °C to the soil and separately traced the mineralization of 13C-labeled 

water-extractable and non-water-extractable PyOM-C fractions in a short-term incubation. 

Our results indicate that the water-extractable fraction is 10-50x more mineralizable in 

both 350°C and 550 °C PyOM treatments than the SOC or non-water-extractable PyOM fraction. 

350 °C PyOM addition led to a short-term positive priming effect, likely due to co-metabolism 

of easily mineralizable PyOM-C and the SOC, whereas 550 °C PyOM addition induced negative 

priming, potentially due to physical protection of SOC through sorption to the PyOM surface. 

We observed significant shifts in bacterial community composition in response to both 350 °C 

and 550 °C PyOM, with positive PyOM responders belonging to the genera Noviherbaspirillum, 

Pseudonocardia, and Gemmatimonas. In contrast, fungal communities were less responsive to 

PyOM additions. Our findings expand our understanding of the post-fire cycling of PyOM and 

SOC, providing insights into the microbial mineralization of different PyOM-C fractions and 

their influence on soil C dynamics in fire-affected ecosystems. 
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Introduction 

Since the mid-1970s, the number of forest wildfires in the western US and the percentage 

of area burned within them have increased due to a warming climate (Westerling, 2016). These 

fires can impact the biogeochemical cycling of nutrients like carbon (C) within an ecosystem. 

Increasing fire frequencies can have a negative impact on C storage in forest soils, 

predominantly due to combustion of wood and litter as well as organic matter in the upper soil 

layers, leading to direct C losses from the system. Furthermore, the combustion of biomass can 

also reduce C inputs to soil, which can contribute to the loss of C (Pellegrini et al., 2018). 

Simultaneously, fires can have an indirect positive effect on C storage via the production of 

pyrogenic organic matter (PyOM) (Santín et al., 2015). For example, during fires in pine-

dominated forest systems, between 5-27% of the biomass C can be converted to PyOM, which is 

likely to persist in soils due to a high proportion of C that is resistant to degradation (DeLuca et 

al., 2020; Santín et al., 2015). PyOM is also produced intentionally as a soil amendment and as 

part of a C management strategy, in which case it is referred to as “biochar” (Lehmann & Joseph, 

2012). The conditions under which the addition of PyOM/biochar to soils will have a net positive 

C impact is still not clearly understood and depends on many factors, including the chemical 

composition and mineralizability of PyOM itself and whether its presence in the soil affects the 

mineralizability of soil organic carbon (SOC) (Maestrini et al., 2015; Wang et al., 2016; 

Whitman et al., 2015). A key step to addressing this problem is taking a mechanistic approach to 

understanding how soil microbes decompose different carbon fractions of PyOM in fire-affected 

soils and if PyOM addition increases the abundance of microbes with the capacity to degrade 

the different C fractions in PyOM. This is the overarching goal of this study.  



53 

 

 

In recent years, through a combination of field studies and lab incubations, we have 

gained a better understanding of the factors that can affect the mineralization of PyOM by soil 

microbes. These factors primarily include PyOM properties like feedstock and pyrolysis 

temperature, PyOM chemical and physical properties, soil characteristics, and the duration of 

measurement (Wang et al., 2016; Zeba et al., 2022). These same factors also determine whether 

PyOM addition will affect the mineralization of the native SOM – i.e., whether PyOM addition 

will induce a “priming” effect (DeCiucies et al., 2018; Maestrini et al., 2015; Wang et al., 2016; 

Whitman et al., 2015). However, a key challenge to making these predictions is that PyOM is not 

homogeneous, even within a given sample, and different PyOM fractions may play 

fundamentally different roles in determining its net effect on soil C stocks. For example, a 

relatively small fraction of PyOM-C, included in the water-extractable fraction, is more easily 

mineralizable by microbes and may drive the observed increases in SOC mineralization (Hamer 

et al., 2004; Keith et al., 2011; Santos et al., 2012; Whitman, Enders, et al., 2014). Differences in 

the relative abundance of this easily mineralizable fraction would be reflected in the degree to 

which PyOM stimulates microbial activity, thereby increasing the rate of SOC mineralization 

(i.e., inducing a “positive priming effect”) in the short term (Maestrini et al., 2015; Whitman, 

Zhu, et al., 2014). Simultaneously, sorption is often invoked as an explanation for decreased 

SOC mineralization with PyOM additions (“negative priming”) (Maestrini et al., 2015; Whitman 

et al., 2015), and would be expected to be associated with the more persistent and water-

insoluble (i.e., non-water-extractable) PyOM fraction. However, it can be challenging to 

independently trace the cycling of these different PyOM fractions, as adding them to soil 

separately would undermine the objective of understanding how these fractions cycle upon bulk 

PyOM addition. 
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In this study, we aimed to determine if C fractions within PyOM are differentially 

mineralized by microbes and how this affects the mineralization of SOC. We addressed this 

question by tracking the mineralization of two 13C labeled PyOM-C fractions – 13C labeled 

water-extractable and non-water-extractable PyOM-C in our soil-13C PyOM incubations and 

used this information to decipher the dominant priming mechanisms. We sought to isolate the 

short-term dynamics of the water-extractable vs. non-water-extractable PyOM fraction, given 

that positive priming effects usually occur over relatively short timescales. We produced PyOM 

at two different pyrolysis temperatures (350 and 550 °C) to capture the differences in both 

PyOM-C content and chemistry with increasing temperature, particularly the fraction of water-

extractable PyOM-C. PyOM-C concentration increases with higher pyrolysis temperatures, 

retaining a relatively lower proportion of easily mineralizable PyOM-C structures (Bruun et al., 

2011; Keiluweit, Nico, & Johnson, 2010; Zimmerman et al., 2011). We hypothesized that the 

water-extractable PyOM-C fraction would be more rapidly mineralized, since it primarily 

consists of aliphatic C compounds that are readily consumed by microbes, and that the 

mineralizability of this fraction would be a strong predictor of SOC priming.  

While it is important to understand how PyOM chemistry affects its cycling by microbes, 

it is also critical to understand how PyOM affects the soil microbial communities. There are 

numerous ways in which PyOM addition can affect soil microbes in the short term, such as the 

availability of easily mineralizable C as a nutrient source (Whitman, Enders, et al., 2014), 

changes in soil properties such as water holding capacity and pH (Chen et al., 2017; Luo et al., 

2011), and interactions with signaling molecules (Masiello et al., 2013). To date, a relatively 

small number of lab and field studies have looked at the effects of PyOM on soil bacterial 

communities (summarized in Woolet and Whitman, 2020). While individual studies often found 
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significant effects of PyOM on soil bacterial community composition, soil characteristics played 

a more important role than PyOM in predicting community composition across soil types 

(Woolet & Whitman, 2020). In addition to community-wide effects, numerous PyOM-responsive 

bacterial taxa, across phylogenetic levels have been identified in recent studies. However, only a 

few genera have been found to have a consistently positive response to PyOM across soil types – 

these genera include known fire responders, and many have members that are known PAH 

degraders, indicating a capacity to break down complex aromatic C fractions in PyOM (Woolet 

& Whitman, 2020). In addition to PyOM-responsive taxa identified via high throughput 

sequencing, specific bacteria (e.g., Streptomyces sp.) readily grow on agar media containing 

PyOM-C as the sole carbon source (Zeba et al., 2022), while others (e.g., Pseudomonas and 

Pseudonocardiaceae sp.) can colonize the PyOM surface (Dai et al., 2017; Tu et al., 2020).   

Much of our understanding of the effects of PyOM on soil fungi comes from studying 

fungal responses to fire. Certain fungi, such as Pholiota, Pyronema and Penicillium sp. are 

known to thrive in post-fire environments (Fox et al., 2022). Their potential to exploit post-fire 

resources, such as PyOM, could contribute to their relative increase (Enright et al., 2022; Fischer 

et al., 2021; Whitman et al., 2019), along with other factors like heat tolerance (Bruns et al., 

2020; Fox et al., 2022). A few studies examining the effects of PyOM application on fungi have 

observed changes in the fungal community structure, primarily driven by alterations in soil 

properties (Gao et al., 2021; Q. Yao et al., 2017). The aromatic C fraction in PyOM may also 

play an important role in shaping the fungal community composition (Li et al., 2019). For 

instance, dominant post-fire fungus, Pyronema domesticum has the capacity to break down 

complex aromatic C when grown on agar media containing PyOM-C (Fischer et al., 2021). 
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Despite these insights, the effect of PyOM addition on soil fungi, both in terms of whole 

communities and individual taxa remains relatively unexplored. 

While the list of PyOM-responsive fungal and bacterial taxa is growing, the mechanisms 

by which both the community and individual taxa respond to PyOM are poorly understood. 

Specifically, with regard to the C heterogeneity of PyOM, it is possible that the relative 

abundance of some species increases in response to the easily mineralizable PyOM-C fractions, 

while others increase in response to the more aromatic PyOM-C fractions. Although methods 

like stable isotope probing would be required to conclusively demonstrate these different 

responses, this should result in a time-dependent response, with responders to the easily 

mineralizable PyOM-C fraction increasing early in the incubation period as this fraction is 

consumed early on, while responders to the aromatic C fractions emerge later. To investigate 

these dynamics, we performed parallel soil-PyOM incubations and destructively sampled the 

soils for microbial community profiling at key time points, informed by real-time isotopically 

partitioned PyOM-C mineralization data. This allowed us to track shifts in microbial community 

composition and identify PyOM-responsive taxa that increase in relative abundance at key time 

points during the incubation period. We also used LC-MS analysis to track changes in the soil C 

chemical profile during these select time points to characterize the nature of carbon compounds 

available to soil microbes during the incubation. We hypothesized that PyOM addition would 

result in shifts in both the bacterial and fungal communities within the first few days, tracking 

the consumption of the easily mineralizable water-extractable fraction. We expected PyOM 

responders to belong to known fire-responsive and PyOM-responsive genera. We predicted that 

early responders would mostly be bacteria, while late responders could include both bacteria and 
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fungi that have the ability to degrade complex aromatic C structures, such as Sphingomonas, 

Gemmatimonadetes and Pyronema sp.   

Materials and Methods 

Soil description 

To increase the likelihood of finding PyOM-adapted taxa, we targeted a soil with known 

burn history. Soil was collected in the winter of 2020 from the El Dorado National Forest in 

California from a region that burned during the 2014 King Fire (38.86953, -120.61322). The soil 

belongs to the Pilliken series and is a coarse-loamy, mixed, mesic entic Xerumbrept. Topsoil (0-

0.1 m) was collected after removing the O-horizon litter layer and stored at -20 °C until it was 

shipped to Madison, WI on dry ice, after which it was stored at -20 °C until the start of the 

incubation. We chose to focus on the top 10 cm of mineral soil as this horizon would be expected 

to have meaningful contact with surface-produced PyOM after a wildfire. Standard soil 

properties (Table 3.1) were analyzed at the UW Soil and Forage Lab with a sample that was 

thawed and sieved to < 2 mm.    
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Table 3.1. Properties of soil collected from the 2014 King fire affected region  

Property (units)  

Sand (%) 55 

Silt (%) 24 

Clay (%) 20 

Texture (USDA classification) Sandy clay loam 

Total C (%) 7.79 

Total N (%) 0.46 

Bulk 13C vs. VPDB (‰) -27.07 

NO3-N (ppm) 28.8 

NH4-N (ppm) 4.9 

P (ppm) 9 

K (ppm) 84 

pH (H2O) 6.1 

 

Biomass production 

Two-year-old eastern white pine tree seedlings (Pinus strobus (L.)) from the Wisconsin 

Department of Natural Resources (DNR) were grown in an enriched 13CO2 atmosphere custom 

growth chamber for one growing season. The trees were pulse labeled with 99% 13CO2 at regular 

intervals over the course of their growth with the goal of producing evenly labeled trees. The 

labeled trees were watered with deionized water and Hoagland’s solution.  

A paired same-aged set of eastern white pine trees from the Wisconsin DNR, grown 

under ambient, non-enriched CO2, was used as an unlabeled control for this study, keeping 

moisture, humidity, and light conditions equivalent (Labeled and unlabeled biomass properties 

are provided in Table S3.1). 
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PyOM production and analyses 

We used the aboveground biomass of the eastern white pine trees to produce PyOM. For 

each set of labeled and unlabeled trees, we ground tree stems and needles and mixed them in 1:4 

ratio to account for small differences in the labeled and unlabeled trees. We pyrolyzed both sets 

of trees at 350 °C (referred to as “350 PyOM”) and 550 °C (referred to as “550 PyOM”) in a 

modified Fischer Scientific Lindberg/Blue M Moldatherm box furnace (Thermo Fisher 

Scientific, Waltham, MA, United States) fitted with an Omega CN9600 SERIES Autotune 

Temperature Controller (Omega Engineering Inc., Norwalk, CT, United States). We modified 

the furnace and adapted the PyOM production design developed by Güereña et al. (2015). 

Briefly, the feedstock was placed in a steel cylinder inside the furnace chamber and subjected to 

a continuous argon gas supply at a rate of 1 L min-1 to maintain anaerobic conditions during 

pyrolysis. The heating rate for production of PyOM was kept constant at 5 °C min−1 and mixing 

of the feedstock inside the steel cylinder via mechanical paddles started once temperatures hit 

250 °C. We held the temperature constant for 30 min once the target temperature was reached, 

after which the PyOM was rapidly cooled by circulating cold water in stainless steel tubes 

wrapped around the steel cylinder. The PyOM was ground using a mortar and pestle and sieved 

to collect PyOM with particle size < 45 µm. 

Total C, nitrogen (N), bulk 13C and 15N were measured at the Cornell Stable Isotope 

Laboratory (COIL) using a Delta V Isotope Ratio Mass Spectrometer (Thermo Scientific, 

Germany) interfaced to a dry combustion analyzer (Carlo Erba NC2500 Elemental Analyzer, 

Italy). Total hydrogen (H), and oxygen (O) were also measured at COIL on a Delta V Isotope 

Ratio Mass Spectrometer interfaced to a Temperature Conversion Elemental Analyzer (Thermo 

Scientific, Germany). The pH was measured in deionized water at a 1:20 solid: solution ratio 
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using an Inlab Micro Combination pH electrode (Mettler Toledo, OH, USA) connected to a 

Thermo Scientific Orion Star A111 benchtop pH meter (Thermo Fisher Scientific, MA, USA). 

The properties of all PyOM materials are provided in Table 3.2. 

Table 3.2. Properties of PyOM  

Property (units) 13C labeled Unlabeled 

350 °C 550 °C 350 °C 550 °C 

pH (H2O) 9.42 10.09 7.97 10.19 

Total C (%) 64.75 ± 2.64 71.87 ± 1.35 72.87 ± 8.43 78.17 ± 1.81 

Total N (%) 3.24 ± 0.15 2.91 ± 0.05 2.82 ± 0.31 2.47 ± 0.06 

Total H (%) 3.52 1.75 3.78 1.93 

Total O (%) 16.28 10.96 17.46 9.32 

Bulk 13C vs. VPDB (‰) 1513.12 ± 9.47 1596.51 ± 8.32 -29.38 ± 0.05 -29.27 ± 0.08 

Bulk 15N vs. atmospheric air 

(‰) 

0.40 ± 0.21 0.46 ± 0.41 0.50 ± 0.05 0.74 ± 0.08 

Total water extractable C 

(DOC) (mg g-1 PyOM) 

2.11 ± 0.43 0.95 ± 0.65 1.24 ± 0.38 0.67 ± 0.47 

The values presented for total C, total N, bulk 13C and bulk 15N are means of five replicates ± standard 

deviation. The values for total water-extractable C represent DOC in original PyOM before exchange. pH 

values of the original PyOM before adjustment are shown. 

 

Water-extractable PyOM-C extraction and exchange  

To isolate and compare the mineralization rates between water-extractable and non-

water-extractable PyOM-C fractions, we removed and exchanged the water-extractable fraction 

from the 13C labeled vs. unlabeled PyOM, at C-equivalent rates. This resulted in two PyOM 

treatments (Fig. 3.1): 13C water-extractable PyOM (where the water-extractable fraction is 13C-

labeled) and 13C non-water-extractable PyOM (where the non-water-extractable fraction is 13C-

labeled).  
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Figure 3.1. Experimental setup.  

To separate the water-extractable PyOM-C, we used a series of five sequential extractions with 

ultrapure water, using the methods described in Smith et al. (2013) and Whitman, Zhu, et al., 
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(2014). In each round of extraction, PyOM was shaken with ultrapure water (1:10 solid:water 

ratio) in a 15 mL Falcon conical centrifuge tube (Corning, NY, USA) for 15 min and then 

centrifuged at 2593 x g for 15 min at 4 °C. After centrifugation, the supernatant was syringe-

filtered through a sterile 0.45 mm C-free glass microfiber filter (cat # 6902-2504, Cytiva, MA, 

USA). The resulting extracts were retained, with sequential extractions performed on the 

remaining PyOM and pooled in order to extract as much DOC as possible. The total dissolved 

organic carbon (DOC) content of the water-extractable PyOM-C fraction was measured at the 

Water Science and Engineering Laboratory, UW-Madison using a Sievers M5310C Total 

Organic Carbon Analyzer (GE Analytical Instruments Inc., CO, USA). 

Before returning the water-extractable fraction (DOC) to the non-water-extractable 

PyOM, we dried the non-water-extractable PyOM at 70 °C and measured total C, N, bulk 13C, 

15N and pH as described above. We also measured the total organic carbon (TOC) content of 

the non-water-extractable PyOM, at the UW Soil and Forage Lab using the dry combustion 

technique (Table S3.2). We then returned the water-extractable PyOM to the non-water-

extractable PyOM fractions (Fig. 3.1), adjusted the pH of all treatments to match that of the soil 

using HCl additions, and then dried the final materials at 70 °C. We also extracted water-

extractable fraction for the control 13C PyOM and unlabeled PyOM samples and returned it at the 

same rates. The ratios of water-extractable to non-water-extractable PyOM-C were selected to 

match the DOC content of the water-extracted PyOM for the 13C labeled 350 and 550 PyOM 

treatments (Table 3.2). Thus, all 350 PyOM treatments had 2.1 mg water-extractable PyOM-C g-

1 non-water-extractable PyOM-C, while all 550 PyOM treatments had 1 mg water-extractable 

PyOM-C g-1 non-water-extractable PyOM-C.  
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Incubation setup and monitoring 

Before the incubation, soil was thawed, sieved to < 2 mm and maintained at room 

temperature and open to the air for two weeks. We used a sub-sample of the soil to determine 

field capacity for unamended and PyOM amended soils (350 and 550 PyOM) separately to 

ensure equivalent moisture levels with and without PyOM additions. Water holding capacity was 

determined as in Whitman et al. (2021). The moisture content of the thawed soils was 

determined one day before the start of the incubation to calculate the water required to reach 

target moisture levels of 65% field capacity for each treatment. 

We ran two sets of parallel incubations – (i) a CO2 flux monitoring incubation to partition 

C mineralization between different PyOM fractions and (ii) a community profiling incubation to 

analyze the effects of PyOM on microbial community composition at critical time points during 

the incubation. We analyzed data from the CO2 flux monitoring incubation in real time, so we 

could dynamically select 4-5 timepoints that reflect initial conditions, peak PyOM-C 

mineralization, peak SOC mineralization and final conditions. At each of these selected 

timepoints, sample jars from the community profiling incubation were frozen for DNA 

sequencing. For the flux monitoring jars, we had five replicates for each PyOM temperature and 

each treatment (Fig. 3.1): (i) Soil + unlabeled PyOM (ii) Soil + 13C PyOM (iii) Soil + 13C water-

extractable PyOM (iv) Soil + 13C non-water-extractable PyOM (v) Unamended soil control. For 

the community sequencing jars, we were not performing 13C partitioning, so we only had two 

treatments for each temperature, with eight replicates destructively sampled at each timepoint 

(Fig. 3.1): (i) Soil + unlabeled PyOM (including both fractions) (ii) Unamended soil control. 

Incubations were performed in 60 mL glass jars placed inside pint-sized Mason jars (473 

mL). Each 60 mL glass jar received 3.5 g soil on a dry mass basis and the soil-PyOM amended 
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jars received PyOM at a consistent rate of 18 mg TOC PyOM g-1 dry soil (i.e., 3.1% dry mass 

addition for 350 PyOM and 2.8% dry mass addition for 550 PyOM). These addition rates were 

designed to represent locally high inputs of PyOM after a wildfire. We added water drop-wise to 

gradually bring up the moisture of each jar to the target moisture level of 65% field capacity.  

CO2 flux monitoring incubation 

After moisture adjustment, we placed the 60 mL glass jars inside Mason jars containing 

20 mL acidified deionized water (pH ~4) at the bottom to maintain humidity and prevent water 

loss. We capped and sealed the jars with sterile, gas-tight lids with fittings for CO2 gas 

measurements and connected them to randomly selected positions on the distribution manifolds 

(multiplexer) using polyurethane tubing (Berry et al., 2021). The connected jars were 

immediately flushed with a 400 ppm CO2-air gas mixture to reset the headspace CO2 

concentration in all jars at the initial timepoint. We incubated the jars at room temperature in the 

dark and measured the concentration of CO2 emitted in the headspace of each jar at frequent 

intervals using a Picarro G2131i cavity ringdown spectrometer attached to the multiplexer over a 

period of one month. For 350 PyOM, we measured headspace CO2 concentration at intervals of 6 

h during the first 2 days, and gradually increased the intervals to 12 h during the first and second 

weeks, 24 h during the third week and 48 h during the last week of incubation. Similarly, for 550 

PyOM, we measured headspace CO2 concentration every 6-12 h during the first 3 days, 24 h 

during the first and second weeks and 48-72 h till the end of the incubation. After each 

measurement, we flushed the jars with the 400 ppm CO2-air gas mixture to prevent oxygen 

depletion and excessive CO2 accumulation inside the jars. The precise concentration after 

flushing each jar was measured and subtracted from the next timepoint reading to calculate the 

emitted CO2 in the jar during that interval. 
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Community profiling incubation 

For community profiling, after moisture adjustment, we placed the glass jars inside 

Mason jars containing 20 mL deionized water at the bottom and capped them with sterile regular 

lids. The jars were then incubated in the dark at room temperature. During the incubation, the 

jars were opened for 1-2 min every 48 hours to prevent oxygen depletion inside the Mason jars 

and to mirror the CO2 flux incubations. We checked the mass of the jars once a week to 

determine moisture loss and water was added to return jars to target moisture levels. At each 

sampling timepoint, eight jars were destructively sampled and placed in sterile Whirl-Pak bags 

and stored at -80 °C until DNA extraction was performed. During the setup, eight unamended 

and PyOM amended soil samples were randomly selected and frozen to represent community 

profile on Day 0. 

13CO2 partitioning and statistical analyses 

We used R Studio (v4.2.2; R Core Team, 2022) with the ‘tidyverse’ (Wickham et al., 

2019), ‘zoo’ (Zeileis & Grothendieck, 2005) and ‘broom’ (Robinson et al., 2022) packages to 

process raw CO2 readings from the multiplexer-Picarro system. Stable isotope partitioning, as 

represented by Equation 1, was used to partition the CO2 emissions from the flux monitoring 

treatments to determine the fraction of CO2 emitted from water-extractable PyOM, non-water-

extractable PyOM, and soil in the soil-PyOM amended incubations. 

(1) fA = (δTotal - δB)/ (δA - δB) 

Equation 1 calculates the fraction of CO2 emitted from source A (fA) using the 13C 

isotopic composition of the total respired CO2 (δTotal), CO2 respired from source A (δA), and 

source B (δB). 
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For example, we partitioned the total CO2 emissions from the “Soil + 13C water-

extractable PyOM” treatments into two sources: CO2 emitted from the 13C labeled water-

extractable PyOM source and CO2 emitted from the unlabeled soil and non-water-extractable 

PyOM source. We calculated the fraction of total CO2 emitted from the water-extractable PyOM 

source (fwater-extractable PyOM) using Equation 2:  

(2) fwater-extractable PyOM = (δTotal CO2 – δCO2 soil+non-water-extractable PyOM) / (δCO2 water-extractable PyOM - 

δCO2 soil+non-water-extractable PyOM) 

In this equation,  

δTotal CO2 represents the isotopic composition of the total CO2 emitted from the "Soil + 13C 

water-extractable PyOM" treatments, δCO2 soil+non-water-extractable PyOM represents the average isotopic 

composition of the CO2 emitted from soil and non-water-extractable PyOM (determined from the 

“Soil + unlabeled PyOM” treatments), and δCO2 water-extractable PyOM represents the isotopic 

composition of the CO2 emitted from water-extractable PyOM, assumed to be the isotopic 

composition of the 13C labeled PyOM. 

Similarly, we determined the fraction of CO2 emitted from non-water-extractable PyOM 

(fnon-water-extractable PyOM) and the fraction of CO2 emitted from SOC (fSOC) by partitioning the flux 

from other treatments (Appendix S3). We note that the isotopic composition of the labeled 

water-extractable and non-water-extractable PyOM-C fractions may differ slightly; however, 

small differences in isotopic composition of the bulk 13C-labeled PyOM for CO2 emitted from 

both fractions would not meaningfully impact our overall partitioning results. 

We determined the mineralizability of each PyOM-C fraction by normalizing the amount 

of C mineralized with the quantity of each carbon source added to the jars. We assessed 
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normality and homogeneity of variance across treatment groups using the Shapiro and Bartlett 

test functions in the R 'stats' package. Welch's ANOVA was employed to test significant 

differences in mineralizability between the PyOM-C fractions and SOC, due to unequal 

variances. The Games-Howell post-hoc test function in the 'rstatix' package (Kassambara, 2022) 

was used to compare mineralizability between different treatment pairs.  All code used for flux 

partitioning, analyses and figures in this chapter is available at 

https://github.com/nayelazeba/Chapter3. 

Microbial community analyses 

DNA extraction, amplification, and sequencing 

We extracted DNA from each soil sample using the DNEasy PowerLyzer PowerSoil 

DNA extraction kit (QIAGEN, Germantown, MD), following the manufacturer’s instructions. 

One blank extraction without soil was included for every 24 samples. We performed PCR in 

triplicate to amplify the extracted DNA, targeting the 16S rRNA gene v4 region with 515f and 

806r primers (Walters et al., 2015), and targeting the ITS2 gene region with 5.8S-Fun and ITS4-

Fun primers (Taylor et al., 2016) with barcodes and Illumina sequencing adapters added as per 

Kozich et al. (2013). During PCR, we included one negative control (PCR-grade water) and one 

positive control (known microbial community mix) for every 30 samples. The PCR amplicon 

triplicates were pooled, purified and normalized using a SequalPrep Normalization Plate (96) Kit 

(ThermoFisher Scientific, Waltham, MA). Samples, including blanks, were pooled and library 

cleanup was performed using a Wizard SV Gel and PCR Clean-Up System A9282 (Promega, 

Madison, WI) according to manufacturer’s instructions. A detailed procedure for the DNA 

extraction and PCR amplification and purification is described in Whitman et al. (2019). We 
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submitted the pooled library to the UW Madison Biotechnology Center (UW-Madison, WI) for 

2x300 paired end Illumina MiSeq sequencing for both 16S and ITS2 amplicons. 

Sequence data processing and taxonomic assignments 

We used the QIIME2 pipeline (QIIME2, v2020.6; Bolyen et al., 2019) to process the 

sequences following the steps described in Woolet & Whitman, (2020). The sequence processing 

steps were performed on the UW-Madison Centre for High Throughput Computing cluster 

(Madison, WI). Raw sequence data were demultiplexed and quality filtered followed by 

denoising with DADA2 (Callahan et al., 2016). The dada2 denoise-paired command as 

implemented within QIIME2 was used to determine OTUs. This resulted in a retention of a mean 

of 45,246 16S sequences and a mean of 27,358 ITS2 sequences per sample. For ITS2 reads, we 

then ran the sequences through ITSx (Bengtsson-Palme et al., 2013) to identify fungi and to 

remove plant and other eukaryotic sequences. Taxonomy was assigned to the 16S sequences 

using the Silva 138 database (Quast et al., 2013) at 99% similarity using the QIIME2 feature-

classifier classify-sklearn. Pre-trained taxonomy classifiers specific to the primers used for 16S 

sequencing were used (Bokulich et al., 2018). For the IT2 reads, we assigned taxonomy using the 

UNITE “developer” database (v8.3) at 99% similarity (Abarenkov et al., 2021). UNITE 

taxonomy classifiers were trained on the full reference sequences using the QIIME2 feature-

classifier fit-classifier-naive-bayes (Pedregosa et al., 2011). The ITS2 sequences were then 

classified using the trained UNITE classifier. 

Statistical analysis 

We worked in R Studio, primarily with the ‘phyloseq’ (McMurdie & Holmes, 2013) and 

‘vegan’ packages (Oksanen et al., 2022), to compare microbial community composition between 

soil and PyOM amended soil samples. We removed 381 OTUs that belonged to “Chloroplast” 
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and “Mitochondria” in the 16S OTU table and removed samples with less than 6650 16S reads 

and 1560 ITS2 reads. We then calculated Bray-Curtis dissimilarity between samples (Bray & 

Curtis, 1957), normalized by relative abundance and represented them as NMDS ordinations. We 

tested for significant effects of PyOM addition after controlling for time using permutational 

multivariate ANOVA (PERMANOVA) on Bray-Curtis dissimilarities, implemented in vegan as 

the ‘adonis2’ function.  

To identify PyOM-responsive taxa, we calculated log2-fold changes in taxon abundances 

in control vs. PyOM-amended soils using the ‘DESeq2’ R package which is used to analyze 

differential abundance between treatments (Love et al., 2014). To test for specific effects of 

PyOM addition on taxon abundance, we used a design formula that models differences in taxon 

abundance across samples on Day 0, over time and due to PyOM addition over time (Love et al., 

2016). We then performed a likelihood ratio test with a reduced model without the PyOM 

addition effects over time to identify significant responder OTUs (Benjamini and Hochberg 

correction, adjusted p value < 0.05). This approach allowed us to identify only those taxa that at 

one or more time points after Day 0 showed a significant log2-fold change with PyOM addition.  

The t-test function from the ‘stats’ R package was used to test for significant differences 

in relative abundances between PyOM-amended and unamended soils for PyOM-responsive 

genera identified using DESeq2. 

LC-MS analysis 

To acquire chemical profiles, we first prepared chemical extracts by combining 0.4 g of 

soil with 4 mL of LC/MS-grade methanol, sonicated for five minutes, and then shaken overnight 

(~16 hours) at 25 C and 200 rpm. Blank extraction controls were prepared in parallel, in which 

empty tubes lacking any soil sample were subjected to the same chemical extraction protocol. 
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Solids were allowed to settle to the bottom for 30 minutes and then 3.5 mL was carefully 

collected from the top and immediately dried via SpeedVac (Savant SPD1010). To analyze these 

dried extracts via LC/MS, we resuspended them in 1 mL of 100 nM nonactin LC/MS-grade 

methanol solution, to a final concentration of approximately 1 mg extract / 1 mL of solvent. 

These resuspended samples were sonicated for 5 min to ensure that the extract dissolved into the 

solvent, and then centrifuged at 15,000 rpm to pellet any particulate, after which, 900 L of 

solution was transferred to an HPLC vial. To create a pooled quality control (QC) sample we 

combined 10 L of each sample. Samples were analyzed in a randomized order with a methanol 

blank and pooled QC analyzed after every 12 samples. Samples were analyzed with an ultra-

high-pressure liquid chromatography (UHPLC) system (Dionex Ultimate 3000; Thermo Fisher, 

USA) coupled to a high-resolution mass spectrometer (HRMS; Thermo Q-Exactive 

QuadrupoleOrbitrap; Thermo Fisher, USA) using a heated electrospray ionization (HESI) source 

and a C18 column (Thermo Scientific Acclaim rapid-separation liquid chromatography [RSLC] 

system, 50 mm by 2.1 mm, 2.2 m pore size). We used the following 20 min UHPLC method; 1 

min 40% acetonitrile (ACN) plus 0.1% formic acid (FA), 1 min gradient from 40% to 65% ACN 

plus 0.1% FA, 11 min gradient from 65% to 99% ACN plus 0.1% FA, 3.5 min 99% ACN plus 

0.1% FA, 0.5 min gradient from 99% to 40% ACN plus 0.1% FA, and 3 min re-equilibration in 

40% ACN plus 0.1% FA; injection volume of 5 l, flow rate of 0.4 mL/min, and column oven 

temperature of 35 °C. The full MS1 scan was performed in positive mode at a resolution of 

35,000 FWHM (full width at half-maximum) with an automatic gain control (AGC) target of 1e6 

ions and a maximum ion injection time (IT) of 100 ms with a mass range from m/z 200 to m/z 

2000. Data were processed using MS-DIAL v4.9 (Tsugawa et al., 2015). We used R v4.1.3 to 

omit features with a peak height value greater than 100,000 in any negative control samples (i.e., 
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methanol blanks and blank extraction controls) prior to ordination and statistical analyses as 

described above. 

Results  

PyOM-C and SOC flux dynamics 

Over the 30-day incubation, the mineralizability of PyOM-C from the water-extractable 

fraction was significantly higher than that of the non-water-extractable PyOM-C fraction and soil 

organic carbon for both the 350 and 550 PyOM treatments (p < 0.05, Games-Howell post-hoc 

test; Fig. 3.2.A). The amount of C mineralized per gram of initial C from the water-extractable 

fraction was 10 and 50 times higher than the non-water-extractable PyOM-C in the 350 and 550 

PyOM treatments, respectively. The C mineralizability of the 350 non-water-extractable PyOM-

C fraction was higher than that of soil organic carbon. However, this pattern was not observed in 

the 550 PyOM treatment, where the C mineralizability of soil organic carbon was higher. Our 

focus in this study was to compare the relative mineralizability of the different PyOM-C 

fractions with soil organic carbon (i.e., on a per carbon gram basis). Considering the total C 

mineralized, the cumulative mineralization from the water-extractable PyOM-C fractions was 

lower compared to the non-water-extractable PyOM-C and SOC due to the small fraction of total 

PyOM represented by water-extractable PyOM-C in the jars (Fig. S3.1).   
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Figure 3.2. Mineralizability of PyOM fractions and effect of PyOM addition on SOC 

mineralizability  
A) Cumulative mean C mineralized per gram of added C for water-extractable PyOM-C, non-water-

extractable PyOM-C and SOC. (n=4-5, error bars=SE). B) Cumulative mean SOC priming over time 

represented as % of mineralization in no-PyOM treatment. Priming calculated as: [[SOC(PyOM)-SOC(no-

PyOM) ] / SOC(no-PyOM) ] (n=4-5, error bars=SE). 

 

The addition of 350 PyOM resulted in a net 57% increase in cumulative SOC 

mineralization after 30 days of incubation, indicating a strong positive priming effect (Fig. 

3.2.B). This effect was immediately apparent, with cumulative SOC mineralization in the 350 

PyOM amended soils being over 100% higher than in the unamended soils after just 5 days of 

incubation. However, this strong positive priming effect diminished after 5 days, although the net 

effect remained positive for the duration of the study. In contrast, the addition of 550 PyOM 

resulted in a net 17% decrease in cumulative SOC mineralization, indicating a negative priming 

effect. This negative priming was also observed immediately upon the start of the incubation, 

with the cumulative amount of SOC mineralized in the 550 PyOM amended soils being on 
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average 8% lower than in the unamended control soil treatments during the first 10 days of 

incubation. 

Microbial community composition 

We observed significant shifts in the bacterial community composition over time 

(PERMANOVA, ptime < 0.01) and in response to the addition of 350 PyOM (PERMANOVA, 

p350PyOM = 0.01, R2
350PyOM = 0.03, Fig. 3.3.A) and 550 PyOM (PERMANOVA, p550PyOM < 0.01, 

R2
550PyOM = 0.04, Fig. 3.3.C). The impact of PyOM on bacterial communities was evident within 

a few days of incubation – the communities in both the 350 and 550 PyOM amended soils were 

distinct from the unamended soils by Day 2 and Day 4, respectively. In contrast, we only 

detected significant shifts in the fungal community composition over time (PERMANOVA, ptime 

< 0.01) and not in response to PyOM addition (Fig. 3.3.B and 3.3.D). Time had the most 

explanatory power for variations in both the bacterial and fungal communities (R2 values 

between 0.08 and 0.25). 
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Figure 3.3. Effect of PyOM addition on soil microbial community composition. 
NMDS ordination of Bray-Curtis dissimilarities between (A & C) bacterial/archaeal (16S rRNA gene v4 

region) communities (k=2) and (B & D) fungal (ITS2) communities (k=3) for all samples. Top panels 

indicate data for unamended and 350 °C PyOM-amended soil samples. Bottom panels indicate data for 

unamended and 550 °C PyOM-amended soil samples. 

 

Soil C profile 

The LC-MS analysis of PyOM amended and unamended soils showed that the addition of 

both 350 and 550 PyOM resulted in significant shifts in soil C profile (PERMANOVA, p < 0.01; 

Fig. 3.4.A and 3.4.B).  
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Figure 3.4. Effect of PyOM addition on soil carbon chemical profile. 
NMDS ordination of Bray-Curtis distances between soil chemical peaks for A) unamended and 350 °C 

PyOM amended soil samples (k=2) and B) unamended and 550 °C PyOM amended soil samples (k=2). 

 

PyOM positive responders 

Using DESeq2, we identified 19 bacterial OTUs that responded positively to the addition 

of 350 PyOM (Fig. S3.2). After controlling for time and sample effects, these OTUs showed a 

significant positive response to 350 PyOM and had a mean normalized count higher than the 25th 

percentile. Among these, 12 OTUs belonged to the genera Bacillus, Massilia, Ferruginibacter, 

Gemmatimonas, Noviherbaspirillum, Pseudonocardia, Psychroglaciecola, Saccharimonadales, 

and Singulisphaera, and 7 of them were assigned to unknown genera. At the genus level, six of 

the identified genera showed a significant positive response to 350 PyOM at one or more time 

points during the incubation (Fig. 3.5). The relative abundance of all OTUs within these genera 

increased significantly with the addition of 350 PyOM, with the increase appearing at different 

points during the incubation period. In the case of fungi, we identified 5 OTUs with a mean 

normalized count higher than the 25th percentile that showed a significant positive response to 
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350 PyOM (Fig. S3.3). These OTUs belonged to the Calyptrozyma, Coniochaeta, 

Holtermanniella, Leucosporidium and Solicoccozyma genera. However, we were unable to 

identify a genus level response for any of the identified genera. Upon 550 PyOM addition, we 

identified only a single bacterial OTU from the Gemmatimonas genus and a single fungal OTU 

from the Paraphoma genus that responded positively to its addition.  

 

Figure 3.5. Positive bacterial responders to 350 PyOM.  
Relative abundance of positively responsive genera over time (as identified using DESeq2) observed in 

the unamended and 350 PyOM-amended soils (n=5-8). * indicates relative abundances that differ 

significantly from unamended soil at a given timepoint (t-test, *: p < 0.05; **: p < 0.01; ***: p < 0.001). 

 

Discussion 

Carbon mineralizability differs with PyOM fraction and temperature  

Consistent with our hypothesis, water-extractable PyOM-C fractions were much more 

readily mineralized than non-water-extractable C fractions (Fig. 3.2.A). This 10-50x difference 

in C mineralizability underscores the heterogeneity of the C in PyOM and the potential to 
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explain significant variation in PyOM decomposition rates. However, meaningful differences 

exist between equivalent fractions of PyOM produced at different temperatures: when we 

compare the C mineralization between the two different temperatures of PyOM, we see that the 

mineralizability of both the 350 water-extractable and non-water-extractable fractions was 

consistently higher. This indicates that C in low-temperature PyOM is more readily decomposed 

by microbes, possibly due to its lower aromaticity and lower degree of condensation compared to 

the C in the higher temperature 550 PyOM (Keiluweit, Nico, & Johnson, 2010; Wiedemeier et 

al., 2015) in addition to having a larger fraction of water-extractable C. Interestingly, compared 

to SOC, microbes preferred the water-extractable PyOM-C in both 350 and 550 PyOM. 

However, when it came to the non-water-extractable PyOM-C fractions, the non-water-

extractable PyOM-C in 350 PyOM was preferred over SOC, while SOC was preferred over 550 

PyOM-C. This further highlights the typically higher degrees of condensation in 550 PyOM, 

making the C more resistant to microbial breakdown.  

Mechanisms of positive and negative priming differ over time and with PyOM temperature 

The addition of 350 PyOM caused a positive priming effect on the mineralization of 

SOC, while the addition of 550 PyOM resulted in a negative priming effect (Fig. 3.2.B). The 

positive priming effect of 350 PyOM is likely due to co-metabolism / increased microbial 

activity, where the addition of easily mineralizable PyOM-C increases total microbial activity 

and accelerates the mineralization of SOC over short periods of time (DeCiucies et al., 2018; 

Maestrini et al., 2015; Whitman, Enders, et al., 2014). This is strongly supported by the 

significant positive correlation (R2 = 0.97, p < 0.001) between the rate of PyOM-C 

mineralization and the rate of SOC priming observed during the incubation (Fig. 3.6.B). 

However, the high-frequency sampling afforded by our multiplexer CRDS system allowed us to 



78 

 

 

also detect a negative correlation between these two variables in the first 48 hours (Fig. 3.6.A). 

We propose that this is likely due to substrate switching. Substrate switching occurs when 

microbes preferentially use the easily mineralizable PyOM-C over SOC and can explain negative 

priming effects in the early stages of incubation (DeCiucies et al., 2018; Whitman, Zhu, et al., 

2014). The higher C mineralizability observed from both fractions of 350 PyOM compared to 

SOC, particularly in the first 48 hours, supports the argument that the added PyOM-C is a more 

favorable substrate than the existing SOC, largely driven by the most available constituents of 

the water-extractable fraction in 350 PyOM. This preferential usage within the first two days 

results in a scenario where the remaining carbon in 350 PyOM and SOC are both readily used by 

microbes through the remaining incubation period, resulting in a net positive priming effect. 

Positive priming could also be a result of increased microbial activity due to alleviation of 

nutrient constraints or soil conditioning (creation of favorable microenvironments) upon PyOM 

addition (DeCiucies et al., 2018; Zimmerman & Ouyang, 2019).  
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Figure 3.6. Relationships between mean PyOM-C mineralization rate and SOC priming for 

the 350 C PyOM. 
A) 0 - 48 hours of soil-PyOM incubation and B) post 48 hours of soil-PyOM incubation. (n=4-5, error 

bars=SE). Priming calculated as: [[SOC(PyOM)-SOC(no-PyOM) ] / SOC(no-PyOM) ] 

 

We can rule out substrate switching as an explanation for the negative priming effect of 

550 PyOM on SOC mineralization, as no negative correlation was observed between the rate of 

550 PyOM-C mineralization and the rate of SOC priming (Fig. S3.4). Instead, the short-term 

negative priming effect may be due to inhibition, sorption of SOC on PyOM, or dilution. 

Inhibitory effects of 550 PyOM on microbes (such as reduction in microbial biomass) were not 

investigated, but cannot be ruled out as a potential cause. Inhibition is known to occur indirectly 

through changes in the soil environment or directly due to toxic chemicals released upon the 

addition of PyOM that inhibit microbial activity (Dai et al., 2021; Smith et al., 2013). However, 

studies investigating the impact of PyOM produced at varying pyrolysis temperatures on 

microbial populations have not found a significant reduction in microbial biomass with 
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increasing pyrolysis temperature (DeCiucies et al., 2018; Li et al., 2020), making inhibition an 

unlikely explanation in this study. Sorption of SOC on high-porosity, high-surface-area 550 

PyOM, may also contribute to the negative priming effect by making SOC less accessible to 

microbes (DeCiucies et al., 2018). Dilution of the SOC pool by the addition of PyOM-C, even 

with just a small mass of easily mineralizable C, may also decrease mineralization. In a previous 

study, DeCiucies et al. (2018) found that dilution contributed to 19% of reductions in SOC 

mineralization observed with PyOM produced at 450 °C over the first 7 days. The high PyOM 

addition rate (compared to the range of additon rates in Wang et al. (2016) and low C content in 

the water-extractable fraction of 550 PyOM make dilution a valid possibility in the first few 

days. To further understand the mechanisms behind the negative priming effect of 550 PyOM on 

SOC mineralization, additional research is needed. Adsorption isotherms and high-resolution 

imaging of 13C-labeled PyOM surface could help investigate the role of sorption in negative 

priming. Modifying the surface properties of PyOM and understanding its relation to sorption, as 

well as experiments with varying addition rates, could also be valuable in determining the 

relative contributions of dilution vs. sorption. 

350 PyOM increases the abundance of some bacterial taxa 

The addition of PyOM had a significant effect on the composition of the bacterial 

community almost immediately. Given the absence of any pH effects, the shift in communities is 

most likely primarily a response to the C in PyOM. The shift in communities within the first few 

days of PyOM addition coincides with a sharp increase in the mineralization of the water-

extractable fractions in both 350 and 550 PyOM. As PyOM-C is broken down, it creates a pool 

of degradation byproducts which can alter the chemical profile of soil C. A significant shift in 

the C profile over time was observed for 550 PyOM (PERMANOVA, p = 0.04) but not for 350 
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PyOM. We postulate that this shift over time is likely due to microbes preferentially using the 

easily mineralizable PyOM-C compounds first, leading to an increase in more complex, harder to 

break down compounds in the soil. Supporting this hypothesis, we identified four features that 

were specific to the 350 and 550 PyOM-amended soils and never present in any unamended soil 

samples. These features increased in relative abundance over time in the 350 PyOM-amended 

soils but declined over time in the 550 PyOM-amended soils (Fig. S3.5 and Table S3.3). The 

chemical formula of these features indicates that they are complex hydrocarbons, which suggests 

that their relative accumulation in the 350 PyOM-amended soils is due to preferential utilization 

of easily mineralizable PyOM-C compounds. In the case of 550 PyOM, the limited availability 

of easily mineralizable C would be more likely to lead to the greater use of these complex C 

compounds by microbes. Further characterization of these features, including confirming that 

they are PyOM byproducts and a byproduct of microbial breakdown, is needed to gain deeper 

insights into microbial utilization of PyOM-C substrates.  

In line with these findings, we would expect that microbes using easily mineralizable C 

would increase in relative abundance first, followed by microbes that have the capacity of using 

complex aromatic C substrates. We observed an increase in the relative abundance of bacteria 

from the genera Gemmatimonas and Pseudonocardia after 18 days of incubation in the 350 

PyOM-amended soils, coinciding with a period when the rate of water-extractable PyOM-C 

mineralization was low (Fig. S3.6). It is plausible that by this point, the most available C is 

already mineralized and that these bacteria are benefiting from their ability to utilize the 

condensed aromatic C in 350 PyOM (Dai et al., 2017; Whitman et al., 2016). This was also 

evident in soils amended with 550 PyOM - the only significant increase in relative abundance in 
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550 PyOM amended soils was observed for an OTU belonging to the genus Gemmatimonas on 

Day 10 (Fig. S3.7).  

In contrast, bacteria from the genera Noviherbaspirillum, Saccharimonadales, 

Ferruginibacter, and Psychroglaciecola, significantly increased in relative abundance in 350 

PyOM amended soils on Day 2 after PyOM addition. Previous incubation studies have observed 

an increase in relative abundance of Noviherbaspirillum, Saccharimonadales, and 

Ferruginibacter with PyOM, but the mechanisms by which they respond to PyOM are not well 

understood (De Tender et al., 2016; Song et al., 2017; Whitman et al., 2016; Woolet & Whitman, 

2020). Among these, bacteria from the genus Noviherbaspirillum have the potential to degrade 

aromatic C and have been identified as fire responders, suggesting a role in aromatic PyOM-C 

degradation (Lin et al., 2013; Woolet & Whitman, 2020). Bacteria from Psychroglaciecola have 

not been previously identified as positive responders to PyOM, and their role in PyOM amended 

soils is unclear. 

PyOM addition does not result in fungal community shifts 

We observed no change in fungal community composition in response to the addition of 

PyOM and observed fewer fungal positive responders to 350 PyOM compared to bacteria. This 

was surprising, given that previous research has shown PyOM to impact whole community 

composition as well as specific fungal groups (Dai et al., 2016; Gao et al., 2021; Lehmann et al., 

2011). Among the fungal responders, Calyptrozyma sp. has been identified as fire-responsive 

(Pérez-Izquierdo et al., 2021; Whitman et al., 2019). Its increased abundance was attributed to 

reduced competition from other fungi post fire and its capacity to grow on charred aromatic C 

(Pérez-Izquierdo et al., 2021). It is possible that bacteria were perhaps better able to utilize the 

nutrients provided by PyOM, and the effects of PyOM on fungi may become more apparent over 
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longer durations when the easily mineralizable carbon becomes limited. This is supported in 

many ways by previous studies that have investigated PyOM effects on fungi. For example, Li et 

al. (2019) found that bacteria may be more affected by the aqueous extractable substances of 

PyOM which could appear over shorter durations, while fungi may be more affected by the 

porous nature and aromatic carbon compounds. Yu et. al (2018) also observed that the PyOM-

induced priming effect in their study was strongly associated with the increase of certain bacteria 

in the first 8 days, with an increase in fungal groups not observed until day 40. Liu et al. (2019) 

found an increase in the proportion of bacteria in fresh PyOM amended soils, and fungi in 6-

year-old PyOM amended soils. Another factor that may have contributed to fewer positive fungal 

responders in our study is the fine grinding of PyOM particles (chosen in order to ensure 

effective mixing and even distribution). This may have increased the microporosity, making it 

more difficult for fungi to colonize the PyOM (Li et al., 2019). Additionally, sieving the soil 

before setting up the incubation could have affected filamentous fungi more than many bacteria 

(although sieving before incubations is a standard practice to homogenize soil across replicates). 

More research is needed to fully understand the effects of PyOM on fungal communities, 

including the role of time and the specific mechanisms at play. Future studies should also 

consider the potential impacts of particle size and porosity on fungal colonization. 

Overall, the effects of PyOM on microbes are likely related to changes in nutrient 

provision, including both C and N. Other PyOM properties such as surface and electrochemical 

properties can also affect microbial response to PyOM (Sun et al., 2017; Yu et al., 2015). Ash 

content contributes to the alkalinity of the PyOM and is known to cause small changes in the 

microbial community composition (Dai et al., 2021). With our pH adjustment, the effect of ash 

content should be negligible compared to the effects of PyOM-C. The porous nature of PyOM 
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can adsorb water, organic materials and nutrients, and provide a habitat for microbes (Dai et al., 

2017; Luo et al., 2013). Furthermore, PyOM sorption of acyl-homoserine lactone (AHL) 

intercellular signaling molecules can disrupt cell-cell communication among bacteria and affect 

C mineralization, especially in the short-term following addition of fresh PyOM (Masiello et al., 

2013). The porosity and surface area of PyOM increase with pyrolysis temperatures (Tomczyk et 

al., 2020), which may influence the mineralization of 350 vs. 550 PyOM. While we did not 

specifically investigate the microbial colonization of 350 and 550 PyOM or other effects 

mentioned here, we anticipate that C availability will be the dominant factor controlling 

microbial response in a 30-day incubation. 

Conclusion 

In this study, we demonstrated that the water-extractable carbon in PyOM comprises a 

small fraction of PyOM-C but exhibits disproportionately high mineralizability. We calculated 

mineralization rates for the water-extractable PyOM-C fractions of 0.23% day-1 for the 350 

PyOM and 0.04% day-1 for the 550 PyOM. These rates surpass decomposition rates estimated by 

Wang et al. (2016) for wood-based PyOM (mean: 0.004% day-1) or PyOM produced within a 

similar pyrolysis temperature range (mean: < 0.04% day-1 for PyOM produced between 200-550 

ºC), based primarily on lab incubation data. However, it is essential to recognize that 

mineralization rates of water-extractable PyOM-C may differ in the field under non-optimal 

conditions. This study was conducted for a short duration under controlled temperature and soil 

moisture conditions, so field rates may vary substantially, likely being lower as per Maestrini et 

al. (2014) or higher as shown by Ventura et al. (2015). While estimating these numbers in the 

field is challenging, some field evidence also exists for a rapidly cycling, easily mineralizable 

PyOM-C fraction (Major et al., 2010; Ventura et al., 2015). Furthermore, factors such as soil 
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texture and climate, including temperature and precipitation, can affect the fate of the water-

extractable fraction in the short term, including whether it is lost as leachate from the soil or 

adsorbed to clay minerals. 

We also observed that the low-temperature 350 PyOM displayed higher C 

mineralizability than the high-temperature 550 PyOM. Moreover, our short-term incubation 

study showed net positive priming of SOC upon the addition of 350 PyOM, while the addition of 

550 PyOM resulted in net negative priming. Our findings align with Maestrini et al. (2014), 

indicating that short-term positive priming is primarily attributed to the presence of the water-

extractable fraction. In contrast, high-temperature 550 PyOM exhibited a negative priming effect 

on SOC mineralization, potentially due to dilution, sorption of SOC on PyOM, or inhibition of 

microbial activity. In post-burn soils with a higher proportion of low-temperature PyOM, the less 

aromatic PyOM-C constituents may undergo faster turnover, especially immediately after 

deposition. This process could lead to a positive priming effect, where the addition of easily 

mineralizable PyOM-C enhances microbial activity and accelerates short-term SOC 

mineralization, depending on the fate of the easily mineralizable fraction and other soil and 

climatic factors. Conversely, in post-burn soils containing a higher proportion of high-

temperature PyOM, the slower PyOM-C turnover and negative priming effects may be more 

likely to contribute to long-term carbon sequestration. 

Furthermore, our study identified that PyOM addition influenced bacterial community 

composition, leading to an increased relative abundance of certain bacteria that other studies 

have suggested as being capable of degrading aromatic C compounds. However, it remains 

unclear whether these bacteria in our study, and even in the field, increase due to actual 

consumption of PyOM-C. Techniques like DNA Stable isotope probing (qSIP) (Hungate et al., 
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2015) with 13C-labeled PyOM can help identify the bacteria actively taking up the C in PyOM. 

In post-burn soils, microbial community responses to PyOM are likely affected by both PyOM-C 

availability and physico-chemical alterations in soil properties following a burn. Moreover, the 

presence of PyOM-C post-fire may cause shifts in microbial community composition and 

alterations in functional groups involved in carbon cycling. Employing qSIP with 13C-labeled 

PyOM can help us determine whether their relative increase is due to consumption of PyOM-C, 

and combining SIP with metagenomics can provide further insights into the functional roles of 

these responders (Wang & Yao, 2021). Gaining this knowledge is crucial for predicting post-

burn ecosystem recovery and potential changes in soil carbon dynamics following fire events. 
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Supporting Information 

Table S3.1. Properties of biomass 

Property (units) 13C labeled biomass Unlabeled biomass 

Stems Needles Stems Needles 

Total C (%) 41.56 ± 0.92 41.61 ± 2.05 47 ± 0.46 47.02 ± 1.05 

Total N (%) 1.50 ± 0.03 2.34 ± 0.11 NA NA 

Bulk 13C vs. VPDB 

(‰) 

914.93 ± 3.62 2071.03 ± 9.69 -28.65 ± 0.29 -29.96 ± 0.32 

Bulk 15N vs. 

atmospheric air (‰) 

10.17 ± 4.64 -2.16 ± 0.30 NA NA 

The values presented are means of five replicates ± standard deviation. 

 

 

Table S3.2. Properties of non-water-extractable PyOM  

Property (units) 13C labeled  Unlabeled 

350 °C 550 °C 350 °C 550 °C 

pH (H2O) 7.96 9.24 7.02 9.95 

Total C (%) 64.71 ± 1.06 75.17 ± 1.9 68.64 ± 2.65 78.18 ± 0.52 

Total N (%) 3.28 ± 0.04 3.05 ± 0.05 2.69 ± 0.09 2.50 ± 0.02 

Bulk 13C vs. VPDB 

(‰) 

1518.48 ± 2.34 1616.97 ± 7.39 -29.14 ± 0.14 -29.41 ± 0.02 

Bulk 15N vs. 

atmospheric air (‰) 

0.25 ± 0.29 0.39 ± 0.43 0.16 ± 0.15 0.72 ± 0.29 

Total organic C (%) 56.56 ± 0.23 62.62 ± 0.2 59.25 ± 0.31 65.13 ± 0.61 

The values presented represent means ± standard deviation (n = 3 for total organic C; n = 5 for total C, 

N, bulk 13C and bulk 15N. pH values of the original PyOM before adjustment are shown. 
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Table S3.3. Properties of LC-MS features identified in PyOM 

amended soils 

Alignment ID Average Rt (min) Average Mz Formula 

2384 2.609 409.16467 C25H20N4O2 

2634 2.609 425.13583 NULL 

2758 2.607 432.23819 C22H30O6 

2126 2.609 387.18195 C23H22N4O2 

 

  

Figure S3.1. Mineralization of different fractions of PyOM over time.  
Cumulative mean C mineralized for water-extractable PyOM-C, non-water-extractable PyOM-C and 

SOC. (n=4-5, error bars=SE).  
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Figure S3.2. Bacterial response to 350 PyOM.  
Log2-fold change in 350 PyOM amended vs. unamended soils, controlling for differences in taxon 

abundance across samples on Day 0 and over time. Each point represents a single 16S rRNA gene v4 

region OTU with mean normalized count above the 25th percentile and that was significantly different in 

abundance in PyOM amended vs. unamended soils (Benjamini and Hochberg correction, adjusted p 

value < 0.05). 
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Figure S3.3. Fungal response to 350 PyOM.  
Log2-fold change in 350 PyOM amended vs. unamended soils, controlling for differences in taxon 

abundance across samples on Day 0 and over time. Each point represents a single ITS2 gene OTU with 

mean normalized count above the 25th percentile and that was significantly different in abundance in 

PyOM amended vs. unamended soils (Benjamini and Hochberg correction, adjusted p value < 0.05). 
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Figure S3.4. Relationship between mean PyOM-C mineralization rate and SOC priming for 

550 C PyOM.  
(n=4-5, error bars=SE) 
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Figure S3.5. LC-MS features identified in PyOM amended soils.  
Relative abundance of four LC-MS peaks over time observed only in the PyOM-amended soils (n=5-8). 

Colors indicate soils amended with 350 PyOM (black) and 550 PyOM (red).  
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Figure S3.6. Late responders to 350 PyOM.  
A) Rate of 350 PyOM-C mineralization for water-extractable and non-water-extractable fractions (n=4-

5, error bars=SE). (B & C) Relative abundance of positive responsive genera Gemmatimonas and 

Pseudonocardia over time observed in the unamended and 350 PyOM-amended soils (n=5-8). * indicates 

relative abundances that differ significantly from unamended soil at a given timepoint (t-test, p < 0.05). 
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Figure S3.7. Response of Gemmatimonas sp. to 550 PyOM.  
Relative abundance of OTU belonging to genus Gemmatimonas over time in the unamended, and 550 

PyOM-amended soils (n=5-8). * indicates relative abundances that differ significantly from unamended 

soil (t-test, *: p < 0.05; **: p < 0.01; ***: p < 0.001). 

 

Appendix S3 

Additional details on 13CO2 partitioning 

We determined the fraction of CO2 emitted from non-water-extractable PyOM (fnon-water-

extractable PyOM) by partitioning the total CO2 emissions from the “Soil + 13C non-water-extractable 

PyOM” treatments into two sources: CO2 emitted from the 13C labeled non-water-extractable 

PyOM source and CO2 emitted from the unlabeled soil and water-extractable PyOM source, as 

represented by Equation 1: 

(1) fnon-water-extractable PyOM = (δTotal CO2 – δCO2 soil+water-extractable PyOM) / (δCO2 non-water-extractable 

PyOM - δCO2 soil+water-extractable PyOM) 



102 

 

 

In this equation, δTotal CO2 represents the isotopic composition of the total CO2 emitted 

from the "Soil + 13C non-water-extractable PyOM" treatments, δCO2 soil+water-extractable PyOM 

represents the isotopic composition of the CO2 emitted from soil and water-extractable PyOM 

fraction, determined from "Soil + unlabeled PyOM" treatments, and δCO2 non-water-extractable PyOM 

represents the isotopic composition of the CO2 emitted from non-water-extractable PyOM, which 

was assumed to be the isotopic composition of the 13C labeled PyOM. 

We determined the fraction of CO2 emitted from SOC (fSOC) by partitioning the total CO2 

emissions from the “Soil + 13C PyOM” treatments into two sources: CO2 emitted from the 13C 

labeled PyOM source and CO2 emitted from the unlabeled soil source, as represented by 

Equation 2: 

(2)  fSOC = (δtotal CO2 – δCO2 PyOM) / (δCO2 SOC - δCO2 PyOM) 

In this equation, δtotal represents the isotopic composition of the total CO2 emitted from 

"Soil + 13C PyOM" treatments, δCO2 PyOM represents the isotopic composition of the CO2 emitted 

from PyOM, which was assumed to be the isotopic composition of the 13C labeled PyOM, and 

δCO2 SOC represents the isotopic composition of the CO2 emitted from SOC, determined from the 

"Unamended soil control" treatments. 
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Abstract 

In the previous chapter, we demonstrated that the addition of pyrogenic organic matter 

(PyOM) affects microbial community composition and C mineralization and leads to a positive 

response in several groups of bacteria detectable at the genus level. However, the mechanisms 

underlying their response, particularly whether they are actually incorporating PyOM-C, remain 

unknown. In this study, we employed quantitative stable isotope probing (qSIP) of DNA with 

non-water-extractable 13C-labeled PyOM to identify and quantify PyOM-C assimilation by 

specific bacterial taxa. We produced PyOM at 350 °C and amended soils that burned in 2014 in 

California with labeled 13C non-water extractable PyOM. In parallel, we also measured CO2 flux 

from PyOM-amended soils to investigate trends in non-water-extractable PyOM-C 

mineralizability. 

We identified 30 true incorporators of non-water-extractable PyOM-C, many of which 

have been previously recognized as responders to both fire and PyOM amendments, such as 

species from the genera Arthrobacter and Noviherbaspirillum. Some of the incorporators, like 

those from the genus Noviherbaspirillum, exhibited high sequence similarity to significant 

positive responders identified in Chapter 3. All of the incorporators displayed low relative 

abundance in unamended soils (less than 1%) and most did not significantly increase upon 

PyOM addition. Only three incorporators, including one from the family Blastocetallaceae, 

showed significant increases in relative abundance (pairwise t-test, p < 0.05). Furthermore, we 

were able to detect evidence for predation, underscoring the role PyOM may play in the post-fire 

food web. Overall, this study provides valuable insights into the capacity of specific taxa to 

degrade PyOM-C and highlights the importance of PyOM-C availability as a substrate in post-

fire soils.  
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Introduction 

The addition of pyrogenic organic matter (PyOM) to soil has been observed to cause a 

shift in microbial community structure and an increase in the relative abundance of certain 

microbes (Whitman et al., 2021; Woolet & Whitman, 2020). In the previous chapter, we 

conducted a short-term study to examine the effects of PyOM on both the overall microbial 

community structure and individual taxa. We identified specific bacterial genera that increased in 

relative abundance in response to PyOM addition, many of which were noted for increased 

abundance in other PyOM-amended soil studies. However, a crucial question remains: is this 

response due to the availability of carbon (C) or other changes in soil properties associated with 

PyOM addition? Interestingly, some of the observed PyOM responders have previously been 

identified as pyrophilous, suggesting that the presence of PyOM might be as or more important 

for these microbes as other factors that enable them to thrive in post-fire environments, such as 

heat tolerance (Lee et al., 2017), fast growth, and tolerance or preference for fire-altered soil 

properties (Pérez-Valera et al., 2018). However, it remains unclear whether the relative increase 

of these taxa results from PyOM-C incorporation or other factors related to PyOM presence. To 

investigate these questions and determine whether previously documented PyOM responders 

increased in relative abundance due to PyOM-C consumption, we employed DNA Stable Isotope 

Probing (DNA-SIP) using 13C-labeled PyOM, paired with bulk soil community sequencing. 

Several studies suggest that microbial response to PyOM, over the short term, is mediated 

by PyOM-C availability (Lehmann et al., 2011; Whitman et al., 2014), but there is limited 

concrete evidence of actual PyOM-C consumption by microbes. Apart from lab incubations 

measuring the mineralization of 13C-labeled PyOM-C substrates, as described in the previous 

chapter, other methods that have been used to infer PyOM-C consumption include pure culture 
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studies using PyOM-C as the sole carbon source (Fischer et al., 2021; Zeba et al., 2022), 

transcriptomics during growth on PyOM-C (Fischer et al., 2021), genome-resolved 

metagenomics identifying genes and pathways that are likely related to PyOM-C degradation 

(Dove et al., 2022; Nelson et al., 2022), and visualization of microbial colonization of PyC 

particles using microscopy techniques (Dai et al., 2017). However, in studies that rely on 

changes in relative abundance, accounting for and/or ruling out changes in soil properties such as 

pH and moisture upon PyOM addition may not be sufficient to infer PyOM-C consumption, as 

factors like PyOM's electrochemical and structural properties could still play a crucial role in 

microbial responses, as discussed in the previous chapter. Additionally, while isolate-based 

studies are powerful for confirming PyOM-C mineralization, they are fundamentally limited by 

cultivation techniques, in that we cannot study uncultivated organisms, and isolate-based studies 

also cannot capture complex ecological dynamics that would occur in a natural soil and may 

affect PyOM-C uptake. 

Using a DNA-SIP approach enables us to identify microbes that definitively incorporate 

the 13C labeled C in PyOM into their DNA, providing a direct link between the microbial identity 

and its metabolic activity in situ in PyOM-amended soils (Neufeld et al., 2007; Radajewski et al., 

2000). We opted for quantitative stable isotope probing (qSIP) of DNA, as it not only identifies 

microbes that assimilate the labeled substrate but also allows quantification of the amount of 13C 

incorporated into their DNA (Hungate et al., 2015). This offers valuable insights into the 

substrate utilization levels and metabolic preferences of different microbial taxa.  

In Chapter 3, we demonstrated that the mineralizability of water-extractable PyOM-C 

was higher than both soil organic carbon (SOC) and non-water extractable PyOM-C. We also 

observed a temporal trend among the positively responsive bacteria, with certain genera like 
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Noviherbaspirillum increasing in relative abundance early on, corresponding with high rates of 

water-extractable PyOM-C mineralization in the incubation. In contrast, members of the 

Pseudonocardia genus increased at later time points, corresponding with lower rates of water- 

extractable as well as non-water-extractable PyOM-C mineralization. To capture microbes that 

respond to both fractions of PyOM-C, we performed qSIP at two separate time points, which 

were chosen based on the mineralization trends observed in the previous study (earlier for water-

extractable and later for non-water-extractable PyOM-C). We focused on bacteria and 350 

PyOM, which had the most responders. Using the same approach as in Chapter 3, we worked 

with PyOM produced from highly enriched 13C-labeled pine trees and a set of control trees 

grown under natural abundance 13CO2 conditions to detect taxa that can take up PyOM-C. While 

the experiment has been performed for both PyOM-C fractions, only the non-water-extractable 

data are presented in this chapter. 

We hypothesized that PyOM-C would be incorporated by taxa previously identified as 

350 PyOM responders, such as Pseudonocardia and Gemmatimonas sp. that were identified as 

late responders in Chapter 3. In addition, we hypothesized that taxa from other PyOM responsive 

genera like Nocardioides and Mesorhizobium, identified in Woolet and Whitman’s (2020) meta-

analysis would incorporate PyOM-C. We also expected to identify Arthrobacter and Massilia 

sp., known to be fire-responsive (Enright et al., 2022; Pulido-Chavez et al., 2023; Whitman et al., 

2019), as true incorporators of PyOM-C. Finally, we also anticipated discovering previously 

undocumented taxa with potential aromatic degradation capacity. 
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Material and Methods 

Soil description 

The soil used in this study was the same as the one used in Chapter 3, collected in the 

winter of 2020 from sites that burned during the 2014 King Fire in California. The soil properties 

are provided in Table 3.1. 

Biomass production 

Two sets of eastern white pine seedlings (12 pots each) were grown from seed, one in a 

13CO2 rich atmosphere inside a custom 13C-labelling growth chamber and another in ambient 

13CO2. The seedlings were pulse labelled with 99% 13CO2 at regular intervals over a 6-month 

long growth period The seedlings were watered every other day and fertilized with a modified 

Hoagland solution once every two watering periods, while humidity and temperature were 

maintained at 60% RH and 21 °C, respectively, with an 18-hour photoperiod. The labeled 

biomass properties are shown in Table S4.1. 

PyOM production and analyses 

The aboveground biomass of eastern white pine trees was used to produce PyOM as 

described in the previous chapters. The stems and needles were ground separately, mixed at a 1:4 

ratio, and pyrolyzed at 350 °C (referred to as “350 PyOM”). The resulting PyOM was ground 

and sieved to collect particles < 53 μm. Its pH was measured as described in Chapter 2, and other 

PyOM properties like total organic C, N, H and O and bulk 13C and 15N were measured at the 

Cornell Stable Isotope Laboratory (COIL). The properties of all PyOM materials are provided in 

Table 4.1. 
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Table 4.1. Properties of 350 PyOM  

Property (units) 13C labeled Unlabeled  

pH (H2O) 8.37 8.25 

Total organic C (%) 70.41 ± 3.9 65.23 ± 0.53 

Total N (%) 3.55 ± 0.1 2.39 ± 0.02 

Total H (%) 3.87 ± 1.71 3.03 ± 0.11 

Total O (%) 22.93 ± 9.05 15.48 ± 0.59 

Bulk 13C vs. VPDB (‰) 76,200.62 ± 744.10 -24.91 ± 0.67 

Bulk 15N vs. atmospheric air (‰) 0.4 ± 8.11 0.78 ± 0.1 

Total water extractable C (DOC) (mg 

g-1 PyOM) 

2.18 ± 0.01 2.67 ± 0.03 

The values presented for total organic C, total N, total H, total O, bulk 13C and bulk 15N are means of 

five replicates ± standard deviation. The values for water-extractable C represent DOC in original PyOM 

before exchange. pH values of the PyOM before adjustment are shown. 

 

Water-extractable PyOM-C extraction and exchange 

To study the microbial assimilation of PyOM-C fractions, we removed and exchanged 

the water-extractable fraction from the 13C labeled and unlabeled 350 PyOM following the 

protocol described in Chapter 3. This resulted in two PyOM treatments: PyOM where the water-

extractable fraction is 13C-labeled and PyOM where the non-water-extractable fraction is 13C-

labeled. We also extracted the water-extractable fraction for the unlabeled PyOM sample and 

returned it at the same rate, using it as a control in the SIP experiment to compare the extent of 

13C incorporation in the labeled incubations. 

The samples were pH-adjusted to match the soil pH and dried at 70 °C before use in the 

incubation study. The total dissolved organic carbon (DOC) content of the water-extractable 

PyOM-C fraction was measured at the Water Science and Engineering Laboratory, UW-Madison 

using a Sievers M5310C Total Organic Carbon Analyzer (GE Analytical Instruments Inc., CO, 
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USA). Before returning the DOC to the non-water-extractable PyOM, we measured properties of 

the non-water-extractable PyOM (Table 4.2). The concentration of water-extractable PyOM-C in 

all PyOM treatments was selected to match the DOC concentration of the water-extracted PyOM 

for the 13C labeled 350 PyOM treatment (Table 4.1). Thus, all 350 PyOM treatments had 2.18 

mg water-extractable PyOM-C g-1 PyOM, ensuring equivalent levels of water-extractable 

PyOM-C in both the labeled and unlabeled PyOM treatments. 

Table 4.2. Properties of non-water-extractable 350 PyOM  

Property (units) 13C labeled  Unlabeled  

pH (H2O) 7.81 7.95 

Total organic C (%) 68.67 ± 1.96 65.49 ± 0.47 

Total N (%) 3.56 ± 0.16 2.35 ± 0.02 

Total H (%) 3.21 ± 0.73 3.10 ± 0.03 

Total O (%) 17.70 ± 2.99 15.21 ± 0.19 

Bulk 13C vs. VPDB (‰) 70068.54 ± 5924.88 -26.06 ± 0.15 

Bulk 15N vs. atmospheric air (‰) -7.28 ± 2.88 0.98 ± 0.13 

The values presented for total organic C, total N, total H, total O, bulk 13C and bulk 15N are means of 

five replicates ± standard deviation. pH values of the PyOM before adjustment are shown. 

 

Incubation setup 

To prepare for incubation, the soil was thawed, sieved to < 2 mm, and kept moist and at 

room temperature for two weeks with exposure to the air. To ensure equivalent moisture levels, 

we determined the field capacity for unamended soil and 350 PyOM-amended soil separately by 

using a sub-sample of the soil (following Whitman et al. 2021). The moisture content of the 

thawed soils was measured one day before the start of incubation to determine the water required 

to achieve the target moisture level of 65% field capacity for each treatment. 



111 

 

 

All incubations were conducted in sterile 30 mL polypropylene jars (Dynalab Corp., NY, 

USA) placed inside half-pint-sized Mason jars (118 mL). Each 30 mL jar received 2 g soil on a 

dry mass basis, and the soil-PyOM amended jars received PyOM at a consistent rate of 50 mg 

PyOM g-1 dry soil (i.e., 2.5% dry mass addition rate). This addition rate was comparable to the 

addition rate for 350 PyOM in the previous chapter (3.1% dry mass addition), designed to 

represent locally high inputs of PyOM after a wildfire and enable sufficient 13C isotope 

incorporation to be detectable using qSIP. We temporarily capped the jars and rolled them to mix 

the soil with PyOM. Unamended soil jars were also capped and rolled to maintain consistency. 

We added water drop-wise to gradually bring up the moisture of each jar to the target moisture 

level of 65% field capacity. 

For the qSIP pipeline, six replicates each of the Soil + 13C water-extractable PyOM and 

the control Soil + unlabeled PyOM treatments were destructively sampled after 7 days of 

incubation to identify microbes that incorporated the water-extractable PyOM-C fraction, and six 

replicates each of the Soil + 13C non-water-extractable PyOM and the control Soil + unlabeled 

PyOM treatments were destructively sampled after 21 days of incubation to identify 

incorporators of the non-water-extractable PyOM-C fraction. These sampling time points were 

selected based on the C mineralization pattern of the PyOM fractions observed in Chapter 3 to 

maximize our chances of identifying incorporators specific to each fraction. While all treatments 

were collected and processed as described below, in this chapter, we only consider qSIP data for 

the Soil + 13C non-water-extractable PyOM treatment (and its unlabeled control). At each 

sampling time point, six jars were destructively sampled and stored at -80 °C until DNA 

extraction was performed. In addition, six replicate unamended soil jars were also destructively 

sampled at both these time points to assess changes in microbial community composition with 
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PyOM additions. Six unamended soil samples were also randomly selected and frozen during 

setup to represent the community profile on Day 0.  

We extracted DNA from each soil sample using the DNEasy PowerLyzer PowerSoil 

DNA extraction kit (QIAGEN, Germantown, MD), following the manufacturer’s instructions. 

One blank extraction without soil was included for every 24 samples. Extracted DNA was 

quantified, and 3-4 µg DNA of each sample chosen for qSIP analysis was shipped on dry ice to 

the DOE Joint Genome Institute, Lawrence Berkeley National Laboratory, California, USA for 

density gradient centrifugation and fraction collection. Briefly, DNA samples were separated 

into 24 SIP density gradient fractions of approximately 220 µL in a buffer containing cesium 

chloride (CsCl4) by centrifuging at 190,600 x g for 120 h at 20 ºC in a Beckman Coulter 

ultracentrifuge using a VTi65.2 rotor (cat# 362754; Beckman Coulter Inc., IN, USA). The 

density of each fraction was measured, and the DNA was purified, resuspended, and quantified 

for downstream analysis. The detailed procedure for fractionation and subsequent purification is 

described in Nuccio et al. (2022) and Vyshenska et al. (2022). 

Quantitative PCR (qPCR) of the 16S rRNA gene 

We determined the total numbers of bacterial 16S rRNA gene copies in each density 

fraction by quantitative PCR (qPCR) using the methods described in Whitman et al. (2019). All 

fractions were analyzed in triplicate targeting the 16S rRNA gene v4 region with 515f and 806r 

primers (Carini et al., 2016). The reactions were carried out in a UV-sterilized PCR Workstation 

to minimize the risk of contamination. We used Hard-Shell® low profile, skirted 96-Well PCR 

Plates (cat# HSP9665, Bio-Rad Laboratories, Inc., CA, USA) to perform the reactions, with each 

well containing a total volume of 20 µL. The reaction mix consisted of 10 µL SsoAdvanced™ 

Universal SYBR® Green Supermix (Bio-Rad Laboratories, Inc., CA, USA), 1 µL each of the 
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forward and reverse primers (10 µM), 1 µL of DNA extract (diluted 1:5), 1 µL of bovine serum 

albumin (BSA) (20 mg ml-1) (VWR, PA, USA), and 6 µL of PCR-grade water. We sealed the 

PCR plates with Microseal® 'B' Adhesive Seals (cat# MSB1001, Bio-Rad Laboratories, Inc., 

CA, USA). The reactions were carried out on a CFX96 Touch™ Real-Time PCR Detection 

System (Bio-Rad Laboratories, CA, USA), using the following cycling conditions: 98 °C for 3 

min, followed by 45 cycles of 95 °C for 15 s, 60 °C for 30 s, and a plate read. After 

amplification, we performed a melt curve analysis to ensure specificity, by heating the samples 

to 65 °C for 5 s, followed by a 0.5 °C cycle-1 temperature ramp, and a plate read, repeated for a 

total of 60 cycles.  

We included calibration standards and no-template controls (NTCs) on each plate in 

triplicate. To generate calibration standards, we used genomic DNA from a Streptomyces sp. 

isolate with a known 16S rRNA gene sequence, which we sourced from our lab's collection. We 

prepared two calibration standards, Std-1 (2.89 x 109 copies µL-1) and Std-2 (3.94 x 109 copies 

µL-1), which were aliquoted and stored in a -20 °C freezer. To create standard curves, we 

serially-diluted the calibration standards to create a 7-point calibration curve spanning 2.89 x 103 

- 2.89 x 108 copies µL-1 for Std-1 and 3.94 x 102 - 3.94 x 107 copies µL-1 for Std-2, which 

encompassed the range of sample values.  

After amplification, we analyzed the data using Bio-Rad CFX Manager 3.1 (Bio-Rad 

Laboratories, Inc., Hercules, CA), exporting the results as .csv files. To calculate the number of 

bacterial 16S rRNA gene copies in each sample, we generated standard curve equations by 

plotting the average Cq values of each standard against the known copy number in Microsoft 

Excel (Version 2302) and fitting a logarithmic regression curve. We re-amplified samples if the 
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R2-value of the calibration curve was less than 0.99 using at least 5 points in the standard curve. 

Raw Cq values and calibration curve results are provided in Appendix S4. 

Sequencing the 16S rRNA gene, data processing and taxonomic assignments 

To characterize community composition of each fraction, we performed PCR in triplicate 

on all density fractions to amplify the 16S rRNA gene v4 region with the barcoded 515f and 806r 

primers (Walters et al., 2015), and Illumina sequencing adapters added as per Kozich et al. 

(2013). During PCR, we included one negative control (PCR-grade water) and one positive 

control (known microbial community mix) for every 30 samples. The PCR amplicon triplicates 

for all DNA fractions including the extraction blanks and PCR controls were pooled, purified 

and normalized and library cleanup was performed. A detailed procedure for the PCR 

amplification and purification is described in Chapter 3 and Whitman et al. (2019). We submitted 

the pooled library to the UW Madison Biotechnology Center (UW-Madison, WI) for 2x250 

paired end Illumina MiSeq sequencing. 

We used the QIIME2 pipeline (QIIME2, version 2020.6; Bolyen et al., 2019) to process 

the sequences following the steps described in Chapter 3 and Woolet and Whitman (2020). The 

sequence processing steps were performed on the UW-Madison Centre for High Throughput 

Computing cluster (Madison, WI).  

qSIP analysis 

We used R Studio (version 4.2.2; R Core Team, 2022) for data analysis and visualization. 

The raw OTU table consisted of 20,259 taxa which were further quality-filtered using the 

‘tidyverse’ (Wickham et al., 2019) and ‘phyloseq’ (McMurdie & Holmes, 2013) packages based 

on the steps described in Coskun et al. (2022). We removed 1576 OTUs that belonged to 

“Chloroplast” and “Mitochondria”. We subsetted taxa originating from soil as those for which 
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the total number of reads summed across all soil samples (PyOM amended and unamended) was 

at least 10 times greater than the total reads summed across all negative control samples 

(extraction blanks and PCR controls). A total of 1680 OTUs were removed based on comparing 

sequence reads in negative controls to the samples, comprising 1.68% of the entire 16S rRNA 

gene dataset (81,142 sequence reads out of 4,837,961). This OTU table was used for qSIP 

assessment as well as comparing relative abundances between the bulk unfractionated DNA 

samples from different soil treatments and measurement time points. 

For qSIP, only OTUs that had sequences present for every sample (summed across all 

density fractions) were selected for assessment. The 13C atom fraction excess (AFE) value for 

each OTU was calculated, following the qSIP workflow embedded in the ‘HTS-SIP’ R package 

(Hungate et al., 2015; Youngblut et al., 2018). We ran bootstrap replicates (n = 1000) within 

each treatment to estimate taxon - specific 90% confidence intervals (CI) for change in density 

and to identify significant isotope incorporation. An OTU was considered a true incorporator if 

the lower boundary of the CI was above the 0% AFE cutoff (Hungate et al., 2015). 

We used the “pairwise.t.test” function from the ‘stats’ R package to test for significant 

differences in relative abundances between the bulk unfractionated DNA of the unlabeled 

PyOM-amended and unamended soils for the incorporators identified using qSIP. We used the 

same test to compare relative abundance of incorporators in the bulk unfractionated DNA of the 

unamended soils at different sampling time points. The Github repository 

github.com/nayelazeba/Chapter4 contains files related to quality filtering and qSIP analysis. 

CO2 flux monitoring, partitioning and statistical analyses 

We monitored CO2 emissions in all jars until they were destructively sampled to trace 

both PyOM-C and SOC mineralization. To inform flux partitioning, six replicates of the Soil + 

https://github.com/nayelazeba/Chapter4
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13C PyOM treatment, as well as an additional six replicates of the Soil + 13C water-extractable 

PyOM treatment, were included, and gas fluxes from these jars were sampled until the end of the 

incubation period. We included two empty jars as gas flux blanks.  

To maintain humidity and prevent water loss, we placed the 30 mL jars inside half-pint-

sized Mason jars (118 mL) containing 10 mL of acidified deionized water (pH ~4) and capped 

them with sterile, gas-tight lids fitted with CO2 gas measurement fittings. The jars were 

connected to randomly selected positions on distribution manifolds (Berry et al., 2021), and 

flushed with a 400 ppm CO2 -air gas mixture to reset the headspace CO2 concentration at the 

initial time point. We measured the emitted CO2 in the headspace of each jar at frequent intervals 

by withdrawing 20 mL of gas using a 25 mL SGE gastight syringe (cat # 009462, Trajan 

Scientific and Medical, Victoria, Australia). The collected gas was injected into evacuated 

Labco® 12 mL Exetainer vials (Labco Limited, Ceredigion, United Kingdom), and the 

headspace CO2 concentration and 13C were measured at COIL using the Thermo Delta V 

isotope ratio mass spectrometer interfaced to a Gas Bench II. We collected headspace gas 

samples at intervals of 48 h during the first week and intervals of 72 h during the last two weeks 

of incubation. After each gas sampling, we flushed the jars with the 400 ppm CO2 - air gas 

mixture to prevent oxygen depletion and excessive CO2 accumulation inside the jars. The precise 

concentration after flushing each jar was measured and subtracted from the next time point 

reading to calculate the emitted CO2 in the jar during that interval. We checked the mass of the 

jars once a week to determine moisture loss and added water to return jars to target moisture 

levels. 

We processed raw CO2 readings from the multiplexer-Picarro system and partitioned CO2 

emissions from the flux monitoring treatments using stable isotope partitioning (as described in 
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Chapter 3) to determine the fraction of CO2 emitted from water-extractable PyOM, non-water-

extractable PyOM, and soil in the soil-PyOM amended incubations. We normalized the amount 

of C mineralized with the quantity of each carbon source added to the jars to determine the 

mineralizability of each PyOM-C fraction.  

We assessed normality and homogeneity of variance across treatment groups using the 

Shapiro and Bartlett test functions in the R 'stats' package. Welch's ANOVA was employed to 

test for significant differences in mineralizability between the PyOM-C fractions and SOC, due 

to unequal variances. The Games-Howell post-hoc test function in the 'rstatix' package 

(Kassambara, 2022) was used to compare mineralizability between different treatment pairs. All 

code used for flux partitioning, analyses and figures in this chapter is available at 

github.com/nayelazeba/Chapter4.  

Results  

PyOM – C incorporators 

In all 13C-non-water-extractable PyOM soil incubations, a shift in peak DNA buoyant 

density was observed in the range of 0.0023 and 0.01124 g mL−1 compared to the average peak 

DNA buoyant density of control unlabeled PyOM soil incubations, indicating 13C incorporation 

in the 16S rRNA genes (Fig. 4.1).  Despite this small shift in density of total DNA, we were able 

to detect significant shifts in 13C atom fraction excess (AFE) for 30 taxa (Fig. 4.2). Among these, 

the phylum Proteobacteria had the most taxa that showed 13C PyOM incorporation (Fig. 4.3). 

The highest PyOM-C incorporation was observed for taxa belonging to the families 

Sphingomonadaceae (0.4 AFE), Xanthobacteraceae (0.34 AFE), and Oxalobacteraceae (0.24 

AFE).  

https://github.com/nayelazeba/Chapter4
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Figure 4.1. The relative abundance of bacterial 16S rRNA gene copies as a function of density 

of CsCl in the corresponding fraction.  
Soils amended with 13C non-water-extractable PyOM (n = 6) are represented by solid lines and filled 

diamonds, and soils amended with unlabeled PyOM (control; n = 6) are represented by dashed lines and 

open circles. The y-axis represents the relative abundance of 16S rRNA genes in each density gradient 

fraction quantified with qPCR, normalized to maximal abundance across all density fractions in that 

replicate. 
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Figure 4.2. OTU-specific shifts in the 13C atom fraction excess (AFE) for 13C non-water-

extractable PyOM.  
Each line represents the AFE values of all OTUs in the 11 most abundant phyla in the qSIP samples, 

color-coded and labeled by phylum. Error bars indicate 90% confidence intervals across six replicates. 

OTUs with non-overlapping 90% CIs with 0 are considered to be significantly 13C-enriched. 
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Figure 4.3. 13C AFE values of significant non-water-extractable PyOM-C incorporators.  
Each data point represents the AFE value of incorporator OTUs identified using qSIP, labeled by their 

family assignments and color-coded by phylum. Error bars represent 90% CI across six replicates. 

 

Effect of PyOM addition on bacterial communities 

We observed significant shifts in the overall bacterial community composition in 

response to the addition of 350 PyOM on Day 21 (PERMANOVA, p PyOM < 0.01, R2
PyOM = 0.11, 
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Fig. 4.4). We also observed a shift in the bacterial communities of unamended soils from Day 0 

to Day 21 (PERMANOVA, ptime < 0.01, R2
time = 0.10).  

Of the twelve incorporators most abundant in initial unamended soils, only the OTU from 

the family Blastocatellaceae showed a significant increase in median relative abundance in 

PyOM-amended soils on Day 21, which was 4 times higher than unamended soils (Fig. 4.5). 

However, for the other incorporators, there was no significant change in relative abundance 

between PyOM-amended and unamended soils. Furthermore, the median relative abundance of 

nine of the most abundant incorporators remained very low, close to 0, in both unamended soils 

and PyOM-amended soils. 
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Figure 4.4. Effect of 350 PyOM addition on soil bacterial community composition.  
Non-metric multidimensional scaling (NMDS) ordination plot of Bray-Curtis dissimilarities between 

bacterial/archaeal communities (16S rRNA gene v4 region). Orange points represent data from 

unfractionated DNA of unamended soil controls on Day 0 (squares) and Day 21 (circles). Black points 

represent data from unfractionated DNA of 350 PyOM-amended soils (both 13C labeled and unlabeled 

PyOM) on Day 21. 
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Figure 4.5. Relative abundance changes among the 350 PyOM-C incorporators.  
Relative abundance of the twelve most abundant PyOM-C incorporator OTUs (identified using qSIP) in 

unfractionated DNA of unamended soils (n = 6) and unlabeled 350 PyOM-amended soils (n=6) on Day 

21. The x-axis labels indicate the family level assignment of the OTUs. Where multiple incorporator 

OTUs were present in a family (Chitinophagaceae, n=3), all OTUs are summed. Asterisks indicate 

statistically significant differences in relative abundance (* = p < 0.05). 

 

PyOM-C and SOC flux dynamics 

At the end of the incubation period, mineralizability of the water-extractable fraction of 

350 PyOM-C was significantly higher than that of the non-water-extractable PyOM-C fraction 

and SOC (p < 0.05, Games-Howell post-hoc test; Fig. 4.6.A). The amount of C mineralized per 

gram of added C from the water-extractable fraction was 64 and 55 times higher than the non-

water-extractable PyOM-C and SOC, respectively. However, total C mineralization from the 

water-extractable PyOM-C fractions was lower due to the small fraction of total carbon it 
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represented in each jar (Fig. 4.6.B). Until day 15, the C mineralizability of the non-water-

extractable PyOM-C fraction was higher than that of SOC but this trend reversed after that (Fig. 

4.6.C). The addition of 350 PyOM did not significantly affect the mineralizability of the SOC 

(Fig. 4.6.D). 

 

Figure 4.6. Carbon mineralization of 350 PyOM fractions over time.  

A) Cumulative mean C mineralization per gram of added C (mineralizability) for water-

extractable PyOM-C, non-water-extractable PyOM-C, and SOC. B) Cumulative mean C 

mineralization for water-extractable PyOM-C, non-water-extractable PyOM-C and SOC in each 

jar. C) Mineralizability of non-water-extractable PyOM-C and SOC. D) Mineralizability of SOC 

in unamended soil control and 350 PyOM amended soils. (n = 6-12, error bars=SE). 
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Discussion 

The analysis of peak DNA density in 13C non-water-extractable PyOM-amended soils 

compared to unlabeled PyOM-amended soils (controls) revealed a small and variable shift in 

peak DNA density (Fig. 4.1). This indicates that only a small fraction of the microbial 

community took up the 13C label in PyOM, as expected, since PyOM-C incorporation is likely 

carried out by a select group of microbes capable of breaking down the high proportion of 

condensed aromatic C structures in PyOM. The variability between replicates also suggests 

inconsistent 13C incorporation and may also help explain why only 30 true incorporators of non-

water-extractable PyOM-C were identified. However, to our knowledge there have been no 

previous studies of DNA-SIP with 13C-labelled PyOM, making the conclusive identification of 

even a handful of PyOM-consuming species of interest. 

Taxa incorporating PyOM-C include known fire and PyOM responders 

Interestingly, many of the incorporators have been identified as responders to both fire 

and PyOM amendments (Fig. 4.3). For instance, members of the genus Arthrobacter 

(Micrococcaceae family) were significant positive fire responders one-year post-fire and 

continued to be enriched in the same soils five years later. This enrichment was partially 

attributed to their potential ability to degrade PyOM but could not be confirmed under that 

experimental design (Whitman et al., 2019, 2022). Our study adds further support to these 

findings by confirming the capacity of an Arthrobacter species to consume PyOM-C. Notably, 

the Arthrobacter incorporator also exhibited high sequence similarity (> 98% identity) to a 

significant responder from the Micrococcaceae family in our previous 350 PyOM incubation in 

Chapter 3. 
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Similarly, two incorporator taxa from the Oxalobacteraceae family had high sequence 

similarity (> 98% identity) to Noviherbaspirillum species identified as positive responders to 350 

PyOM. In Chapter 3, we also demonstrated a significant positive response to 350 PyOM for 

Noviherbaspirillum at the genus level, which was one of the three genera that consistently 

responded to PyOM across various studies (Woolet & Whitman, 2020). This congruence of 

results validates our previous findings and highlights the ability of Noviherbaspirillum species to 

degrade PyOM-C. Additionally, Pulido-Chavez et al. (2023) reported an increase in the 

abundance of Noviherbaspirillum in post-fire soils over time. These bacteria became more 

prevalent 95 days after the fire and maintained their increased presence throughout the study. 

The authors attributed this increase to Noviherbaspirillum’s ability to exploit post fire resources 

like PyOM. The evidence supporting Noviherbaspirillum's ability to degrade PyOM includes 

isolating a strain from oil-polluted sediments in crude oil enrichment cultures (Lin et al., 2013) 

and examining the genome of a different strain within the Oxalobacteraceae family that 

contained genes coding for the degradation of certain aromatic compounds (Baldani et al., 2014). 

In this study, we provide confirmation that Noviherbaspirillum species are indeed capable of 

incorporating PyOM-C. 

The incorporators from the Bacillus genus (Bacillaceae family) and the Beijerinckiaceae 

family displayed high sequence similarity to previously identified significant 350 PyOM 

responders within the Bacillus genus and Beijerinckiaceae family, respectively (> 98% identity 

for both). Interestingly, Bacillus species, belonging to Firmicutes, have also been found to be 

dominant in early post-fire soils (Pulido-Chavez et al., 2023). Although they have not been 

directly linked to PyOM-C degradation, their increased presence in post-fire soils is believed to 

be due to stress and heat tolerance traits common among Firmicutes. Our study suggests that part 
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of the reason these species dominate post-fire soils may be by exploiting PyOM-C that becomes 

available immediately after fire. 

We identified an incorporator from the Pseudonocardiaceae family; however, it did not 

belong to the Pseudonocardia genus, which we hypothesized as the likely incorporator group, 

based on the genus-level response observed in the previous study. Additionally, the sequence 

similarity between the incorporator and responder identified in Chapter 3 was low, with less than 

97% similarity. These findings suggest the possibility of other members within the 

Pseudonocardiaceae family being capable of incorporating PyOM-C. Finally, the incorporators 

from the genus Segetibacter (Chitinophagaceae family) have been documented as positive fire 

responders (Adkins et al., 2022), and they are also known to increase in abundance upon PyOM 

addition (Whitman et al., 2016; Zhang et al., 2019).  

PyOM-C incorporation is not always accompanied by increased relative abundance  

For many incorporator OTUs, significant increases in relative abundance upon PyOM 

addition were not observed (Fig. 4.5), suggesting that active PyOM-C incorporation doesn't 

necessarily result in rapid growth for many microbes. It is plausible that PyOM-C, as a complex 

substrate, is utilized by a select group of slow-growing and persistent microbes that have the 

pathways to metabolize complex C substrates. For instance, a Sphingomonadaceae species 

showed the highest 13C incorporation (0.4 AFE; Fig. 4.3). Bacteria from this family are 

commonly found in high abundance in soils contaminated with (poly)aromatic compounds, such 

as oil spills, and are known for their ability to degrade xenobiotic and (poly)aromatic compounds 

(Ghosal et al., 2016; Glaeser & Kämpfer, 2014). They have been identified as PyOM responders 

in several studies (Han et al., 2017; Whitman et al., 2016; Zhang et al., 2019), and 

Sphingomonadaceae was one of the families for which a consistent response could be detected at 
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the family level (Woolet & Whitman, 2020). Similarly, the Xanthobacteraceae family, for which 

we also identified a high PyOM-C incorporator (0.3 AFE), is known to possess pathways for 

aromatic carbon degradation (Oren, 2014). Perhaps, the chemical nature of PyOM-C does not 

provide a competitive advantage that many bacteria can exploit, and hence, it would not 

necessarily result in higher fitness or growth response that would appear as significant increase 

in relative abundance in soils.  

On the other hand, significant increases in relative abundance after PyOM addition were 

detected for PyOM-C incorporating taxa from the Blastocatellaceae and Oxalobacteraceae 

families (Fig. S4.1). This is intriguing and may indicate a different life history strategy compared 

to incorporators that did not show an increase in relative numbers. These bacteria may be fast 

growers and could exploit post-fire environments containing PyOM-C, potentially giving them a 

competitive advantage. As discussed earlier, there is substantial evidence supporting 

Oxalobacteraceae as a PyOM and fire-responsive family, capable of exploiting post-fire carbon 

resources. In the case of Blastocatellaceae, however, there is limited evidence to support that 

members of this family respond to PyOM presence in incubation studies or post-fire soils. Some 

representatives are documented to degrade complex carbon compounds (Huber et al., 2017), and 

one study found increased abundance upon PyOM addition (Zhang et al., 2019). However, 

another study noted lower abundance of this family in burned soils (Adkins et al., 2020) 

highlighting that PyOM degradation alone may not be sufficient to give this OTU a competitive 

advantage post-fire. The low level of 13C incorporation (0.08 AFE) accompanied by an increase 

in relative abundance for this OTU could also suggest secondary incorporation of the 13C label 

via cross-feeding (discussed in detail in the next section). 
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In interpreting the lack of increased abundances in many of the PyOM incorporators, it is 

essential to remember that these soils were collected from sites that burned in 2014 and likely 

already contained some PyOM, supporting the establishment of bacteria capable of degrading 

PyOM. Comparing post-burn soils with unburned soils may reveal an increase in the relative 

abundance of many incorporating taxa, which was not observed in the current or previous 

studies. The same could be true for soils without a history of burning, which may show a 

detectable increase in relative abundance upon receiving PyOM. In such cases, the relative 

increase may be attributed to the ability of these bacteria to colonize environments containing the 

newly added complex C in PyOM. It is also important to note that the change in relative 

abundance was measured at only one timepoint, and other trends may have been detected 

through multiple timepoint sampling, as observed in the previous incubation. Moreover, the 

reported findings focus specifically on the incorporation of the non-water-extractable PyOM-C, 

which contains a high proportion of aromatic carbon compared to the water-extractable fraction. 

It is possible that additional responders might increase in abundance due to the incorporation of 

the water-extractable fraction. 

Some taxa may incorporate 13C in their DNA by cross-feeding and predation 

Cross-feeding is common in 13C-SIP studies, where an incorporator may not directly 

consume the substrate but instead takes up the byproduct of other taxa’s metabolism of the 

substrate (Neufeld et al., 2007; Wang & Yao, 2021). This means that some bacteria identified as 

incorporators might not be primary consumers of PyOM-C, but rather could incorporate the 13C 

label from byproducts of PyOM-C metabolism by primary consumers. In this study, our aim was 

to identify taxa incorporating 13C-non-water-extractable PyOM by sampling on Day 21, when we 

expected to detect taxa specifically targeting this fraction after much of the water-extractable 
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fraction had been consumed. Our choice of this time point was based on PyOM-C mineralization 

trends observed in Chapter 3. Despite this, we anticipated cross-feeding to occur, and cannot 

guarantee that all identified incorporators were primary consumers of the 13C non-water-

extractable PyOM-C. There is strong evidence for primary consumption in incorporators with 

documented responses to fire or PyOM additions. For others, the incorporation may be due to 

uptake of by-products of PyOM-C metabolism. In addition, the availability of simpler 

byproducts might trigger a faster growth response due to increased competition for these 

substrates, leading to an increase in abundance, as suggested in the case of the Blastocatellaceae. 

While some bacteria may use metabolic byproducts, others might acquire the 13C label by 

feeding directly on bacteria that consume the 13C-non-water-extractable PyOM-C. We found 

some evidence supporting this, with two incorporator taxa from the family 0319-6G20, an 

uncultivated clade of the phylum Bdellovibrionota, which includes many predatory bacteria 

(Rendulic et al., 2004; Zhang et al., 2023). This has interesting implications, as predatory 

bacteria have been shown to grow faster and consume more carbon upon substrate addition than 

non-predatory bacteria, exerting top-down control on resource acquisition by prey populations 

and playing a vital role in carbon cycling (Hungate et al., 2021).  

Hence, although cross-feeding in SIP studies may be unavoidable, it can be useful for 

tracking the flow of carbon within the microbial food web (Pepe-Ranney et al., 2016; Wilhelm et 

al., 2021). Studying cross-feeding and predator prey interactions in soils can be crucial for 

insights into both microbial community structure and carbon cycling processes (D’Souza et al., 

2018; Hungate et al., 2021). 

It is important to note that examining 13C incorporation at only one timepoint limits our 

ability to differentiate between primary consumers and secondary consumers of non-water 



131 

 

 

extractable PyOM-C. To achieve this distinction, we would need to monitor incorporation and 

changes in relative abundance at multiple timepoints. Additionally, SIP combined with 

metagenomics can help identify metabolic pathways present in the incorporators (Dumont et al., 

2006; Eyice et al., 2015), providing insights into their role in PyOM-C degradation and 

distinguishing between primary and secondary incorporation. 

PyOM properties besides C substrate availability affect microbial communities  

In this study, although a PyOM-specific effect on the bacterial community was observed 

(Fig. 4.4), only a small number of microbes were actively consuming PyOM-C, with even fewer 

showing an increase in relative abundance. Furthermore, all incorporator taxa exhibited very low 

relative abundances in unamended soils on Day 0 and Day 21 (Fig. S4.2). Incorporators from the 

Blastocatellaceae family were identified as having the highest relative abundance on Day 0, with 

a mean relative abundance of 0.37% ± 0.14. This indicates that while community-wide shifts 

may occur, the microbes actively incorporating labeled 13C-non-water-extractable PyOM are 

very few and low in abundance. 

This discrepancy between substrate consumption and community and abundance trends 

inferred from sequencing data has been previously noted (Bryson et al., 2017) and could be 

expected for this study. As discussed earlier, the consumption of a complex substrate like non-

water-extractable PyOM might not offer a fitness advantage to most bacteria and could be 

limited to a select few. Furthermore, PyOM-induced shifts in community compositions may be 

mediated more by the water-extractable PyOM-C, which is more readily mineralizable and 

potentially favorable to a broader range of microbes. 

In addition to carbon-related effects, other PyOM properties, such as its structural 

characteristics as well as its influence on soil properties like moisture, pH and nutrient 
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availability, may also contribute to the observed community shifts (Dai et al., 2021, p. 202; 

Lehmann et al., 2011). Although we controlled both pH and moisture, the presence of PyOM 

may have created favorable microsites in soils (Zimmerman & Ouyang, 2019b), influencing the 

abundance of different microbial groups (Delgado-Baquerizo et al., 2016). The porous structure 

of PyOM provides a potential habitat for microbes (Pietikäinen et al., 2000), enabling certain 

bacteria to colonize its surface and access the carbon within it. For example, 

Pseudonocardiaceae have been observed to colonize high temperature PyOM surfaces, which 

have a porous structure and high surface area (Dai et al., 2017a). Additionally, members of the 

Sphingomonadaceae family have traits that help them effectively colonize membrane surfaces 

(de Vries et al., 2019). Conversely, negative effects of PyOM on microbes such as toxicity have 

been reported, which could adversely affect certain microbes (Lehmann et al., 2011; Smith et al., 

2013). 

Overall, while the incorporation of non-water-extractable PyOM-C by some bacteria was 

observed, multiple factors, including the properties of PyOM and its impact on soil properties, 

may have contributed to the observed community-wide shifts. The specific application rates and 

experimental conditions of this study were designed to identify true incorporators of 13C non-

water-extractable PyOM but may not fully represent the behavior of microbes in the field. 

Additionally, it is important to note that the detection of PyOM-C incorporation and changes in 

community dynamics and relative abundance were limited to a single timepoint in this study. 

Longer incubation periods or multiple sampling points could reveal different patterns of PyOM-

C consumption and microbial community dynamics. 
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Water-extractable PyOM-C is highly mineralizable 

The mineralization data showed similar trends as in Chapter 3’s incubation with 350 

PyOM, where the water-extractable fraction had the highest mineralizability. This is further 

proof that microbes preferentially utilize the water-extractable PyOM-C over the SOC or the 

non-water-extractable PyOM-C, most likely due to a higher proportion of easy to break down 

aliphatic C carbon. The non-water-extractable PyOM-C in 350 PyOM was also preferred over 

SOC, also consistent with the previous finding. However, a statistically significant positive 

priming effect was not observed in this experiment, potentially due to larger measurement 

uncertainty resulting from the lack of high-resolution CO2 sampling. Despite the lack of a 

significant priming effect, we do note that the trends we observed in this incubation with PyOM 

produced from a completely different set of pine trees were similar to those observed in the 

previous experiment. This demonstrates consistent trends for PyOM-C mineralization and 

supports the validity of our findings.  

Overall, our findings highlight the importance of considering the heterogeneity of PyOM-

C fractions in short-term C cycling in post-fire soils. The water-extractable fraction may be 

particularly important for understanding the effect of PyOM on soil microbial communities and 

ecosystem processes in soils containing a high proportion of low-temperature PyOM. 

Conclusion 

In conclusion, this study provides valuable insights into the bacterial taxa actively 

incorporating PyOM-C in soil microbial communities. We use PyOM-C SIP for the first time to 

reveal that several bacteria known to respond to fire and PyOM amendments are indeed capable 

of degrading PyOM-C that has relatively higher proportion of condensed aromatic C.  
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Figure S4.1. Significant relative abundance changes among 350 PyOM-C incorporators. 
Relative abundance of three PyOM-C incorporator OTUs (identified using qSIP) in unfractionated DNA 

of unamended soils (n = 6) and unlabeled 350 PyOM-amended soils (n=6) on Day 21. The incorporator 

OTUs are grouped by family shown on the x-axis. Asterisks indicate statistically significant differences in 

relative abundance (‘*’: <= 0.05;’**’ : p < = 0.01 ). 

 

Table S4.1. Properties of 13C labeled biomass  

Property (units) Stems Needles 

Total C (%) 49.72 ± 8.03 47.08 ± 8.29 

Bulk 13C/12C (AT %) 75.29 ± 2.91 81.76 ± 2.09 

The values presented are means of five replicates ± standard deviation. 
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Figure S4.2. Relative abundance changes with time among the 350 PyOM-C incorporators in 

unamended soil.  
Relative abundance of twelve most abundant PyOM-C incorporator OTUs (identified using qSIP) in 

unfractionated DNA of unamended soils on Day 0 (n = 6) and Day 21 (n = 6). The incorporator OTUs 

are grouped by family shown on the x-axis. Asterisks indicate statistically significant differences in 

relative abundance (‘*’: <= 0.05;’**’ : p < = 0.01 ). 
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Appendix S4 

qPCR calibration table 
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qPCR analysis of SIP fractions 
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CHAPTER FIVE: CONCLUSION 

In conclusion, this thesis highlights the need to account for PyOM-C heterogeneity and 

ageing when estimating post-fire carbon stocks. Our study demonstrates that a small fraction of 

PyOM is highly mineralizable by microbes, and we found that lower temperature PyOM (350 

°C) had higher mineralizability compared to PyOM produced at higher temperatures (550 °C). 

Moreover, ageing significantly increases the mineralization rate of 350 °C biochar C, implying 

that the carbon in lower temperature PyOM is more susceptible to microbial degradation in both 

the short and long term. This has important implications for estimating post-fire carbon stocks in 

soils that contain a higher proportion of low-temperature PyOM. The relationship between fire 

severity and PyOM characteristics is complex and can vary depending on multiple factors. 

Future studies could focus on characterizing and exploring this relationship to better understand 

PyOM-C stabilization and decomposition in post-fire soils.  

Our study reveals that both time and PyOM temperature influence the rate of SOC 

mineralization in post-fire soils. In particular, the short-term changes in SOC dynamics were 

found to be strongly associated with the mineralizability of the water extractable PyOM fraction. 

Future investigations into the role of other PyOM structural and electrochemical properties are 

needed to better understand long-term C stabilization in PyOM containing soils, while 

considering soil properties such as texture and clay content that may affect these results. 

This dissertation highlights the impact of low-temperature PyOM on microbial 

communities in the short term. Both 350 °C and 550 °C PyOM additions caused significant shifts 

in microbial communities, but more unique responsive taxa were identified with 350 °C PyOM 

addition compared to 550 °C PyOM. Moreover, only 350 °C PyOM addition resulted in a 

relative abundance increase at the genus level for several bacteria. Taken together, these findings 
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indicate that low temperature C is accessible to a wider range of bacteria. Interestingly, many of 

the responders to 350 °C PyOM in our study were also identified in other studies with different 

PyOM and soil characteristics, suggesting a unique response to PyOM-C. However, it has so far 

remained unclear whether the relative increase of these responders was due to their ability to 

degrade PyOM-C due to minimal evidence demonstrating active PyOM-C usage by bacteria. 

This dissertation provides evidence for active incorporation of relatively aromatic non-water-

extractable 350 °C PyOM-C by bacteria, some of which were noted for their ability to degrade 

aromatic C. Furthermore, some of the incorporators were abundant in post-fire soils, confirming 

previous hypothesis that these bacteria dominate post-fire soils due to traits related to PyOM-C 

degradation.  

Another important finding of this dissertation is that the incorporation of non-water-

extractable 350 °C PyOM-C was not accompanied by an increase in relative abundance, 

indicating that uptake of the aromatic C structures in PyOM does not provide a competitive 

advantage to its degraders. This raises interesting questions about the metabolic pathways and 

functional roles of fire-responsive bacteria in PyOM-C cycling. Techniques like qSIP combined 

with metagenomics can provide more information on the functional changes that occur within 

the microbiome and shed light on these questions. 

We observed no significant shifts in fungal community composition in response to PyOM 

addition. Furthermore, unlike bacteria, the responders to 350 °C PyOM were only detected at the 

OTU level, not at the genus level. The impact of PyOM addition on the fungal community in 

post-fire soils remains unclear, and it is uncertain whether these effects will become apparent 

over longer time scales. The use of qSIP to identify active fungal incorporators of PyOM-C can 

improve our understanding of the role of PyOM-C substrate availability for fungi in post-fire 
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soils. This approach can help distinguish fungal taxa that thrive in post-fire soils due to their 

ability to degrade PyOM-C from those that dominate due to traits of heat and stress tolerance. 

 


