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ABSTRACT 

 

Regulation of Mitochondria by Reversible Protein Phosphorylation 

 

by 

Joshua John Carson 

Under the supervision of Associate Professor David J. Pagliarini 

At the University of Wisconsin – Madison 

 

 Mitochondria are dynamic organelles that must rapidly adapt to changing cellular 

metabolic and biosynthetic demands.  Until recently, mitochondria have represented 

an underappreciated site of regulation by reversible phosphorylation. Furthermore, the 

pathogenic alterations that underlie metabolic disorders have increasingly represented 

one of the principal challenges in cell biology. Our work has focused on using 

quantitative proteomics and phosphoproteomics to identify dynamic phosphorylation 

sites and characterize the function of phosphorylation on mitochondrial enzymes. We 

began by charting the remodeling of the mouse liver mitochondrial proteome and 

phosphoproteome during both acute and chronic physiological transformations in 

more than 50 mice. Our analyses reveal that reversible phosphorylation is widespread 

in mitochondria, and is a key mechanism for regulating ketogenesis during the onset of 

obesity and type 2 diabetes. Specifically, we demonstrated that phosphorylation of a 

conserved serine on Hmgcs2 (S456) significantly enhances its catalytic activity in 

response to increased ketogenic demand. Additionally, we used activity based protein 
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profiling to identify kinases that are enriched in mitochondria, as well as kinases that 

are differentially enriched in the mitochondria of obese mice. We further report on the 

change in oxygen consumption rates in isolated mitochondria in response to treatment 

with calcium, and show that calcium uptake is also dependent on electron transport. 

We also show that phosphorylation sites in isolated mitochondria can be rapidly 

modulated by acute (10min) treatment with calcium as a stimulus. Finally, we 

performed multiplexed quantitative mass spectrometry to identify the targets of the 

mitochondrial phosphatase PTC7. Using yeast deletion strains, we identify over 50 

putative phosphorylation sites that are unique to a deletion of PTC7. Furthermore, we 

demonstrate that phosphorylation of a conserved serine on Hem15, the final step in 

heme biosynthesis, decreases enzyme activity. Collectively, our work describes the 

plasticity of this organelle at high resolution and provides a framework for investigating 

the roles of proteome restructuring and reversible phosphorylation in mitochondrial 

adaptation. 
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CHAPTER 1: An Introduction to Mitochondrial Biology, Biochemistry, and 

Reversible Protein Phosphorylation 

 

  



 2 

Introduction  

 

Summary of the Thesis 

 Throughout the research that contributed to this dissertation, I have generated 

new insights into the regulation of mitochondria by reversible phosphorylation. I have 

used a multidisciplinary approach to show that phosphorylation is not only prevalent in 

the mitochondria, but also changes in response to varied physiological states. Through 

this work, I have also shown that kinases and phosphatases are the likely effectors of 

mitochondrial phosphorylation.  

 In Chapter 2, I present results from a published study that uses quantitative mass 

spectrometry to identify phosphorylation sites that change in abundance in response to 

changes in metabolic state. To do this we profiled mitochondrial phosphorylation sites 

from mice that differed in age, strain, or obesity-dependent diabetes. Furthermore, I 

show that one phosphorylation site can modulate enzyme activity of the protein 

HMGCS2 and lead to increased ketone body production in a tissue culture system.  

 In Chapter 3, I explore the proteins that are responsible for phosphorylation: 

kinases and phosphatases. Using an activity-based protein profiling technique, I show 

that there are different populations of kinases in the mitochondria of livers from lean 

and obese mice. I then show that calcium uptake in mitochondria can affect respiratory 

rates, and that acute treatment of isolated mitochondria with calcium can affect 

phosphorylation abundance. Next, I use a yeast model to profile the change in 

phosphorylation patterns upon deletion of a known mitochondrial phosphatase, and 

show that the phosphatase Ptc7 is important for iron homeostasis and the response to 
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oxidative stress. I also investigate the relevance of one phosphorylation site to regulate 

iron incorporation into heme by the enzyme Hem15. Finally, in Chapter 4, I discuss the 

overall findings from these studies and their larger relevance to the field of 

mitochondrial post-translational modifications.  

 

Post-Translational Modifications 

 To adequately adapt to changes in the environment, signals must be conveyed 

throughout the cell to modulate protein transcription, expression, and activity. While 

the approximately 25,000 genes within the human genome encode the basis for 

cellular function, the complexity of the proteome dwarfs that of the genome with over 1 

million protein isoforms within the cell (Stein, 2004). The intricacy of the proteome can 

be further refined by the addition of covalent modifications to specific amino acid side 

chains, which are commonly referred to as post-translational modifications (PTMs).  A 

wide variety of PTMs exist within the cell including: acetylation, phosphorylation, 

ubiquitinylation, and methylation. These modifications perform a wide variety of roles 

such as regulating enzyme activity (Shimazu et al., 2010), and directing protein 

localization, interactions, and degradation (Deng et al., 2011; Rana et al., 2013). 

Because PTMs have such varied and profound roles regulating diverse cellular 

pathways, it is vital to more completely understand their molecular functions. To do 

this, we must be able to identify specific sites of modification and quantify those sites 

in relation to physiological conditions with the intention of using that information to 

obtain biochemical insights about the function of PTMs.  
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Phosphorylation 

 Reversible phosphorylation of a range of proteins, lipids and other molecules 

produce a variety of signaling cascades, and is widely considered to be the most 

prevalent form of PTM within a cell. Approximately one-third of proteins are estimated 

to have a phosphorylation event at some point during their life (Hubbard and Cohen, 

1993). Phosphorylation can act as a molecular switch in signal transduction pathways 

by either the addition or removal of a phosphoryl group (PO4). Phosphorylation is 

understood to have occurred when the gamma phosphate of ATP is transferred to a 

protein substrate. Protein kinases are the enzymes that perform this covalent 

modification by attaching a phosphoryl group to a free amino acid hydroxyl, while 

protein phosphatases perform the reverse reaction by removing the phosphoryl group 

and leaving behind a free hydroxyl group on the amino acid and a phosphate ion in 

solution. The most common form of phosphorylation is the addition of PO4 to the 

hydroxyl residues of the amino acids: serine, threonine, and tyrosine. Furthermore, 

kinases themselves are often targets of phosphorylation and can be regulated by other 

kinases. One classic example of a kinase signaling cascade is the mitogen-activated 

protein kinase (MAPK) group, which are involved in a variety of essential cellular 

processes such as growth, differentiation, stress response, and apoptosis (Boutros et 

al., 2008; Pearson et al., 2001). In this cascade, cellular stimuli activate MAPKK kinases, 

which phosphorylate downstream MAPK kinases, and ultimately the MAP kinase. This 

signaling paradigm serves to amplify an extracellular signal and can mediate the broad 

range of biological responses available to a cell (Keshet and Seger, 2010). In addition, 

it is not uncommon for proteins to be phosphorylated at multiple sites. One classic 
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example is the pyruvate dehydrogenase complex (PDC), which converts pyruvate into 

acetyl-CoA in the mitochondrial matrix. The pyruvate dehydrogenase kinase 

phosphorylates the PDC at three specific residues which act in concert to inactivate 

the enzyme and deprive the TCA cycle of acetyl-CoA (Korotchkina, 2000; Yeaman et 

al., 1978). Reversible phosphorylation plays a vital role in nearly all aspects of cellular 

function; therefore it is perhaps not surprising that its dysfunction can cause a wide 

variety of cellular and organismal malfunctions.  

 While the functional significance of phosphorylation has been known for decades, 

recent advances in the capabilities of mass spectrometry (MS) has allowed for the 

identification and quantitation of numerous phosphorylation sites within every 

compartment of the cell (Grimsrud et al., 2010; Jensen, 2004). Interestingly, the 

mitochondria are intracellular organelles that, despite their importance and several 

classic examples, have had little investigation into the role that reversible 

phosphorylation can play in their regulation. Using advancements in 

phosphoproteomics, we now know that much of the mitochondrial proteome is widely 

phosphorylated (Boja et al., 2009; Cui et al., 2010; Deng et al., 2010; Grimsrud et al., 

2012), yet the functional role for these phosphorylation sites are as yet largely 

undefined (Pagliarini and Dixon, 2006). Moving forward, if we hope to be able to target 

mitochondrial phosphorylation for therapeutic intervention, there must be a greater 

understanding of the dynamic nature of phosphorylation in the mitochondria, as well as 

the proteins that perform these modifications, kinases and phosphatases. 
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Protein Kinases 

 Protein kinases are the enzymes that catalyze the transfer of the gamma 

phosphate of ATP to a free hydroxyl group on serine, threonine, and tyrosine amino 

acids. While many molecules can be phosphorylated, such as lipids, carbohydrates, 

and other small molecules, these modifications are outside the scope of this thesis and 

will not be discussed here. The transfer of a phosphate from ATP to a proteinacious 

substrate can regulate virtually every major signal transduction network within a cell 

(Ubersax and Ferrell, 2007).  

 The human kinome contains over 500 genes and comprises approximately 2% of 

the genome, while the protein kinase family shares many specific catalytic domains 

(Hanks et al., 1988; Manning et al., 2002a). The superfamily of kinases contains 9 

groups, 90 familes and 145 subfamiles with a wide variety of substrates and methods 

to promote substrate specificity (Manning et al., 2002b). Because of their broad 

involvement in a variety of cellular processes, it is not surprising that kinase 

dysfunction is involved in many diseases, and that kinases are an area of significant 

therapeutic interest (Karaman et al., 2008).  

 The most well characterized mitochondrial kinases are the pyruvate 

dehydrogenase kinase (PDHK) and the branched chain ketoacid dehydrogenase kinase 

(BCKDK) that reside in the matrix (Holness and Sugden, 2003; Wynn et al., 2004). 

These kinases are generally known to be physically associated with their respective 

complexes and are not believed to phosphorylate other substrates. Furthermore, 

recent proteomic surveys of the mitochondrial proteome have not identified any 

significant number of kinases (Mootha et al., 2003; Pagliarini et al., 2008). Therefore, it 
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seems likely that the hundreds of phosphorylation sites identified in the mitochondria 

must be the substrates of kinases that translocate to the mitochondria from other 

cellular compartments (Arciuch et al., 2009; O’Rourke et al., 2011).  

  

Protein Phosphatases 

 While there are over 500 kinases in the human genome, the number of protein 

phosphatases is considerably smaller, only about 140 putative genes (Shi, 2009). Of 

these, the significant majority (over 100) are protein tyrosine phosphatases (PTPs) and 

about 30 are protein serine/threonine phosphatases (PSPs).  

 There are four groups and three classes of PTPs. The Class I PTPs are cysteine-

based phosphatases, which contain both classic PTPs, and dual specific 

phosphatases. Class II PTPs are related to bacterial arsenate reductases while Class III 

contains the Cdc25 cell cycle regulators (Alonso et al., 2004). Likely because of their 

greater number, PTP specificity is often regulated at the substrate level, with a deep 

active site cleft allowing for the length of the tyrosine residue reach the bottom (Denu 

et al., 1996). The dual specificity phosphatases comprise the largest portion of the PTP 

superfamily with about 65 proteins. These phosphatases contain the ability to 

dephosphorylate proteinacious substrates as well as carbohydrates and lipids, hence 

giving them their name (Guan et al., 1991; Maehama and Dixon, 1998; Worby et al., 

2006).  The mechanism of this unique capability is due to a shallower active site cleft 

compared to classic PTPs, which allows the enzyme to accommodate a greater 

number of substrates. One dual specificity phosphatase (DUSP26) was discovered in 

the MitoCarta compendium of mitochondrial proteins, while two other dual specificity 
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proteins (DUSP18 and DUSP21) have also been shown to localize to the mitochondrial 

compartment (Pagliarini et al., 2008; Rardin et al., 2008).  

 While the mammalian phosphoproteome contains only approximately 2% 

phosphotyrosine, the remainder is either phosphothreonine (12%) or phosphoserine 

(86%) (Olsen et al., 2006). This leaves the vast majority of the thousands of 

phosphorylation sites to be removed by the relatively small number of PSPs. The ability 

of these phosphatases to achieve substrate specificity is accomplished by their wide 

variety of regulatory subunits (Shi, 2009). For instance, a family of four glycogen-

targeting subunits that serve as a molecular scaffold and have distinct tissue 

expression patterns regulate protein phosphatase 1 (PP1) in response to insulin 

(Newgard et al., 2000).  

 There are three major families of PSPs, the phosphoprotein phosphatases (PPPs), 

the metal dependent protein phosphatases (PPMs) and the aspartate-based protein 

phosphatases (FCP/SCP). Lester Reed’s group discovered one of the first 

phosphorylation events in the mitochondria in 1969 when they realized the E1 subunit 

of the pyruvate dehydrogenase complex was inhibited by phosphorylation (Linn et al., 

1969). The phosphatase that relieves this inhibition is known as the pyruvate 

dehydrogenase phosphatase (PDP) and is a member of the PP2C sub-family of 

phosphatases which are part of the PPM family (Huang et al., 1998; Lawson et al., 

1993). This phosphatase is localized to the mitochondrial matrix and is dependent on 

Mn2+/Mg2+ for catalysis, which was the third type of metal dependent phosphatase to 

be classified. PDP has also been shown to be capable of dephosphorylating all three 

serines that are responsible for repression of the enzyme, thus de-repressing the 
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complex. In other compartments of the cell, Type 2C phosphatases have been shown 

to regulate cell survival, apoptosis, growth and the stress response (Tamura et al., 

2006). A Type 2C phosphatase (PPTC7) has also been discovered in the mitochondria 

of murine cells on at least two different occasions (Pagliarini et al., 2008; Rhee et al., 

2013), and it seems likely that this uncharacterized mitochondrial phosphatase may 

play a key role within the mitochondrial phosphoproteome.  

 

Quantitative Mass Spectrometry to Study Phosphorylation 

 In the last decade, mass spectrometry (MS) has revolutionized the study of PTMs. 

Owing to advances in detection and computation, it is now possible to identify 

thousands of phosphorylation sites in a single experiment (Grimsrud et al., 2010; Merrill 

and Coon, 2013). Because MS is stochastic by nature, this makes it difficult to 

compare protein or phosphorylation abundance between either replicates or biological 

samples. Fortunately, the development of isobaric tags has solved this dilemma by 

allowing the relative comparison of peptides and phosphopeptides from different 

biological states in a single MS experiment. Isobaric tags add the same mass to each 

sample, and an equal amount of each sample is labeled with a separate tag. 

Commercially available systems (TMT, iTRAQ) have been designed with the ability to 

tag 6, 8, and 10 samples in one run (Ross, 2004; Thompson et al., 2003). Each tag 

contains both a balance and reporter region, and because the sum of each region is 

the same for all tags, peptides that have been labeled co-elute and appear as a single 

peak during the first phase of tandem MS (MS1). Upon fractionation for sequencing in 

the second phase (MS2) the reporter region is dissociated from the peptide.  Finally, 



 10 

the intensities of the reporter region can be used to determine the relative abundance 

of each peptide in the original sample.  

  Peptides with phosphorylation will be a relatively small proportion of the total 

proteome in an average biological sample. Therefore, to be able to detect 

phosphorylation, phosphopeptides must first be enriched within a sample. In a general 

isobaric experiment, samples are homogenized, denatured, and enzymatically digested 

with a protease, commonly trypsin and/or LysC. Each sample is labeled with a unique 

isobaric tag, and all the samples are mixed together. To enrich for phosphorylation, 

samples are passed through an immobilized metal affinity chromatography (IMAC) 

column or, more recently, magnetic IMAC beads (Andersson and Porath, 1986). After 

this process, samples are fractionated and subjected to nano-liquid chromatography 

followed by MS/MS (Tandem nLC-MS/MS).  

 In a conventional shotgun proteomics approach, peptide intensities and mass-to-

charge ratios (m/z) are recorded in an initial scan, commonly referred to as MS1. Next, 

the m/z values for peaks with high intensity are selected for sequencing by MS2. In 

MS2 the peptide is fragmented and sequenced based on the m/z of the resulting 

peptide. In an ideal experiment, the fragmentation technique will create a series of 

fragment ions that differ in mass by one amino acid. This way, not only can the primary 

sequence of the peptide be assessed, but the specific position of the phosphorylated 

residue can also be determined (Grimsrud et al., 2010). Finally, a comparison of the 

unphosphorylated peptides to the phosphorylated peptides can allow for a 

determination of the relative phosphorylation occupancy, which is a change in the 

modification normalized to the change in protein levels. 
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 There are also other MS based quantification techniques available, including 

SILAC and NeuCode (Hebert et al., 2013b; Ong et al., 2002). In the SILAC method, 

cells are grown in non-radioactive heavy isotopes of essential amino acids. SILAC can 

improve upon isobaric tags by removing the technical variability of digesting samples 

before mixing and by performing quantitation during the MS1 scan. This solves the 

problem of peptide precursors being co-isolated for MS2 where it becomes impossible 

to differentiate which precursor released an amount of each reporter tag (Wenger et al., 

2011). Unfortunately, only three samples can be included in a single run, which limits 

the ability for multiplexing. NeuCode overcomes this multiplexing limit by using high 

mass resolution MS to exploit the mass defect in stable isotopes. The isotopes are also 

sufficiently similar in mass to appear as a single peak in a low mass resolution run, also 

solving the peptide precursor problem mentioned above. In the end though, while both 

SILAC and NeuCode offer significant advantages to isobaric tagging, they both 

currently require situations where it is possible to grow either cells or an organism in 

isotopically labeled amino acids, which greatly increases the cost.  

 It is important to note that the above methods provide only relative abundance 

measurements of phosphorylation, not absolute stoichiometry. It is impossible to know 

if a two-fold change in phosphorylation represents a change from 50% to 100%, from 

20% to 40% or from 1% to 2%. This is important to consider, especially when 

attempting to determine the biological function of a novel phosphorylation site. If a 

phosphorylation event activates a protein, it is possible that a small absolute increase 

in phosphorylation could have a meaningful biological outcome. But if a 

phosphorylation site inhibits a protein, the change could be 4-fold (1%-4%), and still 
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have 96% of a protein be in the activated state. This would be unlikely to have a 

significant biological effect. It is possible to use absolute quantification analysis (AQUA) 

to determine the stoichiometry of a sample (Gerber et al., 2003). Unfortunately, this 

method is much more time intensive and low-throughput, and is only practical for 

studying small subsets of phosphorylation sites.   

 

Mitochondria 

 Approximately two billion years ago, a primordial eukaryotic cell engulfed an 

energy producing aerobic protobacterium (Lane, 2005), thus beginning the process of 

evolution toward modern eukaryotic cells with their energy producing organelles, 

mitochondria. These 10 million billion mitochondria found in the human body produce 

over 90% of cellular ATP through the process of oxidative phosphorylation (OXPHOS). 

While mitochondria have changed drastically over the course of evolution, they still 

retain several unique characteristics, including their unmistakable double-membrane 

architecture, and their own genome (Friedman and Nunnari, 2014). A singe mammalian 

cell can contain hundreds of copies of mitochondrial DNA (mtDNA), which is a circular 

16.6 kilobase molecule encoding 13 essential subunits of the electron transport chain 

(ETC), two ribosomal RNAs, and 22 tRNAs necessary for translation of the 

mitochondrial proteins (Wallace, 2013). The remainder of the approximately 1300-

mitochondrial proteins are encoded from the nuclear genome, which is regulated 

independently of the mitochondrial genome (Pagliarini et al., 2008). This dual-genome 

paradigm is exceedingly rare amongst eukaryotic organelles, and must be regulated 

dynamically in order to adapt to the changing metabolic needs of the cell. 
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 The previous notion of mitochondria as small, independent, kidney bean-shaped 

factories has given way to the realization that not only do mitochondria have different 

tissue specificities throughout the body, but that they are a vast network that fuses, 

divides, and direct many essential cellular tasks (McBride et al., 2006; Nunnari and 

Suomalainen, 2012). Even the number of mitochondria can be vastly different in diverse 

cell types and organisms. There are approximately 1200 mitochondria in the average 

rat cell, while the giant amoeba Chaos chaos can have as many as 500 thousand 

mitochondria (Deng et al., 2002). Far more than simple energy generation, we now 

know that mitochondria are a central hub for many biosynthetic, catabolic, and 

metabolic pathways. Mitochondria play a role in the synthesis of lipids (Eaton, 2002), 

the maintenance of redox status, regulation of calcium levels (Rutter and Rizzuto, 2000), 

the production of reactive oxygen species (ROS), and the initiation of apoptosis (Green 

and Reed, 1998).   

 All mitochondria are contained with a double membrane structure that is 

separated by the inner membrane space (IMS). The outer membrane is semi-

permeable, and allows for the movement of small molecules of less than 10 kDa across 

the membrane. In contrast, the inner membrane is relatively impermeable which allows 

for the buildup of a membrane potential that mitochondria use to generate ATP through 

OXPHOS. Pyruvate and fatty acids generate acetyl-CoA, which is the first molecule in 

the TCA cycle, which catalyzes the formation of NADH and FADH2 as reducing 

equivalents. The four members of the electron transport chain (ETC) then oxidize 

NADH and FADH2 to generate the electrochemical gradient used to create ATP by the 

ATP synthase complex. One byproduct of this system is that when excess electrons 
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exist, they can be combined with molecular oxygen to produce superoxide (Chance et 

al., 1979), a reactive oxygen species (ROS). Metabolic control is extremely important, 

and in response to excessive amounts of ROS, mitochondria can initiate apoptosis by 

opening the permeability transition pore (Wallace, 2012). Mitochondrial dysfunction is 

linked to over 200 human diseases, including inborn errors of metabolism (Calvo and 

Mootha, 2010), type 2 diabets mellitus (Szendroedi et al., 2011), neurodegenerative 

diseases (Lin and Beal, 2006), cancer (Wallace, 2012), and mitochondrial function is 

also linked to the aging process (Mammucari and Rizzuto, 2010; Raffaello and Rizzuto, 

2010). 

  

Reversible Phosphorylation in Mitochondria and Relevance to Human Health 

 While interest in mitochondria began to wane after the mechanism of OXPHOS 

was elucidated by Peter Mitchell in the late 1960’s, the importance of mitochondria has 

seen a resurgence in the last 10 years as mitochondrial dysfunction is increasingly 

linked to disease states (Pagliarini and Rutter, 2013; Vafai and Mootha, 2012). 

Advances in research tools have also contributed to this resurgence, with quantitative 

mass spectrometry, systems biology, and powerful new microscopy techniques all 

providing distinct insights into the nature of mitochondrial biology. Indeed, we now 

know of over 150 distinct mitochondrial syndromes (Thorburn, 2004; Vafai and Mootha, 

2012), with OXPHOS disorders being the most prevalent, but the specific genetic 

cause for many of these disorders is still unknown (Skladal et al., 2003). Efforts have 

been made to uncover the genetic basis for many of these diseases including next-gen 

sequencing (Chakravarti et al., 2013), metabolic profiling (Newgard, 2012), and 
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mapping the mitochondrial proteome (Hung et al., 2014; Pagliarini et al., 2008; Rhee et 

al., 2013). Unfortunately there are no known cures, and little therapeutic intervention 

available for the vast majority of genetically inherited mitochondrial disorders.  

 In addition to primary genetic disorders, as mentioned above, there are a host of 

other common diseases that have been connected to mitochondrial dysfunction such 

as metabolic syndrome, heart failure (HF), and various cancers. Specific examples 

include the glutamine-dependent reductive carboxylation seen in certain cancer cells 

(Mullen et al., 2013), the aberrant mitochondrial beta-oxidation in many tissues of 

patients with insulin resistance and T2DM (Muoio and Neufer, 2012), and the shift in 

substrate utilization from fatty acids towards glucose oxidation in late stage HF 

(O’Rourke et al., 2011). Furthermore, mitochondrial dysfunction is also prevalent in 

obesity-related cardiac dysfunction (Sack, 2009) – although debate still continues over 

whether this is a cause or an effect of the disease (Chattopadhyay et al., 2011). If we 

hope to understand the progression of these diseases and to develop new treatments, 

we must understand more about the regulation of mitochondrial function.   

 Regulation of mitochondria by PTMs has been known for several decades, since 

phosphorylation was shown to regulate the PDC. More recently, advances in mass 

spectrometry have resulted in the discovery of hundreds of mitochondrial proteins that 

contain PTMs including malonylation (Park et al., 2013; Rardin et al., 2013), acetylation 

(Hebert et al., 2013a; Still et al., 2013; Wang et al., 2010), glutarylation (Tan et al., 2014), 

and phosphorylation (Grimsrud et al., 2012; Lee et al., 2007). The apparent 

pervasiveness of mitochondrial PTMs and the demonstration of their functionality has 

led us to hypothesize that mismanagement of these modifications is an important 
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underlying feature of mitochondrial pathophysiology.  

 Of particular interest is phosphorylation, where a large, negatively charged 

phosphoryl group can alter protein function by affecting protein interactions or by 

altering enzymatic activity. The major mediators of phosphorylation are the protein 

kinases and phosphatases. While there are several phosphatases that have been 

identified in the mitochondria, the number of kinases known to either reside or localize 

to this organelle is much smaller. Many classic cytosolic kinases such as Akt, PKC and 

PKA have been reported to affect phosphorylation within mitochondria as well as on 

the mitochondrial surface (Horbinski and Chu, 2005). A-kinase anchoring proteins 

(AKAPs) are known to localize to the outer mitochondrial membrane (Carlucci et al., 

2008), and an adenylyl cyclase and phosphodiesterase system has recently been 

described in the mitochondrial matrix (Acin-Perez et al., 2011; 2009). Using advanced 

quantitative techniques, we now know that hundreds of phosphorylation sites exist in 

the mitochondria, and that they are dynamic in response to different physiological 

conditions.  

 Mitochondrial dysfunction has also become increasingly linked to obesity, T2DM, 

metabolic syndrome and the various maladies that are associated with these diseases. 

Because regulation of proteins often involves PTMs, it is likely that the differences in 

phosphorylation seen in lean and obese mice can contribute to the etiology of disease 

progression. While the profiling of PTMs in mitochondria has become progressively 

more common, much is still not understood about how these transitory chemical marks 

serve to regulate protein function, or about the enzymes that add and remove them. 

Many areas in the field of mitochondrial PTMs remain unidentified and unexplored. By 
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using an integrated approach to test hypotheses, including mass spectrometry, 

systems biology, and biochemistry, new discoveries can be made that will further 

reveal the role of mitochondria in health and disease.  
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CHAPTER 2:  

A Quantitative Map of the Liver Mitochondrial Phosphoproteome Reveals 

Posttranslational Control of Ketogenesis  
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Summary 

 Mitochondria are dynamic organelles that play a central role in a diverse array of 

metabolic processes. Elucidating mitochondrial adaptations to changing metabolic 

demands and the pathogenic alterations that underlie metabolic disorders represent 

principal challenges in cell biology. Here, we performed multiplexed quantitative mass 

spectrometry-based proteomics to chart the remodeling of the mouse liver 

mitochondrial proteome and phosphoproteome during both acute and chronic 

physiological transformations. Our analyses reveal that reversible phosphorylation is 

widespread in mitochondria, and is a key mechanism for regulating ketogenesis during 

the onset of obesity and type 2 diabetes. Specifically, we have demonstrated that 

phosphorylation of a conserved serine on Hmgcs2 significantly enhances its catalytic 

activity in response to increased ketogenic demand. Collectively, our work describes 

the plasticity of this organelle at high resolution and provides a framework for 

investigating the roles of proteome restructuring and reversible phosphorylation in 

mitochondrial adaptation. 
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Introduction 

 Mitochondria are centers of metabolism and signaling whose function is essential 

to nearly all eukaryotic cells (Nunnari and Suomalainen, 2012). Mitochondrial 

dysfunction is associated with a spectrum of rare inborn errors of metabolism, and with 

an increasing number of common human diseases including Parkinson’s, Alzheimer’s, 

various cancers, metabolic syndrome, and type 2 diabetes (T2D) (Nunnari and 

Suomalainen, 2012; Szendroedi et al., 2012; Wallace, 2005). Recent large-scale efforts 

have helped to define the mammalian mitochondrial proteome and to reveal its 

variability across a range of tissues (Forner et al., 2006; Foster et al., 2006; Johnson et 

al., 2007; Pagliarini et al., 2008). Collectively, this work has advanced our 

understanding of basic mitochondrial biology and has catalyzed the discovery of 

multiple gene mutations underlying mitochondrial diseases (Calvo and Mootha, 2010). 

Nonetheless, important steps remain for achieving a systems-level understanding of 

this organelle and its contribution to disease pathophysiology. Among these are 

elucidating how this proteome is altered in conditions involving mitochondrial 

dysfunction and more comprehensively assessing the role of post-transcriptional and 

post-translational mechanisms in regulating mitochondrial protein activities. 

 Mounting evidence suggests that mitochondrial adaptation relies on a range of 

reversible post-translational modifications (PTMs). Already, focused efforts have linked 

the importance of these modifications to apoptosis, oxidative phosphorylation, the 

hypoxia response, and mitochondrial biogenesis (O'Rourke et al., 2011; Pagliarini and 

Dixon, 2006), and large-scale studies have revealed that much of the mitochondrial 

proteome possesses phosphorylated (Boja et al., 2009; Deng et al., 2010; Zhao et al., 
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2011) or acetylated (Choudhary et al., 2009; Kim et al., 2006; Zhao et al., 2010) 

residues. Nevertheless, our understanding of specific protein and PTM alterations that 

affect this organelle’s function across defined biological conditions remains in its 

infancy. This is principally due to the fact that large-scale investigations of 

mitochondrial PTMs often fail either to identify specific sites of modification or to 

produce quantitative data on how these sites change in abundance across contrasting 

biological states, making it difficult to spotlight bona fide regulatory sites from amongst 

a background of stable or adventitious modifications (Cui et al., 2010; Deng et al., 

2011; Gnad et al., 2010; Hopper et al., 2006; Lee et al., 2007; Reinders et al., 2007). 

 Here, we performed deep, multiplexed quantitative proteomics and site-specific 

phosphoproteomics of mouse liver mitochondria across a series of contrasting 

biological states (Figure 1A, 4A). First, we analyzed both lean (wild type) and obese 

(leptin deficient) mice at two different ages (4 weeks or 10 weeks), each from two 

common strains (C57BL/6J (B6) and BTBR). These analyses were primarily motivated 

by the suspected contribution of mitochondrial dysfunction to premature aging 

(Wojtovich et al., 2012), the onset of obesity and obesity-linked insulin resistance 

(Lowell and Shulman, 2005; Szendroedi et al., 2012), and by the sharp contrast in T2D 

susceptibility between these two strains (Stoehr et al., 2000). To achieve extensive 

coverage of proteins and phosphoproteins, and to quantify their fold-change values 

between conditions, we conducted five independent 8-way comparisons (40 mice 

total) using high resolution and high mass accuracy mass spectrometry (MS) with 

isobaric tagging (Lee et al., 2011; Phanstiel et al., 2011; Ross et al., 2004; Thompson et 

al., 2003). Using this same approach, we further analyzed the rapid mitochondrial 
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phosphoprotein changes that occur in wild type B6 mice during acute fasting and 

refeeding. Collectively, we identified 637 phosphosites — including more than 100 not 

previously reported — on 251 mitochondrial proteins, and revealed that a large 

proportion of these sites are dynamic and reversible during these acute and chronic 

transformations.  

 We leveraged this quantitative dataset to reveal that phosphorylation is an 

important mechanism for regulating ketone body production. We have demonstrated 

that Hmgcs2, which catalyzes the first committed step of ketogenesis in the 

mitochondrion (Reed et al., 1975), is phosphorylated on 10 separate residues. 

Phosphorylation of five of these sites change dynamically across our biological 

conditions (q<0.1), and at least one — phosphorylation of serine 456 — significantly 

enhances enzyme activity. We have further shown that phosphorylation of this site 

occurs in response to increased ketogenic demand both in cell culture and in our 

mouse models, whose serum β-hydroxybutyrate increase with obesity and the onset of 

T2D. Our protein and phosphorylation compendium, termed MitoMod, is freely 

available at mitomod.biochem.wisc.edu.  
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Results and Discussion 

Comparative Proteomic Analyses of Mouse Liver Mitochondria 

 The goal of our initial proteomic analyses was to establish a comprehensive and 

quantitative map of mitochondrial protein abundances and site-specific protein 

phosphorylation levels across the contrasting biological conditions of age, mouse 

strain, and obesity status. To do so, we performed these analyses in two phases. In the 

univariate phase, we analyzed liver mitochondria from four lean (wild type) and four 

obese (leptin-/-, ob/ob) 10 week-old B6 mice (Figure 1A). In addition to elucidating the 

mitochondrial alterations that accompany the onset of obesity, this initial phase 

enabled us to assess the breadth and depth at which our analysis platform could 

capture the mitochondrial proteome and phosphoproteome. In the multivariate phase, 

we analyzed 40 mice differing by three variables: age, strain, and obesity (Figure 1A). 

These animals included lean (wild type) and obese (ob/ob) mice from both diabetes-

susceptible (BTBR) and diabetes-resistant (B6) strains, each as either adolescents (4 

weeks of age) or adults (10 weeks of age). To profile all forty mice, we conducted five 

sets of biological replicates. This phase enabled us to identify mitochondrial alterations 

that correlate with a series of biological states. 

 For each phase, we purified mitochondria only to the extent required to achieve 

near comprehensive coverage of the liver MitoCarta protein list. MitoCarta is a tissue-

specific compendium of mitochondrial proteins that was complied using in-depth mass 

spectrometry-based proteomic analyses of highly purified mitochondria, machine 

learning, and GFP microscopy (Pagliarini et al., 2008). Here, simple mitochondrial 

enrichments were sufficient to achieve the desired coverage, allowing us to minimize 
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the sample-to-sample variation introduced by extensive purification procedures, and to 

maximize coverage of other co-purifying organelles. Our univariate phase identified 

3,447 unique proteins and 3,895 unique phosphoisoforms (site-specific 

phosphorylation patterns) from just over 1 million MS/MS scans. These include 693 of 

the 700 liver mitochondrial proteins noted above (Pagliarini et al., 2008), and 449 

mitochondrial phosphoisoforms. When the protein measurements were subjected to 

unsupervised hierarchical clustering, the mice grouped as expected according to their 

metabolic status (lean or obese), demonstrating our ability to accurately profile unique 

proteome signatures for contrasting metabolic states (Figure 1B). After correcting for 

multiple hypotheses, statistically significant differences (q<0.1) in abundance were 

observed for 1,014 proteins (325 mitochondrial, Figures 1H and S1B) and 720 

phosphoisoforms (102 mitochondrial, Figure 1H and S1D).  

 Our univariate measurements revealed extensive and reproducible remodeling of 

the liver mitochondrial proteome and phosphoproteome with obesity (Figure 1B-D, 

S1B-D). For example, pathway analysis of mitochondrial protein abundance alterations 

(Figures S1C) showed coordinate induction of fatty acid oxidation (Figure 1C) and 

oxidative phosphosphorylation (OxPhos) (Figure 1G) proteins, with repression of 

reactive oxygen species (ROS) detoxification enzymes (Figure S1C), consistent with 

known obesity-induced liver alterations (Buchner et al., 2011; Deng et al., 2010; Lan et 

al., 2003; Lazarin Mde et al., 2011; Takamura et al., 2008). Mitochondrial 

phosphorylation changes were prominent in a range of central metabolic pathways 

(see mitomod.biochem.wisc.edu and Tables S1A-E). For example, the three most 

statistically significant changes (q<0.002) in phosphorylation of MitoCarta proteins in 
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the univariate phase were found on enzymes involved in ketogenesis (Hmgcs2), 

lipogenesis (Gpam), and retinol metabolism (Dhrs4). These observations motivate 

mechanistic follow-up studies, as each of these pathways is key for proper liver 

function and is linked to hepatic changes caused by obesity (Berry et al., 2011; 

Kuhajda et al., 2011; Laffel, 1999). Although we focus on mitochondrial-specific 

changes, our data also reveal many significant alterations in protein and 

phosphorylation from the endoplasmic reticulum (ER) and peroxisomes — organelles 

with obesity-induced responses interconnected with mitochondrial dysfunction 

(Hotamisligil, 2010; Noland et al., 2007) (Tables S1A-E). The wealth of site-specific 

protein phosphorylation measurements (and corresponding protein abundance levels) 

in our large-scale dataset can help to generate new hypotheses regarding the role of 

post-translational regulation of metabolic enzymes during the development of obesity 

and obesity-linked insulin resistance. 

 Given the efficacy of our univariate phase at quantifying a wide range of obesity-

induced mitochondrial proteome/phosphoproteome alterations (Figures 1B-D, S1B-D), 

we proceeded to analyze 40 additional mice in our multivariate phase (Figure 1A). The 

experimental design of this phase enables us to identify proteomic and 

phosphoproteomic aspects that change as a function of specific variables including 

age, obesity status, mouse strain, and combinations thereof (see Figure S1A for a 

description of all comparisons). Here, we identified 3,684 unique proteins, including 

98% of the liver mitochondrial proteins previously identified by MS in the MitoCarta 

study (Pagliarini et al., 2008). Of the 5,948 unique phosphoisoforms identified, 508 are 

on mitochondrial proteins. Across all conditions assessed in these two analyses, we 
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have identified statistical significant changes (q<0.1) in 268 of these mitochondrial 

phosphoisoforms (on 136 proteins), as well as abundance alterations for 534 

mitochondrial proteins (mitomod.biochem.wisc.edu). Importantly, our analyses of a 

large number of biological replicates across two separate experiments demonstrate 

that our measurements are both accurate and reproducible (Figures 1B-E, Figure S1B-

G). 

 When we performed unsupervised hierarchical clustering of the MitoCarta-

specific protein abundance measurements for all eight conditions assessed, the mice 

grouped primarily by strain. Interestingly, the B6 mice displayed secondary grouping 

based on obesity status, while secondary groupings for BTBR mice were separated by 

diabetes status (Figure 1F).  Pathway analysis of our data reveals that the diabetic 10 

week-old BTBR mice, opposite their B6 counterparts, have repressed expression of 

glycolytic and TCA cycle enzymes (Figure S1H), congruent with the decreased glucose 

utilization and increased channeling of acetyl CoA into ketogenesis seen in fasting 

hyperglycemia (Berry et al., 1983; Lan et al., 2003). Similarly, while OxPhos proteins are 

induced with obesity in B6 mice, they are decreased in obese hyperglycemic BTBR 

mice (Figure 1G), perhaps partially explaining discrepancies in the reported effect of 

obesity on liver mitochondrial respiration in different mouse models (Buchner et al., 

2011; Holmstrom et al., 2012; Raffaella et al., 2008). Collectively, these analyses begin 

to capture the global plasticity of the mitochondrial proteome, and highlight individual 

proteins and pathways in this organelle that are key to cellular metabolic adaptation to 

multiple physiological states (Figure 1H).  
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A Quantitative Map of Mitochondrial Phosphoproteome Dynamics 

 Our analyses advance the notion that reversible phosphorylation is a key 

mechanism for regulating mitochondrial protein function. Our work expands the 

number of known mouse liver mitochondrial phosphosites by 123, while capturing 77% 

of those reported previously (Huttlin et al., 2010; Lee et al., 2007; Monetti et al., 2011; 

Villen et al., 2007). These phosphorylation events are pervasive within this organelle: at 

least one protein from each of the major mitochondrial metabolic pathways we 

investigated was phosphorylated, including those highlighted in Figure 2. Importantly, 

we are able to detect phosphorylation even on proteins of low expression (Figure S2), 

suggesting that we are approaching a comprehensive assessment of this modification 

in mitochondria. 

 Our analyses help to discern which proteins might be particularly important 

targets of phosphorylation. First, by organizing the mitochondrial proteome into 

pathways and complexes, it is clear that certain proteins have a disproportionately high 

number of phosphorylation sites, even when the corresponding proteins are each 

detected at comparable levels. Such proteins include Atp5a1 of OxPhos (Figure 2A) 

and Hmgcs2 of the ketogenesis pathway (Figure 2B), which each have at least three-

fold more phosphorylation sites than other members of their respective pathways. 

Second, by comparing our data with a recent muscle phosphoproteomic study (Zhao 

et al., 2011), we find a high degree of overlap in phosphorylation targets for certain 

pathways (e.g. 15 of our 27 phosphorylated OxPhos subunits, Figure 2A), suggesting 

that a common set of proteins are subject to phosphorylation in different tissues. Third, 

and most importantly, because our approach quantifies phosphorylation sites across a 
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range of conditions, we can identify those sites that change dynamically. We find that a 

large proportion (41%) of mitochondrial phosphorylation sites significantly and 

reproducibly change between at least one of our comparison groups (q<0.1). As 

illustrated in Figure 2A, residues on 14 of the 27 phosphorylated OxPhos subunits 

noted above are subject to dynamic phosphorylation (q<0.1), and thus represent 

potential regulatory sites (red dots in Figure 2A).   

 The design of our multivariate study enables us to associate specific protein and 

phosphorylation changes with particular physiological transitions. Of the 235 

mitochondrial phosphosites whose abundances significantly change in any of the 

comparisons in our multivariate dataset (q<0.1), 134 demonstrate associations with 

age, mouse strain, or onset of obesity, independent of other factors (Figure 3A, Table 

S1C). For example, phosphorylation of serine 162 on the mitochondrial ribosomal 

subunit Lactb increases specifically in an age-dependent manner in both strains, 

regardless of their obesity status (Figure 3B). It is tempting to speculate that the 

decreased phosphorylation of Lactb on S162 in 10 week-old mice could contribute to 

the increased susceptibility to obesity and insulin resistance seen in mice that 

overexpress this protein (Bains et al., 2004; Chen et al., 2008). Likewise, the 

phosphorylation levels of serine 55 on Acadl and threonine 46 on Slc25a5 were 

significantly altered in strain- and obesity-centric manners, respectively (Figure 3B). 

Acadl is an acyl-CoA dehydrogenase that catalyzes the first step in mitochondrial beta-

oxidation of long straight-chain fatty acids (Lea et al., 2000). We hypothesize that the 

increase in phosphorylation on s55 in BTBR mice promotes enhanced lipid oxidation, 

consistent with BTBR animals having resistance to the development of fatty liver in 
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obesity (Lan et al., 2003). Likewise, the obesity-induced decrease in phosphorylation of 

Slc25a5 (Ant2), the mitochondrial ATP/ADP translocase, could contribute to the 

alterations of liver mitochondrial respiratory efficiency found in mice with obesity-

induced insulin resistance (Buchner et al., 2011; Harper et al., 2008). Collectively, these 

examples of condition-specific changes in mitochondrial phosphorylation reveal how 

our data can be leveraged to generate hypotheses about how a given site affects 

protein function and to elucidate important mitochondrial processes that are altered in 

defined physiological states. 

  

Acute Mitochondrial Phosphorylation Changes During Fasting/Refeeding  

 Our multivariate analyses described above provide a map of the liver 

mitochondrial phosphoproteome, and describe how individual phosphosites are 

altered during gradual, long-term physiological changes. Next, to ensure that many of 

the phosphorylation events we detect represent bona fide reversible sites of 

modification, and to further refine our hypotheses about the function of individual 

phosphosites, we measured changes in the mitochondrial phosphoproteome during an 

acute fasting/refeeding experiment. Here, eight lean (wild type) B6 mice were fasted 

overnight (16 hrs), after which half of the animals were allowed to feed ad libitum for 

two hours (Figure 4A). Serum metabolite analyses revealed the expected refeeding 

responses:  insulin and glucose levels were elevated and β-hydroxybutyrate levels 

were diminished in refed versus fasted animals (Figure 4B).  

 Refeeding caused rapid changes to 88 MitoCarta phosphoisoforms (58 

decreasing and 30 increasing at q<0.1), with generally small or nonexistent underlying 
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changes to protein levels (Figure 4D).  The average magnitude of change for 

significantly altered MitoCarta phosphosites (q<0.1) was significantly greater than that 

of MitoCarta protein abundance changes (53% vs. 12%, respectively, p<0.01). Notably, 

these included the expected decreases in phosphorylation of pyruvate dehydrogenase 

E1α S232, S292 and S300 (Caterson et al., 1987) and branched chain ketoacid 

dehydrogenase E1 S338 (Lu et al., 2009) (Figure 4C). Likewise, expected changes to 

non-mitochondrial proteins were observed, including increased phosphorylation of 

glycogen synthase kinase 3 alpha S21 (Fang et al., 2000) and decreased 

phosphorylation of inositol 1,4,5-triphosphate receptor 1 S1588 (Wang et al., 2012), 

confirming the reliability of our experimental design (Figure 4C). We also observe 

dynamic phosphorylation on mitochondrial proteins from a wide range of pathways 

and processes, including oxidative phosphorylation (Atp5a1, Atp5j, Ndufv3, Cox4i1), 

the TCA cycle (Idh3g), fatty acid oxidation (Acaa1b, Acadvl, Hadha, Ehhadh), the urea 

cycle (Glud1, Slc25a13, Otc, Cps1), and hormone metabolism (Comt). These dynamic 

phosphosphorylation events could contribute to changes in the activities of these 

enzymes or flux through their corresponding pathways that have been implicated in 

fasting/starvation responses (Capeau, 2008; Griffiths et al., 1995; Ismahan and Parvez, 

1978; Verweij et al., 2012). Moreover, we observe reciprocal regulation of S694 

(decreasing) and S687 (increasing) on Gpam, the mitochondrial outer membrane 

enzyme that catalyzes the rate-limiting step in glycerolipid biosynthesis. Gpam 

phosphorylation (particularly S694) also showed significant differences with obesity in 

our univariate study and between strains in our multivariate study, which may 

contribute to the differences in susceptibility to obesity-induced hepatic steatosis that 
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we have previously reported in these mice (Lan et al., 2003), and to the profound 

changes in glycerolipid production known to occur during aging (Collison et al., 2005; 

Houtkooper et al., 2011). Last, these data suggest that mitochondrial pathways such 

as heme biosynthesis (Alas1), synthesis of mitochondrial-specific fatty acids (Mcat), 

and protein translation (Rg9mtd1, Mrpl1, Mrpl45, Mrps36) are subject to rapid, post-

translational regulation in response to refeeding (Figure 4D). Collectively, this analysis 

demonstrates that mitochondrial phosphorylation is indeed reversible and responsive 

to acute metabolic perturbations 

 

Kinase Activities Predicted via Phosphopeptide Data 

 Our observation that dynamic phosphorylation is widespread among 

mitochondrial proteins motivated us to investigate which kinases might be performing 

these modifications. To do so, we employed two phosphosite analyses. First, we 

directly searched our data for phosphorylation found on known kinase motifs, as 

defined in the Phosida database (Gnad et al., 2011). This analysis suggested that a 

wide variety of kinases might be active in this organelle: 13 different kinases were each 

associated with at least 20 MitoCarta phosphosites (Figure 5A). A caveat to this 

analysis, however, is that it does not take into account the frequency at which each 

motif appears in the proteome at the primary sequence level (regardless of 

phosphorylation status). A second caveat is that this analysis is biased toward 

established kinase motifs. Given these shortcomings, we also analyzed our data using 

the Motif-X algorithm (Schwartz and Gygi, 2005), which identifies amino acid residues 

overrepresented at specific positions around phosphorylation sites relative to all 
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phosphorylatable residues (taking into account the rate of motif occurrence). Motif-X 

analysis revealed four such amino acid sequences around MitoCarta phosphosites, 

including those that loosely match to the CK2 (sxxE) and PKA (Rxxs) consensus sites 

(Figure 5B). Together, these analyses suggest that PKA and CK2 are among the active 

kinases in mitochondria, consistent with recent phospho-motif analysis of muscle 

mitochondrial proteins (Zhao et al., 2011), and with reports of PKA phosphorylating 

complex IV subunits (Acin-Perez et al., 2011; Acin-Perez et al., 2009). Furthermore, 

across our entire multivariate dataset (mitochondrial and non-mitochondrial proteins), 

phosphorylation levels on proteins with putative PKA and CK2 motifs increase in an 

age- and obesity-dependent manner (p<0.05), suggesting that these kinases may be 

responsible for some of the increased mitochondrial phosphorylation seen during these 

transitions (Figure 5C; see Figure S3 and Tables S1A-E for all kinase activity 

predictions). 

 

Phosphorylation of serine 456 on Hmgcs2 promotes ketogenesis  

 The combination of our quantitative proteomics data and kinase activity 

predictions enabled us to predict which phosphorylation events might regulate specific 

mitochondrial proteins. Among the most highly phosphorylated proteins in our study 

was Hmgcs2, the enzyme that catalyzes the rate-limiting step in ketogenesis. We 

identified 10 phosphorylated residues on Hmgcs2 (Figure 2B), and phosphorylation 

abundance on five of these sites exhibited significant changes in at least one 

comparison (q<0.1). Two of these sites, S433 and S456, are conserved in the human 

ortholog (HMGCS2) and had phosphorylation patterns that changed between our 
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strains, which have differing susceptibility to T2D (Stoehr et al., 2000). This led us to 

hypothesize that phosphorylation of these sites might regulate enzyme activity and 

contribute to the elevated ketone body levels we observe in obese diabetic BTBR mice 

(Figure 6A). Due to a primary sequence difference between B6 and BTBR mice near the 

S433 phosphorylation site (Figure S4A), we were unable to directly measure the relative 

abundance of this site between strains using the iTRAQ system. However, spectral 

counts suggest that this site is only prominent in B6 animals (Figure S4A), where it 

exhibits a significant obesity-induced increase in 10 week-old mice (q<0.03 in both 

univariate and multivariate studies). Alternately, S456 exhibits an obesity-induced 

increase in both strains, with a more pronounced increase in BTBR mice (Figures 6B,C). 

As highlighted in Figure 6D, S456 on Hmgcs2 falls within consensus motifs for both 

protein kinase A (PKA) and caseine kinase 2 (CK2) — two of the kinases predicted to 

be active in our mitochondrial survey (Figures 5, S3) and that have previously been 

associated with mitochondrial regulation (Acin-Perez et al., 2011; Acin-Perez et al., 

2009; Rao et al., 2011; Schmidt et al., 2011; Zhao et al., 2011). 

 To evaluate the effect of these dynamic phosphorylation events on Hmgcs2 

enzymatic activity, we performed biochemical assays on a series of human HMGCS2 

variants. We mutated each phosphorylated residue to an acidic residue (aspartic acid 

or glutamic acid) to mimic phosphorylation (S433D, S456D/E) or to a non-

phosphorylatable residue (alanine or methionine) to mimic dephosphorylation (S433A, 

S456A/M). We immunoprecipitated these Flag-tagged variants, along with wild type 

and catalytically inactive (C166A) HMGCS2, from HEK293 cells, and tested the activity 

of each variant in an in vitro activity assay (Skaff and Miziorko, 2010). As seen in Figure 
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6E, the phosphomimetics for serine 456 each resulted in an approximate 50% increase 

in enzyme activity over wild type and the S456A variant. A third variant (S456M), which 

approximates the steric change of the phosphomimetics without conferring a negative 

charge, also had no increase in enzyme activity (Figure 6E). The S433 phosphomimetic, 

however, had no increase in activity (Figure 6F, S4B), suggesting that phosphorylation 

on this site has a role distinct from directly modifying Hmgcs2 enzymatic activity. This 

change in S456 mutants was consistent across multiple substrate concentrations 

(Figure 6F) and amounts of protein (Figure S4C).  

 Given the motifs present on S456 (Figure 6D), we tested the ability of recombinant 

PKA to activate enzyme activity by incubating it with wild type HMGCS2 and each of 

the above S456 variants before repeating the activity assays. As seen in Figure 7A, 

only wild type HMGCS2, which possesses a phosphorylatable serine 456, had its 

activity increased by PKA. MS analysis of the PKA-treated HMGCS2 verified that serine 

456 was indeed phosphorylated by this treatment (Figure 7B), and that the untreated 

enzyme had no detectible phosphorylation on this site. CK2 increased WT HMGCS2 

activity to an even greater extent (Figure 7A) than PKA, with this effect likewise 

abrogated by mutation of S456. Interestingly, this result is consistent with the human 

ortholog of HMGCS2 (Figure 7B) having a slightly weaker PKA consensus site around 

S456 than the mouse ortholog (Figure 6B), while maintaining a strong CK2 consensus 

sequence.  

 We next sought to determine if S456 phosphorylation is important for the 

activation of HMGCS2 in response to increased ketogenic demand. To do so, we 

immunoprecipitated WT and mutant HMGCS2 from HEK293 cells cultured in either 
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standard or ketogenic media, which increases ketone body production (Figure 7C) 

(Sengupta et al., 2010). WT HMGCS2 was approximately 2-fold more active when 

purified from cells grown in ketogenic media (p<0.001) (Figure 7D). This effect was 

ablated with mutation of S456 (Figure 7D), with neither the S456A or S456D mutants 

showing a change in activity between media conditions (note S456D activity was still 

greater than S456A activity, consistent with Figures 6E-F). Disruption of either the PKA 

(453A) or CK2 (458A) consensus sites also abrogated HMGCS2 activity in ketogenic 

media (Figure 7X), although variants missing proline 457 or other surrounding residues 

behaved similarly to wild type (Figure S7X). Moreover, WT HMGCS2 purified from 293 

cells grown in ketogenic media could not be further activated by in vitro 

phosphorylation with CK2, suggesting maximal phosphorylation occupancy of S456 in 

ketogenic conditions (Figure 7E).  

 As a final test of the importance of S456 phosphorylation on the activation of 

HMGCS2, we measured ketone body production from HEK 293 cells expressing 

HMGCS2 variants. In standard media, 293 cells produce miniscule amounts of β-

hydroxybutyrate (β-HB), in large part due to the nearly complete absence of HMGCS2 

expression (Figure S7X). However, expression of exogenous HMGCS2 results in 

significant β-HB production, which is further activated by ketogenic media (Figure S7C) 

(Sengupta et al., 2010). Here, we expressed wild type, 456A or 456D HMGCS2 in 293 

cells under both standard and ketogenic conditions and measured β-HB production 

after 72 hours. Consistent with our in vitro activity results (Figure 7D), mutation of S456 

significantly attenuated the fold-change increase in ketone body production following a 

switch to ketogenic media (Figure 7F). Also consistently, cells harboring the 456D 
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mutant had a greater ketogenic output than those with the 456A mutant. Interestingly, 

cells expressing wild type HMGCS2 had the greatest total β-HB production. This 

suggests that, in vivo, mutation of this site might affect other properties of HMGCS2, 

such as proper mitochondrial localization, interactions with other proteins, or its 

modification by other known PTMs (e.g., acetylation, succinylation, or 

palmitoylation)(Kostiuk et al., 2008; Quant et al., 1990; Shimazu et al., 2010). 

Nonetheless, the combination of our mass spectrometry analyses, in vitro enzyme 

activity measurements, and cellular β-HB assays strongly support a role for HMGCS2 

S456 phosphorylation in enhancing ketogenic output. 
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Conclusions 

 We have established a quantitative proteomic compendium that charts dynamic 

changes in mitochondria and mitochondria-associated organelles across a series of 

contrasting biological states. This resource, termed MitoMod (mitomod.wisc.edu), 

captures both protein and phosphoprotein alterations, and is further leveraged by our 

previous matched microarray data from the same tissue samples (Keller et al., 2008). 

These measurements enable the interrogation of post-transcriptional and post-

translational mechanisms important for mitochondrial adaptation. Additionally, our 

quantitative data highlights mitochondrial alterations that track with distinct mouse 

strains and with varying biological states, including the transition from adolescence to 

adulthood, the onset of obesity, or the development of T2D, and the response to acute 

fasting/refeeding.  

 Whereas the importance of phosphorylation has been appreciated for a handful of 

mitochondrial proteins for decades (Pagliarini and Dixon, 2006), more recent work 

enabled by advancements in phosphoproteomics technologies (Grimsrud et al., 2010b) 

have suggested a more pervasive role for this PTM (Boja et al., 2009; Deng et al., 2010; 

Gnad et al., 2010; Hopper et al., 2006; Lee et al., 2007; O'Rourke et al., 2011; Zhao et 

al., 2011). Here, our analyses across a range of physiological conditions with extensive 

biological replication using state-of-the-art quantitative proteomic strategies support 

this notion, as we have revealed that a large percentage of mitochondrial proteins 

possess bona fide dynamic phosphosites. We identified Hmgcs2, the enzyme that 

catalyzes the rate-limiting step in ketogenesis, as a key target for reversible 

phosphorylation. We have shown that phosphorylation of this enzyme on a conserved 
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serine significantly enhances its enzymatic activity. Furthermore, we have 

demonstrated that this phosphorylation event occurs in response to an increased 

demand for ketone body production, and is a likely contributor to the enhanced serum 

ketone body levels we observe in obese and diabetic mice. To the best of our 

knowledge, this is the first demonstration of a role for phosphorylation in regulating 

ketogenesis, an essential pathway for maintaining organismal metabolic homeostasis, 

especially when glucose levels are limiting. Together, our large-scale analyses and 

focused biochemistry results suggest that many, if not most, mitochondrial metabolic 

pathways may be subject to fine-tuning by reversible phosphorylation.  

 While our work provides a thorough assessment of mitochondrial phosphorylation, 

much remains to be learned about the nature and importance of this modification in 

regulating mitochondrial activities. Most notably, although our motif analyses have 

aided in identifying potential kinases responsible for our observed phosphorylation, 

definitive demonstration of kinases residing within — or translocating to — 

mitochondria has largely remained elusive (O'Rourke et al., 2011; Pagliarini and Dixon, 

2006). As such, with few exceptions, we do not yet understand when, where, and how 

mitochondrial proteins are phosphorylated. Second, as PTMs are typically involved in 

rapid modulation of protein function, it will be important to continue to profile how the 

mitochondrial phosphosites we have identified change in response to other acute 

stresses, such as hypoxia, temperature change, inflammatory cytokines, elevated 

reactive oxygen species levels, and various dietary changes. Moving forward, we aim 

to address these outstanding issues, as well as to explore the interrelationship of 

phosphorylation with other prominent PTMs, including acetylation, methylation, and 
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glycosylation. In doing so, we aim to elucidate the signaling networks that act to 

manipulate mitochondrial function, and to identify specific signaling molecules that can 

be targeted therapeutically to help remedy mitochondrial dysfunction in metabolic 

disease. 
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Experimental Procedures 

Animal models 

 Breeding, sacrificing, and tissue harvesting of mice from our in-house colonies at 

the University of Wisconsin Biochemistry Department was described previously, for 

both the univariate (Zhao et al., 2009) and multivariate (Keller et al., 2008) phases of 

this study. Briefly, all mice were male, bred and housed in an environmentally 

controlled facility on a 12-h light/dark cycle (6 am–6 pm, respectively). Mice were 

provided free access to water at all times and to a standard rodent chow (Purina no. 

5008) ab libitum, except during a fasting period (8 am–noon) in order to obtain plasma 

at 4 or 10 weeks of age, after which they were sacrificed by decapitation. Liver tissue 

was dissected, flash frozen with liquid N2, and stored at -80°C until use. For a final 

study, lean (wild type) B6 mice were fasted overnight (16 hrs), after which half of the 

animals were allowed to feed ad libitum for two hours prior to sacrifice.  For the 

fasting/refeeding study, fresh liver tissue was used.  All procedures were approved by 

the University of Wisconsin Animal Care and Use Committee. Serum ketone bodies 

were determined using an Autokit Total Ketone Bodies assay (Wako).  

 

Proteomics sample preparation 

 Tissue sections from each liver were used for mitochondrial enrichment, using 

previous methods modified for phosphoproteomics by the addition of phosphatase 

inhibitors (Pagliarini et al., 2008), as well mRNA profiling as described (Keller et al., 

2008). Pelleted proteins (0.5 mg/sample) were digested using previous methods 

(Grimsrud et al., 2010a), with slight modifications such as the sequential use of LysC 
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and trypsin to ensure robust digestion of all samples. Peptides for each preparation 

were labeled with a unique 8-plex iTRAQ reagent and the samples were mixed in 

batches of eight. Peptides were separated by strong cation exchange chromatography 

(SCX), and after aliquots were removed for unmodified peptide quantitation, 

immobilized metal affinity chromatography (IMAC) was performed on each fraction to 

enrich for phosphopeptides as described (Phanstiel et al., 2011).  

 

Large-scale tandem MS data collection and analysis 

 Nano-LC-MS/MS analysis was performed on an ETD-enabled LTQ Orbitrap Velos 

(Thermo Fisher Scientific). All fractions were subjected to data-dependent analysis 

using instrument methods developed previously for improved quantitation accuracy 

with isobaric tags, relying on either post-acquisition filtering (Phanstiel et al., 2011) or 

real-time filtering (Wenger et al., 2011a) of precursors, for the univariate and 

multivariate phases of our study, respectively. At least two runs using all HCD (Olsen et 

al., 2007) fragmentation were performed for each sample. An additional run using 

back-to-back ETD (Syka et al., 2004) and HCD on each precursor was performed on 

each phosphopeptide fraction. For the fed/fasted study, peptide and phosphopeptide 

fractions were subjected to two runs:  one run used all HCD fragmentation (applying 

post-acquisition filtering of precursors) and one run used HCD fragmentation along 

with our recently developed QuantMode method, which applies precursor filtering 

during data collection through gas phase purification of peptides prior to dissociation 

(Wenger et al., 2011a). Tandem MS data was searched with OMSAA (Geer et al., 2004) 

against a concatenated target-decoy UniProt database consisting of mouse proteins 
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(Elias and Gygi, 2007). Our custom software COMPASS (Wenger et al., 2011b) was 

then utilized to filter the resulting peptide identifications to 1% FDR, normalize iTRAQ 

reporter ion intensities for all peptide spectral matches (PSMs) across each replicate 

separately, group peptides from all replicates to common parsimonious protein groups 

at 1% FDR, localize phosphorylation sites to specific residues at 95% probability, and 

sum the reporter ion intensities of all PSMs for all unique proteins and protein 

phosphorylation sites identified in individual replicates.  

 

Proteomics statistical analysis 

 Microsoft Access and Excel were utilized for statistical analysis of protein and 

site-specific phosphorylation measurements. We evaluated the significance of a given 

protein, phosphoisoform, or normalized phosphoisoform change by computing p-

values, assuming a log-normal distribution for measurement error. A total of 39 such 

comparisons were made for each measurement; three of these comparisons were Age, 

Strain, and Obesity. Each comparison was made without adjustment for other factors 

or comparisons. We corrected for multiple hypothesis testing by computing a false 

discovery rate (FDR, q-value) where we assumed two populations (changing and 

unchanging) and that the unchanging population had p-values which are uniformly 

distributed from 0 to 1 (Figures S2A). FDR (q-values) were calculated separately for 

each measurement type (e.g. Protein). For more details on significance testing, see 

Supplemental Experimental Procedures. All protein and phosphoprotein measurements, 

as well as motif and kinase activity predictions are listed in Tables S1A-E (see Figure 

S1 for descriptions of all comparisons).  
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MitoMod database development 

 All of the proteomic/phosphoproteomic data generated from this study were 

utilized to develop an interactive website, called MitoMod, that is freely available at 

mitomod.biochem.wisc.edu. Here, users can browse the data or search for information 

on specific proteins of interest in a gene-centric (gene symbol) or protein-centric 

(UniProt Accession) fashion. For each measurement, users can select comparisons of 

interest between the physiological conditions assessed to reveal relevant graphs, 

quantitative values, and statistical analysis. The entire analyzed dataset, as well as the 

raw MS data (Thermo .raw files) and a table of all our iTRAQ tag-mouse pairings can 

also be downloaded for independent analysis. 

 

Biochemical assessment of HMGCS2 regulation 

 HEK293 cells were cultured in DMEM supplemented with 10% FBS and 

antibiotics (50 µg/ml Penicillin and 50 units/ml Streptomycin). All expression constructs 

were derived from pcDNA3.1 (Invitrogen) as described previously (Shimazu et al., 2010). 

Site-directed mutagenesis to create HMGCS2 variants was performed using standard 

PCR-based cloning techniques and all constructs were verified by DNA sequencing. 

Transfections were performed at ~70% confluence and cells were lysed and protein 

subjected to immunoblotting with HRP-conjugated anti-Flag antibody to assess 

expression. For ketogenic media (KM) experiments (Sengupta et al., 2010), cells were 

grown in KM (DMEM without the addition of FBS, and supplemented with 2mM sodium 

octanoate) from 24-72 hours after transfection, samples of media were reserved at 

each time point, and ketone bodies were measured. Flag-tagged HMGCS2 was 
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purified and its activity assessed as described previously (Shimazu et al., 2010; Skaff 

and Miziorko, 2010). See Supplemental Experimental Procedures for further details. 
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Tables and Figures 

Figure 1: Large-scale measurement of liver mitochondrial protein abundance and 

phosphorylation in mouse models of obesity and type 2 diabetes.  

 A) We performed our initial analyses in two phases as depicted on the left: a 

univariate (obesity) experiment of B6 mice at 10 weeks of age (8 mice, 2 conditions), 

and a multi-variable experiment (40 mice, all 8 conditions depicted). Our proteomics 

workflow is illustrated on the right: Livers were dissected, enriched for mitochondria, 

and used for high resolution quantitative proteomic/phosphoproteomic analyses with 

8-plex iTRAQ. The iTRAQ reporter ions observed during tandem MS provide relative 

quantification of the identified proteins and phosphorylation sites. B) Unsupervised 

hierarchical clustering of 4 lean (L) and 4 obese (O) mice based on all measureable 

proteins from the univariate experiment. Values are mean protein abundance, relative 

to the average of all eight mice, on a log2 scale from <-1 to >1 (values ranged from -3.2 

to 1.8). C) Abundance of individual fatty acid oxidation proteins in lean (light grey) and 

obese (dark grey) mice from the univariate experiment.  Values are in the same units as 

in panel B, error bars indicate SD, and asterisks indicate a statistically significant 

difference between lean and obese mice (q<0.1).  D) Volcano plot of fold 

phosphorylation change (normalized to protein abundance change) vs. -log (p value) 

for each normalized phosphosite measurement for mitochondrial (red) and non-

mitochondrial (grey) proteins from the univariate experiment. E) Abundance fold-

change (obese/lean) for all proteins with significant obesity-dependent alterations 

(q<0.1) in B6 mice at 10 weeks, with the multivariate experiment on the x-axis and the 

univariate experiment on the y-axis. The percent of measurements in discordance 
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between the two studies (light grey dots) is indicated. F) Unsupervised hierarchical 

clustering of each condition from the multivariate experiment based on mitochondrial 

proteins quantified in all five replicates.  Values are mean protein abundance for each 

condition, relative to all eight conditions, on a log2 scale from <-1 to >1 (values ranged 

from -1.14 to 1.07). G) Abundance fold changes for individual oxidative 

phosphorylation proteins (each represented by a circle, separated to Oxphos complex) 

measured in the univariate experiment (obese/lean values are shown in light grey) and 

the multivariate experiment (obese 10-week B6 mice relative to all other animals shown 

in black, obese 10-week BTBR mice relative to all others animals shown in red). H) 

Numbers indicate all protein and phosphorylation identifications (IDs) at 1% FDR, 

quantified with iTRAQ reporter ions in at least one comparison (Quant), and 

significantly changing between any condition that was measured (∆) at q<0.1 for both 

the univariate and multivariate experiments. Results are shown for both mitochondrial 

proteins (MitoCarta) and all proteins identified (Total). See also Figure S1. 
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Figure 1: 
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Figure 2: Phosphorylation assessment across the mitochondrial proteome.  

 A-D) Identification of phosphorylation sites within key mitochondrial pathways: A) 

oxidative phosphorylation (OxPhos) B) ketone body production C) the TCA cycle D) 

fatty acid oxidation. Phosphorylation sites exhibiting significant changes (q<0.1) are in 

red; sites that are not changing significantly are in grey; and sites identified, but not 

quantified are represented as white circles. See also Figure S3. 
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Figure 2: 
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Figure 3: Multivariate proteomic dataset utilized to identify changes in 

mitochondrial protein phosphorylation amongst specific physiological conditions.  

 A) Heat map showing unsupervised hierarchical clustering of all quantified 

mitochondrial phosphoisoforms across each single-variable comparison; strain (S), age 

(A) and obesity (O). Values are fold changes between all mice differing by the indicated 

variable, on a log2 scale from <-1 to >1 (actual values ranged from -2.7 to 2.2). B) The 

top shows 8-plex iTRAQ-based quantification of phosphorylation of Acadl serine 55, 

Lactb serine 162, and Slc25a5 threonine 46 is shown for each condition (with error 

bars representing SD from all 5 replicates quantified) relative to the average of all eight 

conditions. The bottom shows the same data analyzed with relative abundance 

reflecting the fold-change between all 40 mice of the multivariate experiment separated 

by one variable at a time (eg., strain analysis represents all 20 B6 mice vs. all 20 BTBR 

mice). The colored bars correspond to the comparisons with the average of the 

datapoints highlighted in black on the top panel as the numerator and the white 

datapoints as the denominator. Asterisk indicates statistical significance at q<0.1. See 

also Figure S2. 
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Figure 4: Acute phosphorylation changes across the mitochondrial proteome 

upon fasting and re-feeding.   

 A) Eight lean (wild type) B6 mice were fasted overnight (16 hrs), after which half of 

the animals were allowed to feed ad libitum for two hours.  Liver mitochondria were 

subjected to the same large-scale 8-plex proteomic/phosphoproteomics workflow as 

described in Figure 1. B) Glucose, insulin, and beta-hydroxybuturate were measured 

from serum samples taken immediately after sacrifice.  C) Quantification of 

phosphorylation changes on previously characterized regulatory phosphosites are 

expressed as fold change on a log2 scale (refed/fasted).  Asterisks indicate statistical 

significance (q<0.1).  D) All mitochondrial proteins (MitoCarta) identified are ranked on 

the x-axis by protein abundance fold change (and then by alphabetical order of their 

representative gene symbol). Each protein measurement is represented by a single 

black dot. Relative quantitation for all quantified mitochondrial phosphoisoforms (each 

represented by a single red dot) are plotted at the same position on the x-axis as is 

their corresponding protein abundance measurement.  Selected phosphosites of note 

are indicated.  The few phosphosites for which the corresponding protein was not 

quantified were assigned a protein fold change of “0” for graphical purposes, putting 

them towards the middle of the ranking. 
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Figure 5: Protein phosphorylation measurements reveal potential kinase-

substrate relationships. 

 A) Selected kinases and known substrate consensus sequences from the Phosida 

database are indicated, with X indicating any amino acid and red lower-case letters 

indicating the phosphorylated residues. The number of MS/MS-identified mitochondrial 

phosphorylation sites and phosphoproteins (MitoCarta) that satisfy the consensus 

sequence requirements for each kinase are listed. B) Motif-X logo indicating amino 

acid sequence motifs overrepresented around phosphorylation sites identified 

specifically on MitoCarta proteins.  The red letters at position “0” indicate the 

phosphorylated residue and the probability of an amino acids being present within 17 

residues to each side are represented by the height of the respective single-letter 

symbol.  Residues that are “fixed” in the motif (or are always present) span the entire 

height of the logo and are shown in black (non-fixed residues are in grey).  C) Relative 

changes in kinase activity were predicted by averaging phosphosite quantitation for all 

substrates (mitochondrial and non-mitochondrial) phosphorylated on PKA (left) or CK2 

(right) consensus sites.  Values are expressed as fold change on a log2 scale between 

10 week and 4 week mice (10 week/4 week) in both the lean (light grey bars) and obese 

(black bars) conditions (asterisk indicates statistical significance at P<0.05).  See also 

Figure S4. 
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Figure 6: Identification of serine 456 on Hmgcs2 as a candidate regulatory PTM.  

 A) β-hydroxybutyrate levels were measured in serum from lean and obese B6 and 

BTBR mice at 10 weeks of age. Bars indicate SEM, and asterisks (*) indicate 

significance at p<0.01.  B) Single scan MS2 spectrum and manual validation identifying 

phosphorylation of serine 456 (S456) on mouse Hmgcs2. The inset shows iTRAQ 

reporter ions providing relative quantitation of S456 phosphorylation in lean (L) and 

obese (O) mice from the univerate study. C) Relative phosphorylation levels on Hmgcs2 

S456 in the multivariate experiment. Datapoints indicate fold change on a log2 scale, 

relative to the average of all eight conditions, with error bars indicating the SD of all 

replicates quantified. Note, conditions highlighted in black are the same as those 

assessed in panel A.  D) Schematic of Hmgcs2 primary sequence highlighting identified 

phosphorylated residues, including the PKA and CK2 consensus site at S456. E) 

Activity of flag-tagged wild type (WT), S456D, S456E, S456A, S456M, 433A, 433D, 

343T, and C166A (catalytically dead) HMGCS2 and GFP control, at a single substrate 

concentration (1000 μM Ac-CoA). Activity is expressed as a percent of WT and error 

bars indicate SD of triplicate analyses. F) Enzyme activity kinetic curve at multiple 

substrate concentrations for flag-tagged wild type (WT), S456A, S456D, and C166A 

(catalytically dead) HMGCS2. Error bars indicate SD.  Kinetic parameters for selected 

Hmgcs2 variants are shown at the right.  See also Figure S5 
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Figure 7: Phosphorylation of serine 456 on Hmgcs2 increases enzyme activity and 

is induced during ketogenesis. 

 A) Percent increase in Hmgcs2 activity after the addition of either PKA (left) or 

CK2 (right), error bars indicate SEM. B) Mass spectrum (average of 25 MS2 scans) 

identifying phosphorylation of S456 on human HMGCS2 after the in vitro kinase 

reaction with PKA seen in panel A. C) β-hydroxybutyrate levels were measured in 

culture medium from HEK293 cells transfected with WT or C166A Hmgcs2, and 

subsequently cultured for 72 hours in either standard or ketogenic media. Bars indicate 

SD and asterisks (*) indicate significance at p<0.001. D) Hmgcs2 enzyme activity at a 

single substrate concentration (1000 μM Ac-CoA) after immuoprecipitation from 

HEK293 cells in either standard or ketogenic media for 72 hours. Values are normalized 

to WT in standard media, error bars indicate SEM and asterisks (*) indicate significance 

at p<0.001. E) Enzyme activity kinetic curve at multiple substrate concentrations for 

flag-tagged WT HMGCS2 immuoprecitiated from HEK293 cells cultured for 72 hours in 

either standard or ketogenic media, and subsequently subjected to in vitro 

phosphorylation with CK2. Error bars indicate SD.  Kinetic parameters are shown in the 

inset. F)  Activity assay of HMGCS2 kinase recognition site mutants.  G) β-

hydroxybutyrate levels in HEK293 cells transfected with S456A or S456D mutant 

HMGCS2 over a timecourse of culturing in ketogeic media. See also Figure S5. 
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Supplemental Experimental Procedures 

Chemicals and Supplies 

8-plex iTRAQ Reagents were purchased from Applied Biosystems (Carlsbad, CA). 

Protease (Complete mini EDTA-free) and phosphatase (PhosSTOP) inhibitor cocktail 

tablets were purchased from Roche (Mannheim, Germany). The BCA Protein Assay Kit 

was purchased from Pierce Biotechnology (Rockford, IL). Trypsin Gold, Protein Kinase 

A, and Caseine Kinase 2, were purchased from Promega (Madison, WI). Lysyl 

Endopeptidase (LysC) and Autokit Total Ketone Bodies were purchased from Wako 

Chemicals (Richmond, VA). Sep-Pak tC18 and C18 cartridges were purchased from 

Waters (Milford, MA). A Poly SULFOETHYL A column (200 x 9.4 mm, 5 mm, 200 Å) was 

purchased from PolyLC (Columbia, MD). Ni-NTA Magnetic Agarose Beads and Single-

Tube Magnet were purchased from Qiagen (Valencia, CA). C18 resin (5 μm pore size) 

was purchased from Alltech (Deerfield, IL). Inline MicroFilters and MicroTight column 

unions, fittings, and sleeves were purchased from Upchurch Scientific (Oak Harbor, 

WA). Fused-silica capillary tubing was purchased from Polymicro Technologies 

(Phoenix, AZ). LITHISIL lithium silicate was purchased from PQ Corporation (Valley 

Forge, PA). Formic acid and trifluoroacetic acid ampoules were purchased from 

Thermo Scientific (Rockford, IL). Gibco Dulbecco’s Modified Eagle Medium (DMEM), 

Fetal Bovine Serum (FBS), Phosphate Buffered Saline (PBS), Trypsin-EDTA, and 

Penicillin-Streptomycin were purchased from Life Technologies (Carlsbad, CA). Anti-

FLAG M2 beads and FLAG peptide were purchased from Sigma. Mouse monoclonal 

anti-FLAG (HRP-linked) and anti-β-actin antibodies were purchased from sigma and 

anti-mouse IgG secondary antibody (HRP-linked) was purchased from Cell Signaling. 
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All other chemicals were purchased from Sigma-Aldrich (St. Louis, MO). 

 

Mitochondrial Enrichment 

 Crude mitochondrial enrichment was performed using previously described 

methods (Pagliarini et al., 2008), modified for phosphoproteomics, with all steps carried 

out at 4°C. Frozen (-80°C) liver sections (~150 mg wet tissue weight) were placed into a 

Potter-Elvehjem glass/Teflon homogenizer along with 8 mL of MSHE Buffer (220 mM 

Mannitol, 70mM sucrose, 5mM HEPES, pH 7.41mM EGTA, 1x protease inhibitor tablet, 

and 1x phosphatase inhibitor tablet) supplemented with 0.5% BSA. The tissue was 

homogenized with 4 homogenizer strokes at 1000 rpm, and the resulting homogenate 

was decanted into a new tube. The homogenizer was rinsed with an additional 2 mL 

MSHE (supplemented with 0.5% BSA), which was added to the homogenate. The 

sample was centrifuged at 800 x g for 10 min in a bench-top conical centrifuge. The 

small amount of lipid that formed at the top of supernatant was carefully aspirated. The 

supernatant, containing the mitochondria, was gently drawn off with a pipet-aid and 

transferred to an ultra-clear 12 mL centrifuge tube. The samples were centrifuged at 

8000 x g for 10 min, and the resulting supernatant and any loose material was 

aspirated and discarded, leaving a dark brown pellet with a light brown halo around the 

center. An additional 1mL of MSHE Buffer (supplemented with 0.5% BSA) was added 

to the pellet, which was disrupted by washing it from the side of the tube until 

homogenous using as few pipetting strokes as possible. Crude mitochondria were 

transferred to a 1.5 mL microfuge tube and centrifuged at 8,000 x g for 10 min in 

bench-top centrifuge. The supernatant was aspirated and discarded. The pellet was re-
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suspended in MSHE (without BSA) and centrifuged at 8,000 x g for 10 min in bench-

top centrifuge. The supernatant was aspirated and discarded, and the mitochondrial 

pellet was flash frozen in liquid N2 and stored at -80°C until ready for use. 

 

Protein Digestion and iTRAQ Labeling of Peptides 

 Proteins were digested using modifications to previously described methods 

(Grimsrud et al., 2010). Crude mitochondrial pellets were re-suspended in 350 μl 

Resuspension Buffer (8M urea, 40 mM Tris, pH 8.0, 30 mM NaCl, 1mM Na 

orthovanadate, 6 mM Na pyrophosphate, 2 mM MgCl2, 1 mM CaCl2, 1X protease 

inhibitor tablet, 1x phosphatase inhibitor tablet). Following mild heating at 37°C for 1 

hour with intermittent incubation in a sonicating water bath in three 10 minute intervals, 

protein concentration was determined using the BCA assay. After DTT was added to a 

final concentration of 2 mM, the samples were vortexed and incubated at 37°C for 30 

minutes to reduce disulfides. Samples were cooled to room temperature, 

iodoacetimide was added to a final concentration of 7 mM, and the samples were 

vortexed and incubated at room temperature in the dark for 30 minutes to alkylate 

cysteines. Additional DTT was added to a final concentration of 7 mM to quench the 

unreacted iodoacetimide. For each sample, 500 μg of protein was aliquoted to a new 

tube and enough Resuspension Buffer was added to bring the samples up to equal 

volumes. After addition of 5 μg LysC to each sample, the samples were vortexed and 

incubated at 37°C for 4 hours. After the urea concentration was subsequently diluted 

to 1.5M by the addition of 50 mM Tris, pH 8.0, 1mM CaCl2, 5μg trypsin was added, 

and the samples were vortexed and incubated overnight at 37°C. Enough 10% TFA 
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was added (final concentration ~1%) to acidify the sample, and the peptides were 

desalted by solid phase extraction (SPE) using 50 mg tC18 Sep-Pak cartridges 

(Waters). Samples were dried in a speed vac, and labeled with 8-plex iTRAQ reagents. 

For all replicates, each sample was reconstituted in 20 μl dissolution buffer and 14 μl 

water, and mixed with the contents of one vial of a unique 8-plex iTRAQ reagents (tags 

113 through 119, and 121), which had been previously dissolved in 50 μl isopropanol 

(see mitomod.biochem.wisc.edu for all iTRAQ tag-mouse pairings). The samples were 

incubated for 1 hour at room temperature, vortexing briefly every 15 minutes. For each 

replicate, 2μl of all eight samples was removed, combined, and subjected to a small-

scale (no peptide pre-fractionation or phosphopeptide enrichment) LC-MS/MS test—

utilizing beam-type collisional activation dissociation in the ion injection pathway 

(iHCD) of a modified linear ion trap (LTQ, Thermo Scientific) mass spectrometer 

(McAlister et al., 2011)—to test for complete iTRAQ labeling and equal sample mixing. 

The individual iTRAQ-labeled peptide samples were stored at -80°C until further use. 

 

Peptide Fractionation and Phosphopeptide Enrichment 

 After confirming complete iTRAQ labeling, peptide samples were mixed in equal 

ratios (adjusting for any deviation from 1:1:1:1:1:1:1:1 in the small scale test mixture 

assessment described above) for each replicate separately, dried in a speed vac, and 

subjected to strong cation exchange (SCX) chromatography as described previously 

(Swaney et al., 2009), with slight modifications. Samples were re-suspended in 400 μl 

SCX Buffer A (5 mM KH2PO4, 30% acetonitrile, pH 2.65) and enough diluted 

phosphoric acid was added (~40 μl) to bring the pH below 3. Samples were injected on 
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a polysulfoethylaspartamide column (9.4 x 200 mm; PolyLC) and a surveyor LC 

quaternary pump (Thermo Scientific) was operated at a flow rate of 3.0 ml/min. 

Typically, 6 SCX fractions were collected over 36 minutes using the following gradient: 

0-1 min, 100% SCX Buffer A; 0-2.5 min, 0-10% SCX Buffer B (5 mM KH2PO4, 30% 

acetonitrile, 350 mM KCl, pH 2.65); 2.5-17.5 min, 10-60% SCX Buffer B, 17.5-20.5 min, 

60-100% Buffer B. Buffer B was held at 100% for 3.5 minutes. The column was 

washed for 4 min with SCX Buffer C (50 mM KH2PO4, 500 mM KCl, pH 7.5) followed 

by 2.5 min with water, prior to re-equilibration with SCX Buffer A. For one technical 

replicate of the univariate study (Figure 1A), however, 16 fractions were collected over 

a longer gradient, as used previously for whole cell analysis (Swaney et al., 2009). After 

it was determined that decreasing the number of fractions and shortening the gradient 

for a second technical replicate of the univariate study did not decrease the number of 

MitoCarta protein identifications, 6 SCX fractions and the above gradient were utilized 

for all of the biological replicates for the multivariate and fasting/refeeding studies. 

Fractions were frozen at -80°C, lyophilized, desalted by SPE, and dried in a speed vac. 

 Each desalted SCX fraction was re-suspended in 1 ml 80% acetonitrile/0.1% TFA. 

For each sample, 5% (50 μl) was removed, dried in a speed vac, and saved at -80°C 

for quantification of non-phosphopeptides. The remaining 95% (950 μl) of each fraction 

was subjected to immobilized metal affinity chromatography (IMAC) with magnetic 

beads (Qiagen) to enrich for phosphopeptides, as described previously (Phanstiel et al., 

2011). Following three washes with water, the beads were incubated in 40 mM EDTA, 

pH 8.0 for 30 minutes while shaking, and subsequently washed with water again three 

times. The beads were then incubated with 100 mM FeCl3 for 30 minutes while 
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shaking, and were washed once with a 1:1:1 solution of acetonitrile/methanol, 0.1% 

acetic acid and three times with 80% acetonitrile/0.1% TFA. Samples were added to 

the beads and were incubated for 30 minutes while shaking, and subsequently washed 

four times with 1 ml 80% acetonitrile/0.1% TFA and eluted for 1 minute by vortexing in 

100 μl of 1:1 acetonitrile:0.7% NH4OH in water. Eluted phosphopeptides were acidified 

immediately with 5% formic acid and dried in a speed vac. 

 

Nano-LC-MS/MS 

 High mass accuracy tandem MS was utilized for isobaric tag-based quantitative 

proteomics using our previously described methods (Lee et al., 2011; Phanstiel et al., 

2011), with slight modifications. All samples were reconstituted in 20ul 0.2% formic 

acid.  Precolumns (75 μm inner diameter x 5 cm) and analytical columns (50 μm inner 

diameter x 15 cm) were made in-house with C18 particles (Alltech), as described 

previously (Ficarro et al., 2009). For each Nano-LC-MS/MS run, a nanoACQUITY UPLC 

system (Waters Corporation) was used to load 4.5 μl of sample onto a precolumn for 

concentrating and desalting for 10 min at a flow rate of 1 μl per minute. Peptides were 

subsequently separated over an analytical column at a flow rate of 300 nL/min using 

gradients of varied amounts of LC Buffer A (0.2% formic acid) and LC Buffer B (100% 

acetonitrile, 0.2% formic acid). Phosphopeptide fractions were separated over the 

following gradient: 0-1 minute, hold at 1% acetonitrile; 1-115 minutes, 1–30% 

acetonitrile; 115-120 minutes, 30-80% acetonitrile; 120-125 minutes, isocratic elution 

at 80%. For non-phosphopeptide fractions, the following gradient was used: 0-1 

minutes, 1–5% acetonitrile; 1-160 minutes, 5-25% acetonitrile; 160-180 minutes, 25-
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35% acetonitrile; 180-185 minutes, isocratic elution at 80% acetonitrile.  

 Eluted peptides were subjected to electrospray ionization (Fenn et al., 1989) and 

online infusion into an ETD-enabled LTQ Velos Orbitrap mass spectrometer (Thermo 

Fisher Scientific). MS1 survey scans of peptide cations were performed in the orbitrap 

at 30,000 or 60,000 resolution, precursors were selected for fragmentation using a 3.0 

Th isolation window, and orbitrap MS/MS interrogation was performed at 7,500 

resolution. At least two runs were performed for each sample where the top ten most 

abundant ions of charge state 2 or greater from each MS1 scan were selected for 

fragmentation with HCD (45 normalized collision energy). An additional run using back-

to-back ETD (35 normalized collision energy, 70 ms activation time) and HCD on the 

top five most abundant precursors of charge state 3 or greater was performed on each 

phosphopeptide fraction. Dynamic exclusion was enabled for 60 s, with a max 

exclusion list of 500 with an exclusion width of 0.55 Th below and 2.55 Th above the 

selected average mass. MS/MS was always performed in the LTQ. Tune methods had 

AGC target settings of 1x106 for FTMS1, 5x104 for FTMSN, and 4x105 for ETD reagent 

ions, and max inject times of 200 ms for FTMS1, 200 ms for FT MSN, and 100ms for 

ETD. For all runs from the multivariate study, real-time precursor purity filtering (RTF) 

was performed on the fly during precursor selection by modification of the instrument 

control method as described previously (Wenger et al., 2011a). Using RTF, precursors 

were only selected for fragmentation if they had interfering ions present below a 

threshold of 0.25 times the precursor’s intensity within an m/z window of 3.6 Th. For 

the univariate study, post-acquisition filtering (PAF) was applied to remove quantitation 

for MS2 spectra with this same level of interference (0.25) observed in their 
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corresponding MS1 spectrum, as described previously (Phanstiel et al., 2011). For the 

fasting/refeeding study, peptide and phosphopeptide fractions from each of 6 SCX 

fractions were subjected to two runs: one run used all HCD fragmentation (35 

normalized collision energy) (applying PAF as described above, dynamic exclusion of 

10 ppm around selected isotopes, MS1 AGC of 1x105, and max inject time of 100 ms) 

and one run used HCD fragmentation (40 normalized collision energy) along with our 

recently developed instrument control method, QuantMode, which increases 

quantitative accuracy and dynamic range for isobaric-labeled samples through gas 

phase purification of peptides prior to dissociation (Wenger et al., 2011a). SF6 reagent 

ions were used to perform the proton transfer reaction required to purify precursors. 

MS2 AGC and max inject times were set to 2x106 and 200 ms respectively. 

 

Sequence Identification and Protein/Phosphoprotein Quantitation 

 The Coon OMSSA Proteomics Software Suite (COMPASS) was utilized to analyze 

tandem MS spectra as described previously (Wenger et al., 2011b). Merged .dta text 

files consisting of MS2 peak lists were extracted from Thermo .raw files were 

generated using the COMPASS module DTA Generator. Remaining precursors were 

removed from all spectra and ETD preprocessing was performed for ETD spectra, 

which increases database search identifications (Good et al., 2009). The Open Mass 

Spectrometry Search Algorithm (OMSSA) (Geer et al., 2004) was used to search peak 

lists against a concatenated target-decoy database (Elias and Gygi, 2007) consisting of 

mouse proteins are their nonsense reverse complements. The Mus musculus complete 

proteome set, consisting of reviewed (UniProtKB/Swiss-Prot) and unreviewed 
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(UniProtKB/TrEMBL) protein sequences from UniProt 

(www.uniprot.org/taxonomy/10090) was utilized as the target protein database, which 

contained 48,070 entries at the time of download (8/3/11). The decoy entries for 

concatenated target-decoy database were prepared with Database Maker by reversing 

the protein sequences for all UniProt entries. All database searches included a 

precursor mass tolerance setting of ±4.5 Da and monoisotopic mass tolerance of 

±0.01 Da for fragment ions, and allowed for up to 3 missed cleavages with trypsin. 

Fixed modifications included carbamidomethylation of cysteines and 8-plex iTRAQ (as 

a user modification) on the N-terminus and lysines. Standard variable modifications 

included oxidation of methionines and 8-plex iTRAQ on tryosines. For phosphopeptide 

runs specifically, additional variable modifications included phosphorylation with 

neutral loss on serine and threonine residues and intact phosphorylation on tyrosine 

residues for HCD spectra, and intact phosphorylation on serine, threonine, and tyrosine 

for ETD spectra. For each replicate, identifications from non-phosphopeptide and 

phosphopeptide runs were separately filtered to an estimated 1% false discovery rate 

(FDR) at the unique peptide level with FDR Optimizer. The COMPASS module 

TagQuant was utilized to assign quantitative values to all peptide spectral matches 

(PSMs) using iTRAQ reporter ion intensities, apply isotope purity corrections, and 

normalize quantitation for all PSMs across each replicate individually (with data from 

corresponding phosphopeptide runs and non-phosphopeptide runs normalized 

together) as a loading control. Protein Hoarder was used to group peptides (from all 

replicates together) to parsimonious protein groups at 1% FDR at the unique protein 

level (using only peptides unique to each protein group for protein-level scoring), and 



 85 

sum the reporter ion intensities of all PSMs (with interference below 0.25, as described 

above) for a given unique protein within each replicate individually. Phosphopeptides 

and peptides shared between protein groups were excluded from protein quantitation 

calculations. Phosphinator was utilized to localize phosphoryl groups to specific 

residues at 95% probability (Ascore = 13) (Beausoleil et al., 2006)for all 

phosphopeptides identified at 1% peptide level FDR and sum reporter ion intensities of 

all localized phosphopeptides identifying a given phosphoisoform (pattern of co-

detected localized phosphorylation sites) within each replicate individually (Phanstiel et 

al., 2011).  

 

Statistical Comparisons of Proteomic Measurements 

 We converted the .csv files from Protein Hoarder and Phosphinator to a tab-

delimited format and reduced the protein descriptions to UniProt protein names. An in-

house program written in Microsoft Access, called COMPASS Reader, processed the 

data in an automated fashion. The processing is stored in Access tables and then 

converted to Excel workbooks for ease of use. COMPASS Reader utilized the following 

workflow: 

 1) Import– Import to normalized database structure. All data is imported into a set 

of tables. This transformation includes, for example, the separation of data values 

(measurements) from metadata (e.g. names of proteins).  

 2) Value Transformation– Truncated Log Transform. Individual values are 

converted into a form that approximates a normal distribution overall. In our case we 

needed to discard all measurements less than 212 and take the log (base 2) of the 
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remaining measurements. 

 3) Value Normalization– Removal of Block Effect. For each measurement-replicate 

we compute the average across all measured samples and reduce the condition-

measurement-replicate by the mean. Note that this step is only relevant for display of 

the measurements for all eight physiological conditions; the various comparisons 

between sets of conditions automatically remove this block effect. 

 4) Reduce technical replicates– Average measurements from the same mouse. 

This reduces the two technical replicates of the univariate experiment to a single 

collection of 8 mice, but has no effect on the multivariate experiment. 

 5) Score Protein Significance– t-test. For each measurement-comparison (see 

below for list of comparisons), compute a p-value for the null hypothesis that the In-

Group has the same (normal) distribution as the Out-Group. We assume the same 

variance for this test. 

 6) Multiple Hypothesis Testing– FDR Calculation. For each measurement_type-

comparison we count the number of measurement comparisons that have a p-value 

greater than 0.5. We use this as an estimate of half of the True Negative cases (TN) (i.e. 

measurements that do not change between the two groups of the comparison). We 

assume that the p-values of unchanging measurement-comparisons are uniformly 

distributed between 0 and 1 (Figure S1E); this means that the expected number of false 

positives with p-values less than x is equal to x times TN. Thus, we can count the 

number of estimated positives (Pos(x)) who have p-values less than x. This gives us an 

estimate of the FDR as: FDR(x) = x * TN / Pos(x). Finally we force our FDR estimate to 

be non-decreasing ( x<y implies that FDR(x)<FDR(y) ). Note that this method produces 
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both an estimate of the number of true positives (i.e. measurements that are changing 

between two collections of conditions) and an FDR that is usually less than 100% for 

p=1.0. This FDR calculation was applied to protein, phosphoisoform, and normalized 

phosphoisoform measurements (but not motif or kinase activity predictions due to the 

smaller number of measurements). 

 7) Relevance Filter– q-value cutoff. Select an arbitrary cut-off for the FDR. Note 

that a q-value (FDR) is an estimate of the probability that the alternate hypothesis is 

incorrect, which is a different type of object from the traditional p-value. While p<0.05 

is a traditional cutoff in much of biology (which, in principle, means that 5% of 

conclusions based on random noise are considered real), the cutoff for a q-value 

should be evaluated based on the researcher’s tolerance of an incorrect answer; we 

have chosen to highlight changes at q<0.1 in this manuscript, which assumes that 

10% of the changes deemed significant are wrong, which is a common cutoff used in 

transcriptomics (Zheng et al., 2010). However, other researches can utilize either more 

or less conservative q-value thresholds when utilizing our data.  

 

Description of Proteomic Comparisons 

 We produced two types of comparisons: conditional and restricted. The 

conditional comparisons compare a subset of the conditions with the remainder of the 

conditions. Examples:  

 •BTBR: Compares BTBR mice with B6 mice. This is the strain comparison. 

 •BTBR_O: Compares BTBR/obese mice with all others (all B6 mice and all lean 

mice) 
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 •BTBR_O_10: Compares BTBR/obese/10 week mice with all other mice. This 

comparison is also called Diabetes since it is the only condition where the diabetic 

phenotype exhibits. 

 We performed 8 single-condition comparisons (corresponding to the eight unique 

conditions), 3 two-condition comparisons (BTBR_O, BTBR_10, O_10), and 3 four-

condition comparisons (BTBR, Obese, and 10 weeks), for a total 14 comparisons. For 

emphasis, the diabetic state is represented twice (as stated above), once as 

BTBR_O_10 and once as Diabetes, bringing the nominal number of comparisons to 15. 

We refer to single-condition comparisons as the “1v7 comparisons” (Table S2) and the 

rest as the “Factor comparisons” (Table S3). The rest of the comparisons, the 

“restricted comparisons”, compare differences for a single factor (e.g. obesity) for a 

restricted set. Examples: 

 •Obesity-BTBR: Compares all obese/BTBR mice with all lean/BTBR mice 

 •Obesity-B6_04: Compares all B6_O_04 mice with all B6_L_04 mice 

There are 3 factors to compare (Obesity (obese vs lean), Strain (BTBR vs B6), and 

Age (10 weeks vs 4 weeks)). For each factor, there are 4 single-factor restrictions and 4 

double-factor restrictions, for a total of 24 comparisons. Thus, the total number of 

comparisons is 38, with 1 duplicate labeling of the same comparison (BTBR_O_10, a 

1v7 comparison, is the same as Diabetes, a factor comparison). These comparisons 

are separated into four Microsoft Excel files (Tables S2-5, see Figure S1A for a visual 

key of comparisons and in which files they are found). 

  We also created a file referred to as Conditional Stats (Table S1). This includes 

mean, variance, standard deviation, and count of all measurement-conditions. 
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Conditional Stats is related to the 1v7 comparison but still contains unique information, 

as it does not compare information across the conditions (beyond the data 

normalization, which forces the mean of all conditions to be zero). The log2 mean 

presented in Conditional Stats and the log2 fold-change presented in 1v7 differ by 

1/7th, since the 1v7 subtracts the mean for 7 conditions from the mean of 1 condition 

(which will be of opposite sign) whereas the Conditional Stats only uses the mean. The 

Conditional Stats file is ideal for obtaining values for graphical representation of each 

measurement (with standard deviations), where the comparison files (Tables S2-5) 

should be utilized for evaluating magnitude and statistical significance of changes 

between conditions. This file also includes information about sequence coverage and 

spectral counts for estimating absolute abundance rank, and phosphopeptide 

sequences used for identifying phosphorylation sites on UniProt proteins. 

 

Kinase-Substrate Predictions 

 Motifs were calculated using Motif-X v1.2 (Schwartz and Gygi, 2005), using a 

motif width of 35, a minimum occurrence threshold of 20, and a significance threshold 

of 0.000001. Motif analysis was run separately for analysis of serine, threonine, and 

tyrosine phosphorylation. For analysis of phosphorylation motifs present in our entire 

dataset, all localized phosphopeptides were utilized as the input with the IPI mouse 

proteome as the background. For analysis of mitochondrial-specific phosphorylation 

motifs, only localized phosphopeptides mapping to MitoCarta proteins were utilized as 

the input and sequences from the mouse MitoCarta list at 

http://www.broadinstitute.org/ftp/distribution/metabolic/papers/Pagliarini/Mouse.MitoC
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arta.fasta (Pagliarini et al., 2008) were uploaded as the background. Kinase 

preferences were taken from the PHOSIDA database at 

http://141.61.102.18/phosida/help/motifs.aspx (Gnad et al., 2011). 

 

HMGCS2 Purification 

 Cells were lysed on ice in IP buffer (PBS with 0.5% NP-40) supplemented with 

protease (Complete, Roche) and phosphatase (PhosSTOP, Roche) inhibitor cocktail 

tablets added just before use. Cells were sonicated at 20% output for 15 seconds and 

spun at 8,000 x g to clarify the lysate. FLAG-tagged proteins were immunoprecipitated 

using anti-FLAG M2 beads (Sigma) overnight at 4°C and washed five times with 10mL 

of IP buffer. For HMGCS2 activity assays, immunoprecipitated HMGCS2-FLAG 

proteins were eluted with 0.25mg/mL FLAG peptide (Sigma), concentrated using a 

centrifugal filter unit with 10kDa pore size (Millipore) and buffer exchanged with PBS / 

15% glycerol / 0.1mM DTT as described previously (Shimazu et al., 2010). 

 

Synthesis and Extraction of Acetyl-Coenzyme A 

 Acetyl Coenzyme A was synthesized as previously described (Parthasarathy et al., 

2011; Stadtman, 1957), with slight modifications. Acetic anhydride and 0.5 M sodium 

bicarbonate were cooled on ice, and the free Coenzyme A was dissolved into the 

sodium bicarbonate in a round-bottom flask. The reaction flask was cooled on ice, and 

acetonitrile was added to 10% (v/v). Acetic anhydride was then added in a 1.5:1 molar 

ratio to the Coenzyme A and the reaction was allowed to proceed for 15 minutes on ice. 

After spotting the reaction onto Whatman paper, reaction completion was monitored 
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by staining with nitroprusside and observing a color change after addition of 

methanolic sodium hydroxide. After a 15 minute reaction in a round bottom flask, the 

solution was acidified to a pH of ~ 2 with 6N HCl and frozen in liquid N2 before 

lyophilizing overnight. To isolate acetyl Coenzyme A from the reaction, C18 Sep-Pak 

columns (Waters) were pre-washed with methanol and equilibrated with 0.1% TFA. The 

acetyl Coenzyme A reaction solid was removed from the lyophilizer, placed 

immediately on ice, and subsequently dissolved in 0.1% TFA. The AcCoA solution was 

then loaded onto the Sep-Pak column and washed with 0.1% TFA. After washing, 

acetyl Coenzyme A was eluted using into 3 asymmetric fractions using 4 mL of 0.1% 

TFA/CAN (1:1). Fraction 1 contained 0.5 mL and was discarded, fraction 2 contained 2 

mL and was reserved, and fraction 3 contained 1.5 mL and was also discarded. 

Fraction 2 was then frozen in liquid N2, lyophilized overnight, and the weight of the 

subsequent Acetyl-CoA was used to calculate reaction yield.  

 

HMCSC2 Activity Assay 

 HMGCS2 enzymatic activity was measured as described previously (Shimazu et 

al., 2010; Skaff and Miziorko, 2010). Briefly, activity was measured by monitoring the 

formation of HMG-CoA by Ac-CoA and AcAc-CoA, as measured by DTNB detection of 

CoASH (Skaff and Miziorko, 2010). Ac-CoA was synthesized based on previously 

described methods (Parthasarathy et al., 2011; Stadtman, 1957). Assay mixtures 

contained 10 µM AcAc-CoA and 0-2000uM Ac-CoA. Standard assay conditions used 1 

µg of FLAG-HMGCS2 protein. Absorbance at 412 nm was recorded and data reflecting 

linear rates was collected for all enzymes. Using non-linear regression (Prism), data 
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was fitted to the Michaelis-Menten equation to determine Km and Vmax for each 

mutant. A unit of enzyme activity is defined as the amount of enzyme required to 

convert 1 µmol of substrate into product in one minute.  

 

In vitro Kinase Assay 

 Purified HMGCS2 protein (1-2 µg) was incubated with or without 5U of cAMP 

dependent protein kinase catalytic subunit (PKA, Promega) or 2U of Casein Kinase 2 

(CK2, Promega). Incubation was performed in kinase reaction buffer (BSA, Tris, ATP) 

for 30min at 30°C. After incubation, enzyme activity was assayed as described above 

using 750 uM of Acetyl CoA as a substrate. 

 

Ketone Body Measurements 

 Ketone body levels were measured following the manufacturers protocol using 

the Autokit Total Ketone Bodies assay (Wako). Briefly, known standards of β-

hydroxybutyrate and unknown sample were loaded onto a 96-well plate (Fisher). After 

incubation with R1 buffer containing Thio-NAD for 5 min at RT, R2 buffer was added to 

the samples and the production of Thio-NADH was monitored at 405 nm for 15 min 

using a BioTek Synergy 2 microplate reader. The rate of the reaction at different KB 

concentrations was used to create a standard curve and calculate the concentration of 

ketone bodies in the experimental samples. 

 

Quantitative RT-PCR 

 RNA was isolated from HEK293 or AML12 cells using an RNeasy kit (Qiagen) 
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according to manufacturer’s instructions. Exon-spanning primers were designed for 

human HMGCS2 (accession# NM_005518) and GAPDH or murine Hmgcs2 

(accession# NM_008256) and Gapdh to detect expression in 293 and AML12 cells, 

respectively. Primer sequences used are: human HMGCS2 (fwd: 5’ 

TCCCTTTACCTCTCCACTCAC 3’, rev: 5’ CCATAAGAGAAGGCACCAATCC 3’), human 

GAPDH (fwd: 5’ TTCGCTCTCTGCTCCTCCTGTT 3’, rev: 5’ 

GCCCAATACGACCAAATCCGTTGA 3’), mouse Hmgcs2 (fwd: 5’ 

CATCGAGGGCATAGATACCAC 3’, rev: 5’ CACTCGGGTAGACTGCAATG 3’), and 

mouse Gapdh (fwd: 5’ GCCTTCCGTGTTCCTACC 3’, rev: 5’ 

CCTCAGTGTAGCCCAAGATG 3’). RT-PCR was performed using Power SYBR Green 

PCR Master Mix (Invitrogen) and data was collected on an ABI-7500 Fast Real Time 

PCR System (Applied Biosystems). The comparative CT method was used to calculate 

relative Hmgcs2 or HMGCS2 expression levels.  
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Supplemental Tables 

Tables S1-5: All protein and phosphoisoform quantitation for the univariate and 

multivariate experiments 

Related to Figure 1 

 Measured species include protein abundance, phosphoisoform abundance (both 

with and without normalization to protein levels), phosphorylation motif abundance 

(both with and without normalization of underlying phosphoisoforms to protein levels), 

and predicted kinase activities (both with and without normalization of underlying 

phosphoisoforms to protein levels). Each file contains two tabs– the first tab contains a 

description and the second tab contains the data (note, Table S1 contains a third tab 

with information on all identified phosphopeptides). See Figure S1A for a visual 

depiction of comparisons made in each of the following files: 

 

Table S1: Conditional Stats  

 Microsoft Excel file including condition-specific statistics for each 

proteomic/phosphoproteomic measurement (including phosphorylation motif and 

kinase activity predictions), such as mean (both log2 and geometric, relative to all eight 

conditions), standard deviation, and the number of replicate measurements (second 

tab). Also includes sequence coverage for each protein, and peptide spectral counts 

(PSMs), localized phosphopeptide sequences, and matching kinase preferences and 

motifs for all phosphoisoforms (note this information is only listed in Table S1 for 

brevity, but applies to the corresponding phosphoisoforms in Tables S2-5 as well).  

Also includes information on spectral quality for every localized and non-localized 
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phosphopeptide identified at 1%FDR (note, only localized phosphopeptides were used 

for the analysis throughout this manuscript, but non-localized phosphopeptides can 

still provide valuable information regarding phosphorylation on proteins of interest, 

albeit without the assignment of the exact residue that is modified on the identified 

peptide at 95% probability). 

 

Table S2: 1vs7 

 Microsoft Excel file including proteomic/phosphoproteomic comparisons 

(including phosphorylation motif and kinase activity predictions) between each 

physiological condition and the other seven, one at a time for all eight conditions. 

 

Table S3: Factors 

 Microsoft Excel file including combinations of proteomic/phosphoproteomic 

comparisons (including phosphorylation motif and kinase activity predictions) between 

sets of physiological conditions linked by a common factor and all other conditions. 

 

Table S4: 2vs2 

 Microsoft Excel file including combinations of proteomic/phosphoproteomic 

comparisons (including phosphorylation motif and kinase activity predictions) between 

a pair of two physiological conditions and another pair separated by a single variable. 

 

Table S5: 1vs1 

 Microsoft Excel file including combinations of proteomic/phosphoproteomic 
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comparisons (including phosphorylation motif and kinase activity predictions) between 

one physiological condition and another separated by a single variable. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 100 

Supplemental Figures 

Figure S1: Data analysis for the univariate and multivariate studies 

Related to Figure 1 

 A) Visual key depicting all mouse sample comparisons contained in Tables S1-5. 

For relative fold-change comparisons made for each proteomic/phosphoproteomic 

measurement, the cells in the grid below the header of metabolic conditions indicate 

which samples were used for calculating the numerator (highlighted in black) or 

denominator (highlighted in white). Samples highlighted in grey were not utilized for the 

given comparison. The names of the Supplementary Tables (Tables S1-5) containing 

the statistical analysis for each comparison are indicated (red highlighting). B) Volcano 

plot of fold protein abundance change (obese/lean) vs. -log (p value) for each 

mitochondrial (red) and non-mitochondrial (grey) protein measured (univariate). C) 

Mitochondrial proteins rank ordered (x-axis) and graphed by fold change (y-axis). 

Analysis of significant changes (q<0.1) for mitochondrial proteins in panel B revealed 

modifications in the indicated mitochondrial pathways (increasing shown in red, 

decreasing shown in blue). D) Volcano plot of non-normalized protein phosphorylation 

changes, as in panel B for protein changes (univariate). E) Distribution of p-values (from 

0 to 0.1) based on the number of replicate measurements comparing lean and obese 

10 week-old B6 mice (multivariate), for both proteins (top) and phosphoisoforms 

(bottom). Lines connect the average probability densities (% of measurements falling 

into each bin) of p-values (100 bins of width 0.01), with the inset showing the entire 

range of p-values (from 0 to 1.0). The red line at a probability density of 1% indicates 

the distribution of theoretically random p-values. F) Abundance fold-change 
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(obese/lean) for all phosphoisoforms with significant obesity-dependent alterations 

(q<0.1) between 10 week-old lean and obese B6 mice in both experiments (multivariate 

on the x-axis and univariate on the y-axis). The percent of measurements in 

discordance between the two studies (light grey circles) is indicated. G) Abundance 

fold changes for individual glycolytic and TCA cycle proteins (see Table S2) in the 

univariate experiment (obese/lean in light grey) and the multivariate experiment (obese 

10-week B6 relative to all other conditions in black, obese 10-week BTBR relative to all 

other conditions in red). 
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Figure S1: 
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Figure S2: Phosphorylation of mitochondrial proteins across various expression 

levels  

Related to Figure 2 

 All mitochondrial proteins (MitoCarta) are binned based on the number of 

phosphorylation sites detected (0, 1, 2-4, 5+). Distributions of sequence coverage, as a 

proxy for absolute abundance rank, are indicated by color (top). The percent 

distribution of sequence coverage is plotted against the number of phosphorylation 

sites (bottom). 
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Figure S2: 
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Figure S3. Phosphorylation motif analysis 

Related to Figure 5 

 A) All kinases and known substrate consensus sequences from the PHOSIDA 

database are indicated, with X indicating any amino acid and a red lower-case letter 

indicating the phosphorylated residue. The number of mitochondrial (MitoCarta) and 

total (MitoCarta and non-MitoCarta) phosphorylation sites and phosphoproteins 

identified by MS/MS are listed that satisfy the consensus sequence requirements for 

each kinase. B) All motifs identified by Motif-X analysis of our entire phosphoproteomic 

dataset (group by the polarity of fixed residues) and those specific to MitoCarta 

proteins. 
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Figure S3: 

 

 

 

 



 107 

Figure S3 Continued: 
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Figure S4: Additional information for screening candidate regulatory 

phosphosites on HMGCS2 

Related to Figure 6 

 A) Upon sequencing the Hmgcs2 gene in B6 and BTBR mice, we confirmed that 

the BTBR strain harbor a coding SNP that causes a proline-to-threonine amino acid 

substitution at position 434 (codon change CCC to ACC). When the database used for 

searching the tandem MS spectra (from all mice in the multivariate study) is kept as the 

default UniProt sequence (left) or is manually altered to change Hmgcs2 residue 434 

from P to T (right), the iTRAQ-based quantification of the non-phosphorylated peptide 

sequence spanning residues 433 and 434 is in agreement with strain difference in 

residue 434. While the different peptide sequences appear to have relatively equal 

abundance as estimated by spectral counts (64 vs. 62 PSMs for the non-

phosphorylated sequences), the iTRAQ reporter intensity changes demonstrate how a 

coding SNP effects isobaric tag-based quantification of peptides spanning the effected 

residue. As such, although phosphorylation of serine 433 is unambiguously present in 

both mouse strains (21 PSMs in the context of the B6 sequence and 2 PSMs in the 

context of the BTBR sequence in the multivariate study), the relative abundances of 

this site cannot be measured using the iTRAQ system. We provide this as a cautionary 

reminder that such variants need to be considered in proteomic analyses seeking to 

compare organisms of different genetic backgrounds. B) Kinetic curve showing activity 

of wild type (WT), S433A, S433D, and S166A (catalytically dead) HMGCS2 at multiple 

concentrations of substrate. C) Enzyme activity at multiple concentrations of protein for 

FLAG-tagged wild type (WT), S456A, S456D, and C166A (catalytically dead) HMGCS2.  



 109 

Figure S4: 
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Figure S5: Expression of exogenous and lack of expression of endogenous 

HMGCS2 in HEK293 cells  

Related to Figure 7  

 A) β-hydroxybutyrate (β-HB) levels were measured in culture medium from 

HEK293 cells transfected with WT or C166A HMGCS2, and subsequently cultured for 

72 hours in either standard or ketogenic media. B) Immunoblot of the indicated FLAG-

tagged Hmgcs2 variants (anti-FLAG antibody) and actin loading control (anti-β-actin 

antibody) in HEK293 cells transfected with pcDNA3.1 and cultured for 72 hours in 

either standard or ketogenic media (1 μg of protein from whole-cell extracted was 

loaded for each sample). C) RT-PCR analysis of endogenous HMGCS2 expression 

levels in positive control AML12 (mouse liver cell line) and HEK293 (derived from 

human embryonic kidney) cells used for the experiments in Figure 7. Values are 

expressed as mRNA levels (relative to control GAPDH) x 10,000.  Error bars indicate 

SD and asterisks (*) indicate significance at p<0.05 
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Figure S5: 
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Graphical Abstract 
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CHAPTER 3:  

Identification and Characterization of Proteins Regulating Mitochondrial 

Phosphorylation 

 

 

 

 

 

 

Contributions: 

This chapter is subdivided into three parts. Part one includes identifying kinases 

that may reside in the mitochondria using activity based proteomics. The author carried 

out these experiments with assistance by Paul Grimsrud and direction by Dave 

Pagliarini. The second part involves identifying changing phosphorylation sites in 

isolated mitochondria using calcium treatment as a stimulating agent. The author 

carried out these experiments with direction by Dave Pagliarini. Finally, part three 

contains experiments identifying the targets of a mitochondrial phosphatase and 

characterizing the function of one phosphosite. The author carried out these 

experiments in conjunction with Natalie Niemi and Xiao Guo and with direction from 

Dave Pagliarini.  
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Summary 

 Mitochondria are dynamic organelles that need to be able to adapt to changing 

cellular conditions. Here, we used activity based protein profiling to identify kinases 

that are enriched in mitochondria, as well as kinases that are differentially enriched in 

the mitochondria of obese mice. We show that phosphorylation sites in isolated 

mitochondria can be rapidly modulated by acute (10min) treatment with calcium as a 

stimulus. Additionally, we report on the change in oxygen consumption rates in 

isolated mitochondria in response to treatment with calcium, and show that calcium 

uptake is also dependent on electron transport. Finally, we performed multiplexed 

quantitative mass spectrometry to identify the targets of the mitochondrial 

phosphatase PTC7. Using yeast deletion strains, we identify over 50 putative 

phosphorylation sites that are unique to a deletion of PTC7. Furthermore, we 

demonstrate that phosphorylation of a conserved serine on Hem15, the final step in 

heme biosynthesis, decreases enzyme activity. Collectively, this work suggests kinases 

that may localize to the mitochondria, and shows that phosphorylation in mitochondria 

is rapidly modulated and important for the response to oxidative stress.  
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Introduction 

 Mitochondria, long thought to be simply the site of energy generation in 

eukaryotic cells, have enjoyed a contemporary resurgence in interest as our 

understanding of this ancient organelle has become more complete.  While the basic 

biochemical equations of the enzymes within mitochondria were deduced decades ago, 

more recent technological advances have expanded the boundaries of the field. We 

now know mitochondria to be a vast intracellular network that fuses, divides, and is 

host to a startling array of functions vital to both cellular life and death. As key centers 

of metabolism and signaling, mitochondrial dysfunction has become associated with a 

wide range of common diseases, including many inborn errors of metabolism, 

neurodegeneration, the aging process, cancer, and type 2 diabetes (Newgard and 

Sharpless, 2013; Szendroedi et al., 2011; Wallace, 2005). Although linked to 

mitochondria, the specific molecular basis for these diseases has not been extensively 

studied or, in some cases, is still entirely unknown.  

Initial studies of the mitochondrial proteome revealed significant variability in 

mitochondria (Forner et al., 2006; Pagliarini et al., 2008), and has lead to the discovery 

of several gene mutations underlying specific mitochondrial disorders (Calvo and 

Mootha, 2010). Recent large-scale efforts have helped to define both the mitochondrial 

proteome as well as the myriad of post-translational modifications that decorate 

mitochondrial proteins (Grimsrud et al., 2012; Wang et al., 2010). Phosphorylation of 

mitochondrial proteins in particular has been the subject of much investigation, yet the 

functional relevance of mitochondrial phosphorylation has also been brought into 

question (Covian and Balaban, 2012).  
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Kinases, which comprise about 2% of the human genome, are one of the largest 

families of signaling proteins (Manning et al., 2002). Overall, protein kinase research is 

extensive and ongoing, yet mitochondrial kinases largely remain poorly studied 

(Pagliarini and Dixon, 2006). Nevertheless, our previous work shows widespread 

protein phosphorylation within the mitochondrion. To this end, we were interested in 

elucidating the kinases that are active in mitochondria, but there were several technical 

hurdles that have to be overcome. First, kinases are often proteins of low abundance 

that can be difficult to detect by standard shotgun proteomics (Picotti et al., 2009). 

Secondly, kinases can also be substrates of other signaling events and could be 

expressed but inactive until a signaling pathway is triggered (Shokat, 1995). The result 

is that, with few exceptions, we do not yet understand when, where and how 

mitochondrial proteins are phosphorylated. If we hope to understand the temporal 

variability in signaling pathways that affect mitochondria in obesity and diabetes, it is 

essential to also know which kinases are active at which times and not simply present 

in the organelle. To identify legitimate translocating kinases, a method capable of 

making accurate measurements of abundance and activity for a wide range of kinases 

across a variety of conditions is required.  

By using activity-based proteomic profiling (ABPP), which only targets the active 

site within an enzyme, we can overcome both these hurdles in one step (Kobe and 

Kemp, 1999). ABPP uses reactive probes that only interact with a specific subset of 

active enzymes – in this case kinases – to isolate those proteins out of a complex 

mixture. These probes work by covalently reacting with conserved lysines that 

coordinate ATP in the active site of a kinase (Patricelli et al., 2007). The isolated 
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enzymes can then be identified by tandem MS (Fig 1A), providing higher detection 

sensitivity than a large-scale shotgun approach because the proteins of interest can be 

enriched using the probes. Since the activity of an enzyme—in this case a kinase—can 

be affected by a variety of conditions and modifications, using ABPP to isolate only 

active enzymes can provide information specific to a physiological condition that is 

unable to be collected from standard mRNA expression or protein abundance analysis 

(Cravatt et al., 2008). 

Conversely, phosphatases comprise the opposite side of the phosphorylation 

reaction; they remove the phosphate moiety that kinases attach to a protein (Shi, 2009). 

While the localization of many kinases to the mitochondria remains controversial, the 

localization and identity of mitochondrial phosphatases has been well documented. 

PPTC7 is a mitochondrial phosphatase included in the MitoCarta protein compendium 

that belongs to the evolutionary conserved protein phosphatase family type 2C (PP2C) 

and is named for its homology to the yeast mitochondrial phosphatase Ptc7(Pagliarini 

et al., 2008). Yeast have three related mitochondrial phosphatases: Ptc5, Ptc6, and 

Ptc7 that are all localized to the mitochondria(Huh et al., 2003). While Ptc5 and Ptc6 

have been shown to regulate the activity of the yeast pyruvate dehydrogenase complex, 

the endogenous substrates of Ptc7 are as yet largely undefined. (Gey et al., 2008). 

 Here, we performed multiplexed quantitative proteomics and phospho-

proteomics as well as activity-based protein profiling in yeast and mouse mitochondria, 

respectively. These analysis were mainly motivated by our desire to greater understand 

the role of kinases and phosphatases in isolated mitochondria from mice and yeast. 

We also sought to further understand the role of calcium in the activation of 
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mitochondrial respiration rates and, potentially, kinases. To do this, we used high-

resolution mass spectrometry with isobaric tagging as well as affinity probes coupled 

with mass spectrometry (Barglow and Cravatt, 2007; Phanstiel et al., 2011; Thompson 

et al., 2003).  

 Finally, we leveraged this data to show that phosphorylation can be rapidly 

modulated in isolated mitochondria by a physiological stimulus and have identified a 

likely target of the mitochondrial phosphatase Ptc7. Moreover, deletion of Ptc7 causes 

a disruption in the iron import system and the oxidative stress response in yeast and 

allows mutant yeast to survive iron chelation and hydrogen peroxide treatment. We 

have also shown that Hem15, the final step in heme biosynthesis in which iron is 

incorporated into the protoporphyrin ring, has increased phosphorylation in response 

to the deletion of Ptc7. Mutation of this site significantly decreases enzyme activity, 

which could explain the ability of Ptc7 mutant yeast to survive iron chelation.  

Overall, we have expanded and refined the list of potential kinases that may 

localize to the mitochondria, and have shown how calcium may affect phosphorylation 

in isolated mitochondria. Additionally, we have used comparative proteomics to 

determine phosphorylation sites that are specific to the phosphatase Ptc7. We have 

also shown that Ptc7 is important for yeast iron metabolism, and that a specific 

phosphorylation site on Hem15 may regulate iron incorporation into protoporphyrin in 

the last step of heme biosynthesis.  
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Results and Discussion 

Comparative Proteomic Analyses of Kinases Enriched in Mouse Liver Mitochondria 

The goal of this proteomic analysis was to determine the localization of kinases 

to mitochondrial-enriched fractions of mouse liver. To do this, we performed a kinase 

capture technique using an activity-based protein profiling (ABPP) approach (Barglow 

and Cravatt, 2007). ABPP is a functional proteomic technology that uses biotin-

coupled affinity probes that react with specific classes of enzymes. In this case, we 

chose the kinase specific probes offered by ActivX Biosciences termed KiNativ 

(McAllister et al., 2013; Patricelli et al., 2007). This platform uses acyl phosphates of 

ATP or ADP that covalently modify conserved lysine residues in the ATP-binding 

pocket of protein kinases, with minimal off-target effects of other ATP binding proteins 

(Figure 1A). However, it is important to note that this approach can generally only 

detect kinases in the active state where their ATP binding pockets are accessible. 

Therefore, we may actually be underestimating the number kinases in the mitochondria 

using this method. 

To begin, we purified mitochondria to the extent described previously (Grimsrud 

et al., 2012), using the same mouse conditions as the univariate phase. We reasoned 

that kinases translocating to the mitochondria would be enriched in the mitochondrial 

fraction, and depleted in the resulting lysate (Figure 1B). In this experiment, we 

identified 133 total kinases and at least 21 potentially enriched in the mitochondrial 

fraction including the catalytic subunit of PKA, the calcium/calmodulin dependent 

kinase, as well as several mitogen activated kinases (Figure 1B). While there is 

precedent for each of these kinase classes residing in the mitochondria (Acin-Perez et 
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al., 2009; Galli et al., 2009; Nishio et al., 2012), this technique allows for a quantitative 

assessment of  dozens of potential mitochondrial kinases in a single experiment.  

Given the success of these analyses, we proceeded to analyze the putative 

kinome of mitochondria isolated from both lean and obese mouse liver (Figure 1C). 

This experiment enabled us to identify kinases that may be responsible for the changes 

in phosphorylation and metabolism seen in obesity (Buchner et al., 2009; Grimsrud et 

al., 2012; Holmstrom et al., 2012). Kinases identified as enriched in obese mitochondria 

include several MAP kinases as well as Calcium/calmodulin dependent kinases. 

Combined with the phosphosite consensus sequences identified from the same 

conditions in our previous work (Grimsrud et al., 2012), knowing which kinases are 

enriched in obese liver mitochondria can allow us to make hypothesis about kinase-

substrate pairs.  

 One kinase that is of particular interest is the calcium/calmodulin-dependent 

kinase (CamKII). This kinase was identified in our ABPP study as having increased 

abundance in obese liver mitochondria compared to lean liver, it was also the second 

most abundant consensus sequence in our previous study with 126 MitoCarta 

phosphosites (Grimsrud et al., 2012). The CamKII family of kinases is known to be 

involved in the formation of memory, in the activation of T cells, and has more recently 

been shown to be involved in the heart mitochondrial stress response (Joiner et al., 

2012; Lin et al., 2005; Silva et al., 1992). While the importance of calcium in the heart is 

perhaps of no surprise, considering its function as a continuously beating muscle, 

CamKII expression levels in the liver are similar to that in the heart yet it remains a 

relatively understudied kinase in the liver.  
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Treatment of Isolated Liver Mitochondria with Calcium Reveals Changing 

Phosphorylation Sites 

 Calcium is known to regulate many aspects of mitochondrial biology, including 

opening of the PTP, activating beta-oxidation, and increasing ATP production 

(Gellerich et al., 2010; Otto and Ontko, 1978; Sloan et al., 2012). Unfortunately, with a 

few exceptions, the mechanism of calcium action in mitochondria is largely unknown. 

One well-characterized action of calcium in the mitochondria is to allosterically activate 

pyruvate dehydrogenase phosphatase, which in turn dephosphorylates pyruvate 

dehydrogenase on S292, thus activating the enzyme (Denton et al., 1972; Roche et al., 

2001). Because calcium is known to modulate many mitochondrial pathways, we were 

first interested in establishing how calcium treatment effects the respiration rate in 

isolated mitochondria, with the intention of later investigating phosphorylation changes 

in isolated mitochondria.  

 When isolated mitochondria were first subjected to treatment with either water 

or EDTA, they responded to a stress test in the typical manner (Figure 2A). Respiration 

rates increased with the addition of ADP (state4), rates decreased with the addition of 

Oligomycin (state3o) and then increased with the addition of FCCP (state4u). This 

result was consistent when either succinate or glutamate/malate were used as the 

substrates for OXPHOS. When isolated mitochondria were first treated with calcium 

(5uM, red dots), the results were significantly different. In rotenone and succinate, the 

OCR increased dramatically upon the addition of calcium, and before the addition of 

any other compound. Then, after the addition of ADP, the respiration rate decreased 
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and was unable to be modified by any other compound. In glutamate and malate 

(Figure 2B), there was no change in the respiration rate after the addition of calcium, 

yet these mitochondria were unable to respond as expected to the addition of any 

other compound. Therefore, the dramatic increase in OCR that is observed is 

dependent on Complex I being inhibited and Complex II being the entry point for 

electrons in the respiratory chain.  

 While there is some evidence for calcium regulating respiration rates in isolated 

mitochondria, most previous studies have been performed in porcine heart using 

glutamate and malate as substrates (Hopper et al., 2006). Our results appear to be a 

liver specific effect, as calcium does not affect mitochondria isolated from murine heart 

in the same manner in our hands (data not shown). Furthermore, our results are a direct 

result of the respiratory chain, as administration of Antimycin A, a Complex III inhibitor, 

blocks the calcium effect of increased oxygen consumption (Figure 2C). Overall, it 

appears that the increase in respiration that we see is independent of Complex V (OCR 

increase before addition of ADP) yet dependent on Complex II being engaged (OCR 

increase only in the presence of succinate and rotenone). 

 To further characterize the effect of calcium treatment on isolated mitochondria, 

we measured the rate of calcium uptake into isolated mitochondria using Calcium 

Green 5N (Molecular Probes). This cell-impermeable probe exhibits an increase in 

fluorescence emission upon binding with Ca2+. The probe is included in the buffer, 

and when isolated mitochondria are exposed to a burst of calcium, the probe will 

briefly fluoresce, and then decrease in fluorescence as the mitochondria take up the 

calcium (Figure 2D-G). As a control, the calcium uptake inhibitor, Ru360, can be used 
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to block calcium influx into the isolated mitochondria, and the Calcium Green 5N signal 

increases with each addition of calcium (Figure 2D). 

 We were first interested in investigating whether there was a difference in 

calcium uptake between mitochondria from diverse mouse strains, and indeed, liver 

mitochondria from the CAST strain took up calcium about 60% more quickly than 

mitochondria from standard B6 mice (Figure 2E, injection 3). Independent of strain 

differences, this calcium uptake effect is dependent on oxidative respiration, as 

treatment with Antimycin A blocks calcium uptake (Figure 2F, red). Furthermore, 

treatment with rotenone, a Complex I inhibitor, has no effect on the rate of calcium 

uptake in isolated mitochondria (Figure 2F, blue). Collectively, this data shows that 

Complex I is likely not involved in the mitochondrial calcium response in liver, yet flux 

through the respiratory chain is still necessary for both calcium import as well as the 

increase in oxygen consumption.  Finally, to determine the potential influence of 

phosphatases in this process, we pretreated mitochondria with a phosphatase inhibitor 

(PhosSTOP, Roche) before treatment and observed a marked increase (30sec) in 

calcium uptake (Figure 2G, and inset).  

 Our analysis above provides a more thorough understanding of how calcium 

import and mitochondrial respiration are closely linked. Given this link, and our 

discovery of calcium responsive kinases in mitochondrial fractions, we were interested 

in knowing if calcium treatment alone was sufficient to change the phosphorylation 

state of proteins in isolated mitochondria. To do this, we treated isolated mitochondria 

with calcium for 10min, then subjected the isolated mitochondria to the same 

phosphoproteomics workflow described previously (Grimsrud et al., 2012). As can be 
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seen in Figure 2H, of the 49 phosphosites identified, 13 of them were mitochondrial, 

including sites on the enzymatic proteins: Cps1, Acly, and Hmgcs2, as well as proteins 

involved in signal transduction (Akap1) and microtubule dynamics (Fam82a2). Taken 

together, these data show that mitochondrial phosphorylation can be rapidly 

modulated by a physiologically relevant stimulus, and combined with our activity based 

protein profiling, suggests that specific kinases may reside in the mitochondria.  

  

Proteomic Analysis of Mitochondrial Phosphatases in S. cerevisiae  

 While our ABPP approach suggested kinases that are active and may reside in 

the mitochondria, our treatment of isolated mitochondria with calcium indicated that 

phosphatases might also be an important regulator of mitochondrial phosphorylation 

events. We were interested in learning more about mitochondrial phosphatases, 

specifically the phosphatase PPTC7.  

 PPTC7 is a type 2C protein phosphatase that is conserved from mammals to 

yeast, and has been shown to be an active phosphatase against a generic 

phosphatase substrate pNPP (Figure 3A). PPTC7, and its yeast homolog, Ptc7, have 

both been shown to localize to the mitochondria in their respective species. In yeast, 

Ptc7 belongs to a family of mitochondrial Type 2C phosphatases, which include Ptc5 

and Ptc6 (Zhao et al., 2012). While Ptc5 and Ptc6 have proposed substrates, the 

specific substrates of Ptc7 are still largely unknown (Gey et al., 2008). Ptc7 is a 

relatively unique protein in yeast in that it undergoes an alternative splicing event, with 

the unspliced protein localizing to the nuclear envelope and the spliced isoform 

localizing to the mitochondria (Juneau et al., 2009). While the submitochondrial 
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localization of yeast Ptc7 has yet to be definitively identified, a predicted homolog in 

Arabidopsis (PBCP) has been shown to dephosphorylate photosystem II proteins, 

implying that Ptc7 is likely localized to the matrix (Samol et al., 2012). Furthermore, the 

mammalian homologue of Ptc7, PPTC7, has been identified in the mitochondrial matrix 

in a high-throughput, proteomic mapping technique using spatially restricted 

enzymatic tagging (Rhee et al., 2013).  

Using the existence of the homologues of Ptc7—Ptc5 and Ptc6—we were able 

to design a proteomics experiment to identify the endogenous targets of the 

mitochondrial phosphatase. Because signaling by phosphorylation is a complex 

process, and deletion of a phosphatase could trigger off-target phosphorylation events, 

we tested deletion of all three related mitochondrial phosphatases in an attempt to 

discover bona fide Ptc7 targets. We grew yeast through the diauxic shift, a natural 

metabolic cycle that yeast undergo when grown in liquid culture. As yeast cells exhaust 

their fermentable carbon supply, they enter what is known as the diauxic shift, the 

portion of yeast growth categorized by a switch from fermentative to oxidative 

metabolism (DeRisi et al., 1997; Zaman et al., 2008). During this shift, mitochondrial 

biogenesis is initiated, and Ptc7 splicing switches from the nuclear envelope-bound 

isoform to the mitochondrial isoform (Figure 3C, D). 

Here, we used isobaric tagging and quantitative phosphoproteomics to identify 

phosphorylation sites that were changing between wild type (WT) yeast and deletion 

strains of Ptc5, Ptc6, and Ptc7 (Figure 3E). Samples were taken 17 hours after the 

dilution of yeast into media containing 2% glucose, to ensure maximal induction of 

mitochondrial biogenesis as well as Ptc7 splicing (Figure 3C,D). Using this 



 126 

methodology, we identified 2562 phosphorylation sites on 1116 proteins, including 145 

mitochondrial proteins and 297 mitochondrial phosphorylation sites. When changes 

occurring due to Ptc5 deletion are plotted against changes due to Ptc7 deletion, a 

relatively strong correlation is seen (R2=0.73, Figure 3E). This could indicate an overlap 

in the phosphorylation sites that are shared or redundant between these two 

phosphatases. When Ptc7 deletion is compared to Ptc6 deletion (Figure 3F), no 

correlation is seen, supporting the idea that these phosphatases have entirely different 

substrate preferences. Using this correlation pattern, we were able to examine a group 

of phosphorylation sites that were significantly increasing in a Ptc7∆, but saw no 

change when Ptc5 was deleted, indicating that these sites may be specific for Ptc7 

(Figure 3G, inset highlighted in Figure 3E). A few of the potential Ptc7 targets included: 

Aco1, the yeast mitochondrial aconitase, Hsp60, a chaperone required for complex 

assembly, and Yml6, a member of the large subunit of the mitochondrial ribosome. 

In parallel, we also performed quantitative proteomics and phosphoproteomics 

on multiple replicates of only WT and Ptc7∆ yeast strains. This was because our 

previous work had highlighted the importance of using replicates and statistical 

analysis in the comparison of phosphorylation events (Grimsrud et al., 2012). From this 

data combined with our previous analysis, we identified 70 phosphorylation events on 

56 unique proteins that are statically significant (P<0.01), highly upregulated (fold 

change >1.5), and on proteins localized to the mitochondria (Figure 4A). These 

phosphosites constitute our primary candidate Ptc7 substrates.  
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Iron Metabolism Dysruption and Oxidative Stress in ptc7∆ yeast 

Our list of potential Ptc7 substrates was large, so in an attempt to prioritize 

candidate phosphosubstrates from the list we generated, we examined the global 

protein profile of this strain compared to WT yeast to determine if any cellular 

processes or pathways were altered.  Analysis of the ptc7Δ yeast proteome showed 

very interesting changes in total protein expression relative to wild type yeast - of the 

top 15 most downregulated proteins, four are involved in intracellular iron transport 

(Figure 4B). When the 15 previously mentioned proteins were subjected to GO term 

enrichment analysis, iron transport was highlighted as highly significant in this subset 

of proteins (Figure 4C, top).  Furthermore, the most upregulated proteins in PTC7Δ 

yeast include a variety of proteins involved in the response to oxidative stress, such as 

catalase (Ctt1, Figure 4B), resulting in a proteomic signature enriched in oxidative 

stress functions via GO analysis (Figure 4C, bottom).  These data led us to hypothesize 

that Ptc7-null yeast would have altered sensitivity to iron chelation and oxidative 

stressing agents.  To test this, we plated yeast in 10-fold serial dilutions onto media 

containing the iron chelator, dipyridine, and the oxidant, H2O2. Interestingly, PTC7Δ 

yeast are resistant to iron chelation (Figure 4D) as well as H2O2-induced oxidative 

stress (Figure 4E), indicating a dysregulation in the pathways required for these 

processes in wild type cells.  Importantly, of the phosphosites we identified, 7 are on 

proteins that have been previously linked to oxidative stress responses, while 3 

proteins are linked to maintenance of iron homeostasis (Figure 4F).  Collectively, these 

data suggest that the inactivation of Ptc7 leads to dysfunctional iron and oxidative 
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stress responses, which could be mediated through the phosphorylation of these ten 

phosphosites. 

To determine whether these phenotypes were specific to Ptc7Δ yeast, we tested 

deletion strains for the two other mitochondrial phosphatases, Ptc5 and Ptc6, for 

sensitivity to iron chelation and oxidative stress. To do this, we grew cultures of yeast 

in a 96-well plate and monitored their growth overnight using OD600 in an automated 

plate reader (Biotek). Surprisingly, we found that the Ptc5Δ yeast have a nearly 

identical response to dipyridine (DP, Figure 4G) and hydrogen peroxide (H2O2, Figure 

4H) as Ptc7Δ yeast.  By contrast, Ptc6Δ yeast were susceptible to both stimuli.  This is 

particularly interesting, as both Ptc5 and Ptc6 have been previously identified as semi-

redundant regulators of the pyruvate dehydrogenase (PDH) complex as mentioned 

earlier (Gey et al., 2008; Krause-Buchholz et al., 2006). Our phenotypic data combined 

with our previous phosphoproteomic data suggest that Ptc5 and Ptc7 together may 

regulate similar mitochondrial processes, while Ptc6 likely has a separate and distinct 

role in mitochondrial functioning. Nevertheless, while Ptc7 and Ptc5 may have some 

phenotypical redundancies, our analysis of the phosphoproteome of these strains 

allows us to determine phosphorylation sites that are likely to be distinct to Ptc7. 

 

Phosphorylation of S102 on Hem15 Disrupts Protein Function 

 The combination of our quantitative proteomics data along with treatment of 

yeast with an iron chelator allowed us to predict which phosphorylation events linked 

to the phosphatase Ptc7 might regulate specific mitochondrial proteins. One of the 

phosphorylation sites that had the most specificity to Ptc7 compared to the other 
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phosphatases was Hem15 (Figure 5C). Hem15 also had one of the most significantly 

changing phosphorylation sites when multiple replicates of Ptc7∆ yeast were analyzed. 

(Figure 5D). This enzyme catalyzes the final step in heme biosynthesis, where ferrous 

iron is inserted into protoporphyrin IX to form protoheme IX. In humans, deficiency in 

the Hem15 homologue, ferrochelatase (FECH), causes protoporphyria, a disease 

characterized by liver cirrhosis and hepatic failure (Bonkowsky et al., 1975; Brenner et 

al., 1992). While having little total conservation at the primary sequence level (<10%), 

Hem15 remains highly conserved in a loop region between alpha helix 3 and 4, an area 

that contains S102 (Wu et al., 2001). As highlighted in Figure 5A, S102 on Hem15 also 

falls within a proline directed phosphorylation motif (xxsP), a motif we have previously 

shown to be overrepresented on mitochondrial phosphoproteins (Grimsrud et al., 2012). 

Finally, we hypothesize that phosphorylation of this serine will decrease enzyme 

activity, as this serine is involved in coordinating the protoporphyrin ring (Figure 5B, 

(Karlberg et al., 2002; Medlock et al., 2007), and the addition of a large, negatively 

charged phosphate moiety would likely disrupt binding. 

 To evaluate the effects of this phosphorylation site on Hem15 enzymatic activity, 

we performed biochemical activity assays on modified Hem15 protein. Using site-

directed mutagenesis, we mutated the phosphorylated residue to an acidic residue 

(glutamic acid) to mimic phosphorylation. We immunoprecipitated this mutant, along 

with wild-type and catalytically inactive (H236A) Hem15 from yeast and tested the 

activity of each variant in an in vitro enzymatic assay (Taketani, 2001). As seen in Figure 

5 E and F, the phosphomimetic for S102 resulted in an approximately 70% decrease in 

enzyme activity while still retaining increased catalytic activity compared to the 
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enzymatically dead variant. Taken together, these data suggest that Hem15 is a target 

of the mitochondrial phosphatase Ptc7, and phosphorylation of Hem15 can affect 

enzyme activity and, by extension, iron content and heme biosynthesis in yeast.  

  

  



 131 

Conclusions 

 Here, we have established a quantitative proteomic survey of the enzymes that 

modulate mitochondrial phosphorylation – kinases and phosphatases. Our 

measurements enable the examination of phosphorylation events that may be linked to 

specific kinases and phosphatases that are important to mitochondrial homeostasis 

and modification. Beginning with an activity based protein-profiling methodology; we 

were able to identify kinases that are enriched in the mitochondrial fraction of mouse 

liver. While the existence of a kinase-based phosphorylation system inside the 

mitochondria has been debated (Covian and Balaban, 2012), this analysis provides 

support for the hypothesis that kinases at least transiently migrate to the mitochondria. 

Our large-scale approach also generated a detailed enrichment profile of 

approximately 130 kinases both between the mitochondria and the rest of the cell, and 

between mitochondria from lean and obese mice.  

 While our ABPP investigation provides an important first step in understanding 

the localization of kinases to mitochondria in both lean and obese states, much work 

still needs to be accomplished. Moving forward, it will be interesting to apply this 

methodology to the multiple conditions for which we have previously measured 

phosphorylation patterns. As kinases are widely considered ‘druggable’ targets, it may 

be possible to inactivate a kinase only at certain timepoints or in certain metabolic 

states in order to achieve a desired clinical outcome (Tarrant and Cole, 2009). Using an 

ABPP based method to understand kinases that are more enriched (or more active) in 

the mitochondria during specific metabolic states will allow us to generate hypothesis 

about what kinases could be inactivated therapeutically.  
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 In addition, we have used the results of our ABPP method and our previous 

knowledge of the importance of calcium to mitochondrial function in both the heart and 

skeletal muscle allowed us to make new observations about calcium in the liver. 

Consistent with other reports (Balaban, 2009; Gellerich et al., 2010), our data show that 

the oxidative phosphorylation cascade in the liver is also modulated by calcium levels, 

and that respiration is necessary for calcium uptake into the mitochondria. While the 

mechanism of this modulation has yet to be determined, it is likely not the direct 

binding of calcium to respiratory chain components, and others have suggested that 

post-translational modifications may be the cause (Bender and Kadenbach, 2000; 

Glancy et al., 2013; Panov and Scaduto, 1995). By treating isolated mitochondria with 

calcium, we have shown that there are several phosphorylation events that seem to 

respond to calcium concentrations. This will be important to investigate more 

rigorously, as our initial experiment utilized only crude mitochondrial extracts and the 

proteomic coverage was low. Future experiments should utilize Percoll gradients in 

order to achieve maximally pure mitochondria, and Ru360 would be an ideal control, as 

calcium import into the mitochondria would be entirely blocked. Finally, there have 

been some recent advances in small molecules that can modulate mitochondrial 

function and in understanding of the calcium induced opening of the permeability 

transition pore (Gohil et al., 2010; Roy et al., 2009). If it were possible to increase the 

amount of calcium that could be imported into the mitochondria before the opening of 

the permeability transition pore, then it may be possible to find phosphorylation sites 

with maximal occupancy. 

 While the existence and localization of mitochondrial phosphatases is not in 
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question, the specific targets of the phosphatase Ptc7 had not been discovered. 

Although Ptc7 has been suggested to be involved in Coenzyme Q biosynthesis (Martin-

Montalvo et al., 2013), its complete role in the regulation of mitochondrial 

phosphorylation has yet to be elucidated. Our work has shown that Ptc7 is involved in 

both maintaining iron homeostasis and in the response to oxidative stress. Furthermore, 

our use of a comparative proteomics strategy to differentiate between the three 

mitochondrial phosphatases in yeast has allowed us to identify phosphorylation sites 

that are likely direct substrates of Ptc7. We have also been able to determine that in 

contrast to previously published reports; Ptc6 is likely the sole pyruvate 

dehydrogenase phosphatase in yeast, while Ptc5, although still retaining distinct 

targets, is conceivably regulating similar mitochondrial processes to Ptc7.  

 Moving forward, it will also be interesting to see the acute effects of the loss of 

Ptc7 on mitochondrial metabolism in yeast. Our work on mouse liver has shown acute 

and chronic effects can both be important when considering phosphorylation networks, 

and because phosphorylation is generally considered a rapid response it may be 

important to investigate acute inactivation of Ptc7. One caveat of our yeast 

experiments is that the yeast deletion library from which our strains were obtained is a 

permanent knock-out of Ptc7 (Winzeler et al., 1999). This could obscure the direct 

targets of Ptc7 and only reveal adaptive phosphorylation events rather than direct ones. 

It would be interesting to repeat a portion of this analysis with a method that allows for 

rapid and inducible inactivation of a gene such as a Cre-Lox system or a temperature 

sensitive mutant (Cheng et al., 2000; Li et al., 2011).  

 Finally, while this resource provides valuable information on the phosphorylation 
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of serine and threonine targets, other phosphorylation sites remain difficult to detect, 

such as those containing labile histidine phosphorylation (Grimsrud et al., 2010b). 

Fortunately, recent advancements have been made in this area (Kee and Muir, 2012; 

Kee et al., 2013; McAlister et al., 2012), and it will be important to understand if 

histidine phosphorylation has a similar dynamic phosphorylation pattern. Overall, we 

have begun to elucidate the signaling networks that control mitochondrial function, and 

this resource continues to refine the signaling molecules that could be targeted 

therapeutically to treat mitochondrial dysfunction.  
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Experimental Procedures 

Animal Models 

 Breeding, sacrificing, and tissue harvesting of mice from our in-house colonies at 

the University of Wisconsin Biochemistry Department was described previously 

(Grimsrud et al., 2012). Briefly, all mice were male, bred and housed in an 

environmentally controlled facility on a 12-h light/dark cycle (6 am–6 pm, respectively). 

Mice were provided free access to water at all times and to a standard rodent chow 

(Purina no. 5008) ad libitum after which they were sacrificed by CO2 asphyxiation 

followed by cervical dislocation. Liver tissue was dissected, flash frozen with liquid N2, 

and stored at -80°C until use, except for respiratory rate measurements and calcium 

uptake measurements, for which fresh liver was used. The University of Wisconsin 

Animal Care and Use Committee approved all procedures. 

 

Respiratory Rate Measurements 

Mitochondria were isolated using differential centrifugation in MSHE buffer with 

1% BSA. After isolation, mitochondria were quantified by wet weight using an 

analytical scale and resuspended to 100ug/uL in assay buffer (MAS). Mitochondria 

were then diluted to 2ug/uL in MAS buffer supplemented with either glutamate/malate 

or rotenone/succinate, and 40ug of mitochondria were added to each well of a XF96 

assay plate (Seahorse Biosciences). After a 20min spin at 4°C to adhere mitochondria 

to the bottom of each well, MAS buffer with substrate (G/M, R/S) was added to bring 

the volume in each well to 120uL. Respiration rates were measured on an XF96, with a 

3 min read contributing to each individual respiration rate (1-10). Four injections were 
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administered over the course of the experiment, the first injection contained either 

Calcium (red) EDTA (gray) or Water (black), followed by injections of ADP, Oligomycin 

and FCCP.  

 

Calcium Uptake 

 Mitochondria were isolated from mouse liver using differential centrifugation as 

described above. After isolation, mitochondria were resuspended in calcium assay 

buffer: 140mM KCl, 10mM HEPES pH 7.4, 2.5mM MgCl2, 3mM KH2PO4, 5mM 

Succinate, 5mM Glutamate, 5mM Malate, 50uM EGTA, 100nM Calcium Green 5N 

(Molecular Probes). Using a plate reader equipped with injector ports (BioTek) 

mitochondria were resuspended to 1mg/mL in calcium assay buffer in a 96 well plate. 

Samples were treated with a variety of compounds for different measurements: Ru360, 

which blocks calcium uptake, and Antimycin A, which blocks electron transfer from 

Complex III. 50uM CaCl2 was injected every 2 minutes and in between injections, 

intensity was detected with an excitation/emission of 480/540.  

 

Activity Based Protein Profiling 

 Following  sample preparation, the KiNativ probe is added to the  lysate (at 5 μM) 

and the reaction is allowed to proceed for 10 minutes. Samples are then subjected to a 

typical  proteomics workup including denaturation, reduction,  alkylation and trypsin 

digestion, followed by enrichment of  biotinylated peptides with streptavidin resin. The 

eluted  probe-modified peptides are then analyzed using customized time-segmented 

LC-MS/MS protocols on a linear ion trap mass spectrometer. The MS protocols are 
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designed based on known m/z and elution time parameters for probe-kinase peptide 

pairs using standardized LC gradients. Data is analyzed using customized software 

based on a “reference spectrum” concept whereby experimental fragment spectra are 

compared to archived high quality reference spectra (from historical data) and where a 

spectral match is found, signals are extracted based on fragment (MS/MS) ions 

showing clean chromatographic peaks. Control sample coefficient of variation (CV) 

values with these methods are typically ~15% averaged across all kinases.  

 

Proteomics Sample Preparation 

 Proteins from yeast were extracted using previous methods also with the use of 

LysC and trypsin to digest all samples (Grimsrud et al., 2010a). Peptides for each 

preparation were labeled with a unique 6-plex TMT label (Thermo). . Peptides were 

separated by strong cation exchange chromatography (SCX), and after aliquots were 

removed for unmodified peptide quantitation, immobilized metal affinity 

chromatography (IMAC) was performed on each fraction to enrich for phosphopeptides 

as described (Phanstiel et al., 2011).  

 

Tandem MS Data Collection and Analysis 

 Phosphorylated and unmodified peptides were analyzed by nano reverse phase 

liquid chromatography coupled to an Orbitrap Elite (Thermo). A survey MS1 scan was 

performed by Orbitrap at 30,000 resolving power and followed by data-dependent top 

10 MS2 analyses. Samples were also fragmented using the HCD method (Olsen et al., 

2007) for all analyses. Tandem MS data was searched with OMSAA (Geer et al., 
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2004)against a concatenated target-decoy UniProt database consisting of yeast 

proteins (Elias and Gygi, 2007). Our custom software COMPASS (Wenger et al., 2011) 

was then utilized to filter the resulting peptide identifications to 1% FDR, normalize 

iTRAQ reporter ion intensities for all peptide spectral matches (PSMs) across each 

replicate separately, group peptides from all replicates to common parsimonious 

protein groups at 1% FDR, localize phosphorylation sites to specific residues at 95% 

probability, and sum the reporter ion intensities of all PSMs for all unique proteins and 

protein phosphorylation sites identified in individual replicates. 

 

Proteomics Statistical Analysis 

 Microsoft Excel were utilized for statistical analysis of protein and site-specific 

phosphorylation measurements. We evaluated the significance of a given protein, 

phosphoisoform, or normalized phosphoisoform change by computing p-values, and 

assuming a log-normal distribution for measurement error. 

 

Yeast Growth Curves 

 Yeast were grown overnight in YEP media supplemented with 2% glucose on a 

rotating incubator drum. The next day yeast were diluted to 1x10E5 cells per 100uL 

and transferred to a 96-well plate. Yeast were assessed for growth via OD600 over a 

16hr time period in YEP media with .5% glucose and 3% glycerol to determine the 

ability of the yeast to grow through the diauxic shift.   
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Biochemical Assessment of Hem15 Regulation 

 Yeast BY4741 cells were transfected with plasmids containing HEM15 tagged 

with the HA epitope tag using the Funk yeast expression system (Mumberg et al., 

1995). Site-directed mutagenesis to create Hem15 variants was performed using 

standard PCR-based cloning techniques and all constructs were verified by DNA 

sequencing. Tagged Hem15 was purified and its activity asses as described previously 

(Taketani, 1993; 2001). Briefly, when a zinc ion is used as a metal substrate, the 

enzyme reaction can be detected using a substitute metal acceptor, mesoporphyrin, 

which fluoresces only when zinc is assembled into the ring with an excitation/emission 

spectra of 410/580. Zinc acetate is injected into a solution containing purified enzyme 

and mesoporphyrin, the reaction is allowed to proceed for 15min while detection takes 

place on a plate reader equipped with the proper fluorescence detection (BioTek). The 

rate of reaction is calculated using a standard curve of purchased zinc-mesoporphyrin.  
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Tables and Figures 

Figure 1: Activity-based protein profiling allows for large-scale identification of 

active mitochondrial kinases 

A) Experimental Design: Mitochondria were extracted and lysed from the livers 

corresponding to the highlighted conditions from our previous phosphoproteomics 

study. Kinases, illustrated by red circles, are extracted from each sample using activity-

based probes and identified/quantified by tandem MS. B-C) Data from study showing 

kinases enriched in mitochondrial fractions compared to mitochondria-depleted livers 

(B) and kinases enriched in mitochondria from obese mice compared to lean mice (C).  
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 149 

Figure 2: Biophysical and proteomic response of mitochondria to treatment with 

extramitochondrial calcium 

A,B) Oxygen consumption rates (OCR), in isolated mitochondria given either succinate 

(A) or glutamate and malate (B) as substrates for oxidative phosphorylation. Four 

injections were administered over the course of the experiment, the first injection ‘A’ 

contained either calcium (red) EDTA (gray) or water (black), followed by injections of 

ADP (CV substrate), Oligomycin (CV inhibitor) and FCCP (uncoupler). C) Oxygen 

consumption rates (OCR), in isolated mitochondria given Antimycin A (red) or water 

(black) in the first injection, followed by calcium. D-G) Calcium uptake in isolated 

mitochondria using Calcium Green 5N (Molecular Probes) as an indicator of free 

calcium.  All error bars represent SD. A mitochondrial calcium uptake inhibitor (Ru360, 

D (red)) can be used as a control for selectivity of the assay. Calcium uptake differed in 

response to mouse strain (E), various OXPHOS inhibitors (F) and phosphatase 

inhibitors (G). H) Rank order (x axis) by fold change compared to wild type (WT) of the 

quantitation of all phosphoisoforms discovered in the ptc7∆ yeast strain. Mitochondrial 

phosphorylation sites are indicated by red dots.  
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Figure 2 Continued 
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Figure 3: Muliplexed proteomic and phosphoproteomic analysis of yeast 

phosphatase knock-out strains 

A) Activity of recombinant PPTC7 with pNPP as a substrate, and with different divalent 

cations used for catalysis. Error bars represent SE. B) Phylogenetic tree showing the 

evolutionary relationships between the seven different Type 2C yeast phosphatases. C) 

Timecourse of HA-tagged Ptc7 yeast as the strain is grown through the diauxic shift,  

an arrow is shown indicating the spliced (mitochondrial) isoform, Pdi1 is shown as a 

loading control. D,E) Schematic of our proteomic workflow. We performed our analysis 

by enriching mitochondria from four different yeast strains (WT, ptc5∆, ptc6∆, and 

ptc∆) that were collected four hours after the diauxic shift, represented in D. We then 

performed high-resolution quantitative proteomic and phosphoproteomics analysis 

using TMT tags (E). F,G) Abundance fold change compared to wild type (WT) for ptc7∆ 

strain compared to both ptc5∆ (F) and ptc6∆ (G). H) Inset from (F) showing identified 

phosphorylation sites that are elevated in ptc7∆/wt but not in ptc5∆/wt.  
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Figure 3 Continued 
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Figure 4: Ptc7∆ yeast have altered iron metabolism and increased resistance to 

oxidative stress 

A) Our phosphoproteomics analysis identified 70 candidate phosphorylation sites on 

mitochondrial proteins that are increased in Ptc7∆ strains relative to wild type. B) Total 

proteome analysis of Ptc7∆ yeast reveals a downregulation of iron transporters (blue) 

and an increase in proteins involved in oxidative stress (red). Ptc7 itself is highlighted 

for comparison. C) GO term analysis of the proteins with the biggest decreases in 

expression show an enrichment in iron transport (top, blue) and analysis of proteins 

with the biggest increases in expression show an enrichment in oxidative stress 

pathways. D,E) Serial dilution of WT (BY4741) and Ptc7∆ yeast treated with either the 

iron chelator dipyridine (D) or the oxidant H2O2 (E) reveals that knockout confers 

resistance to these stressors. F) Of our 70 candidate proteins, 10 phosphosites on 8 

unique proteins are upregulated in Ptc7∆ yeast; 3 are linked to iron homeostasis, and 7 

are linked to the oxidative stress response. G) Yeast growth curve for wild-type (WT), 

Ptc5∆, Ptc6∆ and Ptc7∆ strains grown in 50uM dipyridine (DP). Error bars indicate SD. 

H) Yeast growth curve for wild-type (WT), Ptc5∆, Ptc6∆ and Ptc7∆ strains grown in 

1mM hydrogen peroxide (H2O2). Error bars indicate SD. 
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Figure 5: Phosphorylation of serine 102 on Hem15 decreases enzyme activity 

A) Schematic of overrepresented phosphorylation motif found in our previous work 

(top) and Hem15 primary sequence, highlighting identified phosphorylation residues at 

site S102. B) Using structure coordinates from the human (left) and yeast 

ferrochealatase (right), PDB 2HRE and 1LBQ respectively, S102 is shown interacting 

with the protoporphyrin ring and facing into the active site. C) Phosphosite occupancy 

(Log2) compared to a WT strain was calculated for each phosphatase mutant. D) 

Volcano plot of fold phosphorylation changes versus –log (p value) for all of the 

phosphorylation sites identified in the Ptc7∆ strain. Phosphorylation sites on Hem1, 

Hem15 and Pda1 are highlighted in red. E) F) 
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Figure 5:  
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CHAPTER 4: Conclusions, Future Directions, and Impact 
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Conclusions 

 Throughout the work on this thesis, I have increased our understanding of the 

role phosphorylation plays in the mitochondria. My research has quantified the 

proteome and phosphoproteome of mice in multiple physiological states, and has 

shown that phosphorylation is a key regulator of ketogenesis. In addition, I have 

extended this work through an investigation of kinases and phosphatases, the 

enzymes that control phosphorylation dynamics. I utilized activity-based proteomics to 

identify kinases that may be localizing to the mitochondria differentially in lean and 

obese states. I have shown that calcium may be playing a unique role in the liver, and 

that phosphorylation in liver mitochondria is dynamic in response to treatment with 

calcium. Finally, I used a yeast deletion approach to identify phosphorylation sites that 

are likely targets of an understudied mitochondrial phosphatase, PTC7. We have 

shown that PTC7 is involved in cellular iron homeostasis, and that a putative PTC7 

phosphorylation site on Hem15 can affect enzyme activity. Taken together, my work 

has shown that phosphorylation is a prevalent and dynamic modification in 

mitochondria, that kinases are likely part of this dynamic response, and we have begun 

to identify the specific substrates of a mitochondrial phosphatase.  

 All of this work was made possible by the rapid advancements that have been 

made in the last decade in mass spectrometry (Coon, 2009; Grimsrud et al., 2010). The 

advent of isobaric tags and the increase in MS speed and sensitivity has vastly 

improved the power of shotgun proteomics and quantitative MS (Merrill and Coon, 

2013). It is now possible to identify thousands of phosphorylation sites in one 

experiment, and when coupled with enrichment methods for other PTMs, a single 
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mouse model can provide a rich source for information on the regulation of proteins 

(Grimsrud et al., 2012; Keller et al., 2008; Still et al., 2013).  

Moving forward it will be increasingly important to compare biological conditions 

and multiple tissues when evaluating the importance of phosphorylation and PTMs in 

the mitochondria. We and others have shown that mitochondria are highly dynamic 

organelles in both normal fasting and refeeding states as well as in diabetes, obesity 

and caloric restriction (Grimsrud et al., 2012; Hebert et al., 2013; Still et al., 2013). 

Mitochondria are also extremely divergent within an organism, as different tissues 

contain vastly different mitochondrial protein content (Mootha et al., 2003; Pagliarini et 

al., 2008). Future studies will need to evaluate not only changes in PTMs in one tissue, 

but also how the same protein in various tissues may respond differently to a change in 

nutritional status. 
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Future Directions 

Phosphorylation Stoichiometry 

 With the recent resurgence of mitochondria as a center of signaling in human 

health and disease, it has become increasingly important to understand the role that 

phosphorylation plays in regulating mitochondrial proteins and pathways (Lane, 2006; 

Pagliarini and Rutter, 2013; Wallace, 2013). We have shown that phosphorylation can 

be altered in response to changing metabolic states (Grimsrud et al., 2012), but a 

relative two-fold change in quantitation cannot distinguish between 1-2% or 50-100%. 

It is possible that a small percentage change in occupancy could have a significant 

physiological affect if a phosphorylation site is activating, as in the case of HMGCS2. 

On the other hand, if a phosphorylation site is inactivating, such as Hem15, it is unlikely 

to have a significant physiological affect unless a significant portion of the enzyme is 

inactivated.  

 Methods, such as AQUA, do exist for determining absolute stoichiometry 

(Gerber et al., 2003). Unfortunately, this method requires synthesis of individual 

isotopically labeled peptides, which is costly and low-throughput. Fortunately, 

techniques that begin to solve some of these problems are becoming more widely 

researched and used (Wu et al., 2011). Moving forward it will be important to 

investigate phosphorylation occupancy when considering not only the role of specific 

phosphorylation sites on the activity of a protein, but on the overall role that 

phosphorylation may be playing in the regulation of mitochondria.  

  

 



 163 

Other PTMs 

 While this work has focused on the role of phosphorylation in the mitochondria it 

is important to consider the affect that other PTMs may be having on mitochondrial 

function. Acetylation is another prevalent PTM in the mitochondria, which has seen a 

dramatic increase in interest in recent years. Large-scale studies have discovered over 

2000 acetylation sites in mitochondria, predominantly located on metabolic enzymes 

(Hebert et al., 2013; Wang et al., 2010). Furthermore, similarly to phosphorylation, 

acetylation has been shown to regulate many different mitochondrial pathways 

(Hirschey et al., 2010; Jiang et al., 2011; Shimazu et al., 2010). One way that 

acetylation differs from phosphorylation in the mitochondria is the current lack of a 

known deacetylase. While a few studies have hinted at the identity of a mitochondrial 

deacetylase (Scott et al., 2014), the likelihood that mitochondrial acetylation is an 

entirely non-enzymatic modification is still possible as mitochondria contain a suitable 

environment for chemical acylation (Wagner and Payne, 2013). Fortunately, the 

problem of stoichiometry in acetylation is not as prevalent as in phosphorylation, as the 

large-scale measurement of acetylation occupancy in an entire proteome is now 

possible (Baeza et al., 2014). 

 

Combinatorial PTMs on a Single Protein 

 With the ability to use MS to look at a wide variety of PTMs within the 

mitochondria, it is becoming increasingly important that the interactions between 

different modifications be considered. Large-scale studies have shown that in addition 

to phosphorylation and acetylation, succinlyation and malonoylation are also prevalent 
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modifications in mitochondria (Du et al., 2011; Park et al., 2013). Indeed, while our work 

has shown that phosphorylation is capable of regulating HMGCS2 activity (Grimsrud et 

al., 2012), others have shown that HMGCS2 can also be regulated by acetylation, 

succinylation and palmitoylation (Kostiuk et al., 2010; Quant et al., 1990; Shimazu et al., 

2010). It will be intriguing to see what, if any, the interplay between these modifications 

can have on the control of ketogenesis. Others have reported the role that 

phosphorylation and acetylation in concert can have on the activity of the PDC (Fan et 

al., 2014), and it will be important to investigate if this is true for other enzyme 

complexes as well.  

One hurdle to the investigation of multiple PTMs on a single protein is the 

standard shotgun proteomics technique. In bottom-up proteomics, a protein is first 

digested into easily ionizable peptides, then sequenced using tandem MS, and finally 

reconstructed using protein databases. While this method is ideal for large-scale 

analysis and quantitation of individual PTMs, when different PTMs appear on different 

peptides, it is impossible to know if they came from the same protein at the same time. 

For example, it would be impossible to know if all of a protein was 50% acetylated and 

50% phosphorylated, or if half of a protein was 100% acetylated and the other half 

was 100% phosphorylated. One way to overcome this method is using top-down 

proteomics (Kelleher et al., 2014). In the top down method, entire proteins are ionized, 

and it may be possible to look at the different proportion of modifications. This 

technology is still in its infancy though, and only recently have advances been made 

that allow analysis of large molecular weight proteins and quantitation between 

different biological samples (Han et al., 2006; Rhoads et al., 2014).   
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Mitochondrial Kinases and Phosphatases 

 Through the work of our group and others, we have shown that phosphorylation 

in mitochondria is prevalent and is dynamic in response to changing physiological 

states (Deng et al., 2011; Grimsrud et al., 2012; Zhao et al., 2010). Furthermore, 

phosphorylation has recently been shown to be important for regulating key 

mitochondrial pathways such as protein import and proteolytic processing (Bin Lu et al., 

2012; Schmidt et al., 2011)To continue this work, it will be important to know more 

about the enzymes that are involved in the addition and removal of this modification. 

While several classic studies have shown that phosphorylation regulates the activities 

of the PDC and the BCKDC (Pagliarini and Dixon, 2006), the majority of the known 

phosphorylation events in the mitochondria have no kinase or phosphatase associated 

with them.  

Our ABPP approach has begun to identify kinases that are enriched in 

mitochondrial fractions and kinases that are differentially identifiable in lean and obese 

liver mitochondria. To continue this work, several technical conditions must be met. It 

seems possible, even likely, that if kinases are transiently translocating to the 

mitochondria, it will be important to profile as many different conditions as possible. 

Furthermore, we have shown that using biological replicates for statistical power is 

important for identifying regulatory phosphorylation sites, and it will likely be similarly 

important for identifying kinases. Finally, while crude mitochondrial preps were 

desirable for our earlier studies, moving forward it will be important to utilize density 



 166 

gradients to obtain pure mitochondrial preps if we hope to definitively identify bona fide 

mitochondrial kinases.  

Calcium has also been known to be important to mitochondrial function for 

decades (Otto and Ontko, 1978), yet in many cases the mechanism for calcium action 

in the mitochondria is unknown (Balaban, 2009). Interestingly, there are calcium 

responsive kinases and phosphatases in the cytosol, and it is tempting to speculate 

that calcium import into the mitochondria could be affecting as-yet-unidentified 

mitochondrial kinases or phosphatases. Recently, the molecular identity of the calcium 

uniporter has been discovered (Baughman et al., 2011), and its role in rapid calcium 

uptake has been shown in a mouse knockout model (Pan et al., 2013). It would be 

especially illuminating to profile the phosphoproteome in mice lacking the calcium 

uniporter.  Finally, we and others have shown that calcium can increase both 

mitochondrial respiration rates and ATP concentration (Graier et al., 2007). Moreover, a 

recent report by the Pozzan group has shown that mitochondrial calcium can induce 

cAMP generation in the matrix (Di Benedetto et al., 2013), and the Manfredi group has 

provided evidence for a complete adenylyl cyclase and phosphodiesterase system in 

the mitochondrial matrix (Acin-Perez et al., 2011; 2009). Taken together, this evidence 

seems to point toward a cAMP dependent kinase that is localized to the mitochondria 

and proposes a mechanism though which calcium can regulate ATP generation.   

While the identities of mitochondrial phosphatases are well characterized, the 

specific targets of most of these phosphatases are still unknown. It may even be true 

that the kinase/phosphatase system in the mitochondria mirrors that of the acetylation 

system in which the addition of the modification may be non-enzymatic while the 
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removal of the modification is the key to regulation. It has been proposed that 

phosphorylation may be a non-enzymatic side effect of the OXPHOS system and high 

ATP concentrations in the matrix (Covian and Balaban, 2012). It will also be important 

in the future to investigate non-canonical phosphorylation sites, such as histidine, 

arginine, and aspartate. The bacterial lineage of the mitochondria, and several recent 

studies, have suggested that these unappreciated phosphorylation sites may be 

important for mitochondrial function (Kee and Muir, 2012; Klumpp and Krieglstein, 

2009).  

 

Future Studies on PTC7 and Mitochondrial Adaptation 

 Our recent work has begun to identify the substrates of a mitochondrial 

phosphatase, PTC7. Using phosphoproteomics and a yeast deletion system, we have 

identified 70 phosphorylation sites that are likely targets of PTC7. While this is a strong 

beginning, more work remains to fully understand the role of this phosphatase. In the 

future, it will be important to rescue by overexpression the phenotypes that are seen 

regarding iron chelation and resistance to oxidative stress. It is possible that deletion of 

PTC7 causes a mild stress response (shown by upregulated HSPs and catalase), which 

in turn allows the Ptc7∆ strain to better overcome future stress. This phenomenon has 

been seen in other contexts and is termed ‘mitohormesis’ (Yun and Finkel, 2014). 

Indeed, even the reactive oxygen species produced by CIII have also been shown to 

have protective effects and be important for cellular function (Sena and Chandel, 2012). 

It will be important to test if Ptc7∆ yeast have greater levels of ROS than their WT 

counterparts.  
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 Identifying bona fide targets of PTC7, as opposed to stochastic, downstream or 

adaptive sites is a challenge. This challenge stems partly from the timing of our 

proteomic experiments. Even if yeast are grown through the diauxic shift to achieve 

maximal mitochondrial utilization and PTC7 expression (in WT), this process takes 

hours and there could still be a long term adaptation to a removal of a gene. We are 

working on developing a rapid, inducible PTC7 knockout system in yeast based on the 

classic Cre-Lox gene editing technique (Cheng et al., 2000). Once this is in place, we 

will be able to rapidly delete the gene and, depending on protein turnover, be able to 

investigate rapid changes in phosphorylation during the transition to oxidative 

respiration (Kanshin et al., 2015). 

 Further work also remains in the characterization of the effect of 

phosphorylation on the activity of Hem15. Total iron and heme content of Ptc7∆ yeast 

will need to be measured. More investigation of the catalytic rates of Hem15 will be 

needed to determine if phosphorylation is affecting the Vmax or Kd of the protein. Also, 

the mechanism of inhibition will need to be examined; binding experiments should be 

conducted to determine if S102 phosphorylation is blocking the ability of the enzyme to 

bind the protoporphyrin ring. Finally, while the efficiency remains low, it will soon be 

possible to use orthogonal translation systems in bacteria to crease site-specific 

phosphoserine incorporation (Lajoie et al., 2013). This will overcome the difficulty of 

using phosphomimetic mutations to approximate phosphorylation. Overall, these future 

experiments will allow us to fully understand the role the phosphorylation is playing in 

the activity of Hem15 and in iron homeostasis in yeast.  
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Impact 

 Throughout the course of my dissertation research I have endeavored to expand 

our knowledge of the role that phosphorylation plays in the regulation of mitochondrial 

biochemical pathways. I believe that the future of this field is bright and that there are 

many interesting and complex questions yet to be answered. Our increased 

understanding of the role that mitochondria play in the progression of many human 

diseases begs for more work to be undertaken. Here, I have shown that 

phosphorylation is a dynamic mitochondrial PTM, and that kinases and phosphatases 

are likely regulators of this modification from within the organelle. More work still needs 

to be undertaken to understand the functions and regulation of the hundreds of 

phosphorylation sites now known on mitochondrial proteins.  
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