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ABSTRACT

Mutually beneficial symbioses (mutualism) between bacterial symbionts and plant or
animal hosts are ubiquitous, and quite frequently these associations are broad host-range in
nature, in that the bacterial symbiont can associate with several different hosts. Although broad
host-range mutualisms are widespread and fundamentally important to our understanding of
biological systems, our basic knowledge of how these systems are maintained and evolve is
limited. The work detailed in this thesis describes the development of the Xenorhabdus bovienii
bacterial strain — Steinernema spp. nematode association as a model for exploring such
questions. In the work described here | characterize a suite of nine X. bovienii bacterial strains
that associate with six different nematode host species. Through genomic and phenotypic
analysis, | demonstrate that these bacterial strains are functionally diverse, providing the
potential for variability in symbiotic interactions. Experimental testing demonstrates that indeed
variability in symbiotic interactions occurs and that these differences are likely due to
coevolution between nematode host species and bacterial strain symbionts. Further

comparative genomic analyses provide insight into which bacterial functions are diverse and



i
may contribute to variability in symbiotic interactions. Finally, | provide an in-depth analysis

of the incompatible relationship between S. feltiae nematodes and the symbionts of S.
intermdium and S. affine nematodes, which demonstrates that bacterial symbionts can influence
the outcome of host competition. In total, these experiments define features of the X. bovienii
bacterial strain — Steinernema spp. association to begin to answer basic biological questions
about broad host-range symbiosis, such as the impact of interactions on the ecology of
organisms and the maintenance of associations through evolutionary time. Additionally, the
described characterizations will enable the use of the system as a model for future

experimentation to understand broad host-range symbioses.
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CHAPTER 1

Introduction and literature review

Sections of this work have been published as:

Murfin KE, Dillman AR, Foster JM, Bulgheresi S, Slatko BE, Sternberg PW, and
Goodrich-Blair H. “Nematode-Bacterium Symbioses - Cooperation and Conflict Revealed
in the 'Omics' Age.” Biol Bull. 2012 Aug; 223(1):85-102.



ABSTRACT

Beneficial symbiotic associations between microbial symbionts and host plants or animals are
diverse and occur within all trophic levels and ecosystems. As such, they are integrally
important to our understanding in many scientific areas, such as ecology, evolution, and health.
Beneficial symbiosis can be specific associations, where one symbiont species associates with
one host species, but quite often, beneficial symbioses are generalist in nature, where at least
one of the partners can associate with several different partner species. This is frequently the
case in symbioses involving bacterial partners, where a bacterial symbiont species has the
ability to associate with several different plant or animal host species. In this chapter, the
diversity of microbial symbioses is described with emphasis on broad interactions. Specific
focus is also given to the potential for utilizing the association between Xenorhabdus bovienii
bacterial symbionts and their Steinernema spp. nematode hosts as a model for broad

interactions.



SYMBIOSIS AND MUTUALISM

Symbioses, the intimate living together of two or more unlike organisms, is a widespread
phenomenon that occurs across all trophic levels in all ecosystems, and as such, symbioses are
integrally important to ecosystem dynamics (1), evolution (2), and health of the symbiotic
partners (3-5). Symbioses can range from mutually beneficial associations (i.e. mutualisms) to
interactions that are harmful towards one partner (i.e. parasitism). Perhaps the most prominent
symbioses involve microbial symbionts due to microbial abundance. Mutualisms between
microbial symbionts and host plants or animals are complex and diverse, often involving the
exchange of many different goods and services.

Many microbial mutualisms are nutritionally based, where one or both partners produce
nutrients in exchange for different nutrients or other goods and services. For example, within the
interaction between Rhizobium bacteria and legume plants, the plant host provides a carbon
source to the bacterial symbiont in exchange for fixed nitrogen from the bacterium (6). Common
nutrients exchanged in mutualism are vitamins (7, 8), amino acids (9, 10), energy sources (e.g.
carbon) (11-13), and nitrogen (6, 10, 14-17). In some of these associations, the exchange of
nutrients is through direct transfer of metabolites, as in nitrogen fixation by plant mutualistic
bacteria (6, 10, 15-17). However, in other systems, symbionts contribute to host nutrition
through direct degradation of food substrates, thereby increasing their bioavailability for the
host. For example, within the termite-intestinal microbiota mutualism, the termites consume
woody plant material that is broken down by the symbiotic microorganisms that reside within the
termite digestive tract, and this digestion releases nutrients for both the host and symbionts
(13). It was recently discovered that nutritional mutualisms can also be a hybrid of these two
approaches, as is the case in wood-consuming bivalve, Bankia setacea, that has gill-associated
bacterial symbionts (18). The gill-associated symbionts produce enzymes that are transported

to the bivalve’s cecum for digestion of wood consumed by the host (12).



Another common function in symbioses is defense of the symbiont, host, or both from
predators, pathogens, or competitors. It is likely that hosts almost always have a defensive role
through providing a protected niche for the symbiont. Additionally, the symbiont can provide
protection to the host through the production of compounds, such as toxins or antibiotics, that
kill or deter competing organisms. For example, some secondary symbionts of aphids produce
toxins that provide protection from parasitoid wasps that lay eggs in the aphid host (19). These
toxins kill the developing wasp and allow the aphid to survive. Host protection by symbionts
likely also occurs through the microbe filling a niche and competitively excluding other microbes,
including potential pathogens, as is proposed for certain animal — microbiota associations (20).
Symbionts also have been linked to other roles that may directly or indirectly provide defensive
benefits, such as influencing development at a variety of stages (4, 21), educating and
modulating the immune system (22), and altering animal behavior (4, 23).

In addition to nutrition and defense, other less common goods or services can be
exchanged between hosts and symbionts. Alternate goods and services include benefits such
as transport through sulfide gradients (24), water filtering (25), and heat tolerance (26). In all of
these examples, the good or service provided is specific to the needs of the symbiont or host

due to a particular life cycle feature.

BROAD HOST-RANGE MUTUALISTIC ASSOCIATIONS

Many different mutualistic associations have been studied as individual host-symbiont
pairs to investigate details of interactions between one symbiont and one host. For example, the
interactions between Steinernema carpocapsae nematodes and Xenorhabdus nematophila
bacteria have been studied to understand bacterial mechanisms of host tissue colonization (27,
28) and defensive symbiosis (29, 30). Additionally, investigations of interactions between Vibrio

fischeri bacteria and Euprymna scolopes squid have resulted in detailed knowledge of host
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detection of and physiological changes in response to specific bacterial signals (31, 32). These

findings on representative pairs are helping reveal general paradigms applicable to many other
symbioses (33, 34), including those that are more complex and difficult to study (35).

Although there is much value in investigating detailed mechanisms by which individual
pairs associate with each other, many mutualisms, including those developed for study, are
actually generalist associations. In mutualism, associations may be specialist (one host and one
symbiont) or generalist (host and/or symbiont may associate with several potential partners).
This can be true in both binary associations (only one host and one symbiont associate at a
time) and in a microbial cortium (the host has multiple microbial constituents that fill different
niches). Perhaps the most common of the generalist associations are those where the symbiont
species is able to associate with several host species or genera (e.g. broad-host range
mutualisms). For instance, many of the plant-associated nitrogen-fixing bacterial species (e.g.
Bradyrhizobium and Rhizobium) can associate with several different host genera and species
(6, 16, 17, 36). This also occurs among animal symbioses, such as in the previously mentioned
squid-Vibrio system (37). Additionally, broad host-range associations occur between
Symbiodinium dinoflagellate species with coral reef invertebrates, where the Symbiodinium
symbiont provides energy through photosynthesis to the invertebrate host (38). Similarly, the
intestinal bacterium Bifidobacterium pseudolongum subsp. globosum can associate with bovine,
cheetah, and canine hosts, and other Bifidobacterium spp. also associate with a variety of hosts
(39, 40).

Studies on broad host-range interactions are beginning to elucidate how microbial
diversity in symbiont species can affect mutualistic activities and their specificity with different
hosts. Bacterial strains within a species, including those associated with hosts (15, 41, 42), have
a large genetic diversity that likely causes differences in bacterial function and the ability to

engage in symbiosis with different partners. Indeed in the mutualism between squid and their V.
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fischeri symbionts, diversity in bacterial genes involved in host colonization impacts competitive

colonization of the squid by native V. fischeri bacterial strains (43). Additionally genetic diversity
impacts the ability of Rhizobium bacteria to interact with legume hosts (44, 45). Because broad
host-range associations are likely common, understanding their function and stability within the
context of multiple potential partners will be integral to our understanding of host-microbe
mutualisms. Remaining questions about broad host-range associations include understanding
how symbiont isolate diversity impacts host health, if symbiont isolates are maintained with
specific hosts, how symbiotic maintenance occurs, and how coevolution and coadaptation
between diverse host and symbiont isolates impacts specificity in symbiosis. For study of these
questions, there are many mutualistic associations that would be feasible to utilize, such as the
mutualisms that occur between entomopathogenic (i.e. insect-parasitizing) nematodes and their

bacterial symbionts.

ENTOMOPATHOGENIC NEMATODE — BACTERIAL ASSOCIATIONS

At least two genera of entomopathogenic nematodes (EPNs), Steinernema and
Heterorhabditis, have evolved binary mutualistic associations with gammaproteobacteria,
Xenorhabdus and Photorhabdus respectively, that allow them to kill insects and utilize the
cadavers as food sources (46). Within these associations, a vast majority of the partnerships
are broad host-range in nature and therefore represents an excellent resource for
understanding broad host-range mutualism. Within the Photorhabdus genus there are three
species recognized: P. temperata, P. luminescens, and P. asymbiotica. The last was isolated
originally from human wounds, but recently was discovered to colonize, like the other species, a
heterorhabditid nematode host, of which there are 18 recognized species (47, 48). In contrast,
there are 22 species of Xenorhabdus (49, 50) that colonize one or more of the >70 known

species of Steinernema nematodes (47, 48).



In EPN - bacterial associations, the partners engage in symbiosis that allows them to
complete a parasitic life cycle within an insect host (Figure 1.1). Within the environment, a
specialized infective stage of EPNs carries a population of the symbiont within the intestine,
andreleases them upon invasion of an insect host. There, the bacteria contribute to killing the
insect, help degrade the insect cadaver for nutrients, and protect the cadaver from opportunists.
Once the insect resources are consumed, the EPN progeny nematodes develop into the
colonized infective stage and emerge to hunt for a new insect host (51, 52). In EPN
associations, the bacteria and nematodes can be cultivated independently or together, and
molecular genetic techniques are available for the bacteria and, in some cases, for the
nematodes (51, 53, 54). This technical tractability has enabled the use of EPNs and
bacteria as models of mutualism, virulence, evolution, behavior, ecology, and drug discovery
(51, 55-61). Furthermore, since these nematode-bacterium complexes are pathogenic toward a
wide but varying range of insects, an additional goal in studying EPNs is improving their use in
biological control of insect pests (62). In particular, investigators have focused on identifying
nematode traits associated with host range and successful parasitism to help improve the field
efficacy of EPNs, and on identifying products of the entomopathogenic bacteria with insecticidal

properties, efforts facilitated by sequencing of both bacterial and nematode genomes (63-66).

“OMICS” AS A TOOL FOR STUDYING EPN — BACTERIAL MUTUALISMS

The advent of “omics” techniques (e.g. genomics, transcriptomics, proteomics) has
greatly furthered our understanding of many mutualisms, such as microbiota communities (39,
41, 67). This is also true within EPN — bacterial associations. Genomics and transcriptomics of
bacterial symbionts have furthered our understanding of differences among binary symbiotic

associations and differences in bacterial species, such as coding potential and mechanisms of
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Figure 1.1 EPN-bacteria lifecycle in insect host. The schematic depicts the lifecycle of EPN
nematodes (grey) with their bacterial symbionts (red) in an insect host (green). Environmental
stage nematodes carry the bacterial symbiont in a specialized portion of their intestine and seek
out insect hosts in the soil. The nematodes then infect the insect host and release the bacterial
symbiont into the insect’s blood cavity. The nematodes and bacteria then produce virulence
factors and kill the insect host. The nematodes and bacteria then grow and reproduce inside the
insect cadaver. During growth, the bacteria produce factors that provide nutrients, likely through
degrading insect tissue, and that protect the cadaver environment from competitor microbes and
scavenging insects. Once nutrients are depleted, the nematodes and bacteria re-associate into

environmental stage nematodes and exit the insect cadaver.



interacting with both the nematode and insect host. Additionally this work has demonstrated
several conserved phenomena that may be generally applicable to EPN associations.
Photorhabdus and Xenorhabdus bacteria are closely related to each other
phylogenetically, and both infect a similar range of insect hosts, but each associates with an
EPN from a different clade (68). Both bacteria make similar symbiotic contributions to the fitness
of their nematode hosts: helping establish infection in insects, defending the insect host from
predators and competitors, and promoting normal nematode development (69). However,
comparative analyses of the four sequenced bacterial genomes (P. luminescens, P.
asymbiotica, X. nematophila, and X. bovienii) (64, 65) revealed these similar fitness traits are
the product of convergent evolution (63). For example, each symbiont limits the growth of
competitor microbes, but does so through the production of different types of antimicrobial
compounds (63). In contrast, the genes involved in entomopathogenicity, such as those
encoding insecticidal toxins, appear to be conserved among the four bacterial species. Based
on the apparent convergent evolution of genes involved in nematode-association and
conservation of those involved in insect virulence, this study also predicted which bacterial
genes may be involved in either of these symbiotic behaviors (63). The analysis was based on
the idea that genes present in both Xenorhabdus and Photorhabdus but absent in non-insect
pathogens may be enriched for those that encode activities necessary for killing and digesting
insects. Similarly, genes that are unique to either Xenorhabdus or Photorhabdus should be
enriched for those that are necessary for interactions with the nematode host. The study found
243 X. nematophila genes common to Xenorhabdus and Photorhabdus but absent in non-insect
pathogens, including many with predicted roles in pathogenesis, and 290 genes specific to
Xenorhabdus. Perhaps not surprisingly, genes of unknown function predominate in the latter

"nematode host interaction" category, suggesting that bacterial genes involved in nematode
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interactions remain to be functionally characterized (63). Further application of proteomic and

"panning" approaches would be useful for exploring this set of potential host-interaction genes.
In addition to comparative genome approaches, genome sequencing of EPN symbionts
facilitated genetic screens that lent insights into the biology involved in host-microbe
interactions. As with all mutualistic symbiotic associations a key component of the
EPN-bacterium symbiosis is transmission of the bacterial symbiont to the next generation. In
EPNs this occurs by bacterial colonization of the intestines of progeny infective juveniles and
carriage to the next insect host. Bacterial colonization of the infective juvenile stage can be
highly selective, such that in some EPN-bacterium associations only one species of bacterium is
capable of colonizing a particular species of nematode (51, 53). Transposon mutagenesis
screens in both X. nematophila and P. luminescens have revealed novel genes involved in this
specificity (28, 70, 71). In one study, nine X. nematophila genes essential for normal
colonization of the infective stage of S. carpocapsae nematodes were identified. Three of these
genes, nilA, B, and C, are encoded together on a 3.5-kb locus (28). Further study revealed that
this locus is not present in other Xenorhabdus bacterial symbionts and is sufficient to confer
colonization of S. carpocapsae on naturally non-colonizing bacteria, establishing for the first
time a genetic element conferring host range expansion in an animal-bacterial association (72).
nilB is similar to genes found in animal associated microbes, including mucosal pathogens (28,
73), supporting the idea that common molecules or mechanisms maintain many host-bacterial
interactions regardless of whether the outcome of the interaction is mutualistic or pathogenic
(74). The function of NilB, a surface exposed outer membrane protein (73) remains unclear, but
analysis of the EPN symbiont genome sequences has provided some clues. Relaxed search
parameters revealed that each of the four sequenced genomes of EPN symbionts, including X.
nematophila itself, encodes a NilB-like protein in a conserved genomic context. Adjacent genes

are predicted to encode TonB-like transporters and TonB-dependent receptors, involved in
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metabolite transport across the membrane. This finding leads to the hypothesis that NilB and

NilB-like proteins may be involved in transport of a class of molecules that varies among
different nematode hosts, allowing their function to dictate host range specificity (73).
Alternatively, the NilB-like orthologs may play a role in other aspects of the EPN symbiont
biology, such as insect virulence.

Consistent with the latter hypothesis, screens for P. luminescens mutants defective in
colonizing their nematode host H. bacteriophora did not reveal the NilB-like ortholog, nor any of
the other colonization genes identified in X. nematophila (28, 70, 71). This finding further
supports the convergent abilities of Xenorhabdus and Photorhabdus to mutualistically associate
with their respective nematodes (63). Putative P. luminescens nematode colonization genes
revealed by mutant screens include those involved in lipopolysaccharide metabolism, fimbriae
biosynthesis, and regulation (70, 71). Subsequent microarray work established that the
colonization gene hdfR encodes a transcription factor that regulates more than 100 genes,
including many involved in metabolic processes. Nematodes co-cultivated with the hdfR mutant
display a developmental lag, suggesting that hdfR is required for normal nematode development
(75). As the roles of bacteria in EPN development are elucidated, it will be particularly
interesting to compare these findings among host-symbiont pairs to determine if common
themes are revealed.

Another avenue toward elucidating the molecular dynamics of nematode-bacterium
mutualism is identification of genes that are expressed specifically during association. Such an
approach has been applied to P. luminescens and P. temperata. Using selective capture of
transcribed sequences (SCOTS), 106 P. temperata transcripts were identified to have altered
levels when cells were grown in liquid culture versus colonizing the nematode host (76). The
authors identified genes involved in cell surface structure, regulation, stress response, nucleic

acid modification, transport, and metabolism, and found that half of the transcriptional changes
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overlap with that of the bacterial starvation response (76). This overlap as well as the metabolic

shifts that occur in sugar metabolism and amino acid biosynthesis indicate that it is likely that
the nematode is a nutrient poor environment.

These studies have revealed several key interactions that are common within nematode
— bacterial interactions, such as specificity of colonization events. However, they also highlight
that while the themes are common, the molecular mechanisms underlying them are likely
specific to the system, as in diversity of genetic factors that facilitate colonization. These
features are likely to be diverse among different species pairs. However it is unclear if the
genetic mechanisms would be conserved in broad host range nematode bacterial associations,

as genomic and functional analyses have only been done on specific binary partner pairs.

X. BOVIENII BACTERIAL STRAINS — STEINERNEMA SPP. NEMATODES AS A MODEL OF BROAD-
HOST RANGE ASSOCIATIONS

The work described above mainly focused on binary interactions between individual
species of EPNs and bacterial symbionts. The extensive knowledge of mutualism specificity and
partner contributions within EPN associations and their experimental tractability make them
particularly attractive for development to understand broad host-range mutualism. Of the
Steinernema nematode-bacterial pairings, X. bovienii is the most promiscuous, associating with
at least 10 Steinernema nematode species from two distinct clades (Figure 1.2) and as such
lends itself to investigations of the questions as outlined in the previous section.

Previous work on X. bovienii — Steinernema spp. associations has shown that it is an
obligate mutualism, in that the bacterial symbiont is necessary for nematode development within
the insect and the bacteria can only be transmitted by the nematode vector (77, 78). For
example, S. feltiae nematodes and their X. bovienii bacterial symbiont both contribute to

virulence towards the insect host (78, 79). Also, examination of individual X. bovienii bacterial
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strain virulence revealed diversity of insecticidal activities, which may reflect a varied natural

insect host range (80, 81). Additionally, a potential defensive role has been identified for the
bacterial symbiont. X. bovienii produces several effective antimicrobials and a bacteriocin that
can protect the host and symbiont from competitor or pathogenic microbes within the insect

cadaver (82-84).
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Figure 1.2

Clade Il nematodes

Clade IV nematodes

S. weiseri
S. feltiae
_— S. puntauvense
1l S. jollieti

S. kraussei
S. litorale*

S. oregonense
Clade V nematodes

I— S. sichuanense*
S. intermedium

I— S. affine

Steinernema sp. nematode hosts of X. bovienii. The phylogenetic tree shows the clades of

Steinernema nematodes and names the hosts known to carry X. bovienii bacterial strains.
Roman numerals indicate the nematode clades. The tree is based on a cophylogenetic study by
Lee and Stock (68). Nematodes not carrying X. bovienii have been omitted and clades with no
X. bovienii hosts have been collapsed down to one branch. * indicate nematode species not
included within the original study but are known to carry X. bovienii. The likely placement of
these strains within the tree is based on known morphology and comparison of 28s rRNA

sequences.
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Although many X. bovienii — Steinernema pairs had been isolated (68, 85), they had not,

at the time this thesis work began, been studied at the cellular and molecular level. It was
expected that interactions between X. bovienii and their nematode hosts would have the same
general characteristics as those of other, better studied, Xenorhabdus — Steinernema
associations. However, the specific mechanisms underpinning the interactions, such as the
identity of bacterial proteins necessary to colonize host tissues (28), are expected to differ from
other Xenorhabdus species. Diversity among the X. bovienii strains in these features that will
impact their ability to engage with different nematode host species was also expected. At the
start of this work, such analyses had not been conducted, nor had the impact of bacterial strain

diversity on mutualistic interactions and their stability been investigated.



16
CONCLUSIONS

Broad mutualistic associations are common within natural environments and are
represented within all trophic levels and among diverse environments. As bacteria that
associate with hosts are genetically diverse, it is likely that they vary in mutualistic functions and
their ability to interact with hosts. Diversity in benefits may influence how symbioses are
maintained and competition between different partner pairs. Such information will likely prove to
be important in many ecological and evolutionary areas, such as in preservation of coral reefs.
For example, it is likely that the Symbiodininum variations are linked to more or less tolerance
for temperature changes, which may prove to be useful for reef restoration (38). Additionally,
information on broad host-range symbioses will provide insights into basic functions and
stabilities of symbioses, such as the maintenance of particular partner pairs. Characterization of
X. bovienii — Steinernema spp. associations in a directly comparable way will facilitate the
utilization of this system as a model for understanding fundamental principles underlying the
evolution, maintenance and ecology of broad mutualistic associations, such as those mentioned
above. As both experimental and “omics” approaches have been shown to be highly effective in
studying the interactions between EPNs and their bacterial symbionts, integration of both

approaches will likely be effective in defining these associations.
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THESIS PLAN

Broad mutualistic associations are wide-spread and fundamentally important to our
understanding of symbiotic maintenance, evolution, and ecology. However, there exists a gap in
our knowledge regarding mechanistic functions that enable and stabilize these associations. For
example, it is likely that symbiont factors that facilitate colonization in binary interactions vary
among symbiont isolates that associate with different hosts, but it is unclear if the same
determinants are diversified or if different determinants are utilized. Towards understanding
mechanisms such as these, the association between X. bovienii bacteria and Steinernema spp.
hosts is a candidate model that can be utilized to address fundamental principles regarding
symbiotic maintenance and evolution as well as the impact of symbiont diversity on symbiotic
interactions. This thesis details the work in developing the X. bovienii — Steinernema spp.

mutualism as a model:

Chapter 2 describes work undertaken to define the general characteristics of the association
between X. bovienii and their Steinernema spp. hosts. Included in this chapter are the
characterizations of individual bacterial strains, a description of the process by which X. bovienii

colonizes a nematode host, and several methods for study of these organisms.

Chapter 3 defines the specificity that occurs between S. feltiae nematodes and X. bovienii
bacterial strain symbionts. This work provides foundational insights into how bacterial symbiont
strain diversity can impact success in mutualistic interactions and contribute to symbiotic

maintenance.

Chapter 4 details work on comparative genomic analysis of X. bovienii bacterial strains to

define diversity in potential symbiosis factors among the strains. This work extends the previous
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chapter by providing insights into potential mechanisms that could contribute to specificity in

symbiosis.

Chapter 5 presents an investigation of the incompatible interaction between S. feltiae
nematodes and the symbionts of S. intermedium and S. affine nematodes. The data supports
the idea that this incompatibility provides a competitive advantage to a nematode host in

establishing a mono-species productive infection in insects.

Chapter 6 summarizes the work from chapters 1-5 and appendices 1-4 to provide a cohesive
view of X. bovienii — Steinernema spp. associations. Additionally, this provides the framework
for further use of these interactions as a model for broad mutualism. Also included are potential

future directions and uses for this model.



10.

11.

12.

19

REFERENCES

Saavedra S, Stouffer DB, Uzzi B, Bascompte J. 2011. Strong contributors to network
persistence are the most vulnerable to extinction. Nature 478:233-235.

Weyl EG, Frederickson ME, Yu DW, Pierce NE. 2010. Economic contract theory tests
models of mutualism. Proc Natl Acad Sci U S A 107:15712-15716.

Berg G. 2009. Plant-microbe interactions promoting plant growth and health:
perspectives for controlled use of microorganisms in agriculture. Appl Microbiol
Biotechnol 84:11-18.

McFall-Ngai M, Hadfield MG, Bosch TC, Carey HV, Domazet-Loso T, Douglas AE,
Dubilier N, Eberl G, Fukami T, Gilbert SF, Hentschel U, King N, Kjelleberg S, Knoll
AH, Kremer N, Mazmanian SK, Metcalf JL, Nealson K, Pierce NE, Rawls JF, Reid A,
Ruby EG, Rumpho M, Sanders JG, Tautz D, Wernegreen JJ. 2013. Animals in a
bacterial world, a new imperative for the life sciences. Proc Natl Acad Sci U S A
110:3229-3236.

Nicholson JK, Holmes E, Kinross J, Burcelin R, Gibson G, Jia W, Pettersson S.
2012. Host-gut microbiota metabolic interactions. Science 336:1262-1267.

Rogel MA, Bustos P, Santamaria Rl, Gonzalez V, Romero D, Cevallos MA, Lozano
L, Castro-Mondragon J, Martinez-Romero J, Ormeno-Orrillo E, Martinez-Romero E.
2014. Genomic basis of symbiovar mimosae in Rhizobium etli. BMC Genomics 15:575.

Aksoy S. 2000. Tsetse--A haven for microorganisms. Parasitol Today 16:114-118.

Salem H, Bauer E, Strauss AS, Vogel H, Marz M, Kaltenpoth M. 2014. Vitamin
supplementation by gut symbionts ensures metabolic homeostasis in an insect host.
Proc Biol Sci 281.

Douglas AE. 2006. Phloem-sap feeding by animals: problems and solutions. J Exp Bot
57:747-754.

Prell J, Bourdes A, Kumar S, Lodwig E, Hosie A, Kinghorn S, White J, Poole P.
2010. Role of symbiotic auxotrophy in the Rhizobium-legume symbioses. PLoS One
5:e13933.

Aylward FO, Burnum KE, Scott JJ, Suen G, Tringe SG, Adams SM, Barry KW,
Nicora CD, Piehowski PD, Purvine SO, Starrett GJ, Goodwin LA, Smith RD, Lipton
MS, Currie CR. 2012. Metagenomic and metaproteomic insights into bacterial
communities in leaf-cutter ant fungus gardens. ISME J 6:1688-1701.

O'Connor RM, Fung JM, Sharp KH, Benner JS, McClung C, Cushing S, Lamkin ER,
Fomenkov Al, Henrissat B, Londer YY, Scholz MB, Posfai J, Malfatti S, Tringe SG,
Woyke T, Malmstrom RR, Coleman-Derr D, Altamia MA, Dedrick S, Kaluziak ST,
Haygood MG, Distel DL. 2014. Gill bacteria enable a novel digestive strategy in a
wood-feeding mollusk. Proc Natl Acad Sci U S A 111:E5096-5104.



13.

14.

15.

16.

17.

18.

19.

20.

21.

22.

23.

24.

20
Brune A. 2014. Symbiotic digestion of lignocellulose in termite guts. Nat Rev Microbiol
12:168-180.

Ben-Yosef M, Pasternak Z, Jurkevitch E, Yuval B. 2014. Symbiotic bacteria enable
olive flies (Bactrocera oleae) to exploit intractable sources of nitrogen. J Evol Biol
doi:10.1111/jeb.12527.

Galardini M, Mengoni A, Brilli M, Pini F, Fioravanti A, Lucas S, Lapidus A, Cheng
JF, Goodwin L, Pitluck S, Land M, Hauser L, Woyke T, Mikhailova N, Ivanova N,
Daligault H, Bruce D, Detter C, Tapia R, Han C, Teshima H, Mocali S, Bazzicalupo
M, Biondi EG. 2011. Exploring the symbiotic pangenome of the nitrogen-fixing
bacterium Sinorhizobium meliloti. BMC Genomics 12:235.

Moulin L, Klonowska A, Caroline B, Booth K, Vriezen JA, Melkonian R, James EK,
Young JP, Bena G, Hauser L, Land M, Kyrpides N, Bruce D, Chain P, Copeland A,
Pitluck S, Woyke T, Lizotte-Waniewski M, Bristow J, Riley M. 2014. Complete
genome sequence of Burkholderia phymatum STM815(T), a broad host range and
efficient nitrogen-fixing symbiont of Mimosa species. Stand Genomic Sci 9:763-774.

Teamtisong K, Songwattana P, Noisangiam R, Piromyou P, Boonkerd N, Tittabutr
P, Minamisawa K, Nantagij A, Okazaki S, Abe M, Uchiumi T, Teaumroong N. 2014.
Divergent nod-containing Bradyrhizobium sp. DOA9 with a megaplasmid and its host
range. Microbes Environ.

Distel DL, Beaudoin DJ, Morrill W. 2002. Coexistence of multiple proteobacterial
endosymbionts in the gills of the wood-boring Bivalve Lyrodus pedicellatus (Bivalvia:
Teredinidae). Appl Environ Microbiol 68:6292-6299.

Oliver KM, Russell JA, Moran NA, Hunter MS. 2003. Facultative bacterial symbionts in
aphids confer resistance to parasitic wasps. Proc Natl Acad Sci U S A 100:1803-1807.

Reid G, Bruce AW, McGroarty JA, Cheng KJ, Costerton JW. 1990. Is there a role for
lactobacilli in prevention of urogenital and intestinal infections? Clin Microbiol Rev 3:335-
344.

Shin SC, Kim SH, You H, Kim B, Kim AC, Lee KA, Yoon JH, Ryu JH, Lee WJ. 2011.
Drosophila microbiome modulates host developmental and metabolic homeostasis via
insulin signaling. Science 334:670-674.

Kandasamy S, Chattha KS, Viasova AN, Rajashekara G, Saif LJ. 2014. Lactobacilli
and Bifidobacteria enhance mucosal B cell responses and differentially modulate
systemic antibody responses to an oral human rotavirus vaccine in a neonatal
gnotobiotic pig disease model. Gut Microbes doi:10.4161/19490976.2014.969972:0.

Sharon G, Segal D, Ringo JM, Hefetz A, Zilber-Rosenberg |, Rosenberg E. 2010.
Commensal bacteria play a role in mating preference of Drosophila melanogaster. Proc
Natl Acad Sci U S A 107:20051-20056.

Ott JA, Novak R, Schiemer F, Hentschel U, Nebelsick M, Polz M. 1991. Tackling the
sulfide gradient: A novel strategy involving marine nematodes and chemoautotrophic
ectosymbionts. Marine Ecology 12:261-279.



25.

26.

27.

28.

29.

30.

31.

32.

33.

34.

35.

36.

37.

38.

39.

21
Tsubaki R, Kato M. 2014. A novel filtering mutualism between a sponge host and its
endosymbiotic bivalves. PLoS One 9:e108885.

Marquez LM, Redman RS, Rodriguez RJ, Roossinck MJ. 2007. A virus in a fungus in
a plant: three-way symbiosis required for thermal tolerance. Science 315:513-515.

Bhasin A, Chaston JM, Goodrich-Blair H. 2012. Mutational analyses reveal overall
topology and functional regions of NilB, a bacterial outer membrane protein required for
host association in a model of animal-microbe mutualism. J Bacteriol 194:1763-1776.

Heungens K, Cowles CE, Goodrich-Blair H. 2002. Identification of Xenorhabdus
nematophila genes required for mutualistic colonization of Steinernema carpocapsae
nematodes. Mol Microbiol 45:1337-1353.

Gulcu B, Hazir S, Kaya HK. 2012. Scavenger deterrent factor (SDF) from symbiotic
bacteria of entomopathogenic nematodes. J Invertebr Pathol 110:326-333.

Zhou X, Kaya HK, Heungens K, Goodrich-Blair H. 2002. Response of ants to a
deterrent factor(s) produced by the symbiotic bacteria of entomopathogenic nematodes.
Appl Environ Microbiol 68:6202-6209.

Foster JS, Apicella MA, McFall-Ngai MJ. 2000. Vibrio fischeri lipopolysaccharide
induces developmental apoptosis, but not complete morphogenesis, of the Euprymna
scolopes symbiotic light organ. Dev Biol 226:242-254.

Nyholm SV, Stewart JJ, Ruby EG, McFall-Ngai MJ. 2009. Recognition between
symbiotic Vibrio fischeri and the haemocytes of Euprymna scolopes. Environ Microbiol
11:483-493.

Ghedin E, Hailemariam T, DePasse JV, Zhang X, Oksov Y, Unnasch TR, Lustigman
S. 2009. Brugia malayi gene expression in response to the targeting of the Wolbachia
endosymbiont by tetracycline treatment. PLoS Negl Trop Dis 3:e525.

Hamilton PT, Leong JS, Koop BF, Perliman SJ. 2014. Transcriptional responses in a
Drosophila defensive symbiosis. Mol Ecol 23:1558-1570.

Chaston J, Goodrich-Blair H. 2010. Common trends in mutualism revealed by model
associations between invertebrates and bacteria. FEMS Microbiol Rev 34:41-58.

Rogel MA, Ormeno-Orrillo E, Martinez Romero E. 2011. Symbiovars in rhizobia
reflect bacterial adaptation to legumes. Syst Appl Microbiol 34:96-104.

Nishiguchi MK, Nair VS. 2003. Evolution of symbiosis in the Vibrionaceae: a combined
approach using molecules and physiology. Int J Syst Evol Microbiol 53:2019-2026.

Tonk L, Sampayo EM, Weeks S, Magno-Canto M, Hoegh-Guldberg O. 2013. Host-
specific interactions with environmental factors shape the distribution of symbiodinium
across the Great Barrier Reef. PLoS One 8:68533.

D'Aimmo MR, Modesto M, Mattarelli P, Biavati B, Andlid T. 2014. Biosynthesis and
cellular content of folate in bifidobacteria across host species with different diets.
Anaerobe 30:169-177.



40.

41.

42.

43.

44,

45.

46.

47.

48.

49.

50.

51.

22
Lugli GA, Milani C, Turroni F, Duranti S, Ferrario C, Viappiani A, Mancabelli L,
Mangifesta M, Taminiau B, Delcenserie V, van Sinderen D, Ventura M. 2014.
Investigation of the evolutionary development of the genus Bifidobacterium by
comparative genomics. Appl Environ Microbiol 80:6383-6394.

Hansen EE, Lozupone CA, Rey FE, Wu M, Guruge JL, Narra A, Goodfellow J,
Zaneveld JR, McDonald DT, Goodrich JA, Heath AC, Knight R, Gordon JI. 2011.
Pan-genome of the dominant human gut-associated archaeon, Methanobrevibacter
smithii, studied in twins. Proc Natl Acad Sci U S A 108 Suppl 1:4599-4606.

Lee SM, Donaldson GP, Mikulski Z, Boyajian S, Ley K, Mazmanian SK. 2013.
Bacterial colonization factors control specificity and stability of the gut microbiota. Nature
501:426-429.

Chavez-Dozal AA, Gorman C, Lostroh CP, Nishiguchi MK. 2014. Gene-swapping
mediates host specificity among symbiotic bacteria in a beneficial symbiosis. PLoS One
9:e101691.

Heath KD. 2010. Intergenomic epistasis and coevolutionary constraint in plants and
rhizobia. Evolution 64:1446-1458.

Thrall PH, Laine AL, Broadhurst LM, Bagnall DJ, Brockwell J. 2011. Symbiotic
effectiveness of rhizobial mutualists varies in interactions with native Australian legume
genera. PLoS One 6:€23545.

Dillman AR, Chaston JM, Adams BJ, Ciche TA, Goodrich-Blair H, Stock SP,
Sternberg PW. 2012. An entomopathogenic nematode by any other name. PLoS
pathogens 8:€1002527.

Nguyen KB. 11/16/11 2010. Morphology and taxonomy of entompathogenic
nematodes. http://entnem.ifas.ufl.edu/nguyen/morph/namespp.HTM. Accessed

Stock SP, Goodrich-Blair H. 2012. Nematode parasites, pathogens and associates of
insects and invertebrates of economic importance, p 375-425. In Lacey LA (ed), Manual
of Techniques in Invertebrate Pathology, 2 ed. Elsevier Press.

Tailliez P, Laroui C, Ginibre N, Paule A, Pages S, Boemare N. 2010. Phylogeny of
Photorhabdus and Xenorhabdus based on universally conserved protein-coding
sequences and implications for the taxonomy of these two genera. Proposal of new taxa:
X. vietnamensis sp. nov., P. luminescens subsp. caribbeanensis subsp. nov., P.
luminescens subsp. hainanensis subsp. nov., P. temperata subsp. khanii subsp. nov., P.
temperata subsp. tasmaniensis subsp. nov., and the reclassification of P. luminescens
subsp. thracensis as P. temperata subsp. thracensis comb. nov. Int J Syst Evol Microbiol
60:1921-1937.

Tailliez P, Pages S, Edgington S, Tymo LM, Buddie AG. 2011. Description of
Xenorhabdus magdalenensis sp. nov., the symbiotic bacterium associated with
Steinernema australe. Int J Syst Evol Microbiol doi:10.1099/ijs.0.034322-0.

Clarke DJ. 2008. Photorhabdus: a model for the analysis of pathogenicity and
mutualism. Cellular microbiology 10:2159-2167.



52.

53.

54.

55.

56.

57.

58.

59.

60.

61.

62.

63.

23
Herbert EE, Goodrich-Blair H. 2007. Friend and foe: the two faces of Xenorhabdus
nematophila. Nat Rev Microbiol 5:634-646.

Goodrich-Blair H. 2007. They've got a ticket to ride: Xenorhabdus nematophila-
Steinernema carpocapsae symbiosis. Current opinion in microbiology 10:225-230.

Ciche TA, Sternberg PW. 2007. Postembryonic RNAI in Heterorhabditis bacteriophora:
a nematode insect parasite and host for insect pathogenic symbionts. BMC Dev Biol
7:101.

Richards GR, Goodrich-Blair H. 2009. Masters of conquest and pillage: Xenorhabdus
nematophila global regulators control transitions from virulence to nutrient acquisition.
Cell Microbiol 11:1025-1033.

Eleftherianos I, ffrench-Constant RH, Clarke DJ, Dowling AJ, Reynolds SE. 2010.
Dissecting the immune response to the entomopathogen Photorhabdus. Trends in
microbiology 18:552-560.

Bashey F, Young SK, Hawlena H, Lively CM. 2012. Spiteful interactions between
sympatric natural isolates of Xenorhabdus bovienii benefit kin and reduce virulence.
Journal of evolutionary biology 25:431-437.

Bode HB. 2009. Entomopathogenic bacteria as a source of secondary metabolites. Curr
Opin Chem Biol 13:224-230.

Adhikari BN, Lin CY, Bai X, Ciche TA, Grewal PS, Dillman AR, Chaston JM,
Shapiro-llan DI, Bilgrami AL, Gaugler R, Sternberg PW, Adams BJ. 2009.
Transcriptional profiling of trait deterioration in the insect pathogenic nematode
Heterorhabditis bacteriophora. BMC Genomics 10:6009.

Ram K, Preisser EL, Gruner DS, Strong DR. 2008. Metapopulation dynamics override
local limits on long-term parasite persistence. Ecol 89:3290-3297.

Hallem EA, Dillman AR, Hong AV, Zhang Y, Yano JM, DeMarco SF, Sternberg PW.
2011. A sensory code for host seeking in parasitic nematodes. Current biology : CB
21:377-383.

Stock SP. 2004. Insect parasitic nematodes: from lab curiosities into model organisms.
Journal of Invertebrate Pathology 89:57-66.

Chaston JM, Suen G, Tucker SL, Andersen AW, Bhasin A, Bode E, Bode HB,
Brachmann AO, Cowles CE, Cowles KN, Darby C, de Léon L, Drace K, Du Z,
Givaudan A, Herbert Tran EE, Jewell KA, Knack JJ, Krasomil-Osterfeld KC, Kukor
R, Lanois A, Latreille P, Leimgruber NK, Lipke CM, Liu R, Lu X, Martens EC, Marri
PR, Médigue C, Menard ML, Miller NM, Morales-Soto N, Norton S, Ogier J-C,
Orchard SS, Park D, Park Y, Qurollo BA, Sugar DR, Richards GR, Rouy Z,
Slominski B, Slominski K, Snyder H, Tjaden BC, van der Hoeven R, Welch RD,
Wheeler C, Xiang B, Barbazuk B, et al. 2011. The entomopathogenic bacterial
endosymbionts Xenorhabdus and Photorhabdus: Convergent lifestyles from divergent
genomes. PLoS One 6:27909.



64.

65.

66.

67.

68.

69.

70.

71.

72.

73.

74.

75.

24
Duchaud E, Rusniok C, Frangeul L, Buchrieser C, Givaudan A, Taourit S, Bocs S,
Boursaux-Eude C, Chandler M, Charles JF, Dassa E, Derose R, Derzelle S,
Freyssinet G, Gaudriault S, Medigue C, Lanois A, Powell K, Siguier P, Vincent R,
Wingate V, Zouine M, Glaser P, Boemare N, Danchin A, Kunst F. 2003. The genome
sequence of the entomopathogenic bacterium Photorhabdus luminescens. Nature
biotechnology 21:1307-1313.

Wilkinson P, Waterfield NR, Crossman L, Corton C, Sanchez-Contreras M, Vlisidou
I, Barron A, Bignell A, Clark L, Ormond D, Mayho M, Bason N, Smith F, Simmonds
M, Churcher C, Harris D, Thompson NR, Quail M, Parkhill J, Ffrench-Constant RH.
2009. Comparative genomics of the emerging human pathogen Photorhabdus
asymbiotica with the insect pathogen Photorhabdus luminescens. BMC genomics
10:302.

Ciche T. 2007. The biology and genome of Heterorhabditis bacteriophora. WormBook :
the online review of C elegans biology doi:10.1895/wormbook.1.135.1:1-9.

Jami E, Israel A, Kotser A, Mizrahi I. 2013. Exploring the bovine rumen bacterial
community from birth to adulthood. ISME J 7:1069-1079.

Lee MM, Stock SP. 2010. A multilocus approach to assessing co-evolutionary
relationships between Steinernema spp. (Nematoda: Steinernematidae) and their
bacterial symbionts Xenorhabdus spp. (gamma-Proteobacteria: Enterobacteriaceae).
Syst Parasitol 77:1-12.

Goodrich-Blair H, Clarke DJ. 2007. Mutualism and pathogenesis in Xenorhabdus and
Photorhabdus: two roads to the same destination. Mol Microbiol 64:260-268.

Easom CA, Joyce SA, Clarke DJ. 2010. Identification of genes involved in the
mutualistic colonization of the nematode Heterorhabditis bacteriophora by the bacterium
Photorhabdus luminescens. BMC Microbiol 10:45.

Somvanshi VS, Kaufmann-Daszczuk B, Kim KS, Mallon S, Ciche TA. 2010.
Photorhabdus phase variants express a novel fimbrial locus, mad, essential for
symbiosis. Mol Microbiol 77:1021-1038.

Cowles CE, Goodrich-Blair H. 2008. The Xenorhabdus nematophila nilABC genes
confer the ability of Xenorhabdus spp. to colonize Steinernema carpocapsae
nematodes. J Bacteriol 190:4121-4128.

Bhasin A, Chaston JM, Goodrich-Blair H. 2012. Mutational analyses reveal overall
topology and functional regions of NilB, a bacterial outer membrane protein required for
host-association in a model animal-bacterial mutualism. J Bacteriol 194:1763-1776.

McFall-Ngai M, Nyholm SV, Castillo MG. 2010. The role of the immune system in the
initiation and persistence of the Euprymna scolopes--Vibrio fischeri symbiosis. Seminars
in immunology 22:48-53.

Easom CA, Clarke DJ. 2011. HAfR is a regulator in Photorhabdus luminescens that
modulates metabolism and symbiosis with the nematode Heterorhabditis. Environmental
microbiology doi:10.1111/j.1462-2920.2011.02669.x.



76.

77.

78.

79.

80.

81.

82.

83.

84.

85.

25
An R, Grewal PS. 2010. Molecular mechanisms of persistence of mutualistic bacteria
Photorhabdus in the entomopathogenic nematode host. PloS one 5:€13154.

Peters A, Ehlers RU. 1997. Encapsulation of the entomopathogenic nematode
Steinernema feltiae in Tipula oleracea. J Invertebr Pathol 69:218-222.

Brivio MF, Moro M, Mastore M. 2006. Down-regulation of antibacterial peptide
synthesis in an insect model induced by the body-surface of an entomoparasite
(Steinernema feltiae). Dev Comp Immunol 30:627-638.

Ehlers RU, Wulff A, Peters A. 1997. Pathogenicity of axenic Steinernema feltiae,
Xenorhabdus bovienii, and the bacto-helminthic complex to larvae of Tipula oleracea
(Diptera) and Galleria mellonella (Lepidoptera). J Invertebr Pathol 69:212-217.

Proschak A, Zhou Q, Schoner T, Thanwisai A, Kresovic D, Dowling A, ffrench-
Constant R, Proschak E, Bode HB. 2014. Biosynthesis of the insecticidal xenocyloins
in Xenorhabdus bovienii. Chembiochem 15:369-372.

Sergeant M, Baxter L, Jarrett P, Shaw E, Ousley M, Winstanley C, Morgan JA.
2006. Identification, typing, and insecticidal activity of Xenorhabdus isolates from
entomopathogenic nematodes in United Kingdom soil and characterization of the xpt
toxin loci. Appl Environ Microbiol 72:5895-5907.

Fang XL, Han LR, Cao XQ, Zhu MX, Zhang X, Wang YH. 2012. Statistical optimization
of process variables for antibiotic activity of Xenorhabdus bovienii. PLoS One 7:€38421.

Fang XL, Li ZZ, Wang YH, Zhang X. 2011. In vitro and in vivo antimicrobial activity of
Xenorhabdus bovienii YL0O02 against Phytophthora capsici and Botrytis cinerea. J Appl
Microbiol 111:145-154.

Morales-Soto N, Gaudriault S, Ogier JC, Thappeta KR, Forst S. 2012. Comparative
analysis of P2-type remnant prophage loci in Xenorhabdus bovienii and Xenorhabdus
nematophila required for xenorhabdicin production. FEMS Microbiol Lett 333:69-76.

Lee MM, Stock SP. 2010. A multigene approach for assessing evolutionary
relationships of Xenorhabdus spp. (gamma-Proteobacteria), the bacterial symbionts of
entomopathogenic Steinernema nematodes. J Invertebr Pathol 104:67-74.



26

CHAPTER 2

Xenorhabdus bovienii interactions with Steinernema spp. nematodes
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ABSTRACT

Commonly, bacterial symbionts are able to form mutually beneficial symbiotic
associations with several different host species or populations (i.e. broad host-range
mutualisms). Although these associations are integrally important to our understanding of host
and symbiont interactions, many basic questions remain about partner recognition, host
switching, and evolutionary maintenance of these associations. Furthermore, little is known
about the impact of bacterial symbiont strain variability on these associations. In this thesis
chapter, | describe the fundamental characteristics of the association between Xenorhabdus
bovienii bacterial strains and their various Steinernema spp. nematode hosts, providing the
basis for further investigations of this broad-host range mutualism. The study includes isolation
and phenotypic and phylogenetic characterization of nine X. bovienii bacterial isolates from six
different nematode host species. Using one particular X. bovienii — Steinernema pair we
investigated cellular processes underlying colonization and transmission of the bacterial
symbiont by the nematode host. In addition, this work established a suite of X. bovienii strains
and nematode hosts and experimental tools that facilitated subsequent work investigating host

range and evolution of the X. bovienii — nematode symbiosis.
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INTRODUCTION

In many beneficial symbioses (i.e. mutualisms), particularly those involving bacterial
symbionts, a single symbiont species can associate with many different host species. This type
of broad host-range symbiosis is common in nature. For example, different bifidobacteria
species (e.g. Bifidobacterium pseudolongum) and nitrogen-fixing bacteria (e.g. Rhizobium etli)
each associate with several different animal and plant hosts respectively (1, 2). However, little is
known about how partner recognition and maintenance occurs in such associations or the
impact that bacterial strain variability can have on the fitness of the symbiotic holobiont. To
begin to address such questions we developed tools and resources to investigate the broad-
host range bacterium Xenorhabdus bovienii and its various Steinernema nematode host
species.

All members of the genus Xenorhabdus associate with Steinernema nematodes, and
vice versa. Together these bacterium-nematode associates undergo a complex life cycle that
includes both environmental stages and reproductive stages (Figure 2.1). The environmental
stage nematodes, known as infective juveniles (lJs), carry bacteria within a specialized
extracellular pocket within the intestine, known as the receptacle (3-5). The IJs migrate through
the soil in search of insect hosts, which they invade through natural openings. Once inside the
insect host, the nematodes release the bacterial symbiont through defecation (6, 7), and the
nematodes and bacteria kill the insect host. The nematodes then grow into adults that mate and
lay eggs. These eggs hatch into juvenile nematodes that grow and develop into adults. Growth
and reproduction of the nematodes continues for 2 or 3 generations (8), until conditions in the
cadaver induce the formation of progeny IJs (9-11). Juvenile nematodes then undergo an
alternate developmental pathway to become pre-IJs and then IJs, which are distinguished by

several morphological changes: constriction of the nematode intestine, closing of the mouth and
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Figure 2.1 Steinernema nematode and Xenorhabdus bacteria life cycle. Schematic shows
the life cycle of nematodes (grey) and bacteria (green). Infective juvenile (1J) nematodes carry
the bacterial symbiont through the soil in search of insect hosts. The IJ invades the insect host
and releases the bacterial symbiont. The nematodes and bacteria then kill the insect and
reproduce within the insect cadaver. When conditions signal the end of reproduction, the
nematodes develop into pre-lJs, which re-associate with the bacterial symbiont as they develop

into IJs. The new progeny IlJs then exit the insect cadaver in search of new insect hosts.
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anus, formation of the IJ cuticle, and formation of the receptacle and its colonization by a

specific Xenorhabdus bacterial symbiont (7, 12).

Xenorhabdus — Steinernema associations have been developed to study binary
interactions (i.e. one symbiont and one host). For example the association between X.
nematophila and S. carpocapsae has been studied in detail and provide a basis for
development of the system as a model for mutualism. Overall, these studies have revealed that
the nematode host facilitates transmission of the bacterial symbiont between insect hosts (4, 13)
and contributes to virulence towards the insect host (14, 15). In turn, the bacterial symbiont also
contributes to virulence toward the insect host (5, 16), provides nutrients to the nematode host
for growth and development (17, 18), and plays a defensive role by producing antibiotics (19,
20) and anti-predatory compounds (21, 22) that deter microbes and scavengers from
consuming the insect cadaver. In Xenorhabdus bacteria, regulation of many of these symbiontic
factors are under the control of phenotypic variation. Xenorhabdus species undergo reversible
phenotypic switching between primary and secondary form cells (23, 24). Primary form cells are
always isolated from nematode IJs and can be identified through the binding of bromothymol
blue dye (23, 24). In general, primary form cells are associated with the production of potential
virulence factors, such as hemagglutanins and hemolysins, while secondary form cells do not
bind dye and are associated with increased motility and production of compounds related to
nutrition, such as lipase. Although it is not entirely clear what genetic factors are responsible for
the switch, long-term growth in stationary phase and repeated passage of the bacteria through
laboratory media can induce the formation of secondary form cells from primary form.

In the insect environment, Xenorhabdus bacteria are acquired by the nematode IJs
horizontally using a selective process. Nematode eggs are aposymbiotic, and maternal
transmission of bacterial symbionts has not been observed in Steinernema nematodes (3, 4, 12,

25), making it unlikely that vertical transmission occurs. However, the bacteria are seeded into
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the insect cadaver environment by the |Js that invade the insect host and grow to a very high

density (6, 7), which likely increases the probability that developing pre-IJs will encounter the
bacterial symbiont. Bacterial symbiont acquisition by pre-lJs is a selective process where only 1-
2 bacterial cells initiate colonization then grow to fill the nematode receptacle (4, 5). In the S.
carpocapsae — X. nematophila association, the selective colonization initiation event requires
specific bacterial genetic factors. X. nematophila nil (nematode intestinal localization) genes are
required for the bacteria to colonize the |J receptacle, as removal of these genes reduced
nematode colonization below the level of detection (3, 26-28). Furthermore, addition of these
genes to non-native, non-colonizing Xenorhabdus spp. increased colonization to a detectable
level (3, 28, 29). Taken together these studies have led to the model that colonization of a
Steinernema nematode host is a specific process in which the nematode selects the bacterial
symbiont based on the presence of specific colonization factors.

To build upon these studies for the development of a broad host-range mutualism
model, we have utilized the interaction between X. bovienii bacteria and Steienrnema spp.
hosts. To define features of the X. bovienii — Steinernema spp. association, we isolated and
identified nine X. bovienii strains from nematodes known to harbor X. bovienii. We utilized these
strains to assess phenotypic diversity among the bacterial strains, including phenotypic
variation, and the processes involved in colonization of the nematode host. These experiments
formed the basis for subsequent investigations on the symbiotic fithess and evolutionary

processes of the X. bovienii — Steinernema spp. association.
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RESULTS

Isolation and identification of X. bovienii bacterial strains from Steinernema species. A
primary goal of future experiments is to assess the contribution of X. bovienii symbionts to
nematode host fitness in a phylogenetic context. To study such topics, a suite of X. bovienii
strains isolated from divergent hosts is necessary. Therefore, we obtained nine isolates of six
different nematode host species known to harbor X. bovienii and isolated the bacterial strains
associated with them (Table 2.1). Bacteria were confirmed to be X. bovienii through 16S rRNA
sequencing and alignment to known X. bovienii sequences (data not shown). Additionally,
BLAST analysis confirmed that the top hit for each 16S sequence was X. bovienii (data not
shown). Further preliminary characterization was done on the strain isolated from S. jollieti
nematodes (Xb-Sj), as this strain has a fully sequenced genome. Secondary form Xb-Sj (Xb-Sj-
2°) was isolated from the primary form through long-term growth in laboratory culture and
confirmed lack of dye binding (23, 24). Specifically, the primary and secondary form isolates
displayed differences in cell morphology and the production of compounds, such as pigments.
Primary, but not secondary, bacteria produced a strong yellow-orange pigment in culture (Figure
2.2 a, b). Primary form cells were also larger (Figure 2.2 ¢, d), and some primary form cells
became extremely elongated (Figure 2.2 c, inset). Other X. bovienii strains also underwent
phenotypic variation (Chapter 4), and displayed similar phenotypes with regards to pigment
production and cell morphology (data not shown).

Additionally, it was determined that phenotypic variation can impact the success of
symbiotic interactions. Co-injections of aposymbiotic nematodes with primary form, but not
secondary form, Xb-Sj in Galleria mellonella insects resulted in the production of progeny IJs
(Figure 2.3). To determine if nematodes failed to grow in secondary form infected insect

cadavers, co-injected G. mellonella insect cadavers were dissected for observation of
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Table 2.1. Bacterial strains and plasmids used in this study?

Strain or Plasmid R b Source or
a elevant Features
Name Reference
Bacterial Strains
Xb-Sf-FL Wild type from Steinernema feltiae isolated in Florida, USA (30, 31)
Xb-Sf-FR Wild type from Steinernema feltiae isolated in France (30, 31)
Xb-Sf-MD Wild type from Steinernema feltiae isolated in Moldova (30, 31)
Xb-Sp Wild type from Steinernema puntauvense isolated in Costa Rica (30, 31)
Xb-Sj Wild type from Steinernema jollieti supplied by Monsanto (30, 31)
Xb-So Wild type Steinernema oregonense isolated in Oregon, USA (30, 31)
Xb-Sk-BU Wild type Steinernema kraussei supplied by Becker Underwood (30, 31)
Xb-Sk-Q Wild type Steinernema kraussei isolated in Quebec, CA (30, 31)
Xb-Si Wild type Steinernema intermedium isolated in North Carolina, (30, 31)
USA
Xb-Sj-2° Xb-Sj in secondary form (5)
Xb-Sf-FL-GFP  Xb-Sf-FL with GFP expression (pMini-Tn7-KSGFP) (3)
Xb-Sf-FR- Xb-Sf-FR with GFP expression (pMini-Tn7-KSGFP) This Study
GFP
Xb-Sp-GFP Xb-Sp with GFP expression (pMini-Tn7-KSGFP) This Study
BW29427 Escherichia coli donor strain for conjugation, requires
diaminopimelic acid (DAP)
Plasmids
pMini-Tn7- Tn7 delivery vector carrying GFP (32)
KSGFP
pUX-BF13 Helper plasmid for insertion of Tn7 plasmid (33)

¥Table of bacterial strains that were used in this study.
PRelevant features of the strain, including nematode host, expression changes, and mutations.



34

r.fb":“’ d

T

Figure 2.2 Morphological differences in primary and secondary form X. bovienii. Primary
(Xb-Sj) and secondary (Xb-Sj-2°) form X. bovienii from S. jollieti nematodes was assessed for
morphological differences due to phenotypic variation. Primary form bacteria grown on solid
medium (a) produced a yellow-orange pigment that was not produced by secondary form (b).
Scale bars represent 2mM. Primary form cells also appeared larger (c) than secondary form
cells (d). The inset (c) shows a very elongated primary form cell. Scale bars represent 10uM.

Images were used in Sugar et. al 2012 (5) and are reproduced here with permission.
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resulting nematodes (Figure 2.3 a-d). In co-injections with either primary or secondary form,

injected IJs recovered and developed into adult nematodes that reproduced. However, in co-
injections with secondary form, nematodes failed to develop into IJs, even after 14 days of
incubation. Nematodes harvested from these co-injections showed body morphology consistent
with juvenile nematodes (Figure 2.3 a), including an open mouth (Figure 2.3 ¢). This is in
contrast to co-injections with Xb-Sj primary form, which resulted in progeny nematodes with
body morphology resembling IJ nematodes (b), and progeny had closed mouths consistent with
IJ development (d). In addition, cadavers injected with nematodes and primary form Xb-Sj
became soft and flaccid, but cadavers injected with nematodes and secondary form Xb-S;j
remained hard and rigid, similar to bacterial only injections (Figure 2.3 e-h). It also should be
noted that cadavers injected with primary and secondary form strains turned different colors,
supporting that the differences in bacterial product production are likely also occurring within
insects in addition to in vitro conditions previously measured. Differences in nematode life cycle
production and cadaver consistency were not due to a lack of growth of either bacterial strain,
as in vivo imaging analysis of injections revealed that primary and secondary form Xb-Sj

expressing GFP are both able to grow within the insect cadaver (Figure 2.3 i-j).

Colonization of Steinernema spp. IJs by X. bovienii bacterial strains. To assess to what
extent X. bovienii bacterial strains colonize the |J stage of their Steinernema spp. nematode
hosts, we performed a series of colonization assays with different X. bovienii strains and their
cognate hosts under in vivo (in G. mellonella larvae) and in vitro conditions. X. bovienii strains
were engineered to express GFP (Table 2.1), so that colonization could be assessed by
microscopy (25). Microscopic analysis of colonization measures the percentage of nematodes

within the population that carry the GFP-expressing bacterial symbiont. Strains for these
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Figure 2.3 Phenotypic variation affects progeny IJ development. Nematodes from co-
injections were harvested by dissection (a-d). Panels a and b show full body morphology, scale
bars represent 200uM. Panels c-d show the anterior end of the harvested nematodes, and the
arrowhead points out location of the mouth. Scale bars represent 100uM. Co-injections
produced different nematode cadaver consistencies (e-h). Bacterial only injections of secondary
(e) and primary (f) form cells became rigid. Injections of secondary form bacteria with
nematodes (g) remained rigid, where injections of primary form bacteria with nematodes (h)
became soft and flaccid. Imaging of cadavers injected with secondary (i) and primary (j) form
bacteria expressing GFP. Images were used in Sugar et. al 2012 (5) and are reproduced here

with permission.
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experiments were chosen based on their ability to be genetically manipulated and the

availability of the nematode host. Colonization of S. feltiae FL, S. feltiae FR, and S. puntauvese
was assessed using Xb-Sf-FL-GFP, Xb-Sf-FR-GFP, and Xb-Sp-GFP respectively. Colonization
rates were assessed in two common in vitro conditions as well as in vivo to compare the
success of in vitro assays relative to ecologically relevant conditions (Figure 2.4). Bacterial
symbionts showed the highest rate of colonization when nematodes and bacteria were reared in
vivo. However, colonization rates were not significantly different when nematodes and bacteria
were reared on liver kidney agar (LKA). This in in contrast to nematodes and bacteria reared on
lipid agar, which showed a significantly lower rate of colonization (p<0.01). Based on these

data, all subsequent in vitro nematode rearing assays were performed using LKA conditions.

X. bovienii strains colonize Steinernema nematode non-lJ life stages. Previous studies,
demonstrated that X. nematophila colonizes non-lJ life stages of the nematode host (Appendix
3). To determine if this is a phenomenon that is conserved among other Xenorhabdus —
Steinernema associations, we assessed colonization of S. feltiae nematodes by its cognate X.
bovienii bacterial symbiont strain. Colonization was assessed with GFP-expressing symbiont
(Xb-Sf-FL-GFP) on all life stages of the nematode host (25). Colonization was assessed in LKA
conditions (Figure 2.5, 2.6) as well as in insecta (data not shown).

Colonization assays demonstrated that X. bovienii also colonizes specific locations
within different S. feltiae nematode life stages (Figure 2.5). In all life stages, X. bovienii
colonizes sites that are close to the junction between the esophagus and the intestine, and in
this area are several major features, including the esophagus, basal bulb (swallowing organ),

pharyngeal intestinal valve (ring of cells that opens and closes the junction), and the intestine
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Figure 2.4 Colonization percentage of Steinernema nematode hosts by X. bovienii strains
in various nutritional conditions. The colonization of GFP-expressing X. bovienii strains was
assessed in cognate hosts in vivo (in G. mellonella larvae) and in vitro (lipid agar and liver
kidney agar). The percentage of nematodes within the population that are colonized was
determined by microscopy. * indicates significant differences from the in vivo condition using

ANOVA, p<0.05.
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(Figure 2.5 a). Within adult and juvenile nematodes X. bovienii colonizes an area within the

intestine that is adjacent to the junction between the nematode esophagus and the intestine
termed the anterior intestinal cecum (AIC) (Figure 2.5 b, ¢). Within juvenile nematodes, the
bacteria can also colonize the pharyngeal intestinal valve (PIV) (Figure 2.5 d). PIV colonization
by the bacterium also occurs in juvenile nematodes as they morphologically change into IJs
(Figure 2.5 e, f). Within this transitional period the nematode intestine constricts and closes
along with the mouth and anus (Figure 2.5 €). The IJ cuticle then forms and the nematodes
further constrict to change shape into IJs. IJs can be visualized that have bacteria in a location
similar to PIV, although it is difficult to determine the exact location of the bacteria as nematode
tissues are compacted (Figure 2.5 f). IJs were also seen that show colonization characteristic of
IJs, as has been previously described (Figure 2.5 g) (4, 5, 12). In this colonization state,
bacteria are localized to an intercellular space within the nematode intestine, known as the
receptacle (4, 12). In X. bovienii hosts there is also a structure within the receptacle, referred to
as a vesicle (5). The vesicle is a non-cellular, clear envelope or membrane structure that
appears to contain the bacteria within the receptacle.

To determine if colonization of nematodes within the insect host is similar to what we
described in vitro, we co-injected nematodes with GFP-expressing symbiont into G. mellonella.
Nematodes were harvested from the insect environment by dissection and were assessed for
colonization state. As in the in vitro assays, we observed the nematode life stages colonized in

the same locations (data not shown).

Colonization of S. feltiae life stages is likely a sequential process. To determine timing of
bacterial colonization during the nematode life cycle, we assessed colonization of S. feltiae

nematodes over time (Figure 2.6). Infective juvenile nematodes were added to lawns of GFP-
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Figure 2.5 Colonization of S. feltiae life

stages. Nematodes reared on lawns of
GFP symbiont in LKA conditions were
assessed for localization of the symbiont
using confocal microscopy. (a) Schematic
showing nematode morphological features:
esophagus (E), basal bulb (Bb), pharyngeal
intestinal valve (P1V), and anterior intestinal
cecum (AIC). Symbionts localize to the AIC
of adults (b) and most juvenile (c)
nematodes. Some juveniles are colonized
by symbionts in the PIV (d). PIV
colonization persists in nematodes
undergoing morphological changes into IJs,
including intestinal constriction (e) and
cuticle formation (f). Mature I1Js show

bacterial colonization in the vesicle (g).
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expressing cognate symbiont (Xb-Sf-FL-GFP) in LKA conditions. Life stage and colonization

state was assessed for nematodes every day for at least five days starting at day seven post-
addition to bacterial lawns. This was determined to be sufficient to capture the progression of
the nematode life cycle from adults to IJs (data not shown).

We observed a colonization of >85% of all nematode life stages at all time points and a clear
progression of nematode life stages over time from adults to juveniles to IJs (Figure 2.6). At time
points prior to day five the majority of the nematode population is adults (data not shown).
Starting at day seven the majority of the nematode population is juveniles and PIV colonization
in juveniles starts occurring. At time points prior to day seven, only AIC colonization is present in
juveniles and adults. Beginning at day eight, juvenile nematodes start showing characteristics
that they will become IJs, such as a constricting intestine. All nematodes showing this
transitional stage are colonized in the PIV. Nematodes showing characteristics of |Js become
part of the population starting at day eight as well. These first I[Js are mono-colonized or non-
colonized, and later IJs start showing the full-colonization typically seen in emerged IJs. At time
points past day thirteen, IJs begin to make up the majority of the population (data not shown).

These data are consistent with colonization being a sequential process based on nematode
life stages, as AIC colonization occurs prior to PIV colonization, which is prior to IJ receptacle
colonization. However, it is unclear if the bacteria colonizing the nematode host migrate
between colonization sites within the nematode host or if new bacterial cells are acquired from

the environment to occupy these colonization locations.
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Figure 2.6 Progression of colonization in S. feltiae life cycle. Colonization and life stage
was scored for at least 100 nematodes for 7 days starting at Day 7 post-addition of nematodes
to bacterial lawns. Proportions of the nematode population within each category are shown in

the stacked bar graph above.
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CONCLUSIONS

Our data characterize many aspects of the interaction between X. bovienii bacteria and
their Steinernema spp. hosts. Specifically we identified that X. bovienii undergoes phenotypic
variation that causes differential production of compounds and cell morphology (Figure 2.3).
Interestingly we also identified that phenotypic variation affects the ability of the bacteria to
support production of IJ nematodes in insecta (Figure 2.3). Our work also demonstrates that X.
bovienii colonizes specific locations within the nematode host in a sequential process (Figure
2.5, 2.6). This information provides insights that will form the framework for future studies in this
system. For example, when assessing X. bovienii bacterial strains for the production of
compounds it will be important to analyze both primary and secondary form isolates, and when
assessing bacterial factors contributing to colonization, it will be useful to monitor multiple
nematode life stages.

The lack of IJ development in primary and secondary form co-injections is likely due to
the absence of a bacterially derived signal or lack of bacterial developmental support.
Previously identified cues known to stimulate |1J development are based on nematode growth
processes, including the accumulation of waste products, such as ammonia, and physical
crowding of the nematodes. However, these cues are likely not defective in secondary co-
injections, as the nematodes within co-injected cadavers grew to a high density (data not
shown). Therefore differences in nematode host support by primary and secondary form X.
bovienii are likely due to the change in products produced between the bacterial isolates.
Bacterially derived products could be molecules that signal to the nematode to undergo 1J
development. Such inter-kingdom signaling has been observed in Rhizobium-legume
symbioses (34). Alternatively, the lack of IJ development could be due to deficiency of an
essential nutrient for the developmental process that is derived from the bacterial symbiont. It is

known that Xenorhabdus bacteria nutritionally support nematode reproduction (17). Within these
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co-injections, inappropriate production of a particular nutrient provisioning gene product (e.qg.

lipase, lecithinase or protease) could cause a developmental delay due to the absence or
presence of a particular nutrient. It is also possible that the instead of indirect nutrient
provisioning through production of breakdown enzymes, the bacterial symbiont is
inappropriately providing a nutrient produced by the bacterium, such as amino acids or vitamins.

Another, mutually inclusive possibility, is that physical degradation of the cadaver may
be necessary to stimulate |IJ development and exit from the insect cadaver. The cadavers
injected with nematodes and secondary form cells did not become flaccid to the same extent as
those co-injected with primary form. Soft and flaccid cadaver phenotypes indicative of physical
degradation, only occurred when primary form bacteria were co-injected with nematodes, in
contrast to secondary form co-injections and bacteria only injections (Figure 2.3 e-h). This
indicates that the nematode host either contributes to degradation or stimulates production of
particular compounds in the primary form bacterium that cause degradation. Candidate bacterial
genes contributing to degradation include chitinases and proteases, which could degrade the
insect tissues, or makes catepillars floppy genes (mcf). In Photorhabdus luminescens, mcf1 and
mcf2 likely contribute to toxicity and loss of caterpillar body tugor (35). Xb-Sj has a homolog of
mcf1 (data not shown). Further testing, including transcriptional and mutational analysis will be
necessary to determine the bacterial mechanisms responsible for differences in IJ production
between primary and secondary form X. bovienii.

Colonization assays demonstrated that nutritional conditions can greatly affect the
colonization rate of nematode hosts (Figure 2.4). Within our study, we found that the highest
colonization rates were in insecta, as compared to in vitro conditions. This is similar to what was
previously observed for X. nematophila colonization of S. carpocapsae (36). The nutritional
differences in these conditions could be influencing several variables that could impact

colonization rate, such as bacterial density, production of bacterial factors facilitating
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colonization, or nematode health. Regardless of the cause of colonization rate differences,

these data suggest that colonization studies with X. bovienii should be conducted in insecta or
on LKA to most similarly model ecologically relevant phenotypes. This finding is in contrast to
other systems, where there is only small differences in the colonization rate between nematodes
reared in insecta or in vitro (3).

Our colonization studies also revealed temporal changes (Figure 2.6) in the specific
nematode tissues colonized by X. bovienii (Figure 2.5) during association with the S. feltiae
nematode host. During the first two generations of reproduction most adults and juveniles are
AIC colonized. Because adults and juveniles that will never become |Js are colonized, this
suggests that AIC colonization may have a function other than, or in addition to, transmission of
the bacterium. Exposure to bacteria could facilitate functions that are seen in other symbioses,
such as immune education (37), development (38-40), exclusion of pathogens (41), or nutrition
(42, 43). It is also possible that AIC colonization serves the function of facilitating PIV
colonization in juveniles, as AIC colonization occurs prior to PIV colonization. PIV colonization
only occurs and persists in nematodes that are morphologically changing into IJs, and AIC
colonization or localization to other sites was not observed in these nematodes. After intestinal
constriction and closure of the mouth and anus, it is unlikely that bacteria could enter the
nematode body. Therefore, bacteria colonizing the PIV most likely form the basis of the bacteria
that colonize the IJ receptacle. We also only observed one or a few cells within the PIV, which is
consistent with previous observations that only one or two bacterial cells initiate colonization of
the |J receptacle (4). This suggests that PIV colonization may be the bottleneck step in the
colonization process that selects for the few cells that will be the transmitted population.
However, we did not directly observe migration of the bacterial cells from the PIV to the 1J
receptacle. Therefore, further studies, such as time-lapse experiments, will be needed to

confirm this.
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In total our data describe specific functions within X. bovienii — Steinernema spp.

associations that will provide the basis for further mechanistic studies. These data highlight
certain features of the system that will need to be considered in future studies, such as the
impact of phenotypic variation and nutritional conditions on symbiotic interactions. These data
also provide the framework for future studies to identify bacterial mechanisms and the
distribution of these mechanisms among X. bovienii associations through providing a suite of
nematode hosts and bacterial strains, experimental conditions and genetic manipulation

techniques.
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MATERIALS AND METHODS

X. bovienii bacterial strains and nematode hosts. Bacterial strains (Table 2.1) were obtained
by sonication of nematode hosts after surface sterilization. X. bovienii bacterial strain species
identity was confirmed by analysis of 16S rRNA (Figure 2.1) (31, 44). Storage of bacterial
strains was done in Lysogeny Broth (LB) supplemented with 20% glycerol frozen at -80°C.
Bacterial strains were grown at 30°C in LB with aeration in the dark or on LB agar supplemented
with 0.1% pyruvate, unless otherwise noted (45). Nematode isolates were verified through
sequencing of the 12S and 28S genes (data not shown) (30). Nematodes were propagated
through Galleria mellonella larvae as previously described (4). Nematodes were stored at 25°C
in 250 ml tissue culture flasks (BD Falcon, Franklin Lakes, NJ, USA) at a density of 5-10 IJs/ul

and a volume less than 60 ml.

Characterization of X. bovienii bacterial strains. Secondary form bacterial isolates were
generated from primary form bacterial isolates through daily subculturing in LB and testing for
dye binding (23). Colony color and morphology was observed after growth of 24-36 hours on LB

agar plates. Cell morphology was determined by microscopy after overnight growth in LB.

Genetic manipulation of bacterial strains. GFP-expression was inserted in the Tn7 site of X.
bovienii strains using pMini-Tn7-KSGFP (32) and helper plasmid pUX-BF13 (33) using
conjugation, similar to previously described methods (4, 25). For conjugation, Esherichia coli
donor and helper strains (Table 2.1) was grown at 37°C with aeration in LB supplemented with
diaminopimelic acid (DAP). Overnight cultures of donor, helper and recipient were subcultured
and grown for four hours at 30°C with aeration in LB supplemented with DAP not exposed to the
light. X. bovienii was subcultured 1:50 and E. coli was subcultured 1:100 into 2mL. 1mL of each

donor, helper and recipient were combined, pelleted, and spotted onto LB agar supplemented
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with DAP and pyruvate. Plates were grown at 30°C for 24 hours. Bacteria were then collected

and struck out using a sterile stick on LB agar supplemented with pyruvate and Kanamycin.
Plates were grown at 30°C until colonies formed, up to 2 days. Bacteria were then struck for
isolation onto fresh LB agar supplemented with pyruvate and Kanamycin. Bacterial colonies
were confirmed as GFP positive by viewing using florescent microscopy at 4x magnification on

a Nikon Eclipse TE300 inverted microscope.

Co-injections and colonization assays. For both co-injections and colonization assays,
axenic IJs were produced in vitro as previously described (12, 46). For co-injections, nematodes
were surface sterilized and mixed with log-phase bacterial culture in order to inject 50 IJ
nematodes with 100 CFU of bacteria. In vitro nematode growth was done on lipid agar or liver
kidney agar (12, 46) as previously described (25). Nematodes were visualized by microscopy
for observation of morphology and colonization state. For colonization assays, two technical
replicates of at least 100 nematodes were counted per condition and scored for colonization

state. Three biological replicates were performed and averaged.

Photography. Photography for colony morphology and insect cadavers was done using a
Canon Powershot camera. Scale bars were inserted using Metamorph version 4.5r6 software

(Universal Imaging Corporation, West Chester, PA).

Microscopy. Phase-constrast, differential interference constrast (DIC), and florescent
microscopy was performed using a Nikon Eclipse TE300 inverted microscope. Florescence
microscopy was performed using fluorescein isothiocyanate, tetramethyl rhodamin isocyanate
(FITC). Images were taken using an ORCA digital camera (Hamamatsu, Hamatsu City, Japan)

and Metamorph software. For cell morphology, bacterial cells were immobilized on 3% agarose
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pads and viewed under DIC at 100X magnification. For visualization of nematode |Js, whole

nematodes were paralyzed with 1% levamisole and places on agar pads. Nematodes were
viewed using phase contrast or florescent settings at 20X or 40X magnification.

For assessment of nematode colonization sites and population counting, nematodes and
bacteria were viewed as stated above for whole nematode. Imaging of nematode tissues with
bacterial cells was done using confocal microscopy on a Zeiss LSM 510 confocal microscope.
Specimens were first stained with 6.6 mM rhodamine phalloidin (Sigma) or 0.125 mg ml-1 Alexa
Fluor 633 concanavalin A (Invitrogen; dissolved in 0.1 M sodium bicarbonate) (gifts from M.
McFall-Ngai). To prevent photobleaching of fluorophores, samples were prepared in the dark.
Nematode cultures were resuspended in PBS + 4% final concentration paraformaldehyde and
fixed for at least 18 h. Samples were washed at least three times in PBS, permeabilized in PBS-
T (1% final volume Triton X-100) for at least 18 h, and infiltrated with stains + 1% Triton X-100

for at least 18 h prior to visualization.

In vivo imaging. Imaging of insect cadavers injected with GFP-expressing symbiont was done
seven days post injection. Analysis was done using an IVIS Imaging System 200 (Xenogen,
Alameda, CA). Fluorescence was quantified by using Living Image software v2.6 (Xenogen).
One to ten insects were imaged per biological replicate and three biological replicates were

performed.
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CHAPTER 3

Xenorhabdus bovienii bacterial strain diversity impacts coevolution and symbiotic

maintenance with Steinernema spp. nematode hosts
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ABSTRACT

Microbial symbionts provide benefits that contribute to the ecology and fitness of host plants and
animals. Therefore, the evolutionary success of plants and animals fundamentally depends on
long-term maintenance of beneficial associations. Most work investigating coevolution and
symbiotic maintenance has focused on species level associations, and studies are lacking that
assess the impact of bacterial strain diversity on symbiotic associations within a coevolutionary
framework. Here, we demonstrate that fitness in mutualism varies depending on bacterial strain
identity, and this is consistent with variation shaping phylogenetic patterns and maintenance
through fitness benefits. Through genome sequencing of nine bacterial symbiont strains and co-
phylogenetic analysis, we demonstrate diversity among Xenorhabdus bovienii bacteria. Further,
we identified co-cladogensis between Steinernema feltiae nematode hosts and their
corresponding X. bovienii symbiont strains, indicating potential specificity within the association.
To test specificity, we performed laboratory crosses of nematode hosts with native and non-
native symbiont strains, which revealed that combinations with the native bacterial symbiont and
closely related strains performed significantly better than those with more divergent symbionts.
Through genomic analyses we also define potential factors contributing to specificity between
nematode hosts and bacterial symbionts. These results suggest that strain-level diversity (e.g.
subspecies-level differences) in microbial symbionts can drive variation in the success of host-
microbe associations, and this suggests that these differences in symbiotic success could

contribute to maintenance of the symbiosis over an evolutionary time scale.
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IMPORTANCE

Beneficial symbioses between microbes and plant or animal hosts are ubiquitous, and in these
associations, microbial symbionts provide key benefits to their hosts. As such, host success is
fundamentally dependent on long-term maintenance of beneficial associations. Prolonged
association between partners in evolutionary time is expected to result in interactions in which
only specific partners can fully support symbiosis. The contribution of bacterial strain diversity
on specificity and coevolution in beneficial symbiosis remains unclear. In this study, we
demonstrate that strain-level differences in fithess benefits occur in beneficial host-microbe
interactions, and this variation likely shapes phylogenetic patterns and symbiotic maintenance.
This highlights that symbiont contributions to host biology can vary significantly based on very
fine scale differences among members of a microbial species. Further, this work emphasizes
the need for greater phylogenetic resolution when considering the causes and consequences of

host-microbial interactions.
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INTRODUCTION

Mutually beneficial symbiosis (i.e. mutualism) occurs in all domains of life and
ecosystems, and its maintenance is critical to plant and animal ecology (1), evolution (2), and
health (3-5). Coevolution (reciprocal evolution) and co-adaptation (coordinated mutual change
of traits) between partner pairs shapes long-term maintenance of mutualisms and leads to
specificity between hosts and symbionts, in that only particular potential partners can fulfill the
needs of the symbiosis. Significant insights into mutualism have been gained by studying
specificity and coevolution at the species-level or higher (6-8). However, animal- and plant-
associated bacterial strains (members of a bacterial species as defined by molecular methods)
can exhibit dramatic genomic and functional differences (9, 10). Also, host genotype x symbiont
genotype x environment interactions likely influence coevolution, according to geographic
mosaic theory (11). Indeed, within host-microbe associations, host genotype x symbiont
genotype differences in mutualistic success have been identified (12-14). Furthermore,
experimental studies have demonstrated coevolution between bacterial symbionts and
nonnative hosts such that they better engage in symbiosis (15), as well as the influence of
coevolution on competition among symbionts (16). However, lacking are studies that
experimentally examine the influence of symbiont strain variation on specificity within a
coevolutionary context. Such studies are necessary to better understand how symbiont diversity
impacts co-adaptation, coevolution, and mutualism maintenance. In this study, we assessed the
influence of bacterial strain diversity on specificity and coevolution in the association between
Xenorhabdus bovienii bacterial symbiont strains and Steinernema spp. nematodes (Nematoda:
Panagrolaimomorpha).

The life cycle of Steinernema nematodes and their proteobacterial symbionts of the
genus Xenorhabdus (17) includes reproductive stages that requisitely occur within an insect

host and an environmental nematode stage, the infective juvenile (IJ) (Figure 3.1) (18). IJs seek
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and invade the insect host, and the nematodes and bacteria kill the insect and reproduce

within the cadaver (18, 19). When nutrients are depleted, the nematode progeny form the next
generation of IJs (20). Previous studies on a selection of Steinernema-Xenorhabdus pairs have
shown that the bacteria can contribute to virulence toward the insect host (21, 22) and support
of nematode reproduction (19), but it is not known if these bacterial contributions occur in other
nematode-bacterial pairs. This interaction is an obligate mutualism in some associations (17),
where the nematodes cannot reproduce without the bacterial symbiont (Figure 3.1 a) and
bacteria rely on the nematode host for transmission between insect hosts (Figure 3.1 b).
Xenorhabdus bovienii bacterial strains are broad host-range symbionts that associate with at
least nine Steinernema nematode species from two phylogenetic sub-clades. Conversely, each
of the nematode host species harbors only X. bovienii (23). This suggests that symbiotic
maintenance and coevolution may depend on the bacterial sub-species (strain)-level diversity.
To assess the impact of bacterial strain diversity within an evolutionary context, we integrated
phylogenetic analysis and experimental crossing of symbionts to analyze the coevolutionary
relationship and specificity between X. bovienii bacterial strains and their associated nematode

hosts.

RESULTS

Genetic diversity of X. bovienii strains. Genetic variation among possible partner pairs is a
pre-requisite for specificity in bacterial-host associations. To begin to understand the extent of
genetic variation among X. bovienii strains, we conducted genomic comparisons of nine
bacterial strains, identified as X. bovienii through 16S rRNA sequencing (Table 3.S1), isolated
from six different nematode host species (24, 25). We sequenced and annotated the genomes,
and the conserved homologs were compared for average nucleotide identity (ANI). All X.

bovienii strains had ANI greater than 96% (Table 3.S2), further supporting that they belong to a



60
single species according to current standard criteria in microbial systematics (26).

To discern conservation and variation in gene content in the nine X. bovienii strains, we
conducted gene content analyses using the MaGe platform (27, 28). We found that
approximately 55% of the genome content is shared by all strains, and approximately 94% is
shared with at least one other strain, with a range of <1% to 9% of genes being unique to an
individual strain (Table 3.S3). Since these unique genes may represent specificity determinants,
we analyzed their possible functions suggested by annotation (Table 3.S3). Within each strain,
the most highly represented gene category was that of unknown function. Additionally, unique
genes in some strains are predicted to encode membrane or secreted proteins (e.g. putative
toxins), which might be expected to interact with nematode or insect hosts (Table 3.S3). Other
genes identified in this analysis included those of predicted metabolic or cellular function and
mobile genetic elements (Table 3.S3). Although examination of the flexible gene content of the
X. bovienii strains awaits a more detailed analysis, in total these data indicate a large spectrum
of genetic diversity, and therefore differences in functional potential among X. bovienii bacterial
strains. These results strengthen the idea that specificity and coevolution among partner pairs

may be occurring between Steinernema spp. hosts and their native X. bovienii partners.

Co-phylogenetic analysis. Specificity between partner pairs is expected to arise through
coevolution occurring during long-term maintenance of symbioses. Therefore, to focus our
attention on those partner pairs most likely to exhibit specificity, we used phylogenetic analyses
to assess the potential for coevolution, as evidenced by co-cladegenesis (identical topologies)
between symbiont and host phylogenetic trees. A previous phylogenetic study using a multi-
locus approach revealed instances of co-diversification (similar but not identical tree topologies)
in some but not all X. bovienii — Steinernema spp. associations, suggesting that fine scale

specificity between hosts and symbionts may occur (24). To generate more refined phylogenetic
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inferences we used conserved homologs from whole bacterial genome content to construct

the bacterial phylogeny. Co-phylogenetic analyses (Figure 3.2) revealed congruencies between
the X. bovienii phylogeny (Figure 3.S1a) and the Steinernema host phylogeny (Figure 3.S1b).
Specifically, the co-phylogeny provides robust support for co-cladogenesis between the group of
S. feltiae and S. puntauvense bacterial symbiont strains, which is supported by statistical
evidence. For the nine X. bovienii strain genomes, there are 2,027,025 possible rooted trees. Of
these, only 14,175 (0.7% of the total) contain a monophyletic clade consisting of the four
bacterial strains from the S. feltiae and S. puntauvense nematode isolates. Furthermore, in only
945 of the possible trees (0.05% of the total) does the topology of the bacterial tree match
identically with the nematode tree, indicating that the bacterial monophyletic clade is unlikely to
occur by random chance. This statistical permutation test provides strong evidence that the S.
feltiae and S. puntauvense nematode isolates and their bacterial symbiont strains share a
common evolutionary history, and it is likely that specificity is occurring between these partner
pairs. In contrast, among other nematode isolates and bacterial strains, host switching has
occurred, including one bacterial strain, Xb-Si, which associates with a nematode of another
clade, S. intermedium. Host switching within some but not all parts of the nematode-bacterial
phylogeny indicates that not all pairings are strictly maintained. Therefore, there are likely

divergent maintenance pressures impacting the different nematode-bacterial pairings.

Experimental testing of mutualistic interactions. As an experimental test of specificity and
coevolution, we examined the ability of nematode-bacterial pairs to engage in mutualism
through experimental co-injections of three S. feltiae nematode isolates and nine X. bovienii
bacterial strains (Fig. S2). Nematodes and bacteria were reared separately, mixed, and co-
injected into Galleria mellonella (Lepidoptera: Pyrallidae) larvae. The progression of the life

cycle (Figure 3.1 a, Fig. S2) was then monitored for virulence (percent mortality of the co-
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injected insects), productive infection (percent of insect cadavers that produced progeny),

progeny number (average number of progeny per productive infection), progeny infective
potential (ability of the progeny IJs to seek, invade and kill an insect host), and bacterial carriage
(average colony forming units per IJ). To assess these traits within a phylogenetic framework,
we used linear regression to compare the measurements to bacterial and nematode
phylogenetic distance, Bayesian tree distance (i.e. branch lengths from the consensus Bayesian
tree between the native pair and the tested bacterial strain or its host). This analysis enables the
comparison of the experimental data to the strongest phylogenetic trend within the bacterial
strains to link performance in mutualism with evolutionary history. Certain nematode-bacterial
combinations displayed a large amount of trial-to-trial variability, possibly due to seasonal
fluctuations or the use of outbred insect and nematode lines. Due to the lack of an inbred insect
line, we controlled for differences among insect hosts by limiting insect size variation and
randomizing insects among treatments. To address genetic differences between biological
replicates and to control for seasonal fluctuations, data were normalized relative to the native
combination within each experiment. While variation remains large in some cases, trends (e.g.
slope of the linear regression lines) were similar across trials.

With respect to virulence, some combinations showed significant differences when
compared by log-rank analysis, measuring the overall trends within a survival curve (Table
3.S4). However, linear regression analysis did not show significant correlations between the
phylogenetic framework and individual measurements of virulence, such as LT50 values (e.g.
the time at which half the insects have died), which suggests the differences do not reflect
coevolution (Table 3.S5). As expected, S. feltiae FL and S. feltiae FR nematodes alone killed
fewer insects than nematode-bacterial combinations, indicating X. bovienii bacteria contribute to
virulence (Table 3.54, p<0.05). Similarly, S. feltiae MD nematodes were significantly more

virulent by log-rank test when associated with six of the bacterial strains (Table 3.S4, p<0.05),
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Figure 3.3 Measurement of mutualistic interaction parameters. Individual parameters of

the progression of the nematode-bacterial life cycle were measured with respect to bacterial and
nematode phylogenetic distance, including (a, e) productive infection percentage, (b, f) progeny
number (c, g), progeny infective potential and, (d, h) bacterial carriage. Phylogenetic distance
was taken as Bayesian tree distance from the native combination Data points represent
averages of the measurements for each set of data (n=3), and error bars represent standard
error. Lines show linear regression for each set of data points (Table 3.S5). All regressions
display a significant negative correlation (r-squared > 0.2, p < 0.01) for productive infection
percentage, progeny number, and progeny infective potential, except for progeny number of S.
feltiae MD (r-squared = 0.11, p = 0.089). The correlation of bacterial carriage for S. feltiae FR

and S. feltiae MD with respect to nematode phylogenetic distance was also significant.
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though there was no significant difference when combined with the three other strains (Table

3.S4). This suggests that S. feltiae MD is less reliant than the other nematodes on its bacterial
symbiont for virulence. By seven days post injection, there were no significant differences
among the nematode-bacterial combinations in the percentages of insects they killed (Table
3.S4). Therefore, minor differences in virulence among the nematode-bacterial combinations
likely do not significantly impact the mutualism.

With regard to nematode progeny characteristics, significant differences were identified
among different nematode-bacterial pairings relative to bacterial phylogenetic distance, or
divergence from the native symbiont. Injections of nematodes alone resulted in no production of
progeny, supporting that bacterial symbionts contribute to S. feltiae nematode reproduction
(data not shown). Both the ability to produce progeny (productive infection percentage and
progeny number) and the infective potential of those progeny correlated with the bacterial
phylogenetic distance; as bacterial strain divergence increased the success of the interaction
decreased (with one exception, the number of S. feltiae MD progeny) (Figure 3.3 a-c, Table
3.S5). Although bacterial carriage in nematode progeny also shows a negative trend with
respect to phylogenetic distance (Figure 3.3 d), this was not significant (Table 3.S5). Productive
infection percentage, progeny number, and progeny infective potential also strongly correlate
with nematode host phylogenetic distance (Figure 3.3 e-g, Table 3.S5), indicating that bacteria
from hosts more closely related to the S. feltiae nematodes are better able to engage in
symbiosis than bacteria from more distantly related hosts.

Because the infective potential of the nematode progeny is integral to subsequent
nematode reproduction and therefore evolutionary success, we examined potential causes of
defects in nematode progeny infective potential. However, we found no significant correlation

between bacterial phylogenetic distance and progeny |J longevity (Figure 3.S3 a) or IJ
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development as assessed by morphology (Fig. S3b, c¢), indicating these parameters do not

affect progeny infective potential.

Nematode and bacterial strain fitness. Experimental testing suggests that interactions
between the nematode host and bacterial strains closely related to its native symbiont are more
efficacious than those with divergent symbionts. We evaluated this trend using linear regression
analysis of nematode reproductive fitness (i.e. total number of progeny, the product of
productive infection percentage and progeny number) relative to bacterial (Figure 3.4 a, Table
3.S5) and nematode (Table 3.S5) phylogenetic distance. There was a significant negative
relationship for each nematode isolate (Table 3.S5), demonstrating that nematode fitness is
highest with strains closest to its native bacterial partner or isolated from closely related hosts.

To measure bacterial fithess within each combination, we calculated the total number of
bacteria that are transmitted to the next generation. Because bacteria are only transmitted
through the 1J progeny, this is defined as the product of nematode reproductive fitness and
bacterial carriage. Using linear regression, a significant negative trend was observed between
bacterial fitness and either bacterial phylogenetic distance (Figure 3.4 b, Table 3.S5) or
nematode phylogenetic distance (Table 3.S5), indicating that bacterial fitness when associating
with S. feltiae is proportional to how similar the bacterium is to the native symbiont and how
similar its native host is to S. feltiae. Although absolute bacterial carriage per IJ showed a
negative trend observed among strain combinations, the correlation was not significant (Figure
3.3 dh, Table 3.S5), indicating nematode reproductive fithess contributes more than carriage
rate to bacterial fitness.

The data show a clear trend that strains within the same phylogenetic clade as the
natural symbiont provide greater benefits than those from different clades (Figure 3.4 c). This

indicates that closely related strains (those that fall within the same clade as the native
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symbiont) may be functionally redundant in hosts, which in turn suggests that S. feltiae and S.

puntauvense nematode isolates require the same goods and services from their symbiont. In
contrast, more distantly related strains were defective in varying parameters of mutualistic
support of nematode fitness (e.g. Xb-Sj has more of a defect in progeny infective potential than
Xb-So, which has a greater defect in productive infection percentage), suggesting not all X.
bovienii bacterial strains are functionally redundant within nematode hosts (Figure 3.3 , 4c).
The observed negative trends might be caused by bimodal or distributed variations in
strain contributions to fitness. Distributed variation is supported by the fact that negative trends
remained similar (e.g. negative slope of the same magnitude) when only the symbionts outside
of the native clade were considered (data not shown). To examine this further, the effects of the
native clade data points on the linear negative trends relative to bacterial phylogenetic distance
(Figure 3.3, Table 3.S5) were analyzed by computing Cook's distance (29). Linear regressions
for each trend containing all 5 strains outside the native clade and one data point representing
the average of all symbionts from the native clade were constructed and used for the analyses.
In all trends tested but one, the Cook’s distance of the point representing the native symbiont
clade was less than one, indicating that this data point was not influential on the overall trend
(Table 3.S6). Therefore, the observed trends depend on the varying results from all bacterial
strains, not just a gross difference between bacteria that fall within the clade versus those
outside of the clade. The one trend that was dependent on inclusion of the native symbiont
clade in the analyzed data was bacterial carriage by S. feltiae MD. However, the high variability
of the data underlying this particular trend likely caused dramatic impacts on regression curves

when individual data points were removed.

X. bovienii bacterial genes contributing to specificity. Fithess benefit differences among the

bacterial strains is unexpected in light of their close phylogenetic relationship: One explanation



70
for the observed fithess advantages of X. bovienii within the S. feltiae and S. puntauvense

clade symbionts is variation in shared bacterial genes which could alter functionality and/or
cause incompatibility between hosts and symbionts. Such genes are expected to be under
positive selection across all bacterial symbionts or within specific group, such as the S. feltiae
and S. puntauvense clade. However, due to the close similarities of the bacterial strains we
were unable to reliably detect positive selection through dN/dS analysis.

Another explanation is that S. feltiae and S. puntauvense symbionts as a group uniquely
encode or lack genes that impact fitness. The increased fithess of these symbionts relative to
other strains may be due to the presence of genes that are absent in other bacterial strains that
increase their ability to support symbiotic interactions or the absence of genes that are present
in other bacterial strains that have deleterious affects on the nematode host. To assess which
genes follow this pattern, we identified genes, based on sequence identity and clustering, that
were significantly overrepresented or underrepresented in the symbionts of S. feltiae and S.
puntauvense compared to the other X. bovienii strains (Fig. S4). Among the identified families,
the most common were of unknown function, representing 80% of overrepresented genes and
54% of underrepresented families. Families of mobile genetic elements were the second most
abundant, comprising 4% of overrepresented genes and 38% of underrepresented genes. Other
families were those predicted to be involved in primary and secondary metabolism, toxins, and
toxin/antitoxin systems. Genes involved in metabolism are potentially important in the symbiosis
due to their possible nutritional role. Among the overrepresented metabolic genes (Fig. S4)
were two (az/C and azlID) predicted to encode components of a branched chain amino-acid
transporter and one predicted to encode an associated transcriptional regulator (rhaR). Genes
from these three families, as well as another of unknown function (listed in the metabolism
group), are clustered together in a putative operon that is only present in the S. feltiae and S.

puntauvense symbionts. Toxins may also be involved in symbiosis specificity due to their
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potential role in defensive symbiosis. Additionally, toxin-antitoxin modules have been

implicated in ensuring symbiont transmission through regulation of symbiosis genes (30).
However, elucidation of the role of these gene families awaits further functional analyses.

The presence or absence of specific genes within the S. feltiae and S. puntauvense
clade symbionts likely reflects the coevolution between these symbionts and their specific hosts.
It is possible that the symbionts within the clade have gained or lost certain genes due to the
requirements of the nematode host. However, it is also possible that the nematode host has
evolved to in response to the bacterial products (e.g. now the host requires nutrients because

the bacterium could produce them). In either case, the partners are a coevolved unit.

CONCLUSIONS

The observed negative correlation between symbiotic success and the phylogenetic
framework supports two overarching ideas. First, the correlation suggests that in the S. feltiae-
X. bovienii symbiosis, specificity likely is due to coadaptation between symbionts and hosts, with
the bacterial symbiont and/or the host being coevolved to fill the needs of the other partner.
Additionally, the fact that the observed fithess trends are inversely correlated with nematode
host phylogenetic distance, in some cases more strongly than with bacterial phylogenetic
distance (Table 3.S5), provides compelling evidence that the nematode host with which a
symbiont associates is a contributing factor to the correlation. This idea is further supported by
our finding that the bacterial strain that associates with the most phylogenetically distant
nematode host, Xb-Si, is unable to engage in any aspect of mutualism with S. feltiae, even
though it is not the most distantly related bacterium from the native symbiont (Figure 3.4 c). Xb-
Sj is the most distantly related symbiont, but it is able to engage in symbiotic interactions (Figure

3.3, 4c).
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The second fundamental concept supported by our experimental data is that animal

hosts can receive significantly different fithess benefits when associating with divergent bacterial
symbiont strains, and such variation could contribute to the evolution of specificity within a
symbiosis. Coevolution and coadaptation may be caused by nematode adaptation to unique
provisions of particular bacterial strains or by bacterial strain adaptation to fulfilling the
specialized needs of a nematode host. In either case, the nematode-bacterial pairings are
coevolved units; their life histories are intertwined, and the fitness of each depends on their
combined success. The two overarching ideas supported by our data are likely true within other
symbioses. Indeed, recent studies have revealed that strain level symbiont variability impacts
the success of the squid-Vibrio (14) and legume-Rhizobium (12, 13) symbioses, although these
studies did not assess the impact of variability with relation to coevolution.

Our data are based on experimental laboratory crosses, but the findings are likely to be
ecologically relevant, as mixed infections with multiple nematode hosts and symbionts can
occur (31). In fact, nematode isolates of three of the host species relevant to our study (S.
feltiae, S. kraussei, and S. intermedium) have been isolated in close proximity (32), although the
isolates used here were not. Because mixed infections can lead to non-native crosses of
nematode hosts and bacterial symbionts, variations in benefits could play a significant role in
driving maintenance of partner pairs. Greater benefits of some associations relative to others
could provide positive feedback for the evolutionary maintenance of the mutualism (i.e.
increased evolutionary success) and therefore selective pressure that results in the observed
phylogenetic patterns (Figure 3.5). This is consistent with the theory of partner fidelity feedback,
where linkages in host and symbiont fitness provide positive reinforcement that stabilizes the
mutualism(2). A partner fidelity feedback mechanism is further supported by the fact that S.

feltiae nematodes and X. bovienii bacteria cannot separately complete their life cycles (Figure
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3.1 b, data not shown). Our data extend current theory by demonstrating that bacterial strain

diversity can drive partner fidelity feedback for maintenance of mutualisms.

Diversity in the goods and services that are integral to symbiotic function are likely
responsible for variations in symbiotic success. One mutualistic role that bacterial symbionts
can perform is defensive, where the symbiont provides protection of the host against specific
pathogens, competitors, or predators. For example, this type of function can be conferred by
secondary symbionts of aphids, where the bacterial symbiont contributes to protection against a
parasitoid wasp predator of the aphid host. In some of these associations protection is conferred
by a phage-encoded toxin, but this mechanism is not conserved among all secondary symbionts
(33). Similarly, specialized toxins or secondary metabolites produced by some but not all X.
bovienii may contribute to nematode host defense against organisms within the insect
host, as is true for X. nematophila (34, 35). In the absence of the defensive compound, the
nematode host may be killed before establishing a new infection or suffer from population
losses that result in fewer progeny. Alternatively, since some classes of Xenorhabdus toxins are
insecticidal (36), variations in symbiont-encoded toxins could influence the efficiency of insect
host killing, as well as the insect host range of the nematode. Finally, symbiont-derived toxins
may have nematicidal effects, to which the native nematode host is resistant. In a non-native
pairing, such a nematicidal activity obviously would have a detrimental impact.

Many of the genes identified as unique (Table 3.S3) or enriched (Fig. S4) within the X.
bovienii bacterial strains could encode defensive factors. For example, unique and enriched
genes included those encoding exported proteins of unknown function, non-ribosomal peptide
synthetases (NRPS), polyketide synthetases (PKS), and a predicted Shiga toxin. NRPS-PKS
gene clusters are of particular interest as they synthesize small molecules (secondary
metabolites) that have a variety of biological activities, such as antimicrobial (37-39), hemolytic

(39), and immunosuppressive (40) effects, which could serve as defensive factors. Indeed, a
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fungal endosymbiont NRPS gene cluster provides plants protection from insect feeding (41).

Also of interest is the putative Shiga toxin that among the tested X. bovienii strains is uniquely
encoded by Xb-Si. Shiga toxins affect lipid bi-layers and have cytotoxic activities that allow
bacterial pathogens to cause disease within eukaryotic hosts (42). Such a toxin could be
involved in pathogenesis towards the insect host or in defense. Indeed, the presence of this
toxin may be responsible for the inability of Xb-Si to support symbiosis with S. feltiae nematodes
(Figure 3.4 c), as it could have a cytotoxic affect in the S. feltiae nematodes.

Another basis for many symbiotic relationships is the mutually beneficial exchange of
nutrients between host and symbiont, and integration of nutritional requirements could influence
co-adaptation. It has been proposed that Xenorhabdus bacteria provide nutritional support to
the nematode host, and lack of this support leads to decreased ability to produce progeny(19,
43). Consistent with this, S. feltiae nematodes are unable to reproduce within the insect host
without their bacterial symbionts (data not shown), possibly due to a lack of specific nutrients.
Further corroborating this idea, we observed that among the S. feltiae/S. puntauvense
symbionts there was an over-representation of genes predicted to encode branched-chain
amino acid transporter systems, which could contribute to nutritional support of nematode
reproduction or infective potential. Branched chain amino acid transport influences Rhizobia
nodulation on plants, with varying phenotypes depending on the plant host (44). Thus, variability
in symbiont amino acid transport capability, coupled with variation in nematode host
requirements for certain amino acids, could help explain some fitness differences.

There is increasing recognition that beneficial microbes profoundly impacted the origin
and evolution of animals (4), and studies have implicated symbiosis in host speciation through
reproductive isolation (8). These phenomena depend on symbioses being maintained
throughout the evolutionary history of the host organism. We show this maintenance is shaped

by bacterial strain diversity, highlighting that the contributions of symbionts to host biology can
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vary significantly based on differences among members of a microbial species. Furthermore,

this finding suggests that in addition to current studies of microbiota that identify microbes by the
species or phylum level, a comprehensive understanding of the causes and consequences of
host-microbial interactions will require the use of greater phylogenetic resolution and

classification through evolutionary and functional characterization.
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MATERIALS AND METHODS

Bacterial Strains and Nematode Isolates. Bacterial strains were obtained by sonication of
nematode hosts after surface sterilization. Strain identity was confirmed by analysis of 16S
rRNA from whole genome sequence (25, 43) and average nucleotide identity (26). Bacterial
strains were stored in Lysogeny Broth (LB) supplemented with 20% glycerol frozen at -80°C.
Bacterial cultures were grown at 30°C in LB that had not been exposed to light with aeration or
on LB agar with 0.1% pyruvate (45). S. feltiae nematode isolates used were obtained from the
laboratories of Dr. Patricia Stock or Dr. Byron Adams (via Adler Dillman) and were verified
through sequencing of the 12S and 28S genes (24). Nematodes were propagated through
Galleria mellonella larvae (46). Axenic IJs were produced in vitro as previously described (47,
48). Nematodes were stored at 25°C in 250 ml tissue culture flasks (BD Falcon, Franklin Lakes,

NJ, USA) at a density of 5-10 IJs/ul and a volume less than 60 ml.

Gene and Genome Sequencing and Assembly. Nematode 12S and 28S rRNA genes were
sequenced as previously described (49), and sequences were submitted to NCBI. Bacterial
genomes were sequenced using lllumina paired-end libraries (mean insert length = 300bp) and
quality trimmed using DynamicTrim.pl v.1.10 in the solexQC package. Dynamic trimming was
according to TrimAl's, v1.2rev59 (50) default settings. After excluding reads <20 bp and lacking
barcode sequences, genomes were assembled with VELVET v.1.1.06 (51, 52) using automatic
determination of sequencing coverage and a series of kmer values. Draft genomes were
annotated using MaGe (27, 28) and submitted to EMBL. 16S rRNA sequences from draft

genomes were assessed using BLASTn (http://blast.ncbi.nim.nih.gov) and were submitted to

GenBank (Table 3.51).
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Phylogenetic Analysis. For bacterial phylogenies, MaGe was used to identify homologs

(genes with conserved synteny with 230% nucleotide identity over 280% of the length) present
in the X. bovienii and X. nematophila genomes, yielding 2,166 gene sets. Sets were excluded if
any genome possessed multiple homologs (putative paralogs), resulting in 1,893 ortholog sets.
Nematode genes and ortholog sets were corrected using ORFcor v1.02 (53). The corrected sets
were aligned using MUSCLE v3.7 (54, 55), and poorly aligned regions were excluded using
TrimAl v1.2rev59 (50). Genes were concatenated into a single alignment (1,867,725 bp total).
Maximum likelihood analyses were performed in RAXML v7.2.8(56) using the GTRGAMMA
substitution model with rapid bootstrapping of 1000 bootstrapping replicates, as optimized by
jModelTest v2.1.4 (57). Bayesian analyses were done using Mr Bayes v3.2.1(58). For the
nematode tree, posterior probabilities were sampled from 4,000,000 MCMC replicates, with the
first 1,000,000 discarded as burn-in. Using the GTR+Gamma substitution model, the final
standard deviation of split frequencies was 0.0081. For the bacterial tree, posterior probabilities
were sampled from 1,000,000 MCMC replicates, with the first 250,000 discarded as burn-in.
The GTR+Gamma substitution model was used, as were the following non-standard parameters
to optimize MCMC sampling: 2 runs, each 5 heated + 1 cold chain, Multiplier(V)$lambda = 0.05
and TLMultiplier(V)$lambda = 0.05. Topologies of nematode and of bacterial phylogenies were

identical from both methods. Distance trees were viewed and drawn in iTol (59).

Testing of mutualistic interactions. Virulence assays: Fifth instar G. mellonella larvae

(Grubco, Hamilton, OH) were used for injections. Overnight cultures of bacteria were
subcultured 1:100 into LB, grown to ODggo ~0.65, and diluted in Grace’s Insect Medium (Sigma,
St. Louis, MO) to inject 200 CFUs in 10 ul. Prior to injections, test OD measurements and CFU
counting by dilution plating were done to ensure that equal CFU counts were used for all strains.

Axenic nematodes were surface sterilized and diluted in Grace’s medium to inject 50 IJs in 10
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Ml. For co-injections, bacteria and nematodes were prepared as above and combined for

injection with 200 CFU of bacteria and 50 IJs in 10 ul. Virulence was measured as percent
survival, with assessment every 24 hours for 7 days. Insects were considered dead when they
no longer responded to gentle prodding. Twelve insects were injected per treatment, and three
experimental replicates were performed.

Productive infection percentage: Insect cadavers obtained from injection assays were

placed individually in a modified White Trap (60) at day 7 post injection and observed for
progeny emergence daily for up to one month. Cadavers producing at least 100 |Js were scored
as productive, and productive infection percentage was calculated as the number of cadavers
producing progeny out of the total number. Three experimental replicates were performed.

Progeny Number: The numbers of |Js produced from each insect cadaver was

determined by removing and measuring water from each white trap and counting the number of
IJs/ml. IJs were counted every other day for 16 days and on day 28, and the total number of IJs
was calculated. Three biological replicates were performed. IJ progeny were collected for 10
days from the average first day of emergence, pooled together, and stored for use.

Progeny Infective Potential: Progeny infective potential was determined through a

modified sand trap assay (61), using 50 IJs in 100 pl of water. Two technical replicates of 12 G.
mellonella larva were used per pool of progeny. Mortality was monitored every 8 h for 96 h.
Three biological replicates were performed. For linear regression, percent mortality at 48 hours
was used, as it showed the largest difference between combinations.

Bacterial Carriage: Bacterial symbiont carriage was determined similarly to a previously

described method (62) through surface sterilization, grinding of progeny nematodes, and dilution
plating. Two technical replicates and three biological replicates were performed.

Progeny IJ Longevity: Progeny IJs were stored for 6 months post emergence and then

examined at 3x magnification. Dead nematodes were straight and/or showed no movement,
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whereas live nematodes had a curved appearance or were moving. IJs were confirmed as

dead by gentle prodding. Two technical replicates of at least 100 IJs were counted, and three
biological replicates were performed.

Morphometric Analysis: 10 mL progeny IJs were heat killed in M9 buffer at 60°. Heat-

killed IJs were fixed in triethanolamine formalin (TAF) at 60°C (63) and mounted on glass slides
for morphometric analysis. Quantitative measurements (length and width) were made using an
Olympus BX51 microscope with Olympus Microsuite software (Soft Imaging System Corp., Ca.,

USA).

Comparative genomics. dN/dS analysis: Analysis was done using PAML v4.7 (64). Protein

sequences of bacterial homologs (see phylogenetic analysis) were aligned using the e-nsi-i
algorithm implemented in MAFFT v7.029 (65) and converted to codon alignments. The branch
model was used to test for positive selection in the X. bovienii clade, and a dN/dS cutoff of 1-6
with at least 2% amino acid divergence was used (66).

Overrepresented and underrepresented gene sets: Protein sequences were downloaded

from MaGe and annotated using HMMer models for KEGG

(http://nar.oxfordjournals.org/cgi/pmidlookup?view=long&pmid=24214961) and PFAM (67).

Sequences were clustered de-novo, based on amino acid sequence identity (25% sequence

identity and 50% coverage), using proteinorthov5 (http://www.biomedcentral.com/1471-

2105/12/124). Fisher's exact test, implemented by python package scipy (http://www.scipy.org),
was used to identify gene families or domains that were over or under represented in a

particular clade. A cutoff of p<0.05 was used to determine significance.

Statistics. The co-phylogeny was statistically measured by a permutation test. The total

number of possible X. bovienii trees was compared to number of possible trees that contained
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the monophyletic group of S. feltiae and S. puntauvense symbionts and to the number of

possible trees with identical topology in bacterial monophyletic group (68). The number of trees
with a given split is the product of rooted trees for each half.

Statistical analyses for experimental testing were performed in R (69) or Prism
(GraphPad). For virulence assays, log rank test and LT50 calculation was done. In log-rank
analysis, all data points from the three experimental replicates were combined. Each
experimental block was also analyzed separately, and trends remained the same. For
experimental testing of mutualistic interactions, linear regression analyses was done to
determine R-squared values, and p-values of trends. The data was normalized to the native
combination (all values were divided by the value of the natural combination). Technical
replicates were averaged and plotted versus the phylogenetic distance of the bacterial symbiont
or nematode host of the bacterial symbiont, Bayesian tree distance from the native combination.
The data was also compared to ANl and maximum likelihood tree distance with similar results.
Cook’s distance for each trend was computed using a linear regression constructed from all
symbionts outside the native clade (i.e. Xb-Si, Xb-Sj, Xb-Sk-BU, Xb-Sk-CA, Xb-S0) plus one
data point of the average of the native clade (i.e. Xb-Sf-FL, Xb-Sf-FR, Xb-Sf-MD, Xb-Sp). A

Cook’s distance >1 was considered influential.
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SUPPLEMENTAL MATERIALS

Figure 3.S1 Bayesian distance
phylogenies. Bacterial (a) and nematode
(b) distance trees are shown. The trees
were constructed using Bayesian methods
and had the same topology and similar
distances as those constructed using

maximum likelihood.
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Figure 3.5S2 Schematic diagram of mutualistic testing. The diagram depicts the progression
of experimental testing. Axenic IJs (nematodes not exposed to bacteria) and the bacterial
symbionts were reared separately, and each combination was mixed and co-injected into the
insect host. Insects were monitored for percent mortality (virulence of combination) and progeny
nematode IJ emergence (productive infections and progeny number). Progeny IJs were stored
in flasks and then used for progeny measurements: progeny infective potential, bacterial

carriage, morphometric analysis, and longevity.



90

@ S. feltiae FL
S. feltiae FR
¥ S. feltiae MD

1.0 |40.__..§.¥...-.._=.;.-_-.5I

N
8]
N

o
[}
L

Normalized Progeny Longevity

[
o

0.00 0.02 0.04 0.06

N
3}
)

Normalized Progeny Length Data
o
o

0.5 1

Normalized Progeny Width

0.0 T T )
0.00 0.02 0.04 0.06

Bacterial Phylogenetic Distance

Figure 3.S3 Possible causes of progeny infective fitness defects. Causes of progeny
infective fithess defects were analyzed using linear regression relative to bacterial phylogenetic
distance (Bayesian tree distance): nematode progeny longevity (a), or morphometric analyses
(b, c). For morphometric analyses, both length (b) and width (c) were taken into consideration
as measurements of nematode progeny health. No significant correlations were found with
adequate r-squared values. Data points represent averages of the measurements for each set

of data (n=3), and error bars represent standard error.
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Figure 3.54 Heatmap of overrepresented and underrepresented genes. To identify non-

conserved gene sets potentially involved in the nematode-bacterial mutualism, genes from all X.
bovienii genomes were analyzed for overrepresentation (a) or underrepresentation (b) within the
monophyletic clade of S. feltiae and S. puntauvense bacterial symbiont strains. Total gene
number per symbiont genome is shown in the heatmap relative to the phylogeny of bacterial
symbionts. Each gene family is listed in a separate row, and the predicted function is shown to

the left of each row of counts.



Table 3.S1 Bacterial strains and nematode host species used in this study.
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Bacterial | Xenorhabdus | Steinernema Source or Bacterial Bacterial Nematode Nematode
strains® bacterial nematode isolation 16S rRNA genome 12S rRNA 28S rRNA
species host species® location® accession accession accession accession
designation® number® number’ number® number”
Xn nematophila carpocapsae USA GU480972* FN887742** AY944007* | AF331900*
Xb-Sf-FL bovienii feltiae Florida, USA KF437819 PRJEB4320 GU569030* | GU569049*
Xb-Sf-FR bovienii feltiae France KF437820 PRJEB4319 GU569031* | GU569050*
Xb-Sp bovienii puntauvense Costa Rica KF437827 PRJEB4322 GU569037* | GU569056*
Xb-Sf-MD bovienii feltiae Moldova KF437821 PRJEB4321 KF437815 KF437816
Xb-Sk-BU | bovienii kraussei Becker KF437824 PRJEB4325 KF437817 KF437818
Underwood
Xb-Sk-CA | bovienii kraussei Quebec, CA KF437825 PRJEB4324 GU569034* | GU569053*
Xb-Si bovienii intermedium North KF437822 PRJEB4327 AY944013* | AY598358*
Carolina, USA
Xb-So bovienii oregonense Oregon, USA KF437826 PRJEB4323 GU569036* | GU569055*
Xb-§j bovienii Jjollieti Monsanto KF437823 PRJEB4326 GU569032* | GU569051*

aStrain abbreviation used in the main text
®Bacterial species designation as determined by 16S rRNA and ANI
“Species designation of the nematode host from which the bacterium was isolated
“The source company or location of nematode isolation
°The accession number for the 16s rRNA sequence of the bacterial strain in NCBI GenBank
'Accession number for the full draft genome sequence of the bacterial strain in the EMBL

database
9The accession number for the nematode host 12s rRNA sequence in NCBI GenBank
"The accession number for the nematode host 28s rRNA sequence in NCBI GenBank

*From Lee and Stock 2010b(24)
** From Chaston et al. 2011(43), submission to GenBank
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Table 3.S2 Average nucleotide identity of X. bovienii strains used in these
experiments?

Xb-

o | xb- | Xb- | Xb- Xb- | Xb- | Xb- .
X0 I stFL | StFR| Sp | oo | sk-BU | sk-CA | XPST| s | XPS
Xn® 100% | 85% | 85% | 85% | 85% | 85% | 85% | 86% | 86% | 86%

Xb-Sf-FL | 85% | 100% | 100% | 99% | 99% 99% 98% 97% | 97% | 96%

Xb-Sf-FR | 85% | 100% | 100% | 99% | 99% 99% 98% 97% | 97% | 96%

Xb-Sp 85% | 99% | 99% | 100% | 99% 98% 98% 97% | 97% | 96%

)“;%'Sf' 85% | 99% | 99% | 99% | 100% | 99% | 98% | 97% | 97% | 96%
)é'fj's"' 85% | 99% | 99% | 98% | 99% | 100% | 98% | 97% | 97% | 96%
éi‘s"' 85% | 98% | 98% | 98% | 98% | 98% | 100% | 98% | 98% | 97%
Xb-Si 86% | 97% | 97% | 97% | 97% | 97% | 98% [100% | 97% | 97%
Xb-So 86% | 97% | 97% | 97% | 97% | 97% | 98% | 97% [100% | 97%
Xb-Sj 86% | 96% | 96% | 96% | 96% | 96% | 97% | 97% | 97% | 100%

aGray boxes indicate comparisons of the bacterial strains to themselves.
®One strain of X. nematophila (ATCC19061) is shown as an out-group.




Table 3.S3 Unique genomic content differences between X. bovienii strains®.

a

95

Conserved

Metabolism

. Protein of . Membrane Mobile
Bacterial | Percent protein of or cellular .
. . b | unknown or exported . genetic
Strain Unique . ¢ | unknown . e function g
function f . d protein cf elements
unction protein
Xb-Sf-FL 1% 25 1 0 0 0
Xb-Sf-FR 0% 19 0 0 0 0
Xb-Sf-MD 5% 151 51 12 22 6
Xb-Sp 6% 125 41 7 19 4
Xb-Sj 8% 215 44 20 27 18
Xb-Sk-CA 6% 169 40 7 36 2
Xb-Sk-BU 9% 211 126 26 60 19
Xb-So 6% 69 216 18 35 15
Xb-Si 7% 233 39 20 24 8

aPercentage and categorization of unique genome content within each X. bovienii strain.
®Percentage of the coding sequences identified within the genome that are not found in any

other X. bovienii strain.

“Number of unique genes that do not have a predicted function.
YNumber of unique genes that do not have a predicted function and are conserved within other

bacterial species.
°Number of unique genes that are predicted to be membrane bound or exported.
"Number of unique genes that are predicted to be involved in metabolic or cellular functions (e.g.

cell division).

9Number of unique genes that are predicted to be mobile genetic elements, such as phage
regions, transposable elements, or insertion elements.




Table 3.S4 Virulence of S. feltiae nematodes alone and X. bovienii co-injections.

S. feltiae FR

S. feltiae FL Nematodes Nematodes S. feltiae MD Nematodes
: . Log- : . Log- i . Log-
Bacterial  Percent | rank  Percent ! rank ' Percent ! rank
Strain | LT50? | Survival® | test® | LT50% | Survival® | test® | LT50% | Survival® | test®
None 104* | 42%* | e 72 ¢ 39%* | d 32 ¢ 0% | b
Xb-Sf-FL | 40 | 0% | bc 43 | 0% | a 40 | 0% | a
Xb-Sf-FR | 48 | 0% | cd 48 | 0% | bc 4 | 0% b
Xb-SFMD | 48 | 0% | cd 48 | 0% | ¢ 4 1 0% b
Xb-Sp 43 | 0% | ab 40 | 0% | a 36 1 0% a
Xb-Sj 36 | 0% | a 40 | 0% | a 36 1 0% a
Xo-Sk: a a a a a a
CA 48 | 0% ' d 56 | 56% | d 4 | 28% | b
Xb-Sk- | | | | | |
BU 36 : 0% | cd 40 ¢ 0% ' b 36 ¢ 0% : a
Xb-So 3 | 0% cd | 36 | 0% | a 36 | 0% | a
Xb-Si 36 | 0% | ab 36 ! 0% ! a 366 ! 0% ! a
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#Average LT50 of condition (time required to kill 50% of the insects); *indicates differences from
all other conditions (p<0.05).
®Average percent survival of insects at 7 days post injection; *indicates differences from all other
conditions (p<0.05).
‘Log-rank test on survival curves for statistical differences. Letters indicate differences with

p<0.05.



Table 3.S5 Table of statistical analysis of linear regression analyses of data shown in
Table 3.S4, Figure 3.3, and Figure 3.4 relative to bacterial phylogenetic distance.

S. feltiae FL nematodes S. feltiae FR nematodes S. feltiae MD nematodes
Slope R- P- Slope | R- . P-value | Slope R- i P-value

squared | value ' squared ! ' squared !
Virul 3.4 0.07 0186 | -43 | 014 : 0.067 39 | 014 : 007
irulence 3.0 0.03 039 | 25 ! 001 | 028 30 | 008 | 0.19
Productive 13 0.29 0.004 11 ¢ 020 : 0.021 16 ¢ 025 : 0.009

Infection ' ! g §
Percentage | -5.1 0.45 <0.001 | -51 i 042 | <0.001 | 67 . 037 | <0.001
Progeny 21 0.71 <0.001 | -18 | 036 | <0.001 -6 | 0411 | 0.089
Number -4.9 039  <0.001 | 64 | 050 | <0.001 | -89 ! 024 | 0.010
Progeny 12 0.27 0013 | -10 | 020 | 0.042 16 | 0567 | <0.001

Infective
Potential 9.1 0.58 <0.001 | -82 ' 0.34 ! 0.006 83 ' 050 ' <0.001
Bacterial 17 0.05 03131 | -17 | 014 : 0.088 14 : 015 i 0.107
Carriage 20 0.08 0223 | 16 : 033 | 0.005 11 1 038 | 0.006
Nematode 18 0.65 <0.001 | -18 ! 041 ! <0.001 31 | 016 | 0.040
Fitness 4.8 0.53 <0.001 | -59 | 045 | <0.001 13 1 019 © 0.021
Bacterial -36 0.36 <0001 | 28 | 042 : <0.001 | -28 | 031 | 0.003
Fitness -11 0.26 0.007 | -85 ! 0.36 ! 0.001 10 1 033 | 0.002
Overall -52 0.66 <0.001 | -47 i 035 | 0.001 54 1 033 | 0.002
Success -15 0.79 <0.001 | -18 | 057 ! <0.001 20 | 047 ! <0.001

The table shows the slope, r-squared, and p-value measurements for each linear regression
calculated for the nematode isolates. The values are shown for each experimental
measurement with respect to bacterial (top row) and nematode (bottom row) phylogentic
distance. Gray shading indicates values of a non-significant trend.
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Table 3.S6 Cook’s distance of native symbiont clade average point derived from from
linear regression analyses of parameters from Table 3.S5 and Figure 3.3%
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S. feltiae FL nematodes

S. feltiae FR nematodes

S. feltiae MD nematodes

Cook’s Data point Cook’s | Data point Cook’s | Data point
Distance® = Influence® | Distance® ! Influence® | Distance® ! Influence®
Productive : 5
Infection 0.073 Not influential 0.155  Not influential 0.298  Not influential
Percentage '
Progeny 0.032  Notinfluential | 0.022 ! Notinfluential | 0.012 ! Not influential
Number | :
Progeny , ;
Infective 0.470 Not influential 0.155 ! Not influential 9.30x10° ' Not influential
Potential i i
Bacterial 1.67x10°  Notinfluential | 0.415 | Not influential 2.83 Influential
Carriage !
Nematode 0550  Notinfluential | 0.111 | Notinfluential | 0.099 | Not influential
Fitness ! :
Bacterial 4.23x10° | Notinfluential | 0.452 | Notinfluential | 0.678 | Not influential
Fitness : :
g"e’a" 0.427  Notinfluential | 0.095 | Notinfluential | 0.112 | Notinfluential
uccess !

A linear regression of data from the non-native symbiont clade and an average point of the
native symbiont clade was constructed, and the Cook’s distance of the average point was

calculated.

Cook’s distance of the average native symbiont clade point.
“Influence of the average data point based on Cook’s distance. We considered Cook’s distance
>1 as influential within the data set, indicating that the native clade average data point greatly
influences the trend of the linear regression.



CHAPTER 4

Comparison of Xenorhabdus bovienii bacterial strain genomes reveals diversity in

secondary metabolism and symbiotic functions

This chapter will be submitted for publication as:

Murfin KE, Whooley AC, Klassen JL, and Goodrich-Blair H. “Comparison of Xenorhabdus
bovienii bacterial strain genomes reveals diversity in secondary metabolism and symbiotic
functions”
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ABSTRACT

Background: Xenorhabdus bacteria engage in a beneficial symbiosis with Steinernema
nematodes, in part by providing activities that help kill and degrade insect hosts that these two
organisms utilize for nutrition. Xenorhabdus strains (members of a single species) can display
wide variation in host-interaction phenotypes and genetic potential, raising the likely possibility
that they differ in their encoded symbiosis factors, including secreted metabolites. To discern
strain-level variation among symbiosis factors, and facilitate the identification of novel
compounds, we performed a comparative analysis of the genomes of 10 X. bovienii bacterial
strains.

Results: The analyzed X. bovienii genomes are broadly similar in structure (e.g. size, GC
content, number of coding sequences), but the draft genomes are at least partially incomplete.
Genome content analysis revealed that general classes of putative host-microbe interaction
functions, such as secretion systems and toxin classes, were identified in all bacterial strains. In
contrast, we observed diversity of individual genes within families (e.g. non-ribosomal peptide
synthetase clusters and insecticidal TC toxin components), indicating the specific molecules
secreted by each strain can vary. Additionally, phenotypic analysis indicates that regulation of
activities (e.g. enzymes and motility) differs among strains.

Conclusions: The analyses presented here demonstrate that while there are general
mechanisms by which X. bovienii bacterial strains interact with their invertebrate hosts are
similar, the specific molecules mediating these interactions differ. Our data support the idea that
adaptation of individual bacterial strains to distinct hosts or niches has occurred. For example,
diverse metabolic profiles among bacterial symbionts may have been selected in evolutionary
time by dissimilarities in nutritional requirements of their different nematode hosts. Similarly,
factors involved in parasitism (e.g. immune suppression and microbial competition factors),

likely differ based on evolution in response to naturally encountered organisms, such as insect
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hosts, competitors, predators or pathogens. This study provides insight into effectors of a

symbiotic lifestyle, and also highlights that when mining Xenorhabdus species for novel natural
products, including antibiotics and insecticidal toxins, analysis of multiple bacterial strains likely

will increase the potential for the discovery of novel molecules.
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INTRODUCTION

Xenorhabdus bacteria are beneficial symbionts of entomopathogenic (insect-parasitic)
Steinernema nematodes. In addition to the Xenorhabdus — Steinernema complexes being
effective biocontrol agents for a variety of insect pests (1, 2), they are tractable laboratory
systems that facilitate investigation of ecological (3), evolutionary (4) (Chapter 3), and symbiotic
(5, 6) processes. The integrated life cycle of Xenorhabdus bacteria and Steinernema
nematodes comprises the alternating environments of the soil and insect hosts infected by the
pair (Figure 4.1) (5). The infective juvenile (1J) is the soil dwelling, environmental stage of the
nematode that carries bacteria and infects insect hosts. Once within the blood cavity of an
insect host, the nematodes and bacteria kill the insect and reproduce using the nutrients derived
from the cadaver. During reproduction, the nematodes and bacteria are vulnerable to predation
by scavenger insects (7, 8) and to competition from other opportunistic microbes, such as other
nematodes, bacteria, or fungi (9-12). After nutrients within the insect cadaver are consumed,
and nematode density is high, the nematodes develop into the next generation of progeny IJs
that exit the cadaver to repeat the cycle (13). In the united nematode-bacterium association, the
bacterial symbiont contributes to virulence against the insect (14, 15) (Chapter 3), support of
nematode reproduction within the insect cadaver (4, 16) (Chapter 3), and defense against insect
predators (7, 8) and microbial competitors (9, 17). In turn, the nematode partner serves as a
vector to transmit bacteria between insect hosts (18, 19) and augments bacterial virulence
against insects (20, 21) (Chapter 3).

To accomplish symbiotic functions, Xenorhabdus bacteria encode a wide array of
bioactive molecules that can function as virulence factors (22-26), degradative enzymes for
nutritional support (16), anti-predatory compounds (7, 8), and anti-microbial compounds (9, 10,
17). Because of this large repertoire of biological activities, Xenorhabdus spp. have been

proposed as a rich source of secondary metabolites (17, 27, 28) that have potential applications
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Figure 4.1 Xenorhabdus bacteria and Steinernema nematode life cycle. In the soil,
Steinernema infective juvenile (IJ) nematodes, containing their Xenorhabdus symbionts, seek
out and invade insect hosts. Once in the insect blood cavity, the nematodes and bacteria
produce virulence factors and kill the insect host. The nematodes and bacteria then grow and
reproduce within the insect cadaver utilizing nutritional factors produced by the bacterial
symbiont. During reproduction, the growing nematodes and bacteria are vulnerable to insect
predators and microbial competitors, and therefore, defensive compounds are produced during
reproduction. Once all nutrients within the cadaver are consumed, the nematodes form the next

generation of IJs (progeny) that then exit the insect cadaver to seek new insect hosts.
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as insecticides, nematicides, and antimicrobials. This idea prompted successful genome mining

of diverse Xenorhabdus species to identify novel metabolites with useful pharmaceutical
properties (17, 27, 28). Our recent work has revealed intra-species variation in the ability of X.
bovienii to engage in symbiosis with S. feltiae nematode hosts (Murfin et al., 2015), indicating
the strong likelihood that examination of multiple strains within a species has the potential to
expose additional diversity of bioactive metabolites. Indeed, pan-genomic analysis of X. bovienii
strains revealed the core genome to be approximately 55% of total coding content, with 1-9% of
the coding content being unique to an individual strain (Chapter 3). The remaining 44-36%
therefore is shared among some, but not all, bacterial strains studied. However, it is unclear
how the genes encoding specific bioactive molecules, such as those mentioned above are
distributed among the strains and if variability in activity of conserved loci occurs. To address
these questions, we performed a comparative genomic analysis on 10 previously published
bacterial genomes (29, 30) (Chapter 3) that were isolated from 6 different Steinernema spp.
nematodes hosts (Table 4.1), focusing on compounds likely to be involved in symbiotic

interactions.

RESULTS AND DISCUSSION

General genomic features of Xenorhabdus bovienii. We recently reported a brief description
of draft genomes of 9 X. bovienii strains, but did not provide an in depth comparison of the
general genomic features relative to the finished X. bovienii genome (Chapter 3) (29, 30). Here
we present a more thorough analysis, which indicated that all the examined X. bovienii
genomes are similar to each other in genome in size, GC content, number of coding sequences
and coding density (Table 4.1). On average the genomes are 4.4 Mbp, with 4451 coding
sequences. No plasmids were detected in any of these strains through sequencing or common

preparation methods (data not shown).
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Table 4.1 Xenorhabdus bovienii genomes used in this study®.

. Steinernema . Omsoim . Om:.oSm G+C Number Oo&am

Genome tode host® Source Accession Study Size content of . Density
nema Number® (Mb)' (%)° CDS (%)’
Xb-Sf-FL S. feltiae Florida, USA PRJEB4320 (Chapter 3) 4.47 44.89 4508 83.43
Xb-Sf-FR S. feltiae France PRJEB4319 (Chapter 3) 4.41 44.75 4441 84.06
Xb-Sf-MD S. feltiae Moldova PRJEB4321 (Chapter 3) 4.66 44.36 4695 83.82
Xb-Si S. intermedium North Carolina, USA PRJEB4327 (Chapter 3) 4.71 44.89 4719 83.39
Xb-§j S. jollieti Monsanto PRJEB4326 (Chapter 3) 3.93 44 .48 3939 83.20
Xb-Sj-2004 S. jollieti Monsanto FN667741 (30) 4.23 44 .97 4406 84.07
Xb-Sk-BU S. kraussei Becker Underwood PRJEB4325 (Chapter 3) 4.72 44.75 4860 83.10
Xb-Sk-CA S. kraussei Quebec, CA PRJEB4324 (Chapter 3) 4.21 4418 4097 83.96
Xb-So S. oregonense Oregon, USA PRJEB4323 (Chapter 3) 413 44.90 4261 84.30
Xb-Sp S. puntauvense Costa Rica PRJEB4322 (Chapter 3) 4.48 44.32 4584 84.34

@Abbreviation used for bacterial genomes.

®The Steinernema nematode host species from which the X. bovienii bacterial strain was isolated from.

°The location or company from which the nematode was obtained from.

9The accession number for the bacterial genome in EMBL.

°Study the genome was sequenced in.

'Size of the genome in megabases.

9GC content percentage of the genome.

"Total number of coding sequences in the genome.
'Amount of the genome that is coding sequences.
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To assess completeness of the draft genomes, we assessed the number and size of
contigs. All of the draft genomes have ~400 contigs, with an N50 value between 30-55
megabasepairs (Table 1), indicating that the assembly is fragmented. Additionally, the draft
genome sequence of the S. jollieti symbiont (Xb-Sj) shows genome-wide synteny to the finished
genome sequence (Xb-Sj-2004), but the draft genome lacks portions found within the complete
genome (Figure 4.2). Synteny differences are likely not due to contig order, as the contigs within
the draft genomes were aligned using progressive MAUVE (Chapter 3). Synteny differences are
likely due to missassembly of the draft genome, as all breaks in the draft genome sequence
(except two) are within 1000bp of contig ends. However, not all contig ends result in breaks in
the genome, so not all contig breaks contribute to lack of synteny. Xb-Sj and Xb-Sj-2004 are
bacterial strains that came from the same nematode host strain but were isolated seven years
apart (14). Therefore it is expected that these two genomes should be almost identical. This
comparison therefore indicates that the assembly of the Xb-Sj draft genome, and presumably
the other draft genomes as well, may not be complete. It is also possible that differences in the
size of Xb-Sj and Xb-Sj-2004 genomes could be due to genome reduction in the symbiont
associated with the host for a longer period of time. Additionally. Xb-Sj contains 76 predicted
open reading frames not present in Xb-Sj-2004, which supports that genome content has
changed between these two strains. However, all unique predicted open reading frames are

proteins of unknown function.

Secretion systems are conserved among X. bovienii strains. For our comparative genomic
analyses we chose to focus on factors likely to contribute to X. bovienii interaction with its hosts.
Bacterial products that directly interact with host tissues and cells must be exported out of the
bacterial cell through secretion systems. Indeed, disruption of secretion systems in bacterial
symbionts can cause defects in pathogenesis (31, 32) and mutualism (33, 34). To determine if

secretion system types are present among X. bovienii genomes we searched for gene clusters
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Figure 4.2 Genome synteny between finished and draft X. bovienii genomes. Genomes
were aligned with progressive MAUVE to assess the large-scale synteny among the draft X.
bovienii genome (Xb-Sj) and the finished X. bovienii genome (Xb-Sj-2004). The names of each
genome are reprinted on the left for ease of viewing, and the scale is shown in base pairs.
Colored boxes indicate regions of synteny, and colored lines connect alike regions. The Xb-Sj
draft genome shares large-scale synteny with the Xb-Sj-2004 finished genome, but is not

identical.
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known to encode systems responsible for secretion of host-interacting factors in various
bacteria. Further, none of the X. bovienii strains encoded a complete Type IV secretion system
(35), although various genes encoding Type IV-system-related proteins were present in the Xb-
Sf-FL and the Xb-Sf-FR genomes. Other secretion systems involved in host interactions include
the flagellar export apparatus, which is evolutionarily related to Type lll, for secretion of certain
substrates, such as xenocin and virulence factors (36-38). Type Il secretion systems are
responsible for transporting folded proteins (e.g. toxins and degradative enzymes) from the
periplasm to the extracellular environment in Gram-negative bacteria(39). Also, Type VI
secretion systems transfer effectors (e.g. hemolysins) directly from the bacterial cell into the
target host through injection (40, 41) and the alkaline protease secretion system secretes the
protease PrtA (42). Examination of the X. bovienii strain genomes revealed each has single
intact flagellar, type Il, and type VI secretion systems as well as an alkaline protease secretion
system. In each case, all the required structural genes were present in a single copy (Table
4.51). However, there are additional type VI structural genes are present in the genome, such
as multiple vgrG genes, which were present in all strains (data not shown). Overall, the types
and numbers of intact secretion systems of X. bovienii appear to be conserved, in that each
bacterial strain has a single syntenous region containing all required secretion system
components.

The presence of the same secretion systems in all X. bovienii strains likely reflects their
similar symbiotic lifestyles interacting with nematode and insect hosts. However, in nature, the
bacterial strains associate with divergent nematode host species and likely encounter different
insect host species. Therefore, the secreted effector proteins delivered by the secretion systems
are expected to vary. To address this idea, we further investigated bacterial factors, or putative

secreted effector molecules, that may be involved in symbiotic interactions.
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Phenotypic testing of X. bovienii bacterial strains. Some Xenorhabdus factors that are likely
to be secreted and involved in symbiosis have readily monitored activities. For example, lipase
activity in X. nematophila contributes to nutritional support of its nematode host, Steinernema
carpocapsae, and is secreted through the flagellar apparatus (43). To assess the diversity of
phenotypes associated with symbiosis among the X. bovienii strains, we measured activities
implicated in bacterial or nematode nutrition, including siderophores that mediate iron
acquisition (44, 45) and lipase (16, 38), lecithinase (16), and protease (16, 42) activities that
likely degrade insect tissues. In addition, we monitored hemolytic activity (24) and motility (43),
which are associated with virulence towards the insect host or subsequent degradation (46-48).
Finally, we assessed antibiotic activity, which likely plays a defensive role in removing
competitor or nematode-pathogenic microbes from the insect cadaver (10).

In Xenorhabdus species, including X. bovienii, assessment of the activities listed above
is complicated by phenotypic variation. All Xenorhabdus spp. studied to date undergo
phenotypic variation between primary and secondary form cells that can alter the levels of some
activities, such as lipase and antibiotics (14, 28). In the laboratory, primary form cells give rise to
secondary form cells after long-term cultivation in liquid media. However, it remains unclear if or
when phenotypic variation occurs within the natural life cycle. To ensure that we accurately
determined the production potential of activities in X. bovienii strains, we generated secondary
form bacterial isolates from primary form isolates and used both for phenotypic testing (Table
4.2).

Almost all strains had swimming motility, lipase, lecithinase, protease, siderophore
hemolysin, and antibiotic activities in at least one form, except that Xb-Sk-Bu lacked protease
activity, and Xb-Sp lacked hemolysin activity (Table 4.2). Several strains (i.e. Xb-Sf-MD, Xb-Sk-
BU, Xb-Sj, Xb-Sj-2004, and Xb-Sp) lacked swarming motility (Table 4.2). Some activities, such
as lecithinase and siderophore production, were not affected by phenotypic variation in any of

the bacterial strains. Other activities, such as lipase and hemolysin production, did differ
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Table 4.2 Phenotypes of X. bovienii bacterial strains®.

Strain® m_“_\““__ﬁﬁm w,ﬂwgﬂq_ﬂﬁ@ Lipase® Lecithinase’ | Protease® | Siderophore” _._m__._sn“vq_www_sm _._w_wqw%_w_“m:_. ﬂ_hﬁ_"““\_m“\__m
Xb Sf FL Both Both Primary Both Both Both Both Both Both
Xb Sf FR Both Both Primary Both Both Both Primary Primary Both
Xb Sf MD Both None Secondary Both Both Both Primary None Both
Xb Si Both Both Both Both Both Both Both Both Both
Xb Sk CA Both Both Primary Both Primary Both Both Both Both
XUlwxlmC Both None Primary Both None Both Primary Primary Both
Xb_S; Both None Secondary Both Both Both Both Both Both
Xb_Sj 2004 Both None Secondary Both Both Both Both Both Both
Xb So Both Both Secondary Both Both Both Both Primary Both
Xb_Sp Both None Primary Both Both Both None None Both

@Phenotypic testing of primary and secondary form X. bovienii bacterial strains. Each result is given as the form that produces that
activity: Primary — activity in primary form only (blue), Secondary — activity in secondary form only (pink), Both — activity in primary
and secondary forms (purple), or None — no activity in either form (no fill).

®The bacterial strain tested.

°Swimming motility detected as motility through soft agar (0.5% LB agar).

4Swarming motility detected as motility on top of semi-solid agar (0.7% LB agar).

°Lipase activity as detected on Tween 20 agar.

"Lecithinase activity as detected on egg yolk agar.

9Protease activity as detected on milk agar.

.:m_amﬂovso_,m activity as detected activity on CAS plates.

'Hemolysin activity as detected on horse blood agar.

'Hemolysin activity as detected on rabbit blood agar.

“Antibiotic activity as detected by antibiotic overlay assays.
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between the two forms, and which form produces the activity was inconsistent among the

strains. These differences could be due to variations in coding potential among the strains or
differences in regulatory control of the genes encoding the activities tested.

To assess if activity differences are due to variation in the coding potential, we examined
the X. bovienii genomes for relevant genes (Table 4.S2) such as lipase (xIpA) (16), lecithinase
(estA) (16), protease (prtA) (42), and motility (flagellar operons, matility regulators) (49). All of
the strains, including those strains that lacked detectable activities, encode intact homologs of
these genes (Table 4.52). This indicates that differences in activity phenotypes are more likely
due to regulatory differences among the strains.

Among Xenorhabdus species, the regulatory pathways of X. nematophila are the best
characterized. In this species, the leucine-responsive regulatory protein (Lrp) (50), two-
component signal transduction systems CpxRA (51) and OmpR-EnvZ (52), LysR like homolog A
(LrhA) (38), flagellar transcriptional regulators (FIhDC) (43, 46, 47), and nematode intestinal
localization repressor (NilR) (16) regulatory proteins have been implicated in controlling the
expression of the phenotypic activities listed in Table 2. Each X. bovienii strain encodes
homologs of all these regulators except NilR (Table 4.S3). Interestingly, in X. nematophila, NilR
functions synergistically to negatively regulate the nilA, B, and C genes, which are nematode-
host range specificity determinants that not present in the X. bovienii genomes (16, 29, 53).

LysR type transcriptional regulators, of which LrhA is a member, are broadly distributed
among bacteria, and can respond to specific signals to regulate narrow and broad regulons that
can include genes involved in virulence, metabolism, and other behaviors (54). We assessed
putative LysR type regulators encoded by X. bovienii and identified 19 lysR-type genes that are
present within all X. bovienii strains and 7 with homologs in one or more strains (Table 4.S4).
While our inability to identify certain homologs may be due to their absence in draft assemblies,

we did identify a lysR-type gene within several draft genomes that was absent in the complete
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Xb-Sj genome. This gene co-occurs with genes encoding a putative aspartate racemase and a

putative glutamate symporter. This analysis indicates that distinctive LysR-type transcription
factor regulation of specific metabolic pathways could occur in some strains relative to others.

An additional class of regulators common in bacteria is the two-component regulatory
systems (TCSs), which perceive signals, often from the extracellular environment, and cause
transcriptional changes. In canonical TCSs, the histidine kinase (HK) protein recognizes a
stimulus, such as an antimicrobial peptide or quorum sensing molecule, and transmits this
signal to the response regulator (RR), which then either directly or indirectly influences
transcription (55). These transcriptional changes can affect bacterial phenotypic variation (56)
and the production of virulence factors (57, 58) and degradative enzymes, such as lipase (59).
We assessed the distribution of TCSs among the X. bovienii strains, and identified 23 TCSs and
2 orphan RRs which are present in all the strains, and 1 orphan HK and 4 orphan RRs that are
within some but not all bacterial strains (Table 4.S5), suggesting differences in TCS-dependent
regulation may occur among X. bovienii strains.

Our analysis indicates broad conservation of coding potential for transcriptional
regulators, and the limited observed variation in the presence or absence of encoded regulators
is unlikely to explain the breadth of observed phenotypic differences. Instead, phenotypic
differences among strains are more likely due to variation in the expression or activity
modulation of regulatory factors. The transcription factor Lrp is of particular interest in this
regard as there is an established link between Lrp-dependent regulation and phenotypic
variation (50). However, a detailed understanding of the basis of observed phenotype
differences among strains awaits further experimentation examining their individual regulatory
hierarchies. The identification of distinct signals to which regulators respond, as well as
variations in the constituents of their regulons likely will provide further insights into niche

diversification among these bacteria.
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Annotated toxins encoded by X. bovienii bacterial strains. Bacteria encode a wide range of

toxins that are exported by various secretions systems (60). In symbioses, these toxins can be
involved in defensive mutualism (i.e. protection against predators, pathogens, or competitors) or
in pathogenesis. For example, lysogenic-phage-encoded toxins expressed by the bacterial
secondary symbionts of aphids protect the aphid host from parasitism by parasitoid wasps (61),
while lysogenic-phage-encoded Cholera toxin (62) and Shiga toxin (63) are produced during
human infection by the bacteria Vibrio cholerae and Escherichia coli respectively. In the case of
X. bovienii bacterial strains, bacterially derived toxins could play a defensive role in protecting
the insect cadaver from predators and competitors or could aid in killing the insect host.
Genome analyses indicated that all X. bovienii bacterial strains contain annotated genes for
makes caterpillars floppy toxin 1 (mcf7), metalloprotease RTX toxin similar to MARTX toxins
(rtxA), zinc alkaline metalloprotease similar to RTX toxins (prtA), and hemolysins Xenorhabdus
alpha-xenorhabdolysin (xaxAB) and one or two homologs of Xenorhabus hemolysin (xhlA and
xhlA2) (Additional File 6) .

The Mcf1 toxin protein from P. luminescens induces apoptosis in both the insect’s
midgut and hemocytes (64), and a Mcf1 homolog was previously identified in the finished X.
bovienii genome (14). To determine if the annotated Mcf1 toxins from X. bovienii varied among
the strains, we aligned the Mcf1 amino acids from all X. bovienii strains to that of P.
luminescens and Xb-Sj-2004. The amino acid sequences of Mcf1 from all X. bovienii strains,
including the Mcf1 from the finished genome, were very similar (average 3.2 PAM,), and
assessment of protein domains demonstrated that all were predicted to contain the same three
domains. Similar to the previous study, we found that two of these three domains are found also
in the P. luminescens Mcf1 protein (Figure 4.3A) (14). All of the X. bovienii Mcf1 toxins contain a
C-terminal RTX toxin like domain predicted to be involved in export, and a middle toxin-B like

domain involved in gut destruction (64). Whereas, the Mcf1 proteins from P. luminescens and P.
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Figure 4.3 Annotated toxin genes in X. bovienii genomes. Schematics represent the
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domains identified in the proteins Mcf1 (A), RtxA and PrtA (B), XaxA and XaxB (C), XhlA and

XhlA2 (D), and Stx1a (E). Names of the bacteria encoding the protein and the protein name are

listed to the left of each schematic. Colored boxes represent different protein domains, and

similar domains are colored the same. The predicted type of domain is listed below, and the

amino acids spanning each domain are labeled above. Scale bars represent the amino acid

number per distance for each panel.



115
asymbiotica have an N-terminal BH3-like domain that is predicted to be proapoptotic (64), the

Mcf1 proteins from X. bovienii strains have a putative peptidase domain similar to that identified
in RTX toxins that activate toxins via cleavage (Figure 4.3A) (65). Among the conserved
domains, substitutions in X. bovienii strains Mcf1 proteins appear to be evenly distributed, with
no one area showing more diversity than others (Figure 4.S1A). This indicates that no one
region of the protein is under different selective pressure. To further assess if the Mcf1 proteins
likely perform similar functions we assessed the possibility of horizontal gene transfer (HGT) to
distinguish between putative orthologs (same function) and paralogs (potentially divergent
function). Recombination testing of the nucleotide sequence indicated no sites of recombination,
so trees of the genes were built using the full-length sequence (Figure 4.S2 A). All strongly
supported splits in the tree match that of the previously published bacterial phylogeny, indicating
that mcf1 genes are likely orthologs and encode similar function. Additionally, testing for
selection provided evidence for stabilizing selection (dN/dS=0.3), indicating that function is likely
being maintained. In total our analyses indicates that the function of Mcf1 proteins is likely
conserved among X. bovienii strains, but they differ in function from Mcf1 in P. luminescens.
Analysis of the annotated metalloprotease proteins RtxA and PrtA from all X. bovienii
strains revealed homologs to RTX metalloproteases (Figure 4.3B) (66). Among X. bovienii
strains there is a general conservation of amino acid sequence for both the RtxA (average 4.1
PAM) and PrtA (average 3.0 PAM). The RtxA toxin protein from Xb-Sj-2004 has been previously
identified as a MARTX toxin, large RTX toxins containing >40 repeats (67). Many MARTX
proteins are pathogenesis factors, including the cytotoxic RtxA from Vibrio vulnificus (68) to
which X. bovienii RtxA is most similar to (Figure 4.3B). Among the X. bovienii strains, the amino
acid sequence of RtxA proteins from those bacteria that associate with S. feltiae or S.
puntauvense nematodes is very similar (average 0.8 PAM), while other pairs or groups of RtxA

proteins have more diverse amino acid sequences (e.g. RtxA from the two S. kraussei
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symbionts have a distance of 3.8 PAM). This may indicate that function of these proteins is

important for the S. feltiae and S. puntauvense symbiotic life cycle and therefore they are under
selective pressure to be conserved. Substitutions in the RtxA amino acid sequence were
concentrated in regions between identified functional domains (e.g. amino acids 1675-1700,
Figure 4.3 B, Figure 4.S1 B). These areas are known to experience weaker selection because
of their lesser contribution to protein structure and function. Therefore this indicates that activity
is likely conserved among X. bovienii RtxA homologs. The X. bovienii PrtA proteins show similar
domains and homology to previously identified PrtA proteins from entomopathogenic bacterial
symbionts P. luminescens (42) and X. nematophila (69) that associate with Heterorhabditis
bacteriophora and S. carpocapsae nematodes respectively. These PrtA proteins cleave insect
hemolymph proteins and are most likely involved in immunosuppression (70). Among the PrtA
proteins in X. bovienii strains, substitutions are distributed evenly throughout the protein,
indicating that no portion is highly diversified (Figure 4.S1 C). Further analyses of HGT using
full-length nucleotide sequence (recombination was not detected) demonstrated that rtxA and
prtA genes likely underwent HGT, as not all strongly supported splits in the gene trees match
that of the bacterial phylogeny (Figure 4.S2 B,C). This indicates that some groups of genes may
be paralogs. However, testing of selection indicated stabilizing selection in portions of the rtxA
and prtA genes (dN/dS=0.2 and dN/dS=0.3 respectively), indicating that paralogs may have
conserved function. It should also be noted that in all strains the operons encoding RtxA and
PrtA include genes responsible for regulation and secretion machinery.

The X. bovienii strains also encode several putative hemolysins. All strains encode an
annotated XaxAB protein homologous to the XaxAB binary toxin proteins in X. nematophila (23,
71) and P. luminescens (72). Among the X. bovienii strains, XaxA amino acid sequences are
more conserved than XaxB (average 2.2 PAM and 3.5 PAM respectively). Relative to the

proteins in X. nematophila, the XaxA proteins from X. bovienii strains have an average of 75%
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identity over 98% of the length, and the XaxB proteins from X. bovienii strains have an average

of 68% identity over 100% of the length. As previously reported for XaxAB from X. nematophila
and P. luminescens, we were unable to identify homology to known binary toxins or any known
toxin domains. Analysis of variation among the XaxAB proteins from X. bovienii strains revealed
four portions of XaxA and three portions of XaxB that had low amino acid sequence diversity
(i.e. 100% identity) (Figure 3C), divided by stretches of amino acids that have lower similarity
(i.e. higher frequency of amino acid substitutions) (Figure 4.51 D,E). When comparing the
amino acid sequence of XaxAB proteins from the X. bovienii to proteins from X. nematophila
and P. luminescens, the regions with high similarity among the X. bovienii proteins are also
more similar between X. nematophila and P. luminescens, indicating that they may be under
selection to be maintained. This suggests that some of these areas may be important for
function of the protein, an idea that awaits experimental investigation. Additionally, no
recombination was detected. Analyses indicate that HGT occurred for xaxA genes but not xaxB
genes, as xaxA trees do not match the bacterial phylogeny and xaxB genes do (Figure 4.S2
D,E). However, xaxA and xaxB gene portions are under stabilizing selection (dN/dS<0.3),
indicating that function of both XaxA and XaxB is likely conserved. In addition to XaxAB, all X.
bovienii strains contain one or two homologs of XhlA that, in X. nematophila, functions as a
hemolysin (24) (Table 4.S6). One homolog (XhlA) is present in all of the X. bovienii strains
(average 2.9 PAM), while the other (XhlA2) is within a subset of strains (i.e. Xb-Sf-FL, Xb-Sf-FR,
Xb-Sf-MD, Xb-Sp and Xb-Si) (average 4.8 PAM). Both the XhlA and XhlA2 proteins are of a
similar size (1400 amino acids) and have similar filamentous hemolysin and hemagglutinin
repeat domains (Figure 4.3D). The XhIA and XhIA2 proteins represent probable paralogs, with
very little conservation of amino acid sequence (average 72.3 PAM), and with diversity
distrubuted throughout the length of the proteins (Figure 4.51 F). Assessment of HGT supports

this, as xhlA and xhIA2 form separate clades but branching within the clade matches the



118
bacterial phylogeny (Figure 4.52 F). Additionally, no recombination among the genes in each

clade or between clades was identified. Interestingly, XhlA is more similar to the hemolysin XhIA
from X. nematophila (24) (average 3.0 PAM) than to XhIA2 in X. bovienii strains. This indicates
that XhlA may have similar function to the previously identified XhIA, while XhIA2 may have a
divergent function.

In addition to the toxins identified in all strains that are described above, the symbiont
from S. intermedium, Xb-Si, also encodes a putative Shiga toxin chain A (Table 4.S6). This
gene was previously identified through analyses of proteins unique to each X. bovienii strain
(73). The top hits for this protein from BLAST indicate that it is most similar to Shiga toxin 1
variant A from Escherichia coli (Table 4.57), and analysis of the protein domains indicate that
both active domains and the conserved active site are present (Figure 4.3E) (74). Examination
of the surrounding proteins and total genome content did not reveal an obvious Shiga toxin B
chain homolog. The B chain associated with other Shiga toxins is responsible for targeting the
toxin complex to the correct cell type by binding globotriaosylceramide, a cell-surface
ganglioside in humans (75). It seems plausible that, if functional, the Shiga toxin from Xb-Si
uses a different targeting protein than do the Shiga toxins present in human-pathogenic bacteria
because Xenorhabdus species are not human pathogens and it is unlikely that the bacterium
encounters mammals during its lifecycle. Instead, we predict that the Xb-Si Shiga toxin utilizes a
targeting factor that recognizes the cell-surface receptor of insect hemocytes, or those on the
surfaces of other competitors or predators encountered by X. bovienii. The genes surrounding
the Xb-Si Shiga toxin are of unknown function or are phage associated (i.e. holin and
transposase). This suggests that the toxin may have been transferred in with a phage, similar to
Shiga toxin producing E. coli or Vibrio cholerae (76). Analysis of the predicted holin and
transposase did not conclusively identify the type of phage from which they were derived, and

no other phage genes were detected in the region, since the locus is represented on a small
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contig.

Insecticidal toxin complexes are diverse among X. bovienii bacterial strains. In addition to
the annotated toxins described in the previous section, Xenorhabdus and Photorhabdus
bacteria encode insecticidal toxin complex (Tc) proteins(77, 78). Tc toxins are large molecular
weight toxins comprised of three subunits: A, B, and C. For each subunit, there are multiple
genes that can encode a similar function (e.g. xptA2 and tccA2 both encode A subunit proteins
that have similar features but may not function identically) (77, 78). Recent literature suggests
that all three protein subunits function together for secretion from the cell, binding of the target
membrane, and translocation into the cell to deliver the C-terminal end of the C subunit, which is
the functional toxin. The C-terminal ends of two C-subunit proteins (TccC3 and TccC5) have
ADP-ribosylating activity that results in actin polymerization and consequent toxicity (79, 80).
The N-terminal end of one C subunit (TccC5), in combination with the N-terminal end of one B
subunit (TcdB1), has been implicated in secretion of the toxin complex from the bacterial cell
(81). The B subunit has also been proposed to function in linking the A and C subunits. The A
subunit functions in targeting the toxin complex through membrane receptor binding of insect
intestinal cells (80), and A subunits provide specificity of the toxin for different insect hosts (78,
82). Additionally, some A subunit proteins (XptA1 and XptA2) have oral toxicity against insects
(78, 82).

The finished genome of X. bovienii (Sj-2004) encodes Tc toxin genes (29), including
three intact A subunits, two intact B subunits, and two intact C subunits. To determine if Tc toxin
subunit coding regions have diversified within different strains of X. bovienii we conducted a
keyword search of genome annotations and used BLASTp against the 9 draft genomes to
identify all Tc toxin subunits encoded in these genomes (Table 4.58). We identified 118

potential A, B, and C subunit genes within the X. bovienii bacterial genomes with 4-20 genes in
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each genome, but analysis of the genes and their protein products revealed that many of the

genes did not encode full length protein subunits (i.e. were truncated versions of the proteins
identified in other X. bovienii strains) (Table 4.S6). Although it is possible that the truncated
genes are a result of poor assembly in these genes due to the large repeats found within Tc
toxin genes, this is unlikely as there was only one gene found within the finished genome, Xb-
Sj-2004, that was not found within the draft Xb-Sj genome. Further supporting this, the non-full-
length genes are located in the middle of contigs and in similar locations to intact homologs
within other genomes and are often close to intact genes. When considering only full length
coding regions, all of the X. bovienii strains encoded at least one of three potential A subunits
(XptA2, TccA2, TccB2), five strains encoded an intact B subunit (TcaC), and four strains
encoded an intact C subunit (TccC) (Table 4.S8). To determine the most likely subtype of the
TccC proteins, we used BLASTp analysis and found that each TccC protein showed the highest
similarity to one of four potential subtypes (TccC1, TccC4, TccC5, TccC7) (Table 4.S8).
However, each of the TccC proteins were similar to several of these four potential types with
different portions of the protein aligning to each subtype, indicating that the highest similarity
may not be the correct subtype call for the whole protein, which also suggest recombination of
these proteins. Only three (Xb-Sk-Q, Xb-Sj, Xb-Si) of the nine draft genomes encode at lease
one intact protein of each subunit type. However, all genomes had fragmented open reading
frames corresponding to each subunit. It is unclear if these fragments would be able to function
as a complete protein when combined.

To assess the variability among intact Tc protein sequences, we compared full-length
amino acid sequences of X. bovienii, P. luminescens, and X. nematophila subunit proteins and
constructed phylogenetic trees. Separate analysis of the three A subunit types (i.e. XptA2,
TccA2, TceB2) revealed that substitutions in amino acid sequences among the homologs are

distributed evenly throughout the amino acid sequence (i.e. no regions of the protein showed
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greater number of substitutions than others) (Figure 4.51 G-I). Other than XptA2 from Xb-Sp,

the X. bovienii XptA2 subunit proteins were similar in amino acid sequence (average 13.7 PAM).
Additionally, XptA2 from Xb-Sp also clustered away from other X. bovienii XptA2 proteins
indicating it may have a different evolutionary history when assessing the full-length amino acid
sequence (Figure 4.4A). When testing recombination, there are 5 distinct portions of the
nucleotide sequence, each with a distinct phylogenetic tree that was not the same as the
bacterial phylogenetic tree (Figure 4.S2 1). This indicates that HGT and recombination are
occurring among these genes, which may indicate functional diversification. Selection analysis
of the sections of the genes with different phylogenetic history indicate that stabilizing selection
is occurring in all portions (dN/dS<0.3), which suggests function of paralogs may be conserved.
In contrast, all TccA2 and TccB2 proteins from X. bovienii had greater conservation of amino
acid sequence (average 4.2 and 3.1 PAM respectively) and clustered away from P. luminescens
and X. nematophila A subunits based on full-length amino acid sequence (Figure 4.4B-C),
indicating the potential for conservation of function among these proteins. This was confirmed
through HGT analysis of nucleotide sequence, which showed branching patterns consistent with
the bacterial phylogeny (Figure 4.52 G,H). Selection analysis of TccA2 and TccB2 also showed
stabilizing selection (dN/dS=0.2 and dN/dS=0.1 respectively), further supporting conservation of
function. Analysis of the B subunit proteins (TcaC) showed a greater amount of variability than A
subunit proteins (average 42.2 PAM) and clustered into two groups by full-length amino acid
sequence (Figure 4.4D), indicating the potential for divergent functions among the proteins. The
substitutions in these proteins were also distributed across the length of the protein (Figure 4.S1
J). We identified that recombination was occurring and identified that portions were undergoing
HGT as the phylogenies do not match the bacterial phylogeny (Figure 4.52 J). However, the

portions of the proteins are under stabilizing selections (dN/dS<0.3), suggesting that function
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Figure 4.4 Tc toxin protein phylogenetic analyses. Analysis of Tc toxin subunit protein
similarity was conducted through construction of trees using maximum likelihood methods.
Subunits were grouped by type of protein: XptA (a), TccA2 (b), TccB2 (c), TcaC (d), and TccC
(e). The TccC proteins were further divided into the N (f) and C (g) termini for analysis and these
regions showed differing amounts of variability. Scale bars indicate 1% change in amino acid

sequence for each panel.
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may be conserved. To assess the diversity and evolutionary history of C subunits, we compared

of all TccC subunit proteins together to identify if there were any subtypes that showed a similar
evolutionary history. As expected, analysis of the amino acid sequences indicated the C
subunits were more variable than A and B subunits (average 78.9 PAM). Similar to previous
reports, we found that much of the diversity was concentrated in the C-terminal region (last 300
amino acids) of the proteins (Figure 4.S1 K). To account for the differences in variability, we
constructed phylogenetic trees of the total protein (Figure 4.4E), the C-terminus alone (Figure
4.4F), and the N-terminus alone (Figure 4.4G). Each of these trees had distinct topologies.
Additionally, we identified no patterns in clustering in any tree consistent with the subunit
subtypes (Figure 4.4E-G). Further analysis of recombination indicated that the nucleotide
sequence is recombining at the same place as diversity increases (Figure 4.S2 K). Surprisingly,
assessment of selection indicated that portions of the gene are under stabilizing selection
(dN/dS<0.3). Together these data indicate that the TccC proteins are quite varied, but are under
selective pressure to be maintained.

The data presented above indicate that there are considerable differences in the coding
potential for Tc toxins among X. bovienii strains and each of the three subunits gave distinct
conservation patterns, raising the idea that the selective pressures for each subunit type are
different. In total, X. bovienii strains encode three different subunit A proteins, which may target
toxin complexes to different host cell types or different insect species. However, within each A
subunit protein type (i.e. all of the TccA2 proteins from X. bovienii) the amino acid sequences
are highly similar, indicating a likely conservation of function across proteins. Therefore,
variation in A subunits occur between protein types not among the proteins from different X.
bovienii strains. For the B subunit proteins, although they are all the same type (i.e. TcaC), there
is much less conservation among the proteins. This suggests that linking and secretion

functions may require less conservation than the targeting function or that these proteins are
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under more selective pressure to diversify. The most variation was observed among the C

subunit proteins, specifically in the C-terminal domain. This is the active domain of the complex,
conferring toxicity. Diversity of this domain likely reflects differences in C subunit activities. This
is supported by the fact that TccC3 and TccC5 both have ADP ribosylating activity, but target
different substrates. The differences in conservation level between the C- and N-terminal also
indicates that these regions may have been inherited separately through horizontal gene
transfer, have undergone recombination, or are under different selective pressures.

Some X. nematophila and P. luminescens Tc toxins (XptA, XptC, TccC3, TccC5h) are
insecticidal and X. bovienii homologs may function similarly. However, there is considerable
divergence among the characterized Tc toxin proteins and those identified in X. bovienii,
indicating that X. bovienii toxin proteins may target different insects or have different effects on
the target. As insecticidal toxins, these proteins may function in the symbiosis to aid in killing the
insect host or to protect the insect cadaver against insect scavengers. Therefore, variation in the
Tc toxins among X. bovienii strains likely reflects differences in the insect hosts or scavengers

encountered during their lifecycle.

Non-ribosomal peptide synthetase and polyketide synthetase cluster variation. Another
class of molecules likely involved in symbiotic interactions is that produced by non-ribosomal
peptide synthetase (NRPS) and polyketide synthetase (PKS) systems: multi-gene, modular
enzymes that synthesize small molecules with a variety of biological functions. Prior studies
have reported extensive diversity in NRPS and PKS clusters among entomopathogenic
nematode symbiont species, such as X. nematophila and P. luminescens (17, 29). Among X.
bovienii bacterial strains, variation in NRPS and PKS coding potential also occurs (Table 4.3). A
total of 29 distinct NRPS and PKS clusters were identified among all the analyzed strains

combined. Of these clusters, six were identified in all of the strains (conserved) and seven were
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found within only one strain (unique). The remaining sixteen clusters were found in a subset of

some, but not all, strains (shared).

One of the conserved clusters, one of the unique clusters, and four shared clusters have
known siderophore (i.e. metal scavenging compounds) or antibiotic products (Table 4.3). The
remaining clusters (5 conserved, 6 unique, and 12 shared clusters) do not have a known
product. When compared to published genomes of X. nematophila and P. luminescens (29, 30)
we found that of the 29 identified clusters, 6 (2 conserved, 1 unique, and 3 shared clusters)
were also shared by X. nematophila and none were shared by P. luminescens (Table 4.3). This
indicates that while the entomopathogenic symbiont species all have a large number of NRPS
and PKS clusters, it is likely that the majority of the products produced are different among
species. This also suggests that many of the identified X. bovienii clusters may produce novel
compounds, as very closely related species lack them.

The function of NRPS and PKS products are diverse, and can have an equally diverse
range of functions including anti-microbial (10, 17, 83-85), anti-predation (7, 8, 86),
immunosuppressive (87), hemolytic (85), and metal acquisition (88) activities. Several of these
functions have the potential to provide symbiotic benefits. Products that provide anti-microbial or
anti-predation activity could play a defensive role within the symbiosis by protecting the insect
cadaver, and therefore the developing nematodes and bacteria, from invasion by pathogens,
competitors, or predators. Additionally, products that provide immunosuppressive or hemolytic
activity could aid in the killing of the insect host, thereby providing nutrition to the nematodes
and bacteria. Although it is possible that the predicted NRPS and PKS cluster products provide
these benefits, defining the activities and role of the molecules awaits further experimental

testing and functional characterization.
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Table 4.3 NRPS and PKS clusters?.

Predicted Xb_Sj_
TYPe | product N $S2004

NRPS Rhizobactin
siderophore

Vibrobactin

NRPS siderophore

Enterobactin

NRPS siderophore

NRPS

NRPS

NRPS

NRPS

NRPS

NRPS

NRPS

NRPS

NRPS

NRPS

NRPS

NRPS

NRPS

NRPS

NRPS

NRPS

NRPS

NRPS
-t
PKS

NRPS
-t
PKS

NRPS
-t
PKS

NRPS !
) Xenocomaucin

PKS antibiotic (xncL)

NRPS
-t
PKS

Xenocomaucin
antibiotic (xncA)

NRPS
-t
PKS

Clauviminate
antibiotic

Rifamycin
Pks antibiotic

Trans
AT

PKS -
NRPS

Trans
AT

PKS -
NRPS

Distribution of NRPS and PKS clusters among the X. bovienii genomes listed as the first
biosynthesis gene of the cluster. The number designation for each gene is given without the
prefixes: Xb-Sf-FL (XBFFL1), Xb-Sf-FR (XBFFR1), Xb-Sf-MD (XBFMD1), Xb-Sp (XBP1), Xb-
Sk-BU (XBKB1), Xb-Sk-Q (XBKQ1), Xb-Sj-2004 (XBJ1), Xb-Sj (XBJ2), Xb-So (XBO1), Xb-Si
(XBI1), and Xn (XNC1). Green shading highlights distribution among the strains.

®Types of clusters: NRPS (non-ribosomal peptide synthetase), PKS (polyketide synthetase), T1
PKS (type 1 PKS), or Trans AT PKS(trans-acyltransferase PKS).

“Predicted product from the NRPS and PKS clusters, if known.
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CONCLUSIONS

Overall, the presented analyses highlight that there is conservation among X. bovienii
strains in fundamental processes underlying symbiotic interactions (e.g. secretion systems and
degradative activities). However, phenotypic testing indicates that despite conservation in
coding potential, strain-level differences in expression of symbiosis factors could contribute to
varying fitness in selective environments. Further, we observed notable variation in certain
classes of genes, such as those encoding NRPS and PKS clusters and Tc toxins, indicating that
the factors contributing to host interactions likely differ.

Variation in the ability of the bacterial strains to engage in symbiosis with the nematode
likely results from coevolution, and therefore co-adaptation, between nematode host species
and bacterial symbiont strains (4, 73). However, it is also possible that differences in the ability
of symbionts to engage in symbiosis could be due to differential gene loss or access to gene
pools, not necessarily dependent on coevolution. A corollary to this is that changes in coding
potential or regulation that confer relative increases in fitness will be selected within individual
bacteria-nematode complexes. Activities predicted to diversify in this way are those that benefit
the nematode host, such as those involved in nutrient acquisition. Our data indicate that while
the many of the nutritional factors do not differ among strains the regulation does (e.g. lipase).
This indicates that while overall nutritional requirements may not vastly differ between nematode
hosts, the necessary timing of nutrient production varies and is likely important for optimal
symbiontic benefits. In contrast, bacterial factors that contribute to virulence towards the insect
host or to defense against predators are more likely to vary based on selective pressures of
environmental differences encountered by the bacterial strains, such as the insect host species,
endogenous bacterial competitors within these insects, or the predators, competitors, and
pathogens naturally encountered. Our genomics analyses demonstrate diversity in many of

these types of compounds (e.g. NRPS encoded molecules, Tc toxins, and hemolysins),
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indicating that the nematode — bacterial pairs likely encounter different insect hosts and

competitors, as some of these have been demonstrated to function differently against divergent
insect hosts (82). However, many of the large molecular weight toxins (e.g. Mcf1, RTX toxin,
and XaxAB) are conserved, as homologs are present in all strains, indicating that these toxins
may not be specific to particular insect host ranges and instead functional against many insect
hosts. Together, our comparative genomics and phenotypic analyses suggest that symbiotic
functions of the X. bovienii bacterial strains differ due to the diversity of effectors and their
regulation rather than the utilization of different mechanisms for interacting with hosts.

In addition to providing insight into the diversity of potential symbiotic functions, the data
presented here highlight that strain variability is an important consideration when exploiting
Xenorhabdus bacteria for discovery of compounds for application purposes. For the discovery of
novel antibiotics or other NRPS- and PKS-derived compounds from Xenorhabdus spp., it will be
useful to assess multiple bacterial strains, as we observed large strain-level diversity in coding
potential for these systems. This is also the case when assessing Tc toxin clusters. However,
for the application of many other large molecular weight toxins (e.g. XaxAB, Mcf1, RtxA), the
activities determined from a single bacterial strain likely will be similar among the members of
that species, although this might not be the case across Xenorhabdus spp.

In summary, the comparative genomic analysis presented here provides an assessment
of X. bovienii bacterial strain variation in factors that could be involved in symbiotic interactions
and may be utilized for applications. This analysis provides a foundation for understanding how
bacterial strain variability affects symbiosis and for the discovery of novel compounds within

Xenorhabdus spp.
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MATERIALS AND METHODS

Genome Features. Genomes were submitted to MaGe (89, 90) for annotation and analysis.
The genomes were analyzed for size, GC content, number of coding sequences, and the
percentage of the genome covered by coding content. The genomes were assessed for synteny

using MAUVE (91) relative to the finished genome of X. bovienii (Table 4.1) (30).

Secretion systems. The secretion systems were found through keyword searching for
secretion system components. The intactness of the secretion systems was determined by
assessing the genomes for homologs to known structural components in the secretion systems.
For a secretion system to be called intact, it must have had all known necessary secretion
system genes (31, 32, 36, 39-41, 92, 93). Absence of other secretion systems was determined
through comparing known necessary secretion system components to the genomes using

BLASTp (94).

NRPS and PKS clusters. NRPS and PKS clusters were found by assessing each genome with
antiSMASH (95) for all potential clusters. Clusters were confirmed as intact by assessing that
each cluster has at least one adenylation domain, one condensation domain, and one
thioesterase domain. The NRPS and PKS clusters were compared to one another to determine
their distribution among the X. bovienii genomes through assessing the cluster proteins for local
synteny within the genomes, using MaGE and MAUVE alingments. The presence or absence of
the X. bovienii NRPS and PKS clusters in X. nematophila and P. lumenescens was determined

by searching for the gene clusters in the finished genomes using MaGE synteny mapping.

Toxins. Genes for putative toxin proteins were revealed by searching for genes annotated as

toxins by the MaGe platform. Annotations were further supported by BLASTp, Interpro 51.0
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(96), and Swiss Prot (89, 90) analyses. Toxin domains were analyzed using Interpro, and in the

case of Mcf1, comparison to known protein domains in homologs. Assessment of toxin subtypes
(i.e. Shiga toxin and Tc toxin) was performed based on BLASTp results (94). For assessing
similarities among X. bovienii, amino acid sequences were aligned using MUSCLE 3.7 (97, 98),
and protein distances were calculated using Phylip 3.695 with the Jones-Taylor-Thornton model
in Protdist (99). Protein distances are given in point accepted mutation (PAM), representing the
number of point mutation events in 100 amino acids. Protein trees were built using Maximum
Likelihood and bootstrapped in Phylip (99), and trees were visualized in iTol (100). For
visualization of amino acid differences along the length of the proteins, the alignment was
visualized in MegAlign Pro from DNASTAR 11.0 (www.dnastar.com). Regions of dissimilarity
were considered when at least 4 amino acids in a row were different among at least 50% of the

homologs.

Testing of Recombination, Horizontal Gene Transfer, and Selection. Nucleotide sequences
were aligned in MEGA v6.0 (101). Analyses of nucleotide sequences was done in Topali v2
(102). Assessment of recombination was done using DSS and the sequence was patrtitioned.
Horizontal gene transfer was done through comparison of gene phylogenies to the bacterial
whole genome phylogeny (73). Phylogenetic trees were built from partitioned sequences and
bootstrapped using maximum likelihood. Bootstrap values were used to determine strongly
supported splits (>75). Selection was determined using PAML in Topali to calculation dN/dS

ratios (103).

Phenotypic Testing. Stable secondary form bacterial isolates were made from stable primary
form bacterial strains through repeated passage. Briefly, bacterial strains were grown at 30°C in

lysogeny broth with aeration in the dark. Bacterial strains were grown approximately 24 hours
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and sub-cultured into fresh media. Sub-culturing occurred for a period of 2-4 weeks, until

bacteria spread on NBTA agar (104) no longer bound bromothymol bule dye and was red in
color with repeated restreaking. Phenotypic tests were done similar to previously described for
swimming (105) and swarming (47) motility on LB agar, lipase on tween 20 agar (106),
lecithinase on egg yolk agar (107), protease on milk agar (107), siderophore on CAS agar (45),
and hemolysin on horse and rabbit blood agar plates (108). For all assays, 5 uL of overnight
bacterial culture was spotted onto the agar plate and dried, and the plates were incubated at
30°C in the dark for 48 hours prior to reading. Antibiotic activity was determined through overlay
assays using Escherichia coli, Micrococcus luteus, and Bacillus subtilis as the overlayed test
strains (109). For antibiotic activity, 5 uL of overnight X. bovienii bacterial culture was spotted
onto LB agar plates supplemented with pyruvate and dried, and the plates were incubated for at
30°C in the dark for 24 hours prior to overlaying with the test bacterial strain. After overlay, the
plates were incubated for at 37°C for 24 hours prior to reading. For these experiments, all test

strains were inhibited.

Assessment of X. bovienii genes contributing to phenotypic activity. Homologs of genes
known to contribute to the identified activity were assessed through BLAST P analysis of the
homologs in each X. bovienii bacterial strain. For multifactorial activities, assessment was done

as mentioned in NRPS and PKS clusters.
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SUPPLEMENTAL MATERIALS

Table 4.S1. Secretion system genes.

Secretion System®

Gene Name®

Gene Annotation®

Type I ffh XBJ1_3270
Type Il ftsY XBJ1_0553
Type I lepB XBJ1_3149
Type Il lexA XBJ1_3997
Type I IspA XBJ1_1725
Type Il secA XBJ1_3467
Type Il secB XBJ1_4332
Type Il secD XBJ1_1677
Type Il seckE XBJ1_4060
Type Il secF XBJ1_1676
Type Il secG XBJ1_0365
Type Il secM XBJ1_3468
Type Il secY XBJ1_4221
Type Il SppA XBJ1_2447
Type I yajC XBJ1_1678
Type Il yidC XBJ1=4410
Type VI clpVv XBJ1_0271
Type VI icmF XBJ1_0275
Type VI impA XBJ1_0274
Type VI impB XBJ1_0262
Type VI impC XBJ1_0263
Type VI impG/vasA XBJ1_0265
Type VI impH/vasB XBJ1_0266
Type VI impJ/vask XBJ1_0269
Type VI impK/vasF XBJ1_0270
Type VI hep/tssD XBJ1_0261
Type VI vasD XBJ1_0268
Type VI vasl XBJ1_0273
Type VI vgrG XBJ1_0277
Type VI vgrG XBJ1_0302
Flagellar dsbB XBJ1_2460
Flagellar flgA/flaU XBJ1_1949
Flagellar flgB/fIbA XBJ1_1950
Flagellar flgC/flaw XBJ1_1951
Flagellar flgD/claV XBJ1_1952
Flagellar flgE/flak XBJ1_1953
Flagellar flgF/flaX XBJ1_1954
Flagellar flgG/flaL XBJ1_1955
Flagellar flgH/flaY XBJ1_1957
Flagellar flgl/flaM XBJ1_1959
Flagellar flgJ/flaz XBJ1_1960
Flagellar flgK/flaS XBJ1_1961
Flagellar flgL/flaT XBJ1_1962
Flagellar flgN XBJ1_1947
Flagellar flnA/flaH XBJ1_1939
Flagellar flhB/flaG XBJ1_1938
Flagellar flnC/flal XBJ1_1918
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Flagellar flhD/fIbB XBJ1_1917
Flagellar fliA/flaD XBJ1_1996
Flagellar fliD/flbC XBJ1_1994
Flagellar fliE/flaN/flaAl XBJ1_2703
Flagellar fliF/flaBl XBJ1_2704
Flagellar fliG XBJ1_2705
Flagellar fliH XBJ1_2706
Flagellar fliJ/flaO XBJ1_2708
Flagellar flik/flaE XBJ1_ 2709
Flagellar fliS XBJ1_1993
Flagellar fliT XBJ1_1992
Flagellar motA/flaJ XBJ1_1919
Flagellar motB/flaJ XBJ1=1920
Protease Secretion arpD XBJ1_0489
Protease Secretion arpE XBJ1_0488
Protease Secretion arpF XBJ1_0487

2Secretion system that the gene is part of.

®Gene annotation.

‘Number designation for the gene in the Xb_Sj 2004 genome. All genomes encode these
genes, although only Xb-Sj-2004 designations are shown.
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Table 4.S2. Bacterial genes predicted to encode select symbiotic activities®

Activity” Predicted gene product(s)® Predicted gene(s)®
Swimming and Flagellar structural flgA-M, fIhA-D, fliAE-TY, flaA-CENP-R,
Swarming motility components and regulators ompR/envZ
Lipase Phospholipase A1 XIpA
Lecithinase Thioesterase estA
Protease alkaline protease prtA
Siderophore small molecule siderophore xhbF, several NRPS/PKS clusters
Horse and rabbit . xhlIAB, xhlA2B2, xaxAB, several
hemolysin secreted hemolysin NRPS/PKS clusters
Antibiotic activity small molecules several NRPS/PKS clusters

dList of genes and gene products predicted to encode the activities measured in Table 4.
PActivity measured as listed in Table 4.

°Gene product that would likely produce the measured activity.

dAnnotated genes from X. bovienii genomes that could produce the measured activity.



Table 4.S3. Regulatory proteins found within X. bovienii strains.
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Gene Xb-Sf-FL  Xb-Sf-FR Xb-Sf-MD  Xb-Si Xb-Sj Xb-Sj- Xb-Sk-  Xb-Sk-Q  Xb-So Xb-Sp
(XBFFL1 (XBFFR1 (XBFM1v (XBMv (XBJ2v 2004 BU (XBKQ1  (XBO1  (XBP1
v2_) v2_) 2) 2) 2) (XBJ1_)  (XBKB1 v2_) v2_) v2_)
v2 )
Irp 90006 20006 2680044 238004 430007 0890 80006 2220007 600065 10006
9
cpxR 1090026 1130027 1910032 186000 239006 4311 4140046 2880005 253002 620048
A 1090027 1130028 1910033 3 2 4312 4140047 2880006 1 620049
186000 239006 253002
4 3 2
omp 2170097 2050016 2050020 281008 60035 0186 1240066 1840014 251005 220002
R- 2170107 2050006 2050010 3 60046 0197 NA NA 3 8
envZ 281007 255002 145003
3 0 0
IrhA 1190023 2070078 1740082 301008 156001 2926 440019 1850085 970022 301005
1 6 8
flahDC 2770014 1260014 2140014 292005 100001 1917 3820015 2240014 480012 308001
2770015 1260015 2140013 0 0 1918 3820014 2240013 480013 3
292004 100001 308001
9 1 4
nilR NA NA NA NA NA NA NA NA NA NA

Table of genes annotated as homologs to regulatory proteins in X. bovienii genomes as

determined by MaGe and listed as the annotated gene. The number designation for each
gene(s) is given without the prefixes, which are listed at the top of each column. HK in gene
column designates and unknown histidine kinase, while RR designates an unknown response
regulator.



% Table 4.S4. Xenorhabdus bovienii genes predicted to encode LysR family transcription factors.

Gene Xb-Sf-FL Xb-Sf-FR Xb-Sf-MD Xb-Si Xb-Sj Xb-Sj-2004 Xb-Sk-BU Xb-Sk-Q Xb-So Xb-Sp
(XBFFL1v2 )  (XBFFR1v2)  (XBFM1v2 ) (XBl1v2 ) (XBJ2v2 ) (XBJ1.) (XBKB1v2 )  (XBKQ1v2)  (XBO1v2) (XBP1v2 )
gcvA 910075 2140057 810058 1730051 160014 0494 1200046 2900026 2250006 720057
metR 2560025 900025 990009 2260025 160018 0498 40005 350025 1960011 1770006
nhaR 2360049 1490049 2600062 1420042 880022 1730 4190052 580020 2390037 650067
cysB 2210009 2290025 2480042 1260022 1240064 2290 3970002 120021 1300149 1210023
ynfL 2490048 560048 2480013 1260049 1250025 2320 2370001 120048 1300122 2830026
ydhB 2260041 1870037 50033 3080053 1300068 2497 3950022 2150005 1040057 2480041
yeiE 2760007 2090038 2120013 840088 1550053 2880 440059 1850050 2000028 270151
IrhA 1190023 2070078 1740082 3010081 1560016 2926 440019 1850085 970022 3010058
lysR 2510040 2220040 520040 3050018 1730005 3332 270002 2140017 2260030 2940057
argP 930010 2420055 1100076 2960034 1810030 3446 2990031 1060031 1820025 1760025
leuO 920011 2420011 1100030 2290030 1810074 3490 3000039 1990024 2270001 520040
yhaJ 170045 110045 1310050 1940055 1930049 3863 300046 790006 290073 1340046
malT 190024 130024 80023 1740023 2050022 4039 370012 220023 170022 110024
ilvy 2550011 2130052 90031 1560010 2110046 4190 390040 2340011 180002 740011
oxyR 480007 1280007 2550007 1860044 2140007 4266 4140007 1110036 2530064 620007
- 1640023 1990058 2750024 2810025 80013 0253 10009 2780038 1800039 1450059
= 310095 1840097 1260056 1570088 130075 0382 1550004 760003 1300098 2990040
- 2310008 1350008 1100011 2310004 2690011 1451 3000058 430004 2100015 520023
= 910017 2150053 890006 700016 1900017 3766 2020009 1660001 1300098 2990114
- 2380059 310077 750061 1870083 480014 1128 1120007 1280065 930085
= 1540002 400002 140007 2510012 1480005 2773 2360005 1530003 1100004
- 2160021 260016 1190031 1090041 2740008 1620011
= 60009 0157
- 2370007 4397
= 2330

Table of genes annotated as toxins in X. bovienii genomes as determined by MaGe, listed as the annotated gene. The number
designation for each gene is given without the prefixes, which are listed at the top of each column. Dashes in the gene column
indicate an unnamed regulator.
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Table 4.S5 Xenorhabdus bovienii genes predicted to encode two-component regulatory systems®.

Gene® Xb-Sf-FL Xb-Sf-FR Xb-Sf-MD Xb-Si Xb-Sj Xb-Sj-2004  Xb-Sk-BU Xb-Sk-Q Xb-So Xb-Sp
(XBFFL1v2 )  (XBFFR1v2)  (XBFM1v2 ) (XBl1v2 ) (XBJ2v2 ) (XBJ1)  (XBKB1v2 ) (XBKQ1v2 ) (XBO1v2 ) (XBP1v2)
malT 190024 130024 80023 1740023 2050022 4039 370012 220023 170022 110024
cpxRA 1090026 1130027 1910032 1860003 2390062 4311 4140046 2880005 2530021 620048
1090027 1130028 1910033 1860004 2390063 4312 4140047 2880006 2530022 620049
tctD 1190069 2070032 1740029 3010036 1570002 2972 210015 2570004 2030031 3010002
1190070 2070033 1740030 3010037 1570003 2973 210016 2570005 2030032 3010003
yfhAK 1310005 1550023 2390005 2040060 1570065 3037 2770012 2600046 2110040 2040012
1310007 1550025 2390007 2040062 1570067 3039 2770014 2600048 2110042 2040014
phoBR 1610004 550015 600062 2280004 870102 1687 150026 580065 90020 650013
1610005 550016 600063 2280005 870103 1688 150027 580066 90021 650014
gInLG 1640068 1990012 160005 2810057 60058 209 1240043 2780002 2550007 1450016
1640069 1990013 160006 2810058 60059 210 1240044 2780003 2550008 1450017
arcAB 170036 110036 1310059 1420070 1820017 3517 300037 2630003 290064 1340037
2370012 1490080 2600024 1940064 1930040 3853 4190083 2860030 2340008 2930050
kdpED 1900070 1900025 820104 1150047 440138 1070 100007 70005 1370022 2520010
1900071 1900026 820105 1150048 440139 1071 100008 70006 1370023 2520011
uvrY/b 330008 650009 860008 2310026 1420014 2676 870037 2280010 460002 520002
arA 1930009 1190008 1800008 2510006 1860060 3656 890002 2360011 1710072 1260008
ompR/ 2170097 2050015 2050019 2810082 60035 0186 1240065 1840013 2510053 2200028
envZ 2170098 2050016 2050020 2810083 60036 0187 1240066 1840014 2510054 2200029
phoPQ 2400037 720037 320022 840044 1550012 2835 1420013 1850008 2630035 270105
2400038 720038 320023 840045 1550013 2836 1420014 1850009 2630036 270106
rssB 2660011 2300019 2420035 2660028 1300007 2436 180007 2150063 1300192 2720025
cheAB 2770018 1260018 2140004 2920041 1000014 1921 3820006 2240005 480016 3080017
2770023 1260023 2140009 2920046 1000019 1926 3820011 2240010 480021 3080022
cheY 2770024 1260024 2140003 2920040 1000020 1927 3820005 2240004 480022 3080023
yehTU 310086 1840086 1260065 1570080 130067 0375 20062 760012 1780003 2990047
310087 1840087 1260066 1570081 130068 0376 20063 760013 1780004 2990048
IuxR 310116 1840117 1260037 1570114 130092 402 800002 2320025 280014 2990021
uphAB 660003 2320005 2330007 1870173 1140029 2122 1660007 2730004 1230039 3060021
660004 2320007 2330008 1870174 1610030 3090 1660008 2730005 1230044 3060022
PrpR 740010 1560010 2730010 410002 630004 1343 3980004 300043 2270020 1080006
narP 770041 1910056 320086 2640032 1330010 2592 1420078 2750012 2380011 270043
baeRS 770074 1910023 320054 840009 1450010 2733 1420046 2690006 2380039 270074
770075 1910024 320055 840010 1450011 2734 1420047 2690007 2380040 270075
resBC 940012 2470012 2280037 400030 330015 0731 1510026 280007 2360012 1120032
940013 2470013 2280038 400031 330016 0732 1510027 280008 2360013 1120033
resD 940014 2470014 2280039 400032 330017 733 1510028 280009 2360014 1120034
RR-1 550002 830002 2100010 2920064 990005 1898 3580004 740003 470001 3020002
RR-2 2380032 310104 750033 1870110 480007 1121 570034 1280035 2660005 930060
HK-1 2610007 2550013 2670003 770008 1140030 2123 1930003 1950007 1950015
RR-3 2500011 220007 2970021
RR-4 1620001 2740004 1569 2660004 2420016

RR-5 2820006 3941
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Table of genes annotated as toxins in X. bovienii genomes as determined by MaGe, listed as
the annotated gene. The number designation for each gene(s) is given in numerical order
without the prefixes, which are listed at the top of each column. HK in gene column designates

and unknown histidine kinase, while RR designates an unknown response regulator.
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Table 4.S6. Annotated toxin genes®

Genes® | Gene Products® Xb_Sf FL | Xb_Sf FR | Xb_Sf MD | Xb_Si Xb_Sj Xb_Sj 2004 | Xb_ Sk BU | Xb_Sk Q | Xb_So Xb_Sp
mcf1 . , 1530001 1740002 2420009 | 2660002 | 1290015 2410 3530004 130003 | 1300170 | 510006
Putative Mcf toxin
rxA RTX toxin 1910012 1900014 820092 1150035 | 440015 1089 110001 2030002 | 1370016 | 990035
priA RTX-like 910078 2140054 810055 1730048 | 160011 0491 1200049 2900029 | 2250009 | 720054
metalloprotease
axAB | CYlotoXin XaxAand | 2360019 1490019 2600093 | 1420016 | 880002 1711 4190021 mmmwm 2390017 | 650034
transporter XaxB 2360018 1490018 2600094 | 1420015 | 880001 1710 4190020 2390016 | 650033
xhlA Hemolysin 1640017 1990063 2750030 | 2810020 | 80018 0258 10018 2780047 | 1800045 | 1450065
shiA Hemolysin 360004 1030003 290005 2350006 1130006
stxA1 | Shiga toxin 2730004
A-chain

aTable of genes annotated as toxins in X. bovienii genomes as determined by MaGe, listed as the annotated gene. The number
designation for each gene is given without the prefixes: Xb-Sf-FL (XBFFL1), Xb-Sf-FR (XBFFR1), Xb-Sf-MD (XBFMD1), Xb-Sp
(XBP1), Xb-Sk-BU (XBKB1), Xb-Sk-Q (XBKQ1), Xb-Sj-2004 (XBJ1), Xb-Sj (XBJ2), Xb-So (XBO1), Xb-Si (XBI1), and Xn (XNC1).

®Gene annotation for toxin.

°Predicted gene product.




Table 4.S7 Best BlastP hits of Xb-Si putative Shiga toxin®.
GenBank

f

150

Accession Number® Description® Coverage® Identity® E-value

WP_006035658.1 Shiga toxin A-chain from 89% 35% 1.0E-37
Rickettsiella grylli

CAA85366.1 Shiga-like toxin 1 A-chain 98% 29% 2.0E-23
from Escherichia coli

WP_001365506.1 Shig toxin A-chain from 98% 29% 3.0E-23
Eschericia coli

CAA85368.1 Shiga-like toxin 1 A-chain 98% 29% 3.0E-23
from Escherichia coli

BAC78639.1 Shiga toxin 1 variant A (stx7a 98% 29% 3.0E-23

in Eschericia coli)

®Table of BlastP results of the top five hits for Xbl1v2_2730004 (Xb-Si putative Shiga Toxin),

excluding itself.
®The GenBank accession number for each hit.

°A short description of the hit based on the provided information in GenBank.
“The percentage of the query amino acid sequence that is covered by the hit.
°The percentage of the amino acid sequence that is identical between the hit and the query.
'Expect (E) value is the number of sequences that you would expect to obtain from the database

that match equally well based on chance.



Table 4.S8 Tc subunit genes from X. bovienii genomes®.

Genome ORF® Gene Annotation® Subunit Type®
Xb-Sf-FL XBFFL1 1440001 XxptA/tcdA A
Xb-Sf-FL XBFFL1 1440006 XxptA/tcdA A
Xb-Sf-FL XBFFL1_1440007 XxptA/tcdA A
Xb-Sf-FL XBFFL1 1440008 XxptA/tcdA A
Xb-Sf-FL XBFFL1 2490001 XxptA/tcdA A
Xb-Sf-FL XBFFL1 2490003 XxptA/tcdA A
Xb-Sf-FL XBFFL1 2290004 tccA A
Xb-Sf-FL XBFFL1 2290002 tccB/xptD A
| Xo-StFL__ | XBFFL1 2290003 | fecBiptD | A
Xb-Sf-FL XBFFL1 1440004 xptC/tcaC B'
| Xo-SFFL_ | XBFFL1 1440005 | xptCftcaC || B ..
Xb-Sf-FL XBFFL1_2380073 tccC6 c'
Xb-Sf-FR XBFFR1_560001 XxptA/tcdA A
Xb-Sf-FR XBFFR1 560003 XxptA/tcdA A
Xb-Sf-FR XBFFR1 630033 XxptA/tcdA A
Xb-Sf-FR XBFFR1 630034 XxptA/tcdA A
Xb-Sf-FR XBFFR1 630035 XxptA/tcdA A
Xb-Sf-FR XBFFR1_ 630040 XxptA/tcdA A
Xb-Sf-FR XBFFR1 2540016 tccA A
Xb-Sf-FR XBFFR1_2540017 tccB/xptD A
| Xb-SEFR ] XBFFR1 2540018 | teeBiptD A .
Xb-Sf-FR XBFFR1_630036 xptC/tcaC B'
| Xo-SFFR_ | XBFFR1630037 _________ | xptChtcaC _________ . | B .
Xb-Sf-FR XBFFR1_630039 tccC1 C
Xb-Sf-MD XBFM1 1510009 XxptA/tcdA A
Xb-Sf-MD XBFM1 1510010 XxptA/tcdA A
Xb-Sf-MD XBFM1 1510014 XxptA/tcdA A
Xb-Sf-MD XBFM1 1510015 XxptA/tcdA A
Xb-Sf-MD XBFM1 1510016 XptA/tcdA A
Xb-Sf-MD XBFM1_900054 tccA A
Xb-Sf-MD XBFM1 900052 tccB/xptD A
[ Xb-SEMD | XBFM1.900053 | tecBiptD | A
Xb-Sf-MD XBFM1 1510012 xptC/tcaC B'
Xb-Sf-MD XBFM1 1510013 xptC/tcaC B'
Xb-Sf-MD XBFM1 550043 xptC/tcaC B
| Xo-SEMD | XBFM1.550044 | xptChtcaC || B
Xb-Sf-MD XBFM1_ 750073 tccC4 C
Xb-Sf-MD XBFM1 2330011 tccCh c'
Xb-Sf-MD XBFM1_2330012 tccCh c'
Xb-Si XBI1 2820003 XptA/tcdA A
Xb-Si XBI1_ 2580008 tccA A
| Xosi | XBI1 2580009 | tecBiptD _____________|A
Xb-Si XBI1_ 1670005 xptC/tcaC B'
Xb-Si XBI1_ 1680001 xptC/tcaC B'
Xb-Si XBI1_ 1690001 xptC/tcaC B'
Xb-Si XBI1 2830001 xptC/tcaC B'
Xb-Si XBI1 2840001 xptC/tcaC B'
Xb-Si XBI1 2920035 xptC/tcaC B
[ XbSi | XBI1 2050001 | xptCftcaC || B
Xb-Si XBI1 1120001 tccC4 C'
Xb-Si XBI1 1260128 tccC1 C
Xb-Si XBI1_2050001 tccC6 C'
Xb-Sj XBJ2_ 2740002 XptA/tcdA A
Xb-Sj XBJ2_200005 tccA A
IR I XBJ2 200004 | fecBAptD._ | A_
Xb-Sj XBJ2_2730005 xptC/tcaC B'
Xb-Sj XBJ2_2740001 xptC/tcaC B'
| Xosj | XBJ2_1000023 | xptCeaC |1 B ...
Xb-Sj XBJ2_ 1610026 tccC5 c'
Xb-Sj XBJ2_2730004 tccC7 C
Xb-Sj-2004 XBJ1_ 1572 XptA/tcdA A
Xb-Sj-2004 XBJ1_1932 XptA/tcdA A'
Xb-Sj-2004 XBJ1_1933 XptA/tcdA A
Xb-Sj-2004 XBJ1_0569 tccA A
| Xb-§j-2004 | XBJ1 0568 | fecBhptD_ | A
Xb-Sj-2004 XBJ1 1573 xptC/tcaC B
Xb-Sj-2004 XBJ1 1934 xptC/tcaC B
Xb-Sj-2004 XBJ1_2397 tcdB B'
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Xb-Sj-2004 XBJ1 1574 tccC5 C
Xb-Sj-2004 XBJ1 3085 tccC7 C
Xb-Sk-BU XBKB1 700008 XptA/tcdA A'
Xb-Sk-BU XBKB1 700009 XptA/tcdA A'
Xb-Sk-BU XBKB1_700011 XptA/tcdA A'
Xb-Sk-BU XBKB1_700013 XptA/tcdA A'
Xb-Sk-BU XBKB1_700014 XptA/tcdA A'
Xb-Sk-BU XBKB1_700015 XptA/tcdA A'
Xb-Sk-BU XBKB1 1060007 tccA A'
Xb-Sk-BU XBKB1 1060008 tccA A'
Xb-Sk-BU XBKB1 1060009 tccA A'
[ XbskBU | XBKB1 1060006 | tecBiptD A
Xb-Sk-BU XBKB1_2960024 tccC2 C'
Xb-Sk-BU XBKB1_2960025 tccC1 C'
Xb-Sk-Q XBKQ1_420007 XptA/tcdA A'
Xb-Sk-Q XBKQ1_420008 XptA/tcdA A'
Xb-Sk-Q XBKQ1 420009 XptA/tcdA A'
Xb-Sk-Q XBKQ1 850003 XptA/tcdA A
Xb-Sk-Q XBKQ1 2640005 tccA A
[ xoska | XBKQ1 2640006 | tecBiptD A
Xb-Sk-Q XBKQ1_ 2660002 xptC/tcaC B
[ xo-ska | XBKQ1850002 | xptCteaC |l B .
Xb-Sk-Q XBKQ1_850001 tccC1 C
Xb-Sk-Q XBKQ1_850035 tccC1 C'
Xb-Sk-Q XBKQ1 1280067 tccC5 Cc'
Xb-Sk-Q XBKQ1 2730001 tccC5 C'
Xb-So XBO1 1940002 tccA A
[ Xbso XBO1 1940003 |tecByptD A
[ XoSo | XBO1480026 | xptCteaC | B
Xb-So XBO1_1300030 tccC1 C'
Xb-Sp XBP1_400038 XptA/tcdA A'
Xb-Sp XBP1_400039 XptA/tcdA A'
Xb-Sp XBP1_400040 xptA/icdA A
Xb-Sp XBP1 400041 XptA/tcdA A'
Xb-Sp XBP1 400042 XptA/tcdA A'
Xb-Sp XBP1 400051 XptA/tcdA A
Xb-Sp XBP1_470005 tccA A
Xb-Sp XBP1_ 470002 tccB/xptD A
Xb-Sp XBP1_470003 tccB/xptD A
(xosp XBP1470004 |tecBiptD A
Xb-Sp XBP1_400044 xptCltcaC B'
Xb-Sp XBP1 400045 xptC/tcaC B'
Xb-Sp XBP1 400046 xptC/tcaC B'
(xosp XBP1.2580014 | 'xptCteaC | B
Xb-Sp XBP1_400047 tccC5 c
Xb-Sp XBP1_400048 tccC1 Cc'
Xb-Sp XBP1_930099 tccC2 C'
Xb-Sp XBP1_2950001 tccC4 C'
Xb-Sp XBP1 3060016 tccC5 Cc'
Xb-Sp XBP1 3060017 tccC5 Cc'

®Table of all annotated Tc toxin subunit genes in all X. bovienii genomes (i.e. all 9 draft
genomes and finished genome). Grey shading highlights intact genes. Heavier dotted lines

delineate different subunits, while full lines delineate different genomes.
®Open reading frame (ORF) as labeled in EMBL and GenBank.

°Annotation of gene from MaGe. For genes that can have multiple labels both are listed (e.g.
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xptC and tcaC are the same genes that were annotated in X. nematophila and P. luminescens

respectively.)

ISubunit types that are intact (A, B, or C) or fragments (A’, B’, B’).
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Figure S1. Distribution of amino acid sequence divergence in proteins. The amino acid
sequence divergence of X. bovienii proteins for Mcf1 (A), RtxA (B), PrtA (C), XaxA (D), XaxB
(E), XhlA (F), XptA2 (G), TccA2 (H), TceB2 (1), TcaC (J), and TcceC (K) is shown. Green bar
graph indicates the percent of amino acids that match the consensus sequence at the positions
in the protein, and the amino acid numbers are given below the graph. Light green bars have

100% identity, and darker colors indicate lower percent matching to the consensus.
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Figure S2. Nucleotide phylogenies. The nucleic acid sequences of genes were analyzed for

recombination, and for each piece, phylogenies were built. Shown above are the trees for X.

bovienii genes mcf1 (A), rixA (B), prtA (C), xaxA (D), xaxB (E), xhlA (F), xptA2 (G), tccA2 (H),

tccB2 (1), tcaC (J), and tccC (K). Values next to branches indicate bootstrap values and above

trees denote the nucleotides used. Red highlighting indicates strongly supported branches in

the gene tree that do not match the previously reported bacterial phylogeny (5).



155

CHAPTER 5

Xenorhabdus bovienii symbionts provide an advantage to their Steinernema affine

nematode hosts by killing competitor Steinernema feltiae nematodes

This chapter will be submitted as:

Murfin KE, Bashey-Visser F, and Goodrich-Blair H. “Xenorhabdus bovienii symbionts provide
an advantage to their Steinernema affine nematode hosts by killing competitor Steinernema
feltiae nematodes”
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ABSTRACT

Parasites can engage in mutualism with bacterial symbionts that contribute to parasitic success.
When parasitizing insects, nematodes in the genus Steinernema utilize Xenorhabdus bacterial
symbionts for insect host killing and nutritional bioconversion. In this study we establish that the
Xenorhabdus bovienii bacterial symbiont of Steinernema affine nematodes (Xb-Sa) can impact
the competition between S. affine and S. feltiae. Through co-injection and natural infection
assays we demonstrate that Xb-Sa is both necessary and sufficient to inhibit S. feltiae
nematodes during competition, which provides a competitive advantage to S. affine. Survival
assays revealed that Xb-Sa bacteria inhibit S. feltiae nematodes by killing the reproductive life
stages. Microscopy and timed infection assays indicate that Xb-Sa bacteria colonize S. feltiae
nematode intestines, ultimately leading to an altered morphology of the intestinal epithelium.
These data suggest that Xb-Sa may be an intestinal pathogen of the non-native S. feltiae
nematode, although it is a beneficial and non-harmful colonizer of its native nematode host S.

affine.
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INTRODUCTION

In natural environments with mixed populations of microbes, nutrient availability is
typically limiting, making competition a key driver in the ecology and evolution of
microorganisms. For example, parasitic organisms can compete with each other to successfully
infect a limited number of available hosts. Once within a host, mixed infections can develop,
giving rise to competition for host-derived nutrients. These types of competition occur between
sympatric insect-parasitic Steinernema nematode species. Previous studies identified a variety
of competitive outcomes among Steinernema species during co-infections, including equal
reproduction of both species (1, 2), suppression of reproduction by one species (1, 2), and
improved reproduction of one species (3). However, mechanisms underlying the competitive
differences among Steinernema nematodes have not been explored in detail. In this study, we
assess a competitive interaction that occurs between S. affine and S. feltiae nematodes that is
modulated by the beneficial bacterial symbionts of these nematodes.

Steinernema nematodes have been extensively studied due to their use for biological
control of agricultural insect pests (4), as well as a model of beneficial symbiosis (5). Insect
parasitic Steinernema nematodes engage in mutually beneficial symbiosis (mutualism) with
Xenorhabdus y-proteobacteria (Figure 5.1). In the soil environment, the nematodes exist as a
non-feeding 3rd stage juvenile, known as the infective juvenile (IJ). IJ nematodes are resistant
to environmental stresses and have a thick chitin cuticle layer, closed mouth, and closed anus.
The |Js house bacterial symbionts within a specialized portion of the intestine in order to carry
them between insects (5-7). IJs infect an insect through natural openings and migrate into the
insect blood cavity, the hemocoel (8). Once inside the hemocoel, the nematodes undergo a
recovery process to become J3 juveniles, where the chitin cuticle is shed, the mouth and anus
open, the bacterial symbionts are released, and the nematode begins feeding (9). The

nematodes and bacteria then kill the insect host and grow within the cadaver (5, 10). Several
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Figure 5.1 Steinernema nematodes and Xenorhabdus bacteria lifecycle. The schematic

above shows the combined life cycle of the nematodes (grey) and bacteria (red) in the insect

host (tan). In the soil environment, |J nematodes carry the bacteria in their intestine as they

seek and invade insect hosts. Once inside the insect host environment, |J nematodes recover

into juveniles with open mouths and anuses and release their bacterial symbiont. The

nematodes also begin consuming bacteria and nutrients. The nematodes and bacteria then Kkill

the insect host and reproduce within the cadaver, including adult, egg, and juvenile stages.

Once nutrients are limiting the nematodes form the next generation of progeny |Js that exit the

cadaver.
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rounds of nematode reproduction occur within the cadaver, in which the nematodes go through

adult, egg, and juvenile (J1-4) life stages (10, 11). Once nutrients in the insect become limiting,
the nematodes undergo an alternate developmental pathway to form the next generation of
progeny |Js carrying the bacterial symbiont that will exit the insect cadaver to seek new hosts
(12).

Several studies indicate that bacteria can modulate parasitic success and competition
between parasites. For example, mutualists of a parasitized host can reduce parasitic infections,
such as tsetse fly mutualists that induce the tsetse immune system to kill trypanosome parasites
(13). Additionally, mutualistic bacteria of the parasite itself can positively influence its parasitic
success, such as the X nematophila symbiont of S. carpocapsae that inhibits competing
Photorhabdus bacteria (14). In previous work we observed that the S. intermedium nematode
bacterial symbiont, X. bovienii (hereafter referred to as Xb-Si) has an incompatible interaction
with S. feltiae nematodes that associate with a different X. bovienii bacterial strain (Xb-Sf)
(Table 5.1). Specifically, when S. feltiae nematodes are co-injected into insects with Xb-Si, no S.
feltiae progeny are produced, although several other X. bovienii bacterial strains are able to
support progeny development in insects (Chapter 3). Similarly, we discovered an incompatible
interaction when S. feltiae is co-injected with the symbiont of S. affine, a nematode closely
related to S. intermedium, (data not shown). Incompatible interactions such as these are likely
to influence the competition between the nematode species infecting the same insect host.

The goal of this study was to characterize incompatibility between the S. affine bacterial
symbiont and S. feltiae nematodes and how this incompatibility impacts competition between
nematode hosts. We utilized S. affine and S. feltiae nematodes along with their X. bovienii
bacterial symbionts (Xb-Sa and Xb-Sf) (Table 5.1) to investigate the occurrence of inhibition of
non-native hosts, assess the impact of inhibition on competition, and identify the mechanism

likely contributing to observed incompatibility.



Table 5.1 Bacterial strains and plasmids used in this study.

Abbreviation® Comments® Study®
Bacterial Strains
Xb-Sf Native symbiont of S. feltiae nematodes, isolated in  Lee 2010
Florida
Xb-Sf-GFP GFP-expressing Xb-Sf Chaston
2013
Xb-Si Native symbiont of S. intermedium nematodes Lee 2010
Xb-Sa Native symbiont of S. affine nematodes, isolate #78 This study
Xb-Sa-GFP GFP-expressing Xb-Sa This study
Xb-Sk Native symbiont of S. kraussei nematodes, isolated Lee 2010
in Quebec, CA
Xn ATCC19069, native symbiont of S. carpocapsae Lee 2010
nematodes
Plasmids
pURR25 mini Tn7 GFP donor plasmid Teal 2006
Tn7KS-GFP
pUX-BF 13 Conjugation helper plasmid Bao 1991

@Abbreviation used to refer to the strain or plasmid.
®Description of the strain genotype or the function of the plasmid.
°Study where the strain or plasmid was fist published.
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RESULTS

S. feltiae is inhibited by incompatible X. bovienii symbiont strains. There are two potential
explanations for the incompatibility between S. feltiae and Xb-Si or Xb-Sa: within an insect host
these bacterial strains are insufficient to support nematode growth and reproduction, or they
inhibit nematode growth and reproduction. To distinguish between these possibilities we grew
bacteria and nematodes together in permissive conditions (liver kidney agar - LKA). In these
conditions, nematodes can grow with or without bacteria. Addition of IJs to plain LKA plates or
LKA lawns of Xb-Sf resulted in growth and development of the nematodes into adults by five
days post addition, and nematode reproduction to the next generation of progeny IJs occurred
by day 14 (Table 5.2). In contrast, addition of nematodes to Xb-Si or Xb-Sa bacterial lawns
resulted in no growth or development of IJ nematodes into adults or progeny, indicating that lack
of growth of S. feltiae nematodes is due to inhibition rather than lack of nutritional support (Table
5.2). Due to the availability of the S. affine nematode host and the ability to genetically
manipulate the bacterial symbiont, we chose to pursue interactions occurring between Xb-Sa

bacteria and S. feltiae nematodes.

Inhibition by Xb-Sa influences competition between S. feltiae and S. affine. Because S.
feltiae and S. affine co-occur geographically (15, 16) and inhibition occurs in vivo, we
considered the possibility that Xb-Sa symbiont inhibition of non-native S. feltiae nematodes
could provide a competitive advantage to its native nematode host S. affine. Symbiont inhibition
could provide S. affine nematodes an advantage during co-infection with S. feltiae nematodes,
or it could allow S. affine to superinfect an insect cadaver previously infected by S. feltiae. Also,
inhibition might prevent S. feltiae from superinfecting an insect cadaver previously infected by S.

affine.



Table 5.2. Development of S. feltiae nematodes on X. bovienii bacterial strains.
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Progeny IJ
Bacterial Strain? S. feltiae Nematodes® Adult Nematodes® Nematodes®
None Conventional 1Js Yes Yes
None Axenic IJs Yes Yes
Xb-Sf Conventional 1Js Yes Yes
Xb-Sf Axenic IJs Yes Yes
Xb-Si Conventional 1Js No No
Xb-Si Axenic IJs No No
Xb-Sa Conventional 1Js No No
Xb-Sa Axenic |Js No No

#Bacterial strain tested.

*Type of nematode tested. Bacterial lawns were seeded with nematode IJs. Conventional 1Js
contain the native symbiont and were harvested from insect infections. Axenic IJs contain no

bacterial symbiont and were grown in vitro (on LKA).
“Presence of visible adult nematodes by five days post addition.
Presence of visible progeny IJs by 14 days post addition.
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To assess competition phenotypes between S. affine or S. feltiae we performed co-

injection assays (Figure 5.2). When equal numbers of conventionally reared nematodes (i.e.
carrying symbiont) were injected at the same time, all of the resulting progeny IJs were S. affine,
indicating this nematode has a competitive advantage in direct competition. To confirm that Xb-
Sa is mediating this competitive advantage, we performed co-injections assays of axenic
nematodes hosts (i.e. nematodes reared without bacteria) with and without the symbionts
(Figure 5.2). As expected, co-injections of both nematode hosts with both symbionts or both
nematode hosts with only Xb-Sa resulted in all S. affine progeny. However, co-injections of both
nematode hosts with only Xb-Sf resulted in the production of only S. feltiae progeny. These data
support that the symbiont of Xb-Sa is necessary for S. affine to have a competitive advantage
over S. feltiae.

Under natural environmental conditions, simultaneous infection by two parasites, while
possible, is less likely than sequential infection, in which a secondary parasite attempts to
superinfect an insect previously infected by another species. To assess if the competitive
advantage of S. affine occurs during superinfection by one or the other species, we performed
sequential injections of conventionally reared nematodes (Figure 5.2). When S. affine was
injected before S. feltiae, all resulting nematode progeny were S. affine, and when S. feltiae was
injected before S. affine, almost all resulting progeny were S. feltiae. Trends were the same
when Xb-Sa was used in injections in place of S. affine (data not shown). This indicates that
inhibition of S. feltiae by Xb-Sa most likely functions to protect S. affine infected insect cadavers
from a successful superinfection by S. feltiae.

In the assays described above, nematodes and bacteria were directly injected into
insects. To assess competition during superinfection in a more natural infection, we provided
conventionally-reared nematodes to insects in a sand trap assay, which requires that the

nematodes locate and infect the insect host (Figure 5.S1). As expected, when the insect
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Figure 5.2 S. feltiae and S. affine competition experiments. Conventional (Cv), reared with

symbiont, or axenic (Ax), reared with no bacteria, S. feltiae and S. affine nematodes were co-

injected with and without their symbionts (Xb-Sa or Xb-Sf), either at the same time (together) or

sequentially (S. feltiae 1% or S. affine 1*'). The bar graph shows the percentage of the progeny

population that was S. feltiae (black) or S. affine (grey). Measurements are an average of three

blocks with at least 4 technical replicates. *indicate bars significantly indicate different

percentages of the population, representing a competitive advantage for one species (p<0.05).
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host was exposed to S. affine prior to S. feltiae, all resulting progeny were S. affine, and when

the insect host was exposed to S. feltiae prior to S. affine, all resulting progeny were S. feltiae.
The same results were observed when injection of Xb-Sa was used instead of infection of S.
affine (data not shown). These data support that infection by S. affine prevents successful
superinfection by S. feltiae in a natural setting. However, when S. affine and S. feltiae were
allowed to infect at the same time, all resulting progeny were S. feltiae (Figure 5.51). One
possible explanation is that S. feltiae may be able to infect insects faster than S. affine and
prevent superinfection.

To assess if failure of S. feltiae nematode superinfection under natural conditions is due
to prevention of infection (i.e. the nematodes don’t invade the insect cadaver) or inhibition of
nematodes in the insect cadaver, we monitored the invasion of S. feltiae nematodes within
insects using their GFP-expressing symbiont as a proxy (Figure 5.S2). Insects that were alive,
freeze-killed, or injected with S. affine or S. feltiae nematodes were exposed to S. feltiae
nematodes carrying GFP-expressing symbiont and monitored for fluorescence. In all insect
cadavers exposed to S. feltiae nematodes, fluorescence was detected by four days post
exposure, indicating that S. feltiae nematodes invade previously-infected insect hosts.
Therefore, Xb-Sa prevention of superinfection through inhibition of S. feltiae nematodes is likely
an ecologically relevant phenomenon.

Previous reports of competition among bacterial symbionts demonstrate that bacterial-
bacterial competition can influence the outcome of host reproduction, where a bacterial
symbiont can remove competing microbes through the production of antimicrobials (14). To
assess if bacterial-bacterial competition occurred between Xb-Sf and Xb-Sa and is influencing
competition, we performed several bacterial competition experiments, including cross streaking,
overlays, bacteriocin assays, and co-injections in insects. All of these experiments showed that

the bacterial strains were able to grow together and did not inhibit one another (data not shown).
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This indicates that bacterial-bacterial competition is likely not significantly affecting the

competitive outcome.

Xb-Sa kills S. feltiae through an infection-mediated process. The observed phenotypes of
Xb-Sa preventing nematode adult and progeny production could be a result of the bacteria
inhibiting nematode growth and development or killing the nematodes. To distinguish between
the possibilities, we first assessed if S. feltiae |IJ nematodes recovered into J3 nematodes when
exposed to GFP-expressing Xb-Sf (Xb-Sf-GFP) and Xb-Sa (Xb-Sa-GFP). By 6 h post-exposure,
nematodes on both symbiont lawns had morphology consistent with initiation of recovery (i.e.
open mouths and GFP-expressing bacteria present within the esophagus and intestine) (Figure
5.3 A-C). By 24 hours post-addition to bacterial lawns, the majority of nematodes on Xb-Sa-GFP
were dead, while the majority of nematodes on Xb-Sf-GFP were alive. However, the nematodes
that were alive on both lawns nematodes showed development indicative of full recovery (i.e.
GFP-expressing bacteria were present in the intestine and nematodes had an open mouth,
anus, and intestine) (Figure 5.3 D, E). These data are consistent with Xb-Sa not impairing
recovery and development of IJ nematodes but rather killing nematodes during or after
recovery. To confirm that Xb-Sa can kill S. feltiae nematodes, we performed survival assays
using young adult S. feltiae nematodes transferred to lawns of Xb-Sf and Xb-Sa. All nematodes
transferred to Xb-Sa lawns were dead within 24 hours, whereas nematodes transferred to lawns
of native symbiont survived, confirming that S. feltiae nematodes are killed by Xb-Sa (Figure 5.3
F).

The timing of Xb-Sa-mediated S. feltiae death falls between previously defined fast and
slow killing phenotypes of bacterial pathogens on Caenorhabditis elegans, which correspond to
toxin-mediated and infection-mediated killing respectively (17). To determine if the killing of S.

feltiae by Xb-Sa is due to Xb-Sa changing the environment such that S. feltiae cannot survive
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Figure 5.3 Xb-Sa kills S. feltiae nematodes rather than inhibiting development. 1J

nematodes (A) were assessed for recovery at 6 hours (B, C) and 24 hours (D, E) post-addition
to bacterial lawns of the GFP-expressing symbionts Xb-Sf-GFP (B, D) or Xb-Sa-GFP (C, E). For
both strains, nematodes showed morphology consistent with recovery (i.e. shedding of the chitin
cuticle, opening of the mouth and anus, and bacteria present within the esophagus and
intestine). Bacteria are in green and overlayed on nematode phase contrast images. The black
arrowheads point to the nematode mouths, and the white arrowheads point to anuses. The
scale bars represent 25 ym in A-C and 50 um in D-E. To confirm nematode Killing, a survival
curve of S. feltiae nematodes was done on both bacterial strains (F), and the lines were

significantly different using log-rank analysis (p < 0.05).
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(e.g. production of toxins), we performed survival assays of nematodes on plates pre-

conditioned by Xb-Sf and Xb-Sa (Table 5.S1). All nematodes transferred onto each of these
plates survived, indicating that the inhibition of S. feltiae by Xb-Sa is not due to the bacteria
changing the media environment. To assess if the killing is due to an infection-mediated
process, we performed nematode shifting assays, where adult nematodes were exposed to the
bacterial strains (Xb-Sf-GFP and Xb-Sa-GFP) for 1, 4, or 8 hours, transferred onto plain agar
plates, and monitored for percent survival over time (Figure 5.4). Nematodes exposed to Xb-Sa-
GFP for as little as 1 h showed significantly decreased survival compared to nematodes
exposed to Xb-Sf-GFP (Figure 5.4 A), supporting an infection-mediated killing mechanism.

Both bacterial strains were visible in the nematode intestine at the time of transfer
(Figure 5.4 B-D, H-J). By 24 h post transfer, no Xb-Sf-GFP cells were visible within the
nematode intestine (Figure 5.4 E-G). However, Xb-Sa-GFP cells persisted within the nematode
intestine (Figure 5.4 K-M). It should also be noted that Xb-Sf-GFP-exposed nematodes had
obvious empty spaces in their intestines by 24 hours (either representing air bubbles or lipid
granules), where the majority of Xb-Sa-GFP exposed nematodes lacked these (Figure 5.4). This
could be explained by a difference in feeding or pumping of the basal bulb (swallowing organ)
between the two conditions.

During shifting assays, bacteria were observed primarily in the intestine of the
nematodes prior to nematode death, the only exception being gravid female nematodes.
Occasionally these nematodes could be observed with Xb-Sa-GFP bacteria localized to the
area surrounding the eggs (Figure 5.S3). During the exposure of the nematodes to Xb-Sa-GFP,
the nematode intestinal morphology of the nematode appears to change (Figure 5.4 B-M). To
further characterize the morphological differences in the nematode intestine and intestinal
localization of the bacteria, we performed confocal microscopy on adult nematodes exposed to

Xb-Sf-GFP or Xb-Sa-GFP for 8 hours (Figure 5.5 A). Nematodes exposed to Xb-Sf-GFP
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Figure 5.4 Xb-Sa killing of S. feltiae is infection mediated. S. feltiae adult nematodes were

transferred from native symbiont bacterial lawns onto GFP-expressing native symbiont (Xb-Sf-
GFP) or the symbiont of S. affine (Xb-Sa-GFP) and exposed for 1 (B, E, H, K), 4(C, F, I, L), or 8
(D, G, J, M) hours. The nematodes were then collected and transferred onto blank agar plates.
Nematodes were monitored for survival at 32 hours post initial exposure (A), and nematodes
exposed to Xb-Sa-GFP showed significantly less survival than nematodes exposed to Xb-Sf
(p<0.05). Graphs show averages of 3 blocks of 100 nematodes. Nematodes were also visually
inspected at that time of transfer (B-D, H-J) and at 24 hours post transfer (E-G, K-M) for the

localization, presence, and persistence of bacteria. Scale bars indicate 50 ym.



172
displayed normal intestinal morphology (i.e. open, smooth intestines) throughout the total length

of their body (Figure 5.5 B). However, nematodes exposed to Xb-Sa-GFP had frequent narrow
spots along the entire length of the intestine and a constricted, ruffled appearance (Figure 5.5
C). Localization of the bacteria to the intestine and altered intestinal morphology suggests that

killing of S. feltiae is likely due to an intestinal infection by Xb-Sa-GFP.

CONCLUSIONS

In this study we describe a competitive interaction that occurs between S. affine and S.
feltiae nematodes that is modulated by the X. bovienii bacterial symbiont associated with S.
affine, Xb-Sa. To our knowledge, this is the first study to identify bacterial symbionts affecting
the outcome of parasitic success through infection and direct inhibition of the competing
parasite. Previous work has shown that bacterial symbionts can affect parasitic success and
competition through indirect methods, such stimulating the host immune system to overcome
parasitic infection (13, 18) or inhibiting the bacterial symbiont of the parasite (14). These
studies, along with our work, highlight that the interactions between hosts, parasites and
symbionts are complex and likely vary in mechanism and function between and within particular
types of associations. Our study also demonstrates that these differences can occur at the
isolate level, as the two X. bovienii bacterial isolates studied here (Xb-Sa and Xb-Sf), although
the same species, have very different impacts on S. feltiae nematodes.

In competitive interactions between S. affine and S. feltiae, the outcome of the
competition (i.e. which nematode is able to produce progeny) depends on the presence or
absence of Xb-Sa (Figure 5.2). Our data also support that Xb-Sa is both necessary and
sufficient for S. affine to outcompete S. feltiae (Figure 5.2, data not shown), and that this
competitive advantage likely functions to prevent successful S. feltiae superinfection of S. affine

infected cadavers (Figure 5.2, S1, S2). These data are in contrast to a previous study that
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Figure 5.5 S. feltiae nematodes have narrowed intestines when exposed to Xb-Sa.
Schematic depicts whole nematode to show the tissues viewed on the microscope, with arrows
pointing to the nematode tissues (A). The area designated by the purple box in the schematic
(A) is the area seen in the micrographs (B, C). Nematodes exposed to Xb-Sf-GFP (B) or Xb-Sa-
GFP (C) were stained and viewed using confocal microscopy. In the micrographs above
nematode tissues are colored blue-purple and bacteria are colored green. Scale bars represent
50 um, and the white arrowhead points to an area of intestinal narrowing. Lettering labels the
nematode morphological features: intestine (i), vulva (v), and gonad (g). Nematodes exposed to
Xb-Sa-GFP had places of narrowing of the intestine, where nematodes reared on Xb-Sf-GFP

did not show intestinal narrowing.



174
demonstrated S. affine successfully superinfects and suppresses progeny production of S.

kraussei (3). Taken together, these studies highlight that competition outcomes depend on
many variables, including symbiont strain and nematode isolate identity. However, it is possible
that mechanisms of inhibition on the competitor nematodes are similar.

Steinernema nematodes fall into five distinct phylogenetic clades, and X. bovienii strains
associate with at least ten different nematode host species in two clades (clade | and clade IIl)
(19). From this study, we determined that the symbiont of S. affine (clade I) inhibits S. feltiae
(clade 1ll) to provide a competitive advantage. Additionally, we identified that the symbiont of S.
intermedium (clade 1) does not support S. feltiae (clade IIl) (Chapter 3), and we have confirmed
that this is also due to inhibition (Table 5.1). Likewise, Plza and Mracek found that S. affine
(clade 1) outcompetes S. kraussei (clade lll) (3). Similarly, a study by Chapuis et al. identified
that S. feltiae (clade IIl) did not reproduce well when reared with the X. bovienii symbionts of S.
sichuanense, S. intermedium or S. affine (clade |) (20). Together, these data demonstrate that
X. bovienii symbionts from clade | nematodes are incompatible with clade Ill nematodes, and
this suggests that symbiont-derived inhibition may be a conserved phenomenon among X.
bovienii strains of clade | nematodes for a competitive advantage against clade |l nematodes.

Even though clade | nematodes appear to consistently outcompete clade Il nematodes,
clade | and clade |l nematode species have been isolated in close proximity to one another (15,
16). This indicates that there must be mechanisms in play that stabilize their coexistence. Our
study supports that differences in the ability of the nematode species to infect may contribute to
coexistance, as S. feltiae nematodes seem to be able to overcome the competitive advantage of
S. affine by infecting at a faster rate (Figure 5.S1). Such differences in infection rate may be due
to differing ability to move through the sand or differences in hunting strategy. In addition to
differences in infection rate other factors may facilitate coexistence of the species. For example,

the infection index (number of parasites per host) of both species would need to be relatively
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high in the same area to result in a high number of coinfections, so a species may be stabilized

when the number of nematodes per potential host is low. Additionally, it was previously
proposed that differing natural insect range or insect hunting behavior may facilitate the
coexistence of competing nematodes (2). In total, these mechanisms would work to reduce the
frequency of S. affine and S. feltiae co-infection, thereby allowing S. feltiae to exist in the same
environment with S. affine.

Within natural systems, parasites are likely to come in contact with bacterial symbionts,
either of the host or other parasites. Therefore, interactions between bacteria and symbionts,
such as symbiont-mediated killing, may be important in parasite success within the
environment. As parasites can have a profound impact on the ecology of host populations (21),
affect predator — prey relationships (22), and play a significant role in host evolution (23, 24),
understanding competition between parasites how it is modulated by microbial symbionts is

important for our understanding of the ecology and evolution of natural systems.
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MATERIALS AND METHODS

Nematode and bacterial strains. Bacterial strains were isolated through sonication of surface
sterilized nematode hosts, and species identity was confirmed by analysis of 16S rRNA (Table
5.1) (19, 25). Bacterial strains were stored in Lysogeny Broth (LB) supplemented with 20%
glycerol frozen at -80°C. Unless otherwise noted, bacterial strains were grown in LB with
aeration or on LB agar supplemented with 0.1% pyruvate at 30°C in the dark (26). Nematode
isolates were obtained from the laboratories of Dr. S. Patricia Stock or Dr. Farrah Bashey-
Visser, and species identity of the nematodes were verified through sequencing of the 12S and
28S genes (Table 5.1) (27). Nematodes were propagated through Galleria mellonella larvae at
25°C as previously described (6). Nematodes were stored at 25°C at a density less than 5 1Js/ul
at a volume less than 60 in 250 ml tissue culture flasks (BD Falcon, Franklin Lakes, NJ, USA).
These |IJ nematodes are used directly from storage as the conventional nematodes for testing.

Axenic IJs were produced in vitro on liver kidney agar (LKA) similar to previously
described methods (28, 29). The protocol was modified to produce axenic S. affine. Instead of
direct addition of nematodes eggs to LKA, nematode eggs were incubated in LB supplemented
with150 yM kanamycin for three days. Additionally LKA plates were also supplemented with 150
MM kanamycin and 100 yM ampicillin.

Genetic modification of the bacterial strains to express GFP was performed as
previously described (11, 30). Briefly, the pURR25 Tn7 delivery vector including the gene
encoding GFP was transferred from Escherichia coli into recipient Xenorhabdus strains using
tri-parental mating conjugations (31) and a helper plasmid (32). GFP-expressing exconjugants
in which the Tn7 had inserted into the atfTn7 site were selected using LB supplemented with

pyruvate and 50 yuM kanamycin.
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Assays to assess inhibition of S. feltiae nematodes. To test inhibition, conventional or

axenic IJ nematodes were added directly to test bacterial strain lawns on lipid agar (LA) plates.
Briefly, 600 uL of overnight bacterial culture of the native symbiont was spread on 6 cm lipid
agar (LA) plates agar plates and allowed to grow at 25°C. Approximately 2,000 surface
sterilized nematodes in 200 uL LB was added to the bacterial lawn, and the nematodes were
allowed to develop at 25°C. Plates were viewed under 4x magnification daily to assess the
production of adults and juvenile progeny. At least three blocks of two technical replicates were

performed.

Injections in Galleria mellonella. Axenic or conventional nematodes were surface sterilized
and mixed with log-phase bacterial culture in order to inject 50 IJ nematodes. For injections of
bacteria, overnight cultures were subcultured, grown to ~0.6 OD, and diluted to inject 100 CFU
of log phase bacterial cells. In co-injections, bacteria were grown separately and combined prior
to injection in order to inject 100 CFU of log phase bacterial cells for each strain. For
competition injections, nematodes were mixed and 50 IJs of each species were co-injected. For
sequential injections, 50 IJs of the first species were injected, and 50 |Js of the second species
were injected after 72 h. At 7 d post-1st-injection, the insect cadavers were placed in a water
trap, and nematodes emerged within 10 d post-trapping. For co-injections that did not display
nematode emergence, cadavers were dissected to confirm that no nematodes were present.
For quantification of progeny populations, 100 nematodes from each water trap were scored for
species identify based on size. For each treatment, five insects were injected and scored as
technical replicates and averaged. Three blocks were performed. In all injections, at least four

insect cadavers produced progeny.
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Natural infections. Sand traps were performed similarly to previously described (Chapter 3).

Briefly, 1 g of sand was added to wells of a 12-well plate. Approximately 50 IJs in 100 uL of
water were added to the well and allowed to equilibrate for one hour. For direct competition, 50
IJs of each species in 100 uL of water was added together in one well. One G. mellonella larva
was added to each well and allowed to infect for 7 days. For sequential natural infections, the
first species was allowed to infect for 3.5 days, and then insect cadavers were transferred to
new sand trap wells with the second species for an additional 3.5 days. 7 days post-initial
infection, the insect cadavers were placed in a water trap, and nematodes emerged within 10
days of trapping. For infections from which no nematodes emerged, cadavers were dissected to
confirm that no nematodes were present. For quantification of progeny populations, 100
nematodes from each water trap were scored for species identify based on size. For each
treatment, 5 insects were infected and scored as technical replicates. Three blocks were

performed and averaged. At least 4 insect cadavers per treatment produced progeny.

Nematode recovery assays. Conventional |J nematodes were added to LA plates with
bacterial lawns, grown as described in inhibition assays. Nematodes were rinsed off of LA
plates at various time points using 1 mL of PBS and collected in microfuge tubes. Nematodes
were rinsed three times in PBS: nematodes were allowed to settle, PBS was removed and
replaced with fresh PBS. Nematodes and GFP-expressing bacteria were viewed by microscopy
using a Nikon Eclipse TE300 inverted microscope under 10x, 20x, and 40x magnification.
Images were taken using a Hamamatsu digital camera (Hamamatsu City, Japan; model C4742-
95-10NR) and analyzed using the Metamorph software v4.5r6 (Universal Imaging Corporation,
West Chester, Pa.). Three blocks of two technical replicates were performed, and at least 25

nematodes were observed per technical replicate.
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In vitro nematode growth and survival assays. /n vitro growth screening and testing was
performed by transferring adult nematodes from native symbiont growth plates onto test
bacterial strains. Briefly, 600 uL of overnight bacterial culture of the native symbiont was spread
on 6 cm lipid agar (LA) plates agar plates and allowed to grow at 25°C for 48 hours.
Approximately 5,000 IJ nematodes in 500 uL of LB was added to the bacterial lawn on LA, and
the nematodes were allowed to grow at 25°C for 48 h. During nematode growth, test plates
were set up by adding 600 pL of overnight bacterial culture of test strains to LKA or LA and
allowing growth at 25°C for 48 h (28, 29). After growth was complete, adult nematodes were
transferred from growth plates to test plates. Nematodes were collected in PBS and rinsed 3
times. Approximately 200 rinsed nematodes in 200 uL of PBS were added to each test plate
and air dried in a hood. For growth assays, nematodes were monitored every 24 h for seven
days. For growth assays on plates pre-conditioned by bacterial growth, a sterile filter paper was
added to the surface of the test plate prior to addition of the test bacterial strain. Before
nematode addition, the filter paper containing the bacterial lawn was removed. Two technical
replicates of transfer plates were observed for qualitative growth for each condition, and three
blocks were performed.

Survival assays were set up the same way as growth assays using the transfer method
of adult nematodes. Nematode survival was monitored every 6 h for 24 h, and 20-25 nematodes
were scored at each time point. Nematodes were scored as dead when they no longer moved
or responded to gentle prodding with a thin wire. Two technical replicates from separate transfer
plates were counted per condition and averaged, and three blocks were performed.

Testing of bacterial localization was done using in vitro transfer methods as described for
growth assays. S. feltiae adult nematodes were transferred from native symbiont LA plates onto

test LKA or LA plates with GFP-expressing bacterial cultures. Nematodes were collected in PBS
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after 4, 8, 12, and 24 h post-transfer. Nematodes were rinsed in PBS three times and observed

using epifluorescent and phase contrast microscopy on a Nikon Eclipse TE300 inverted
microscope. Three blocks of two technical replicates were performed, and at least 25

nematodes were observed per technical replicate.

Confocal imaging of nematodes. Fixing, permeabilizing, and staining of nematodes was
performed using previously described protocols(11, 30). Nematodes were stained using Alexa
633 phalloidin. Representative images were taken on a Zeiss LSM 510 confocal microscope
with an Axioplan2 imaging system and processed using LSM image software v2.1 (Zeiss, New

York, NY).

In vivo imaging. Injection or infection of insects was done as described above. For nematode
superinfection assays, axenic S. feltiae nematodes were added to LKA plates containing lawns
of Xb-Sf-GFP set up as described in recovery assays. Seven days post addition of nematodes
to LKA plates, the plates were water trapped, and IJs carrying GFP expressing symbiont were
collected 7-14 days later. Insects pre-injected with PBS or bacterial strains or nematodes were
used in a natural infection assay with the nematodes carrying GFP-expressing symbionts was
done four days post injection. For all insect cadavers images were taken every 24 h for 5 d, and
optimum time points (i.e. most fluorescence without oversaturation) was determined to be 4 d
post-injection or infection. Analysis was done using an IVIS Imaging System 200 (Xenogen,
Alameda, CA). Fluorescence was quantified by using Living Image software v2.6 (Xenogen).
Five insects were imaged as technical replicates and average, and three biological replicates

were performed.
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Bacterial competition. Bacterial strain competition was measured four ways: bacterial cross

streaking, antibiotic overlays, bacteriocin induction, and co-injection in insects. Bacterial cross
streaking (33), antibiotic overlays (34), and bacteriocin induction (35) were done similarly to
previously described methods. For co-injection in insects, GFP-expressing and non-expressing
strains were co-injected into insects and florescence was monitored over time as described
previously. Injections of Xb-Sf-GFP + Xb-Sa and Xb-Sf + Xb-Sa-GFP were done and compared

to single injections of each GFP-expressing strain.

Statistics. Statistical analyses were performed in R (36) or Prism (GraphPad). For survival
assays, log rank analyses were done. In log-rank analysis, all data points from the three blocks
were combined. Each experimental block was also analyzed separately, and trends remained
the same. For comparison of survival at single timepoints and population percentage difference,
a t-test was done on the average of the experimental blocks to determine if the values were
significantly different. Each experimental block was also analyzed separately, and trends

remained the same.
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SUPPLEMENTAL MATERIALS
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Figure 5.1 Natural superinfections. Insect hosts were exposed to conventionally reared S.
feltiae and conventionally reared S. affine either in combination (together) or sequentially (S.
feltiae 1% or S. affine 1%'). In sequential infections, insects were exposed to one nematode for
three days followed by three days of exposure to the second nematode. The bar graph
represents the percentage of the progeny population that was S. feltiae (black) or S. affine
(grey). *indicate a significant difference between the progeny percentages, indicating a

competitive advantage for one species (p<0.05).
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Figure 5.52 Superinfection of cadavers by S. feltiae nematodes. Insects that were live,
freeze killed, or previously infected by S. feltiae or S. affine nematodes were exposed to S.
feltiae nematodes carrying GFP-expressing symbiont. The relative fluorescence per insect
cadaver is shown as fold change over insects not exposed to S. feltiae FL nematodes. The bar
graph shows the average of three biological replicates with five technical replicates per

condition.
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Figure 5.3 Xb-Sa also localizes to S. feltiae nematode eggs. In some S. feltiae gravid
female nematodes, bacteria were present near the eggs within the nematodes, either in the
uterus or the nematode body cavity surrounding the uterus. Micrographs show the phase
contrast (A), GFP (B), and overlay of phase contrast and GFP (C) of a female nematode with
bacteria in this location. Abbreviations denote nematode anatomy: v (vulva) and g (gonad arm).
The arrowhead points to an individual nematode egg within the uterus. Scale bars represent 50

pm.
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Table S1 Testing of pre-conditioned media for adult nematode survival.

Time post-transfer®

Bacterial Strain® 12 h 24 h 48 h
None Yes Yes Yes
Xb-Sf Yes Yes Yes
Xb-Sa Yes Yes Yes

aSurvival of S. feltiae adult nematodes after transfer. Yes indicates all nematodes survived.
®Bacterial strain used to precondition media
“Times post-transfer of nematodes onto media at which survival was monitored
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CHAPTER 6

Conclusion and future directions: Xenorhabdus bovienii bacteria — Steinernema species
associations as a model of broad host range symbioses



190
INTRODUCTION

Identification of general principles within mutually beneficial symbioses (i.e. mutualisms)
requires the investigation and comparison of findings within diverse mutualistic associations.
One model that has been developed for this purpose is the association between Xenorhabdus
bacterial symbionts and Steinernema nematode hosts. For example, the association between X.
nematophila and S. carpocapsae demonstrated that a discrete set of genes can dictate
symbiont specificity for transmission by hosts (1-3). This phenomenon was also identified in the
squid — Vibrio (4, 5), plant — Rhizobium (6, 7), mouse — Lactobacillus (8), and mammalian —
Bacteriodes (9) mutualisms. In all of these systems, there are bacterial genes necessary for
colonization and/or persistence within the host, although the specific genetic determinants
driving transmission differ among the associations. Indeed it has been proposed that general
principles, such as this, can be identified in model systems and applied to other mutualisms
(10).

Steinernema — Xenorhabdus associations are attractive laboratory models for the study
of mutualism as they are easily maintained and genetically tractable. The ease of maintenance
for this system is due to the long-term stability in storage of these nematode-bacterial pairs in
the infective juvenile (1J) state and the ease of propagation within insect hosts. Additionally,
these nematodes are widely available and new isolates can be easily obtained from the
environment (11, 12). The genetic tractability of this system is primarily on the bacterial side, in
that many bacterial genomes are available (13-15) (Goodrich-Blair unpublished data) and many
Xenorhabdus representatives can be genetically modified (1-3, 16, 17). However, nematode
genomes are becoming available as well (Dillman et al. in revision at Genome Biology).

In addition to the ease of use, Steinernema nematode — Xenorhabdus bacterial
associations are attractive models for host-microbe interactions because they exist as two-

species pairs. Steinernema nematodes stably associate with a single Xenorhabdus species (18)
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and are generally unable to associate with divergent, non-native Xenorhabdus species (3, 16).

Therefore, the microbiota (microbial community) of these associations is simple, which
facilitates teasing apart specific mechanisms and general phenomena that are relevant to more
complex multi-species microbial communities, which are relatively more difficult to study.

Within the Xenorhabdus genus, there are there are 22 species of bacteria (19, 20) that
associate with at least one of the >70 known species of Steinernema nematodes from five
distinct clades (21-23). Among the Xenorhabdus species, X. bovienii has the most known hosts
and has been identified in combination with at least ten species of Steinernema nematodes from
two clades (clade | and clade Ill) (18, 19, 23, 24), making X. bovienii and the associated
Steinernema hosts an excellent model for broad host-range symbiosis. Broad-host range
mutualisms between microbes and plants or animals are quite common (25-30), including
between humans and their associated bacterial symbionts (31). Due to the prevalence of broad
host-range associations and the significance of these symbioses, it is important that we begin to
study broad host-range mutualisms and how they are impacted by microbial diversity. Specific
interesting areas that may vary from binary associations include: the recognition of bacterial
strains by host species, the impact of microbial symbiont diversity on host health, and the
evolution and maintenance of partner pairs. Towards understanding these topics, many
Steinernema — Xenorhabdus associations could be used for study.

The remainder of this chapter will detail the work that has been done to develop the X.
bovienii — Steinernema spp. model, the use of this model for understanding features of broad

host-range mutualism, and the future questions that this model can be used to answer.

DEVELOPMENT OF THE X. BOVIENII — STEINERNEMA SPP. SYSTEM MODEL
Work presented in this thesis and published by other groups helped define the

interactions that occur between X. bovienii and Steinernema nematodes, including the
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contributions of different partners to the symbiosis, physical features of bacterial colonization of

nematode hosts, and quantification and characterization of bacterial symbiont strain diversity.
Additionally, this work established protocols that broadened the ability to investigate diverse
Xenorhabdus symbioses, such as genetic manipulation of the bacterium, in vitro and in vivo
cultivation methods, and microscopy techniques. These advances have helped pave the way
toward a comparative, genus-wide analysis of the molecular, cellular, and evolutionary aspects

of the Steinernema-Xenorhabdus symbiosis.

Partner contributions to the symbiosis

In general, Xenorhabdus bacteria and Steinernema nematodes engage in mutualism in
order to complete their dual lifecycle that includes a free-living stage within the environment and
a reproductive stage within the insect host (Figure 6.1). In the environment, nematodes exist as
infective juveniles (lJs) that seek and invade insect hosts. This life stage is non-feeding and is
responsible for vectoring the bacterial symbiont between insect hosts (16, 32, 33). Once the
nematodes are inside the insect host, the nematodes release the bacterial symbiont (34, 35),
and the nematodes and bacteria then kill the insect host. Nematode reproduction and bacterial
growth then occurs within the insect cadaver (36). Once all nutrients have been utilized, the
nematodes and bacteria form the next generation of progeny IJs (37-39). Within this lifecycle
one or both partners can contribute to insect killing, production of nutrients, tissue degradation,
and defense towards competing microbes, although there is likely variation among the different
members of the Steinernema and Xenorhabdus genera in their requirements for and
contributions to symbiosis.

Through work reported in this thesis and elsewhere, many of the contributions of
partners in X. bovienii — Steinernema nematode associations have been defined. Several

bacterial strains and one nematode host, S. feltiae, have been shown to contribute to insect
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Figure 6.1 Nematode and bacterial life cycle. Steinernema nematodes (grey) exist in the

environment in an infective stage known as the 1J, which carries the Xenorhabdus bacteria (red)

in the intestine. IJs seek out and invade an insect host (green). The nematodes and bacteria Kkill

the insect and reproduce in the cadaver. Once all nutrients are used, the nematodes and

bacteria form the nest generation of progeny IJs that exit the cadaver to seek new insects.
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host killing, although the relative contributions differ among isolates (40, 41) (Chapter 2-3,

Appendix 2). Insect host killing is a required step in acquiring nutrients necessary for the
lifecycle. We identified many potential virulence factors in X. bovienii that could be contributing
to insect host killing, including toxins, hemolysins, and secondary metabolites (Chapter 4). In S.
feltiae nematodes, epicuticular lipids have been shown to be immunosuppressive (41), and
potential protease virulence factors have been identified (42). Both of these likely contribute to
virulence, but the identification of other factors that may contribute to the difference in virulence
among isolates awaits further experimentation.

Steinernema nematodes can vary in their dependence on Xenorhabdus symbionts for
their development and reproduction within the insect cadaver (43), ranging from entirely
dependent (e.g. S. riobrave) to moderately dependent (e.g. S. scapterisci). My work indicated
that S. feltiae nematode hosts are entirely dependent on X. bovienii for development within G.
mellonella insects, as aposymbiotic nematodes did not produce progeny unless co-injected with
a X. bovienii symbiont (Chapter 3). Another study demonstrated that an isolate of S. feltiae was
not entirely dependent on its symbiont, although aposymbiotic reproduction of the nematodes
was significantly lower than symbiotic reproduction (i.e. almost zero) (44). Differences in the
studies may be due to differing nematode isolates, infection techniques, or insect sources.
Growth studies also demonstrated that the X. bovienii physiology has a dramatic influence on
development of the nematode IJ within the insect host (Chapter 2). In this novel phenotype,
secondary form X. bovienii, although they were sufficient for nematode reproduction, were
unable to support development of their S. jollieti hosts into the IJ life stage. These data suggest
that X. bovienii may differentially express, depending on its phenotypic state, molecules that can
promote or inhibit the development of the crucial transmission stage of its host. The
identification of such molecules awaits further analysis, but could yield exciting new information

about how bacteria modulate the developmental pathways of their hosts. The dependence of S.
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Jollieti 1J production on primary form X. bovienii is distinct from the phenotype of secondary form

X. nematophila, which supports both reproduction and |J development of S. carpocapsae
nematodes in insects (45). These differences demonstrate that comparison of different
Xenorhabdus — Steinernema associations will likely identify differences in symbiotic
mechanisms as well as the expected similarities. Furthermore, this highlights that there is still
much to learn about the exchange of molecules between hosts and symbionts with regard to
types of molecules as well as expression and regulation. In addition to supporting the nutrition
and development of its nematode hosts, X. bovienii produces a wide range of antimicrobial
factors that may provide protection from competing microbes or insect scavengers that would
consume the insect cadaver (46-48) (Chapter 4, Appendix 2). Together these data support the
view that X. bovienii bacterial symbionts perform a variety of symbiotic functions for their

nematode host, including nutrient provisioning, development, and protection.

Colonization of the nematode host by X. bovienii

It had been established in several Xenorhabdus — Steinernema systems that the
bacterium colonizes the environmental IJ stage in order to be transmitted to subsequent
generations. In the |J, a specialized portion of the nematode intestine, known as the receptacle,
houses the bacterial population. The receptacle is the intercellular space between the first few
intestinal cells, anterior to the remaining collapsed intestine. Fluorescent microscopic monitoring
of GFP-expressing X. bovienii revealed a similar colonization location in Clade Ill nematodes: S.
Jollieti (Chapter 1, Appendix 2), S. puntauvense (Appendix 1), and S. feltiae (Chapter 1),
indicating conservation of this colonization phenotypes across all clades of nematodes so far
examined. Unlike Clade Il nematodes, including S. carpocapsae (the host of X. nematophila),all
X. bovienii hosts thus far examined (from clades | and Ill) have an additional clear, envelope-like

structure termed the vesicle within the receptacle (Appendix 2) (49). This structure may serve to
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restrict bacterial growth or protect the bacteria from stress in the receptacle or during release.

Further, since X. bovienii bacteria become free within the blood cavity of the insect host, they
must have a mechanism to emerge from the vesicle, perhaps through degradation.

In addition to colonization of the IJ, my work helped establish previously unrecognized
colonization events that occur within the other life stages of S. feltiae nematodes, including
adults, juveniles, and pre-IJs (Chapter 1, Appendix 3). The bacteria were never seen in
association with nematode eggs. The colonization of non-IJ life stages could function in
transmission of the bacterium to progeny from adults or in transmission of the bacteria into the
IJ. Alternatively, the association with non-IJ life stages may provide additional functions within
the symbiosis, such as immune education (50), development (10, 51, 52), exclusion of
pathogens (53), or nutrition (54, 55). Distinguishing between these possibilities will require
further mechanistic studies assessing nematode immune, developmental, and nutritional

pathways, as well as assessment of pathogen — nematode — symbiont interactions.

X. bovienii bacterial strain diversity

Bacteria, including those that associate with hosts, can have a tremendous amount of
intra-species genetic and functional diversity (56, 57). Indeed, many pan-genomic studies of
bacteria strains have determined that <50% of the genome content is shared among the
bacterial strains (56-58). Similarly, as described in this thesis, X. bovienii bacterial symbionts
that associate with various hosts also show genetic and functional diversity that impacts their
ability to engage in symbiosis.

My pan-genomic analysis of nine X. bovienii stains revealed that 55% of the coding
sequences within the genomes are shared by all strains, with 1-9% being unique to a particular
strain (Chapter 3), demonstrating that X. bovienii strains are genetically diverse. Analyses of the

unique gene sets revealed putative membrane or secreted proteins that could play role in
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symbiotic functions through direct or diffusible interactions with the nematode or insect hosts.

The maijority of unique genes are those of unknown function, and their role in mutualism or other
aspects of X. bovienii physiology await further experimentation. Additional genomic analyses
defined a large amount of diversity in the flexible genome content (i.e. those genes found within
some but not all strains) (Chapter 4). Overall, many of the mechanisms by which the bacteria
likely interact with hosts (e.g. secretion systems and toxin classes) are conserved among the
strains, but the regulation of proteins and the coding sequences are divergent (e.g. variation in
toxin proteins and small molecule clusters). Together these data suggest that the genetic
differences in X. bovienii strains are within the functionality and regulation of gene clusters,
which may reflect a varied insect host range, different interactions with the nematode species,
or differences in the encountered competitors.

In addition to genetic diversity among the bacterial strains, the ability of the bacterial
strains to engage in symbiosis is also diverse. Testing of the specificity of interactions between
various X. bovienii with S. feltiae showed that some strains are better able to engage in
symbiotic associations with the nematode than others (44) (Chapter 3, 5). Additionally, similar
trends were seen with X. bovienii strains interacting with different nematode host species, S.
oregonense and S. puntauvense (Stock personal communication). Together this supports that

X. bovienii are genetically and functionally diverse.

PRINCIPLES OF BROAD-HOST RANGE SYMBIOSIS DETERMINED USING THE X. BOVIENII —
STEINERNEMA SPP. MODEL SYSTEM

As broad host-range symbioses between animals and bacteria have yet to be
extensively studied at the molecular level or with respect to evolutionary processes, there are
many remaining questions about general principles, such as how the partners identify each

other, if and how the symbioses are maintained over evolutionary time, how bacterial strain
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variability impacts various symbiotic functions (e.g. fitness, transmission and maintenance), and

how strain variability may impact host competition and health. To begin to address just a few of

these questions, | utilized the X. bovienii — Steinernema system.

Differences in microbial symbionts affect host health due to coadaptation

How hosts are affected by differences in symbiont strains is beginning to be defined in a
number of different symbioses. Within plant — Rhizobium mutualism it has been defined that
host genotype x symbiont genotype differences occur in symbiotic success (59). Furthermore,
numerous studies are revealing that microbial communities impact animal host health, although
the contributions of individual microbial species or strains have not been established
conclusively (60).

Previous work using the X. bovienii — Steinernema associations demonstrated that the
bacterial strain identity can affect symbiotic success (44). Supporting this, we observed
differences in several fithess parameters, including the number of progeny produced and the
health of the progeny (Chapter 3). These differences also correlated with the bacterial and
nematode phylogenetic framework, suggesting that fitness benefit differences may reflect co-
adaptation between hosts and symbionts. As symbiont-dependent differences in host health is
has been shown in various systems, it seems likely that fitness benefit differences based on co-
adaptation between hosts and symbionts occurs in a broad array of symbioses. However, the
generalizability of this principle to other mutualisms awaits further analyses. This finding also
raises further questions about how broad host-range symbioses are maintained over
evolutionary time in order for co-adaptation to occur. There are several different mechanisms
that could occur to facilitate partner maintenance, such as partner selection and partner fidelity

feedback. These ideas are addressed in the next section.
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Variation in bacterial symbiont strains impacts symbiotic maintenance

How broad host-range symbioses are maintained in the environment and over
evolutionary time scales is a long debated question, as partner switching may occur. The
potential for host switching is due to the symbiont species having the ability to associate with
several different hosts. Several theories have been proposed to explain how broad host-range
symbioses may occur, but there has been little experimental evidence to support any theory.

One theory for mutualism stability is partner selection (PS), where the host is able to
select its particular symbiont isolate out of a pool of potential partners, including bacterial strains
of the same species (61). The host would be able to select its native symbiont so that hybrid
pairs (i.e. the host with a non-native symbiont) did not occur. Selection of symbionts has been
shown in of some symbioses, such as the squid-Vibrio system, where native symbiont strains
are better able to colonize the host (62, 63). However, colonization by non-native symbionts can
occur, and it is unclear if there are selective pressures in place to favor the native combinations
and remove such hybrid colonization.

Another theory to explain how native pairs are favored over hybrid pairs is the theory of
partner fidelity feedback (PFF) (64). PFF states that the benefits of particular symbiont pairs will
allow them to outcompete less ideal pairs through natural selection, therefore feeding-back to
stabilize the symbiosis. This theory was originally developed to explain how cheating (i.e. one
partner does not provide the symbiotic benefits but still receives them) may be removed from
symbioses, but we can extend this theory to explain how native symbiont pairs may be favored
over non-native pairs. When host switching occurs, the hosts that associate with the native
symbiont receive more benefits and reproduce better than those hosts that associate with non-
native pairs. Therefore, the native pairs are able to outcompete the non-native pairs for

resources, and the non-native pairs are removed through natural selection.
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Using the model association between X. bovienii strains and Steinernema nematode

hosts, | obtained experimental evidence to support the theory of PFF (Chapter 3). |
demonstrated that native pairs of nematode hosts and symbionts received more benefits than
non-native pairs. Additionally, the relative symbiotic success of the pairs was correlated to the
phylogenetic framework, suggesting that coevolution and co-adaptation between the nematodes
and bacterial strains had occurred. Furthermore, all of the bacterial strains that were able to
engage in symbiosis could colonize the nematode host, and in the life cycle opportunities for
host switching occur. Together these data support that while host switching is possible,
particular nematode — bacterial pairs are maintained over an evolutionary timescale, which may
be due to the increased benefits of native pairs over non-native pairs. Further studies would be
necessary to if PS and PFF mechanisms work in concert or occur only separately to maintain

symbiotic pairs.

Competition between hosts can be affected by bacterial symbionts

As resources in the environment are limiting, competition is an important driver of the
ecology and evolution of organisms. Bacterial symbionts likely influence competition between
hosts, as host health is affected by their contributions. Additionally bacterial symbionts can
affect host competition through inhibition of a competitor’s bacterial symbiont (65). | identified an
additional role for bacterial symbionts: conferring a competitive advantage to the host by
inhibiting a competing organism through an infection-mediated process (Chapter 5).

In competition experiments, | demonstrated that the bacterial symbiont of S. affine is
both necessary and sufficient to enable S. affine to outcompete S. feltiae (Chapter 5). | also
show that this competitive advantage likely is due to the bacterial symbiont inhibiting the
competing nematode host, and that the bacterium is able to kill the competitor through infection.

Data from this study and others suggests that this may be a conserved mechanism for
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competition between clade | and clade Ill Steinernema nematodes (24, 44, 66). However, the

outcome of competition differs when different nematode isolates and species are used,
suggesting potential variation in mechanism or susceptibility. Assessing the differences in
general mechanism among these partner pairs (e.g. survival assays and microscopy of different
combinations) would determine if mechanism and/or susceptibility differ. Such information would
be useful to determine not only the general applicability of mechanisms discovered but also to
assess if study of multiple isolates would uncover novel mechanisms and interactions.

While the yet-to-be-determined molecular mechanisms underlying the competition are
likely specific to Xenorhabdus — Steinernema associations, my findings have revealed an
unexpected way in which bacterial symbionts can contribute to competitive outcomes, and this
phenomenon is likely at play in any environment where competition is occurring. This symbiont-
mediated killing of competitors could occur within other symbioses where the symbiont can be
externally localized with respect to its host and come into contact with potential competitors,
such as in the association between Helicobacter spp. bacteria and the human-parasitic liver
fluke Opisthorchis viverrini (67, 68). Alternately, symbiont-mediated killing could occur in other
contexts, such as when internal bacterial symbionts of host encounter an internal parasite of

their host (e.g. intestinal microbiota and intestinal parasites).

FUTURE DIRECTIONS

As summarized above, investigating the X. bovienii — Steinernema spp. symbiosis has
helped answer questions surrounding broad-host range symbiotic associations. However,
further studies are necessary to fully elucidate the mechanisms underlying the observed partner
fidelity feedback, colonization processes, and partner contributions to symbiosis. Additionally,
this system is now poised to tackle additional remaining questions pertaining to broad host-

range symbiosis. These applications are detailed below.
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The relative contributions of PFF and PS

In chapter 3, specificity testing suggested that PFF plays a role in stability of mutualistic
associations over evolutionary time. Studies within the squid — Vibrio system suggest that PS
between host species and bacterial strains can also facilitate symbiosis stability (62, 63). It
seems likely that both mechanisms could function within the same system to contribute to
stability of individual partner pairs, though the potential relative contributions of each
phenomenon are unclear. The association between X. bovienii bacteria and Steinernema
nematodes would be ideal to address these questions as many generations of nematodes and
symbionts can be grown in competitive conditions within the laboratory environment. Such a
study would first require assays to ensure that colonization differences exist with the system.
Native and non-native bacterial strains could be engineered with different selectable markers for
competitive colonization testing in nematode hosts. Populations of nematodes colonized by the
native and non-native strains could then be grown together to assess if the nematode
population was more frequently colonized by one strain. Ideally, competitive colonization
differences could be assessed between strains with PS differences only, PFF differences only,
and both PS and PFF differences. Comparisons between these conditions would provide
information as to how these selective pressures may contribute to stability of partner pairs

separately or in combination.

Use of X. bovienii strains for the discovery of novel bioactive compounds

Comparative genomic analyses of the X. bovienii strains in Chapter 4 demonstrated that
the bacterial strains show potential for the discovery of bioactive compounds. Some of these
gene classes have a clear application purpose, such as the toxins that could be used for insect
pest control. However, others, such as clusters encoding small molecule biosynthetic

machinery, will require further functional analysis to determine their activity and potential
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application. It is likely that many of these clusters will be antibiotics, toxins or other useful

compounds, such as immunosuppressents (69). Future studies could functionally characterize

the variety of compounds and determine their potential applications.

Bacterial molecular mechanisms of non-native host Killing

In chapter 5, survival and microscopy studies support that the X. bovienii bacterial
symbiont of S. affine kills S. feltiae nematodes through an infection-mediated process. This
killing likely involves the nematode intestine in some way. Although we know the response of
the nematode to this killing process, the molecular mechanisms of pathogenesis are unknown.
Elucidation of these mechanisms has potential applications in biotechnology through the
development of nematicidal compounds for the control of agricultural nematode pests and
human pathogenic nematodes. Further work will be necessary to determine which bacterial
genes contribute to pathogenesis as well as functional studies to assess if the discovered

compounds may have useful applications.

Other unanswered questions

In addition to these specific follow-up lines of inquiry, the X. bovienii bacterial strain —
Steinernema spp. model has much potential for the study of other unexplored areas surrounding
broad host-range symbiosis including elucidating the diversity, specificity, and evolution of
colonization determinants, the coevolution of host and symbiont genomes compared with

specialized symbioses, the mechanisms of co-speciation, and the frequency of host switching.
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CONCLUSIONS

The association between X. bovienii bacteria and Steinernema nematodes has been well
developed into a useful model system for understanding broad host-range symbioses. Already,
the system has revealed new general principles, provided support to previously identified
principles, and demonstrated experimental support for a suggested theory. If further developed,
the model system has the potential to greatly advance our knowledge of broad host-range

symbioses and their impact on the ecology and evolution of organisms.
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APPENDIX 1

Identification of bacterial colonization in nematodes using florescent microscopy

This appendix has been published as:

Murfin KE, Chaston J, and Goodrich-Blair, H. “Visualizing bacteria in nematodes using
fluorescence microscopy.” J Vis Exp. 2012 Oct 19;(68). doi: 10.3791/4298.
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SHORT ABSTRACT

To study the mutualism between Xenorhabdus bacteria and Steinernema nematodes, methods
were developed to monitor bacterial presence and location within nematodes. The experimental
approach, which can be applied to other systems, entails engineering bacteria to express the
green fluorescent protein and visualizing, using fluorescence microscopy bacteria within the

transparent nematode.

LONG ABSTRACT

Symbioses, the living together of two or more organisms, are widespread throughout the all
kingdoms of life. As two of the most ubiquitous organisms on earth, nematodes and bacteria
form a wide array of symbiotic associations that range from beneficial to pathogenic or parasitic
(1-3). One such association is the mutually beneficial relationship between Xenorhabdus
bacteria and Steinernema nematodes, which has emerged as a model system of symbiosis (4).
Steinernema nematodes are entomopathogenic, utilizing their bacterial symbiont to kill insects
(5). For transmission between insect hosts, the bacteria colonize the intestine of the nematode's
infective juvenile stage (6). Recently, several other nematode species have been shown to
utilize bacteria to kill insects (7-11) and investigations have turned toward examining the
interactions between the nematodes and bacteria in these systems (11).

We describe a method for visualization of a bacterial symbiont within or on a nematode host,
taking advantage of the optical transparency of nematodes when viewed by microscopy. The
bacteria are engineered to express a fluorescent protein, allowing their visualization by
fluorescence microscopy. A variety of plasmids are available that carry genes encoding proteins
that fluoresce at different wavelengths (e.g. green or red). Conjugation of such plasmids from a
donor Escherichia coli strain into the recipient bacterial symbiont is successful for a broad range

of recipient bacteria. The gene encoding the fluorescent protein can be expressed from a self-
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replicating plasmid, or more stably by integration into the chromosome. The methods

described were developed to investigate the association between Steinernema carpocapsae
nematodes and Xenorhabdus nematophila bacteria (12). Similar methods have been used to
investigate other nematode-bacterium associations (11, 13-16) and the approach therefore is
generally applicable.

The method allows characterization of bacterial presence and localization within nematodes at
different stages of development, providing insights into the nature of the association and the
process of colonization (12, 15, 17). Microscopic analysis reveals both colonization frequency
within a population (i.e. are individuals colonized or not) and distribution of colonizing bacteria to
specific host tissues (12, 15, 17-19). This is an advantage over other methods of monitoring
bacteria within nematode populations, such as sonication (20) or grinding (21), which can
provide information about average levels of colonization, but may not, for example, discriminate
populations with a high frequency of low colonization from populations with a low frequency of
high colonization. Discriminating the frequency and load of colonizing bacteria can be especially
important when screening or characterizing bacterial mutants for negative colonization
phenotypes. Indeed, fluorescence microscopy has been used in high throughput screening of
bacterial mutants for defects in colonization (13, 16), and is less laborious than previously used

methods including sonication (20) and individual nematode dissection (22).
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PROTOCOL TEXT

1) Construction of a fluorescent bacterial strain via conjugation

1.1)  Grow the recipient strain (symbiont to be screened) and the donor strain overnight. The
donor strain, usually Escherichia coli should be capable of donating DNA through conjugation
and should be transformed with a plasmid (Table A1.2) that carries a gene encoding a
fluorescent protein. Depending on the plasmid, a helper strain may also be required. If so, this
strain should also be grown overnight. The donor strain and helper strain should be grown with

antibiotics to select for maintenance of the plasmid.

1.2)  Subculture the donor, helper, and recipient strains into nutrient rich growth media lacking

antibiotics in a 1:100 dilution.

1.3)  Grow the cultures at the temperature appropriate for each strain until they reach mid-log
stage growth (ODg0~0.6). For Xenorhabdus and E. coli this stage of growth is reached
approximately 3 to 4 hours after subculturing. This may vary on the strain, or in some cases the

plasmid used

1.4) Mix the strains in a microcentrifuge tube and centrifuge for 2min at 17,900 X g (13000
rpm in most microfuges). The proportion of donor and recipient that yields best results will vary
for different combinations, and may have to be empirically determined. For a Xenorhabdus
recipient and E. coli donor, we use a 3:1 or 1:1 ratio. If a helper strain is needed (e.g. E. coli), it

should be added in the same ratio as the donor.

1.5) Decant the supernatant.
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1.6) Re-suspend the cell pellet in 30 yl of fresh media.

1.7)  Spot the suspension onto a nutrient rich media plate without any antibiotics, and allow

the spot to dry.

1.8) Incubate the plate, inverted, overnight at a temperature optimal for the recipient
bacterium and permissible for the donor (and helper, if applicable). The plate should be

incubated at lease 18 hr.

1.9) Scrape up the spot and streak for single colonies on a selective antibiotic plate. The
antibiotics should select against the donor and for the recipient containing the plasmid. One or

two additional isolation streaks may be necessary to isolate a pure culture.

1.10) Ensure the resulting colonies are the recipient symbiont, and not the donor strain, by
screening for the presence of recipient specific phenotypes, such as colony morphology, or
polymerase chain reaction detection of recipient-specific genes. Screen the colonies for
presence of the plasmid by polymerase chain reaction of a known plasmid sequence and
fluorescence. The colonies should fluoresce under the correct wavelength corresponding to the

fluorescent protein.

2) Production of axenic nematode eggs

2.1) Grow 5 mL the natural bacterial symbiont overnight.
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2.2) Spread 600 ul of the bacterial culture onto 10 mm Lipid Agar plates (23). 8 to 10 plates

will yield enough nematodes for most species.

2.3) Incubate in the dark without moisture at 25°C for two days.

2.4) Add 5,000 infective juvenile nematodes, or other stages depending on the nematode being

used, in 500 ul to the bacterial lawns. Incubate the plates at 25°C for 3 days.

2.5) Check your plates for the presence of adult nematodes and eggs. The adult nematodes will
be large and easily visible to your eyes. Place 20 ul of water onto a microscope slide. Using a
sterile stick scrape-up a small amount of nematodes from the bacterial lawn. Place the stick into
the water and allow the nematodes to swim off. Look at your slide under low magnification. For

more information on appearance se the discussion and Figure A1.2.

2.6) If eggs and females are visible, continue; otherwise, continue to incubate the plates at 25°C
and check for proper development every 6-12 hours. When females contain eggs, place a few
ml of water on the surface of the plates. Gently swirl the plates a pour the water into a 50 mi
conical tube. Nematodes should come off of the plates and no longer be visible on the plate

surface. Several rinses may be necessary to harvest all the nematodes.

2.7) Allow the nematodes to settle to the bottom of the tube.

2.8) Rinse nematodes. Pipette off the excess water from the top of the tube. Refill with clean

water and allow adult nematodes to settle. Pipette off the excess water.
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2.9) Fill the conical tubes with egg solution. Once egg solution is added the timing of all

steps with egg solution must proceed exactly as described for maximum egg yield. Incubate the
tubes while gently shaking for exactly 10 minutes. Most nematodes should be dissolved by the

end of the incubation.

2.10) Immediately centrifuge the conical tubes at 1250 X g for exactly 10 minutes (this includes

bringing the centrifuge up to speed but not to 0 x g. Use the brake.

2.11) Immediately decant the supernatant.

2.12) Immediately re-suspend the pellet with egg solution by pipetting.

2.13) Immediately fill conical tube with egg solution and mix well by inverting 3-5 times. Then

immediately spin as in 2.10.

2.14) Immediately decant the supernatant.

2.15) Re-suspend the pellet in Luria Broth (LB) by pipetting, transfer to a 15ml conical tube for

improved pelleting during wash steps. Other buffers may be used depending on the nematode

and bacterium. The buffer must not harm either the nematode or bacterium.

2.16) Fill the tube with LB and spin as in 2.10.

2.17) Decant the supernatant, and re-suspend in LB.
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2.18) Rinse the nematodes a total of 3 times by repeating 2.14 and 2.15.

2.19) Dilute the re-suspended nematode eggs to an appropriate volume. There should be at
least 10 eggs per microliter. Eggs can be stored in a 6-cm petri dish in 5 mLs LB for at least four
days by adding antibiotics that inhibit colonizing bacteria and wrapping the plate in parafiim. The
media will need to be washed once in 15 mL LB (as in 2.13 and 2.14). Note that eggs will hatch
during this time and may not be synchronized developmentally when used in colonization

assays.

3) Co-cultivation assay with fluorescent bacteria

3.1) Grow fluorescent bacteria overnight, selecting for the plasmid if necessary.

3.2) Spread 600 pl of the bacterial culture onto 10 mm Lipid Agar plates with a sterile stick.

Incubate at 25°C for two days.

3.3) Place 500-5000 axenic nematode eggs in a total of 100 to 400 pl (optimally 2,000

nematodes in 200 ul) onto each lipid agar plate.

3.4) Incubate in the dark without moisture at room temperature until IJs, or other stages of
interest, form. I1Js will be visible as a fuzzy white ring on the edge of the plate. To look at other

life stages, see Protocol 4.

3.5) Place the plates in a modified White trap: Remove the lid of the lipid agar plate and place

the bottom into the bottom of an empty 100 mm x 20 mm Petri dish. Fill the large Petri dish with
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water, or other buffer appropriate to your nematode, to surround the small plate. The water

level should be approximately half the height of the small plate.

3.6) Incubate the water trap until progeny IJs have emerged into the buffer.

3.7) Infective juvenile nematodes can be stored in water in a tissue culture flask.

4) Collection of early life stages for screening

4.1) Use steps 3.1 through 3.4 to set up the assay.

4.2) Incubate the plates until the desired life stages are present. Daily visual inspection may be
necessary to determine timing. To inspect the plates, use the procedure described in Protocol

2.5. For S. carpocapsae eggs grown with X. nematophila on LA plates, gravid femailes will be
present in 4-5 days, juveniles will be present in 7 days, and infective juveniles will start to be

produces by 15-17 days.

4.3) When the desired life stages are present, collect your sample. Fill a well of a 96 well plate
with 200 ul of PBS or other appropriate buffer. Gently scrape off some of the bacterial lawn
containing nematodes. A pea-sized amount (~50 ug) will provide at least several hundred
nematodes once F1 progeny are produced, but more may be necessary for earlier time points. .

Place the stick into the well containing buffer.



220
4.4) Incubate for 30 seconds to a minute. Remove the stick and scrape off the remaining

residue. Use the stick to remove any agar from the well. The nematodes should be visible within

the buffer. Move the buffer mixture to a clean microfuge tube.

4.5) Treat the nematodes with levamisole or other paralyzing agent. Dissolve a few grains of
levamisole into 30 ul of water. Add 1-2 pl of this mix for each 50 ul of sample. After levamisole

treatment the nematodes will be non-viable..

4.6) If samples will be viewed at a later date, fix as described in this step. If not, skip step 4.6.
Add 200 pl of fixative solution containing 1X buffer and 4% paraformaldehyde. Mix gently,
pipetting may cause delicate life stages to lyse. Cover with foil, and incubate at room

temperature on a shaker on low for at least 18 hours.

4.7) Place the tubes in a tube rack, and allow the nematodes to settle to the bottom of the tube.

4.8) Rinse nematodes to remove background. Pipette off excess liquid and add 200 — 500 pl of

buffer and gently mix. Repeat. This may be repeated a few times to remove more background if

desired.

4.9) Allow the nematodes to settle to the bottom of the tube and re-suspend in the desired

volume.

4.10) If the nematodes are not fixed, screen immediately. Fixed nematodes may be stored in the

refrigerator for up to two weeks. Store in the dark.
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5) Screening nematodes for bacterial association by microscopy

5.1) Select some nematodes to view under the microscope by removing a small sample of your

mixture.

5.2) To ensure that the nematodes are still for the picture, treat with a paralytic agent as
described in Protocol 4.5. If you are not taking a picture or the nematodes are already fixed, this

step may be skipped.

5.3) Add 20-30 pl of nematodes in water to your microscope slide and place a coverslip on top.

5.4) View whole nematodes using light microscopy to ensure nematodes are in the field of view.

5.5) View nematodes using the fluorescent setting on the microscope that corresponds to the

fluorescence expressed by the bacteria.

5.6) To identify bacterial localization, take photos of the nematode under fluorescent setting and
a light microscopy setting, and then superimpose the images. The photos need to be of the
same field of view. It may be necessary to try several magnifications and views of the nematode

to find the bacteria.

5.7) The distribution of nematode colonization can be quantified by counting a population of
nematodes, scoring for the presence or absence of bacteria, and calculating the percent
colonized. We recommend counting until at least 30 nematodes within the population are

counted in each category (with or without colonization) to obtain a reliable value.
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5.8) When only a few nematodes in the population are colonized, it may be necessary to count
several thousand nematodes before 30 are observed. For high-throughput counting use the

following steps.

5.9) Instead of counting nematodes individually, aliquot the poplation into multi-well plate (e.g. a
24-well plate). After the nematodes have settled to the bottom of the dish, each well can be

scanned on the microscope and the number of colonized nematodes can be scored.

5.10) The total number of nematodes in a population can be identified by serial dilutions of
nematodes in the well. For example, 1 mL of nematodes can be added to a well, mixed by
stirring with a pipet tip, and 3 ul can be removed and counted for quantification of the total

population in the well.

5.11) The percentage of colonized nematodes can be obtained by dividing the number

colonized by the total number of nematodes in the well.
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REPRESENTATIVE RESULTS

Example microscope images of Steinernema nematodes associated with Xenorhabdus bacteria
are shown in Figure A1.3. To create the composite image seen in Figure A1.3 A, a phase
contrast image was overlaid with a fluorescent image. The arrow in Figure A1.3 A indicates the
bacteria present within the infective juvenile nematode (bar = 100 um). Figure A1.3 B was
constructed in a similar manner and depicts a juvenile nematode with green fluorescent protein
labeled bacter (green rods) localized throughout the nematode intestinal lumen (bar = 20 ulm).
A population of the nematodes from two media conditions were counted and scored for
colonization by the bacterial symbiont (Table A1.1). For robust statistics, it is best to count at
least 100 nematodes per sample with at least 30 falling in each category. As seen in Table
A1.1, these nematodes are colonized at a level of approximately 14.6% when grown on lipid
agar and 68.6% when grown on liver kidney agar. Other nematode and bacterial species have
been shown to have different levels of colonization. For example, X. nematophila colonizes 99%
of S. carpocapsae infective juveniles (Martens 2003), and P. luminescens colonizes 26% of H.

bacteriophora infective juveniles (Ciche 2003).
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Figure A1.1 Schematic outline of the experiment. A. The bacterium is first labeled with the

fluorescent protein. B. Nematode eggs are then isolated from adult nematodes to produce
sterile nematodes. C. The sterile nematodes are combined with the fluorescent bacteria in a

colonization assay. D. The resulting life stages are viewed under a microscope to evaluate

bacterial presence within the nematode.
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A Anterior

Figure A1.2 Depiction of adlt females containing eggs. A. the schematic shown the
general appearance of Steinernema females. Inset: DIC image of a S. feltiae gravid female. The
back arrow indicated the vulva. White arrows show visible eggs. Image is at 20x magnification,
and the scale bar represents 100 um. B. DIC image of developed but unhatched S. feltiae
nematode egg. Image is 40X magnification, and the scale bar represents 50 um. C. DIC image

of eggs isolated from S. feltiae nematodes under 10X magnification. Scale bar is 100 pm.
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Figure A1.3 Example microscope images of nematode-bacterial association. A. S.

puntauvense nematodes were associated with their bacterial symbiont, X. bovienii, expressing
GFP. The image is a composite image produced by overlaying a phase contrast image with a
fluorescent image from the same field of view. The arrow indicates the fluorescent bacterial
symbiont within the nematode host. Scale bar represents 100 um. B. This image was

constructed through overlaying a fluorescent image over a DIC image. The scale bar represent

20 pm.
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Strain Number of Total Nematodes Percent of
Nematodes With Counted Nematodes
Bacteria Colonized

S. puntauvense Lipid 30 205 14.6%

Agar

S. puntauvense Liver 72 105 68.6%

Kidney Agar

Table A1.1 Example scoring of a nematode population for bacterial presence. In this

experiment, axenic S. puntauvense nematodes were grown with their GFP-expressing symbiont

on different growth media (lipid agar and liver kidney agar) to test for colonization defects. A

total of at least one hundred nematodes per sample were counted and scored for the presence

of bacteria. For statistical power, three experimental replicates should be counted with at lease

30 nematodes falling in each category.
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Fluorophore ‘é:‘i:?:: Insertion Site Special Instructions Source
green fluorescent Kanamycin Tn7 site, upstream Requires helper piasmid 13
protein of gimS
green fluorescent . |[Chromosomal Specific to X. nematophila
rotein Chloramphenicol |,-cqion |(nucleotide 825459-824847)| '3
o - Uoreacent Gentamycin N7 6, UpSTean Requires helper plasmid 31
protein of gimS iy
IpTutboRFP—B TurboRFP Ampicillin gﬁ'gf’:;‘;‘;:os:ma" SXOR ey nokraprose B | g
green fluorescent . Extrachromosomal, |Origin may not replicate in
IpPROBE-GT protelnﬂ Gentamycin pVS1/p15a replicons|all bacteria 32
green fluorescent . xtrachromosomal, |Origin may not replicate in
IpPROBE'KT protelnﬂ Kanamycin VS 1/p15a replicons|all bacteria 32
| green fluorescent . rachromosomal, |Origin may not replicate in
IpPROBE NT pnoteinn Kanamycin VS1/p15a replicons|all bacteria 32
green fluorescent o chromosomal, [Origin may not replicate in
IpPROBE-AT proteinﬂ Ampicilin VS1/p15a replicons|all bacteria 32
green fluorescent & rachromosomal, |[Origin may not replicate in
IpPROBE-TT protein Tetricycine VS 1/p15a replicons|all bacteria 32
IpPROBE .oT |9reen Tluorescent Streptomycin rachromosomal, |Origin may not replicate in 32

protein

VS1/p15a replicons

|all bacteria

Table A1.2 Fluorescent protein containing plasmids. A list of potential plasmids for insertion

of a fluorescent protein into the bacterial symbiont is given listed by the name of the plasmid.

Other information included are the fluorescent protein encoded, antibiotic cassette used for

plasmid maintenance, other instructions for use, the source of the plasmid. The concentration

noted in parentheses is the concentration of the antibiotic used for X. nematophila. Each of

these plasmids has been used successfully in either Xenorhabdus or Photorhabdus. Additional

information can be obtained from the toted citations. Depending on the bacterium being tested,

som plasmids may not work based oupon the fluorescent protein, antibiotic selection, insertion

site, or origin of replication. The plasmids listed above contain different features that may enable

use in the bacterium of interest. For example, mini-Tn7-KSGFP inserts into the attTN7 site of

the chromosome, while pECM20 inserts into the X. nematophila chromosome by homologous

recombination. Alternatively, the pPROBE plasmids are maintained extrachromosomally, and

each pPROBE plasmid has the same backbone and fluorophore but have different selectable

markers or origins of replication to enable their use in a variety of taxonomic or mutant

backgrounds.
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CONCLUSIONS

The protocol described here provides a method for the optical detection of bacteria within a
nematode host (Figure A1.1). This method takes advantage of the optical transparency of
nematodes and the ability to fluorescently label bacteria. By putting these together we are able
to view the presence of the bacteria within the nematode host (Figure A1.3). Specifically, this
approach identifies the site of bacterial localization within its host. By then counting a population
of nematodes and scoring for the presence of bacteria, the distribution of the bacteria within the
nematode population can be determined (Table A1.1). This method is one of the many potential
techniques that can be utilized for studying the interactions between nematode hosts and
bacterial symbionts. Related methods have been described previously to isolate the bacterial

symbiont, grow nematodes axenically, and manipulate both partners.

This method was developed in the Xenorhabdus nematophila-Steinernema carpocapsae model
system (12) and similar approaches have been used in other entomopathogenic nematode-
bacterial associations (11, 13, 14, 16). Several conditions must be met in order to apply this
method to other nematode-bacterial systems. First, the bacterial symbiont must be able to be
isolated from the host and grown independently in culture. Second, the symbiont must be able
to take up DNA through transformation or conjugation in order to introduce the fluorescent
protein. Third, for the best results, the nematode must have a stage that can be made axenic
and reintroduced to bacteria. However, even if the nematode cannot be isolated from the
bacteria it might still be possible to visualize the association: instead of adding axenic eggs to
the lawn of fluorescent bacteria, add a conventionally raised life stage and proceed with the
protocol as described. Any results will suffer from the caveat that bacteria that do not express
GFP will compete with GFP-expressing bacteria for localization to specific nematode tissues,

and because of this, colonization should not be measured by microscopic counting. However,
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unless the bacteria that do not express GFP drastically outcompete GFP-expressing

bacteria, GFP-expressing bacteria should localize to nematode tissues in at least some animals
in the population and suggest important tissue sites for bacterial colonization. A long-standing
caveat of using fluorescent-protein expressing strains is that they may colonize a host with

different efficiency than a strain that does not express fluorescent proteins (e.g. (12))

Steps described in this protocol may require optimization depending on the nematode and
bacterial species that are being used. For conjugation of the bacterium some conditions that can
be altered are the length and temperature of growth, the ratio of donor to recipient, and plasmid
used. Examples of relevant plasmids are listed in Table A1.2. All of these plasmids have been
successfully used in either Xenorhabdus or Photorhabdus bacteria in association with their
nematode host(24-26). To ensure stable maintenance of the fluorescent protein during
nematode colonization it is best to use a plasmid that will insert into the chromosome of the
target bacterium. Further, some bacteria may not take up these plasmids. For example,
pECM20 has only been used in X. nemtaophila and very closely related bacterial strains 14
because this plasmid inserts into the chromosome using a homologous region between the
plasmid and chromosome; the plasmid will not insert if the target bacterium lacks this region. To
use this plasmid for other bacteria, the X. nematophila-specific region must be substituted with a
genomic region from the target bacterium. Some plasmid-transformation schemes will also
require certain alterations from Protocol 1. For example, mini-Tn7-KSGFP and pBK-miniTn7-
QGm-DsRed require a helper plasmid containing transposition genes (tsnABCDE)(24-26) to
insert into the bacterial chromosome. Conjugation is most efficient with these Tn7-based
plasmids, when 2-hour cultures (~OD6000.3-0.4) are mixed in equal ratios.

After successful conjugation it is important to utilize correct selective plates corresponding to the

plasmid used. The selective plates should contain the antibiotic encoded on the plasmid to
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select for the presence of the plasmid in the recipient and a counter-selection against the

donor and helper strains. For example, when conjugating pECM20 in X. nematophila the
counter-selection used is ampicillin because X. nematophila is ampicillin resistant and the donor
strain is ampicillin sensitive. If antibiotic counter-selection is unavailable in your system, a
diaminopimelic acid(DAP) requiring donor may be used. To grow DAP-requiring strains, DAP is
added to solid and liquid growth media during pre-conjugation and conjugation steps, and
omitted during counter-selection stages. When DAP is absent the donor strain will not grow and
is effectively counterselected. To ensure successful egg isolation it is essential to accurately
check for egg production (Figure A1.2). At the time of isolation, female nematodes should be full
of eggs and some eggs should be visible in the media (Figure A1.2 A). If female nematodes are
producing fertilized eggs at least some supernatant eggs will have visibly developed as
unhatched nematodes (Figure A1.2 B). For S. carpocapsae, the eggs will change from spherical
to slightly oblong prior to developing nematodes and hatching. The timing or conditions of
nematode growth may also need to be altered to maximize fertilized egg yield, including
shortening or lengthening the period of time before egg harvesting, or using alternate media
appropriate to the specific nematode species. At the end of the isolation, eggs should be easily
visible within the buffer (Figure A1.2 C). Parameters in the egg isolation protocol that may
require optimization include bleach and KOH concentrations in the egg solution, incubation time
in egg solution, or centrifugation speed. If the egg isolation produces eggs but no nematodes
develop during the co-cultivation, it is possible that the isolated eggs are non-viable. To check
for viability, leave the isolated eggs in buffer and wait for nematodes to hatch. The eggs should
hatch within one or two days of isolation and then the juvenile nematodes can be used in the co-
cultivation assay. If the eggs hatch but do not develop during the co-cultivation assay, it may be
necessary to change the growth conditions or medium used for co-cultivation. We note that

previous studies have isolated bacteria-free nematodes by soaking the nematodes in an
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3") The approach we describe here is free of some of the caveats of

antibiotic cocktail (e.g.
antibiotic soaking, including complications with using bacteriostatic antibiotics, antibiotic-
resistant contaminating bacteria, and antibiotic effects on the nematodes. Certain stages of
nematodes may also be resistant to antibiotics and retain their bacterial symbionts®. Finally, we
note that for microscopy, the concentration of levamisole necessary for nematode

immobilization may vary with different nematode clades.

Once this method has been established in the system of interest, it is possible to alter the
technique to derive more information. By looking at earlier time points in the nematode life cycle
(Protocol 4), one may be able to identify how the bacterium and nematode initiate their
association. In addition, this approach can be used to conduct a high throughput mutant screens
to identify bacterial factors involved in the symbiosis, using fluorescence to detect colonization.
Other methods such as signature tagged mutagenesis require the use of radioactively labeled
probes and are more time consuming. Therefore, the use of fluorescence microscopy for
bacterial symbiont visualization in nematodes is an effective and efficient screening tool for

investigating bacterial interactions with a nematode host.
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APPENDIX 2

Phenotypic variation and host interactions of Xenorhabdus bovienii SS-2004, the

entomopathogenic symbiont of Steinernema jollieti nematodes

This work has been published as:

Sugar DR, Murfin KE, Chaston JM, Andersen AW, Richards GR, Deléon L, Baum JA, Clinton
WP, Forst S, Goldman BS, Krasomil-Osterfeld KC, Slater S, Stock SP, and Goodrich-Blair H.
2011. “Phenotypic variation and host interactions of Xenorhabdus bovienii SS-2004, the
entomopathogenic symbiont of Steinernema jollieti nematodes.” Environ Microbiol. 2012
Apr;14(4):924-39. doi: 10.1111/j.1462-2920.2011.02663.x
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ABSTRACT

Xenorhabdus bovienii (SS-2004) bacteria reside in the intestine of the infective-juvenile (1J)
stage of the entomopathogenic nematode, Steinernema jollieti. The recent sequencing of the X.
bovienii genome facilitates its use as a model to understand host-symbiont interactions. To
provide a biological foundation for such studies, we characterized X. bovienii in vitro and host-
interaction phenotypes. Within the nematode host X. bovienii was contained within a membrane
bound envelope that also enclosed the nematode-derived intravesicular structure. S. jollieti
nematodes cultivated on mixed lawns of X. bovienii expressing green or DsRed fluorescent
proteins were predominantly colonized by one or the other strain, suggesting the colonizing
population is founded by a few cells. X. bovienii exhibits phenotypic variation between orange-
pigmented primary form and cream-pigmented secondary form. Each form can colonize IJ
nematodes when cultured in vitro on agar. However, |Js did not develop or emerge from
Galleria mellonella insects infected with secondary form. Unlike primary-form infected insects
that were soft and flexible, secondary-form infected insects retained a rigid exoskeleton
structure. X. bovienii primary and secondary form isolates are virulent toward Manduca sexta
and several other insects. However, primary form stocks present attenuated virulence,

suggesting that X. bovienii, like X. nematophila may undergo virulence modulation.
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INTRODUCTION

Entomopathogenic nematodes in the genus Steinernema are mutualistically associated
with Gamma-proteobacteria in the genus Xenorhabdus. Together, Steinernema-Xenorhabdus
complexes infect, kKill, and reproduce in the larval stage of a wide range of insect hosts,
including those in the orders Lepidoptera, Diptera, and Coleoptera (1). The Steinernema
nematode harbors Xenorhabdus bacteria in a modified portion of the intestine, and the bacteria
are released by defecation when the nematode infects an insect and reaches the insect’s body
cavity (hemocoel) (2-4). After reproduction, nematode progeny become colonized by
Xenorhabdus bacteria and emerge from the cadaver to seek a new host.

Since Xenorhabdus spp. are mutualists (of nematodes) and pathogens (of insects) they
have become a model for studying both types of associations (5, 6) from cellular, molecular and
evolutionary perspectives. Furthermore, unlike many current model systems to study host-
microbe interactions, the mutualistic and pathogenic traits of Xenorhabdus bacteria are
conserved among all members of the genus, facilitating comparative insights into the biology
and evolution of these processes.

Twenty species of Xenorhabdus are currently recognized (7, 8) and the genomes of two,
X. nematophila (ATCC 19061: genome accession #NC_014228, plasmid accession
#NC_014170) and X. bovienii (SS-2004: accession #NC_013892), have been sequenced by our
group. X. nematophila is known to colonize three nematode species from two clades, while X.
bovienii strains appear to be more widely distributed, colonizing at least eight Steinernema spp.
from three clades (9-16). However, X. bovienii comprises multiple phylotypes (7, 10) each of
which may have a distinct host range. Indeed, variations have been observed in the ability of X.
bovienii strains to colonize the nematode S. feltiae (16). The Steinernema-Xenorhabdus

mutualistic association that has been most extensively studied at the molecular and cellular
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level is that between X. nematophila and S. carpocapsae (17). This study is focused on the

relationship between X. bovienii and the nematode Steinernema jollieti.

Generally, both Steinernema nematodes and Xenorhabdus bacteria contribute to
pathogenesis. The nematode produces a factor that can degrade inducible immune proteins
(18) but most Xenorhabdus bacteria are pathogenic if injected alone (without the nematode
host) directly into the hemocoel of a susceptible host (19). Xenorhabdus spp. are able to
suppress immunity and produce virulence factors, including toxins that contribute to rapid killing
of the insect host (reviewed in (5)).

Nematode reproduction is promoted in the insect by the presence of the bacterial
symbiont (20-23), with X. nematophila producing lipase and hemolysin activities necessary for
nematode reproduction (21) and virulence in the insect (24, 25), respectively. In addition,
Xenorhabdus promotes nematode development by protecting the insect cadaver from
scavengers and other microbes (26, 27) through the production of a wide array of antimicrobials
(28-31) including bacteriocins that inhibit invasion of the cadaver by non-specific symbionts (27,
32).

Steinernema and Xenorhabdus reproduce within the insect cadaver until nutrient
depletion and high nematode population density triggers development of the nematode into a
non-feeding stage known as the Infective Juvenile (1J) (33). The IJs become colonized by the
bacterial symbionts in the anterior intestinal lumen, a region known as the receptacle (4, 34). In
S. carpocapsae, the receptacle comprises the lumen between the two most anterior intestinal
cells, which are morphologically distinct from other intestinal cells (4, 35, 36). The X.
nematophila population in the S. carpocpasae receptacle is founded by 1-2 individual cells that
grow to fill the space (37), where they adhere to a cluster of spheres termed the intravesicular
structure (IVS) that is associated with a glycan-containing mucous material (35). Once formed,

IJ progeny emerge from the spent insect cadaver to search for new hosts to infect (38).
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All Xenorhabdus species reported to date undergo phenotypic variation

characterized by the switching between two cell types known as primary and secondary forms.
Although the phenotypic differences between primary and secondary forms can vary depending
on strain and species (19), typically the primary, but not secondary form cells are motile,
pigmented, agglutinate red blood cells and produce fimbriae, hemolysins, proteases,
antimicrobials, and crystalline inclusion bodies (39-42). Xenorhabdus bacteria isolated from
nematode hosts typically are in the primary form, but in laboratory culture conditions some cells
convert to the secondary form. Although again it varies depending on strain and species, some
secondary form isolates can revert to the primary form, while others appear to be stable (43).
Studies to date indicate the mechanism underlying phenotypic variation does not involve DNA
rearrangements (44) changes in plasmid content (45), or recombination-dependent mechanisms
(46). In X. nematophila the transcription factor Lrp is a positive regulator of primary form traits;
Irp mutants are phenotypically secondary form (47), suggesting phenotypic variation may be an
epigenetic phenomenon.

The sequenced strain of X. bovienii (SS-2004) (Chaston, Suen et al., in press) was
isolated from the nematode S. jollieti (48), but to date there is no published literature describing
this strain. A primary goal of our research is to identify molecular mechanisms underlying the X.
bovienii-S. jollieti association using the genome sequence as a resource. We anticipate that
comparing this system to the more extensively studied X. nematophila-S. carpocapsae
association and to other X. bovienii host associations will provide insights into the common and
diverse features of Steinernema-Xenorhabdus interactions with each other and with insect
hosts. Toward these goals, in this study we investigated general characteristics of X. bovienii

SS-2004 as well as its interactions with its S. jollieti nematode and insect hosts.
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Lab Strain Number

Description/Use

Reference/Source

Xenorhabdus strains
HGB800

HGB1053
HGB1054
HGB1055
HGB1269
HGB1267
HGB1268
HGB1245
HGB1263
HGB1281
HGB1285
HGB1282
HGB1283
HGB1286
HGB1287

Other bacterial strains
HGB1006
HGB005

HGB006
BW29427

HGB1262
HGB1266
HGB1284

Plasmids

pURR25

pUX-BF13
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E. coli DH5a test strain for antibiotic
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A(araBAD)567 AdapA1341::[erm pir (wt)]); Donor for
conjugations: StrepR
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BW29427+pBK-mini-Tn7(Gm)PA1/04/03-DsRed; Strep®, Gm"®
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B. subtilis 168 test strain for antibiotic
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This study
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This study

This study

This study
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J. Imlay

Bethesda Research
Laboratory
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K.A. Datsenko and B.L.
Wanner

D. Lies and D. Newman
This study
D. Lies and D. Newman

D. Lies and D. Newman
(78)
L. Lambertsen
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RESULTS AND DISCUSSION

To characterize X. bovienii (SS-2004) host-interaction phenotypes, in 2007 we isolated
individual bacterial colonies from the same S. jollieti nematode host lineage, and compared
them to X. bovienii stocks isolated from S. jollieti in 2000, at the time of sequencing. Both stocks
contained two colony morphologies, cream and orange, on LB agar (Figure A2.1). 16S rRNA
sequencing confirmed that all isolates were X. bovienii (data not shown). When isolated cream
and orange colonies were re-streaked, each gave rise to a mixed population of orange and
cream colonies. For both orange and cream colonies, the stability of the colony type increased
with increasing number of re-streaks. From each X. bovienii SS-2004 stock individual stable
orange and cream colonies were isolated and a variety of phenotypes were analyzed (Table
A2.2). Small colony variants were observed in the 2007, but not the 2001 orange isolate after
growth on LB medium (Figure A2.1). Both cell types had similar growth rates in LB broth,
defined medium, and hemolymph, and exhibited motility, antibiotic activity against Bacillus
subtilis, and hemolysis toward rabbit and horse red blood cells. Orange but not cream colony
isolates bound bromothymol blue dye, lysed sheep red blood cells, agglutinated horse red blood
cells, and produced antibiotic activities against Escherichia coli. Conversely, cream colony
isolates but not orange demonstrated lipase activity against Tween 20 substrate. Based on
these tests we concluded that orange colony isolates are the primary form while cream color
isolates are the secondary form (39, 49). Hereafter, isolates will be referred to by the stock from
which they were isolated (2000 or 2007) and their phenotypic form (orange, primary [1°]; cream,
secondary [2°]). The majority of stationary phase LB-grown primary and secondary cells were
rod shaped, but 1° form cultures contained a higher frequency than secondary of long rods

(Figure A2.1).
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Table A2.2 Phenotypes of X. bovienii $S-2004

. b L f Hem- Antibiotic
. Colony .U<.m Growth Rate (h/generation) o . ] o . . Hemolysin agglutination? Production”

Strain %z  binding Motility Lipase Lecithinase Protease - -

Color (NBTA)  Luria Broth Minimal Hemolvmph Sheep/Rabbit/ Sheep/Rabbit/ E. B.

una bro a emolymp Horse Horse coli  subtilis

momo- Orange  +  127+-009 57+-18  4.9+-06 + ; ; + ]+ s + +

2090 Cream - 1274-007 52+-11  44+-12 + + + +- A -1-I- - +

mo\_mw- Orange + 1.16 +/-0.10 6.4 +/-25 4.1+/-1.1 + - - + NT NT + +

2007 Cream ; 1244010 59+-03  42+-1.1 + + + +- NT NT . +

@Colony color was observed on LB plates after 24 h incubation at 30°C.
®Growth rate in LB, minimal medium, and hemolymph presented as the slope of log10-transformed OD values from exponential part
of growth curve.
°Size of colony (mm), 24 h after inoculation on swim plates (0.25% agar).
dPresence (+) or absence (-) of halo surrounding the bacterial colony, 3 days after inoculation on Tween 20-containing plates
®Presence (+) or absence (-) of halo surrounding the bacterial colony, 4 days after inoculation on egg yolk-containing plates
'Subjective evaluation of halo surrounding the bacterial colony, 3 days after inoculation on milk (protease) or blood (hemolysin)
containing plates. NT; Not tested
9Ability to keep red blood cells in suspension (+) or not (-). NT; Not tested
"Presence (+) or absence (-) of halo surrounding the bacterial colony, 3 days after inoculation of the indicated tester bacterium.
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2000-1° 2007-1°

2000-1°

Figure A2.1 Colony and cell morphology of X. bovienii primary and secondary variants.
When streaked on LB agar, X. bovienii primary form colonies produce an orange pigment,
causing both colonies and the surrounding agar to appear orange, while secondary form
colonies are cream colored (size bars: 2 mm). Cultures were grown overnight in LB broth, and
DIC microscopy revealed rod shaped cells, with primary form variant cultures containing a

higher frequency of elongated cells (insets) (size bars: 10 uM).
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Figure A2.2 A. S. carpocapsae (A-B) and S. jollieti (C-F) intestinal receptacle. A in situ
colonized S. carpocapsae receptacle; B. Extruded colonized S. carpocapsae receptacle; C. in
situ colonized S. jollieti receptacle; D. Extruded receptacle of S. jollieti showing colonized
vesicle with thick membrane; E. Extruded colonized vesicle of S. jollieti; F. Uncolonized vesicle
with thick membrane and IVS, extruded from an S. jollieti IJ cultured on liver-kidney agar in the
absence of bacteria. .References: Bb; basal bulb, EIJ: esophago-intestinal junction, R:
receptacle, V: vesicle, Xn: X. nematophila bacteria, Xb: X. bovienii bacteria, IVS: intra vesicular

structure. Scale bar for all images as in A: A-C= 20 ym; D-E=7 pym; F= 15 pm.
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X. bovienii (SS-2004) colonization of S. jollieti nematodes. X. bovienii (2000-1°) was

visualized within the S. jollieti colonization site in both in situ and extruded receptacles (Figure
A2.2). The S. jollieti colonization site shares several features in common with that of S.
carpocapsae. In both nematodes, the bacteria colonize the nematode’s intestinal receptacle
(Figure A2.2A-D). The receptacle of these two nematode species also possesses a cluster of
nematode-derived spheres, termed the intravesicular structure (IVS) (Fig 2F and data not
shown). However, the S. jollieti receptacle has a non-cellular, cellophane-like envelope or
membrane that is not apparent in S. carpocapsae. We refer to this novel structure as the
‘vesicle’, by definition “a small sac.” This vesicle is resistant to mechanical disruption and
contains X. bovienii bacterial cells as well as the IVS (Figure A2.2 D-F). Vesicle formation does
not depend on the presence of bacteria, since it is present in axenically cultured S. jollieti
nematodes (Figure A2.2F) as well as in S. feltiae nematodes that are phylogenetically closely
related to S. jollieti (13). However, both the receptacle and the vesicle can stretch to
accommodate the bacterial load (data not shown). At present there is no information about the
chemical composition, physical nature, or function of this vesicle. We speculate it may serve to
restrict bacterial growth, to facilitate timed release of bacteria into insect prey, or to protect
symbiont bacteria from stress within the receptacle or insect hemolymph.

X. bovienii SS-2004 primary and secondary form colonization of S. jollieti nematodes
was monitored in IJ progeny from nematodes cultivated on bacterial lawns (in vitro co-
cultivation). To assess colonization levels, we initially used a method developed for X.
nematophila, in which the average number of bacteria per IJ is calculated by sonicating and
dilution plating approximately ~10* surface sterilized 1Js. However, we found that this method
yielded a very low (~4-7) average CFU/IJ of X. bovienii from S. jollieti nematodes. Since
numerous bacteria within individual S. jollieti IJs were visible by microscopy (Figure A2.2) we

considered the possibility that the larger size of S. jollieti |Js relative to S. carpocapsae (36, 48),
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or the presence of the thick-walled vesicle, might reduce the efficiency of bacterial release

during sonication. Efficiency was improved by limiting the number of sonicated nematodes to
100. Using this revised method, we determined that primary and secondary X. bovienii SS-2004
isolates each colonized S. jollieti nematodes at similar levels to each other (2000-1°, 59.7 +
28.2; 2000-2°, 55.3 + 22.4 average CFU/IJXSEM, P>0.05, n=3), similar to the average X.
nematophila CFU/ S. carpocapsae nematode |J obtained using the sonication method (37). It
has been reported that X. bovienii strains do not colonize its nematode hosts at as high a level
as X. nematophila, as determined by crushing nematodes and plating the resulting suspension
(15, 16). Our data suggest that X. bovienii loads may be higher than estimated by this method.
To calculate the distribution of X. bovienii SS-2004 within S. jollieti populations
(colonization efficiency), X. bovienii SS-2004 form variants were engineered to express the
green fluorescent protein (GFP) (see Materials and Methods) (Figure A2.3). The average
CFU/IJ (determined by sonication and plating) achieved by the fluorescent strains (Figure A2.3)
was not significantly different from their parental strains (P>0.05). For each variant,
approximately 200 (2 sets of 100) nematodes per experiment were randomly selected and the
frequency of colonization (indicated by fluorescence within the colonization site) was
determined. Primary and secondary form cells were not significantly different (P=0.18, Student's
t-test) in their frequency of occurrence within nematodes: X. bovienii 2000-1°/GFP colonized
97.3 + 1.2%o0f nematodes and 2000-2°/GFP cells were visible in 71.5 £ 41.3% of nematodes
(Figure A2.3) and did not switch forms within the 1J (data not shown). Within the vesicle, the
bacteria are tightly packed together longitudinally (Figure A2.3). In contrast, in S. carpocapsae
nematodes, X. nematophila cells are more loosely packed within the receptacle and are not

bound by a vesicle (4).
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Figure A2.3 X. bovienii colonization frequency. X. bovienii primary (1°) or secondary (2°)
cells expressing green fluorescent protein (GFP) or DsRed protein (DsRed) were visualized
after (A) growth in liquid culture or (B and C) within nematode intestines using an
epifluorescence or confocal microscope respectively. In (B) confocal images overlay DIC
images. Size bars for A, B, and C represent 5 microns. (D) Nematodes were cultivated on lawns
of each bacterial strain, and the average CFU per infective juvenile (CFU/IJ) was calculated by
sonication and plating and (E) the percentage of colonized nematodes (% colonized
nematodes) were determined by microscopy. The experiment was conducted three independent
times. Standard error of the mean and range (in parentheses) are provided. (F) Mixed lawns of
X. bovienii expressing GFP or DsRed were cultivated with nematodes. Nematodes colonized by
GFP-expressing cells, DsRed-expressing cells, or both were apparent within the population.

Shown are confocal images of each type, with the size bar representing 5 microns.
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Since the IJ is a non-feeding stage, the events necessary for intestinal colonization

initiation must precede its development. Experimental evidence suggests that 1-2 X.
nematophila bacterial cells initiate colonization in S. carpocapsae then grow within the
receptacle after IJ formation (37, 50). To begin to assess the colonization process in the S.
Jollieti-X. bovienii mutualism we determined the monoclonal and bi-clonal colonization frequency
of IJs cultured on mixed lawns of 2000-1° X. bovienii expressing either GFP or DsRed
fluorescent protein. As in X. nematophila (37), expression of DsRed significantly lowered the
frequency of colonization (P<0.05, Student's t-test), with only 8 £ 2.6% and 1.5 £ 0.9% of
nematodes being colonized by DsRed-expressing primary and secondary form cells (Figure
A2.3). Furthermore, DsRed expressing cells did not pack the receptacle as tightly as GFP-
expressing cells, and appeared filamentous (Figure A2.3). Despite the dramatically low
frequency of colonization, the average DsRed expressing X. bovienii SS-2004 CFU/IJ was not
significantly different from either X. bovienii SS-2004 without fluorescent protein, or expressing
GFP. One possible explanation for this result is that in some nematodes the bacteria are no
longer expressing DsRed and are not readily apparent by microscopy. In addition, the maximum
CFU/IJ we obtain with our modified sonication method may be a gross under-estimate of the
actual number of bacteria in nematodes colonized by wild type cells (see above), and is
insufficient to detect differences in colonization level for X. bovienii SS-2004.

Although the DsRed-expressing strains are at a colonization disadvantage relative to
GFP-expressing strains, we visually determined the frequency of nematodes colonized by GFP,
DsRed, or both, after cultivation on a mixed (50:50) lawn of green and red primary form cells
(Figure A2.3 F). Of the colonized nematodes derived from such lawns, 90.4 £ 8.2% fluoresced
either all green (72.4%) or all red (18.0%), while nematodes visibly colonized by both types of

bacteria represented only 9.6% of the population. Based on this frequency we calculated that,
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like X. nematophila (37), the final population of X. bovienii SS-2004 within an individual

infective juvenile nematode is derived from 1-2 individual cells (see experimental procedures).

The colonization assays described above were conducted in vitro (i.e. on agar plates
rather than within insects. Although colonization trends of S. carpocapsae IJs cultured in vitro on
lawns of X. nematophila bacteria generally mirror those from in insecta cultivations (51), S.
carpocapsae |Js that develop within insects have higher bacterial loads than those that develop
on bacterial agar lawns (36, 52). To determine if in vivo cultivation within a host influences X.
bovienii SS-2004 colonization of S. jollieti nematodes, we injected Galleria mellonella insects
with X. bovienii SS-2004 bacteria and S. jollieti nematodes, and calculated average CFU/IJ for
emerging progeny nematodes. X. bovienii 2000-primary colonized nematodes cultured in G.
mellonella at 19.7 + 10.9 CFU/IJ £ S.D. (n=2). Nematode IJs did not emerge from insects
infected with secondary-phase cells, even after 4 weeks of incubation (data not shown).
Dissection of insects at various time points after injection revealed that nematodes developed in
both primary- and secondary-injected cadavers (Figure A2.4 A), but that IJ formation occurred
only in the former (Figure A2.4 C and E), not in the latter (Figure A2.4 B and D) indicating that
specifically in insects (not in vitro on lipid agar plates), secondary form cells lack an activity
necessary for, or produce an activity inhibitory to development of infective juveniles.

In four independent experiments, primary cell-infected insects reproducibly had a soft
and spongy texture 3-5 days post-infection, while the secondary-form infected insects
maintained a rigid exoskeleton (Figure A2.4 F), even at 14 d post-infection, relative to a time of
emergence of 8-10 days from insects infected with primary form cells. One possible explanation
for this finding is that secondary form X. bovienii SS-2004 may lack one or more activities (e.g.
secreted enzymes) necessary for degradation of the insect cadaver exoskeleton. If so, this
activity appears to be expressed specifically in the presence of the nematode and only by

primary form cells, since insect cadavers injected with primary or secondary bacteria alone (in
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Figure A2.4 Nematode-infected G. mellonella with primary form, but not secondary

form X. bovienii produce infective juveniles and are flaccid and liquefied. At 7 d post-
infection with nematodes and secondary form X. bovienii (HGB1054) G. mellonella insect
cadavers (white arrow) are filled with non-emergent juvenile nematodes that can be seen in the
water surrounding the cadaver upon dissection (an individual nematode among many is
indicated by a white arrowhead) (A). However, phase contrast microscopy revealed that none of
these is in the IJ stage (B and D) as indicated by body morphology and the presence of an open
mouth (arrow). In contrast, juveniles from primary-form infected cadavers (C and E) are infective
juveniles with closed mouths (arrow). Scale bars in B and C are 200 microns, and in D and E,
100 microns. G. mellonella insects 3 d post-infection with nematodes and bacteria (F) are
flaccid if the injected bacteria are primary, but rigid if the injected bacteria are secondary. The
flaccid insect cadaver phenotype associated with primary-form infection requires the presence
of nematodes, since G. mellonella insects injected with either primary or secondary form
bacteria, but without nematodes, are rigid (G). Both primary and secondary form bacteria are
able to reproduce within the cadaver, as indicated by in vivo imaging system visualization of
fluorescence in cadavers 7 days post-injection with secondary (HGB1245) or primary
(HGB1263) X. nematophila strains expressing the green fluorescent protein (H). Images were
taken using GFP-appropriate excitation and emission filters. Color corresponds to varying levels
of emitted fluorescence, with a color spectrum of corresponding fluorescence levels shown on
the right. Control insects without bacteria expressing green fluorescent protein showed no

detectable fluorescence at these settings (not shown).
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the absence of nematodes) were rigid (Figure A2.4 G), even at high bacterial loads (Figure

A2.4 H).

Candidates for a bacterial factor contributing to the flaccid cadaver phenotype are the
"Makes caterpillars floppy" (Mcf) toxins, Mcf1 (PLU4142, NP_931332) and Mcf2 (PLU3128,
AAR21118), discovered in the entomopathogenic nematode symbiont Photorhabdus
luminescens. E. coli expressing mcf1 is toxic when injected into M. sexta larvae, and the larval
cadavers lose body turgor and become "floppy" (53). Mcf2 has an N-terminal truncation relative
to Mcf1, but is similar in its toxicity (54). Pseudomonas fluorescens encodes an mcf1 homolog
(fitD), deletion of which decreases toxicity, melanization, and "floppiness" in Manduca sexta and
G. mellonella insects (55). The X. bovienii SS-2004 genome encodes one mcf homolog
(XBJ1_2410, YP_003468304, 2533 aa) in contrast to X. nematophila which encodes two: mcf1
(XNC1_2028, YP_003712268) and mcf2 (XNC1_2265, YP_003712501). XBJ1_2410 and P.
luminescens Mcf2 share 76% and 31% identity in the N- and C-terminal thirds of the proteins,
respectively. However, the middle third of XBJ1_2410 is distinct from P. luminescens Mcf2 and
contains a cysteine peptidase domain (2aa945-1100) (pfam11713, E-value: 8.5e-34) (56-58).
This domain is also present in X. nematophila mcf2. It will be of interest to determine if
XBJ1_2410 expression phenotypically varies and if its expression or product activity is
influenced by the presence of the nematode, as would be expected if Mcf2 is responsible for the
flaccid phenotype observed in insects injected with primary-form X. bovienii and S. jollieti
nematodes.

Our data are also consistent with the possibility that the nematode produces one or
more activities necessary for insect bioconversion, but only in the presence of primary form
bacteria. Indeed, S. carpocapsae expresses proteases specifically in the infective juvenile stage
that have activity against insect tissues (59, 60). Expression of these proteases may be

triggered by primary form bacteria.
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dpi
Figure A2.5 X. bovienii virulence in M. sexta larvae. Approximately 100 CFU of bacteria in
late logarithmic phase growth (ODgoo=~0.8) were injected into each 4th instar Manduca sexta
larvae (10 insects per treatment) and the percent of insects surviving each treatment (%
survival) was monitored for approximately 13 days post-injection (dpi). A) Insects were injected
with primary (squares) or secondary (circles) X. bovienii isolates from 2000 (open symbols) or
2007 (closed symbols). B) Individual primary form colonies were isolated from the parent stock
and each was injected into insects as above (open squares). Closed squares show the survival
curve of insects injected with X. bovienii 2007-1° (same as in A). Each experiment was

conducted at least 3 independent times.
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X. bovienii (SS-2004) virulence in M. sexta and other agricultural insect pests.

Virulence of X. bovienii (SS-2004) variants was measured as the percent survival of 4" instar M.
sexta larvae after injection with approximately 100 cfu of bacteria (Figure A2.5 A). X. bovienii
2000-2°, 2007-1°, and 2007-2° each killed ~59% of insects by 96 h post-injection. However,
2000-1° cells killed only 20% of insects by that time, and both the percent mortality and time to
death of insects injected with this strain were significantly different from that caused by the other
three strains (p<0.0001). We considered the possibility that we had inadvertently chosen an
attenuated variant from the 2000 stock and therefore examined the virulence of ten additional
2000-1° colonies. None were able to kill insects to the same levels as 2000-2°, 2007-1°, and
2007-2° (Figure A2.5 B). These data indicate that X. bovienii primary form cells can become
attenuated for virulence, and that the majority of, if not all the primary form cells in the X.
bovienii 2000 stock, but not the 2007 stock, have done so. Recently, it was reported that
variants of X. nematophila arise within a population that are heritably and reversibly attenuated
for virulence and immune suppression (61). These virulence modulated (vmo) strains arise in
laboratory stocks of X. nematophila but the mechanism underlying the modulation and the
conditions that trigger modulation are unknown (61). It is possible that the 2000 stock of X.
bovienii was exposed to conditions (e.g. prolonged freezer storage) that promoted virulence
modulation. Alternatively, some other phenomenon, such as a genetic mutation that altered
virulence, may have occurred. The latter possibility is less likely since the genetic mutation
would have had to selectively impact only the primary form cells in the population (secondary
form colonies are virulent). We therefore favor the idea that laboratory-derived conditions
promoted virulence modulation of the X. bovienii 2000 stock, and the intriguing corollary that
primary form cells are more susceptible than secondary form cells to this modulation.

We also tested the oral toxicity of primary forms of both X. bovienii and X. nematophila

against a number of known insect pathogens of plants (Table A2.3). X. bovienii exhibited a
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Table A2.3 Toxicity of X. bovienii concentrated protein samples against selected
insect pests of plants.

Percent Mortality®

Insect X. bovienii X. nematophila
Black Cutworm 0 0

Corn Earworm 87 +12 11+9.6
Southern Corn Rootworm 0 0
Western Corn Rootworm 458 +12.3 0
Western Tarnished Plant Bug 100 0

®Percent mortality + standard deviation across three microtiter dish columns of each treatme
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broader host range of secreted toxicity, with concentrated supernatants (>10 kDa) causing

mortality in the Western Tarnished Plant Bug, Corn Ear Worm, and Western Corn Rootworm. In
contrast, X. nematophila supernatants caused mortality only in Corn Ear Worm, and at lower
levels (11% mortality) than that caused by X. bovienii (87%). In light of these results it is curious
that the X. bovienii genome encodes a narrower repertoire of insecticidal Tc toxins than does
the X. nematophila genome. Tc toxins are large molecular weight complexes of A, B, and C
subunits (62). X. bovienii encodes 3 A subunits, 2 B subunits, and 2 C subunits, while X.
nematophila encodes 7, 3, and 3 of each type respectively (see supplemental Text S5 in (63).
The apparently broader host range of X. bovienii may be due to broader target specificity of its
TC toxins (64). Alternatively, X. bovienii may encode one or more additional toxins that expand

its target host range.

CONCLUSIONS

Although X. bovienii (SS-2004) and X. nematophila (ATCC 19061) colonize nematodes
from different clades, we found many aspects of their physiology and host interactions to be
similar. Both form mono- or bi-clonal populations within the nematode, undergo phenotypic
variation of multiple activities, and exhibit heritable virulence variability. Also, the secondary
forms of both strains express more lipase and lecithinase activities than their primary
counterparts, are virulent in insects and colonize nematodes. Characteristics that distinguish X.
bovienii from X. nematophila include that X. bovienii primary form colonies and cultures are
pigmented orange, while those of X. nematophila are cream. Also, X. bovienii exhibits
antimicrobial activities against E. coli and B. subtilis, and only the former is subject to
phenotypic variation. In contrast only X. nematophila activity against B. subtilis is subject to
phenotypic variation. The X. nematophila xcn locus is necessary for the production of the

antibiotic xenocoumacin, which has activity against Micrococcus luteus (31). The genome of X.
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bovienii lacks xcn gene homologs, indicating X. bovienii produces antibiotics that are distinct

from those of X. nematophila. A further distinction between X. bovienii and X. nematophila is
that the secondary form of the former, but not the latter, has a defect in supporting infective
juvenile development within insect cadavers, and also fails to cause cadaver flaccidity. It
remains to be determined whether or not these two defects are related, and what the molecular
bases are for these phenotypes. Finally, a striking difference exists in the colonization site
occupied by these two species of bacteria: when colonizing the nematode X. bovienii cells are
bound within an envelope structure (vesicle) while X. nematophila are freely distributed in the
receptacle. The fact that the host nematode tissues with which X. bovienii and X. nematophila
cells interact suggests that the molecular requirements necessary to persist in this environment

may differ between the two symbionts.
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MATERIALS AND METHODS

Organisms and growth conditions. Strains used are listed in Table A2.1. The X. bovienii
strain used in this study was deposited on Jun. 28, 2000 with the Agriculture Research Culture
Collection (NRRL) International Depository Authority at 1815 North University Street, in Peoria,
ll. 61604 U.S.A., according to the Budapest Treaty on the International Recognition of the
Deposit of Microorganisms for the Purpose of Patent Procedures and was designated as NRRL-
30311. Permanent stocks of all cultures were stored in Luria-Bertani (LB) broth (65)
supplemented with 20% glycerol at -80°C. Unless otherwise stated, cultures were grown at
30°C, in LB broth that had not been exposed to light or on LB agar that was supplemented with
0.1% pyruvate (66). When appropriate, media were supplemented with antibiotics, including
ampicillin (150 ug/ml), kanamycin (50 ug/ml), chloramphenicol (30 ug/ml), erythromycin (200
ug/ml), or tetracycline (15 ug/ml) were added as indicated. X. bovienii (SS-2004), like other
Xenorhabdus spp. is catalase negative and is resistant to ampicillin, but is sensitive to the other
antibiotics listed above. However, the genome of X. bovienii does encode a homolog of
chloramphenicol transacetylase that confers resistance to 30 ug/ml chloramphenicol when
present in high copy (data not shown). Lipid agar (LA), used to co-culture all strains of
nematodes on respective bacterial lawns was prepared as previously described (67). All
nematode strains were propagated as previously described (37) through last instar Galleria
mellonella larvae. In vitro, aposymbiotic cultivation of nematodes to produce uncolonized IJs of
both S. jollieti and S. carpocapsae, was performed using liver-kidney agar as previously
described (23, 35). X. bovienii growth rates in insect hemolymph were performed by harvesting
Manduca sexta hemolymph as previously described (68), performing a 1:100 subculture of
rinsed X. bovienii cells into insect hemolymph and growing the cells at 30°C with shaking. The
optical density (ODegqo) of the hemolymph culture was recorded every hour for 24 hours using a

Beckman Coulter DTX880 Multimode Detector. Similarly, X. bovienii growth rates in defined
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medium broth were performed by subculturing 1:100 rinsed X. bovienii cells into minimal

media broth (68) and growing the cells at 30°C with shaking. The optical density (ODggo) of the

minimal media broth culture was recorded every hour for 24 hours.

Phenotypic assays. X. bovienii colony color and morphology were observed after growth for
24-36 h at 30°C in or on LB medium. Haemolysin activity (69) against mammalian erythrocytes
(Colorado Serum Company, Denver, CO), Tween 20 lipolytic activity (70), lecithinase activity
(71, 72), proteolytic activity (73), haemagglutination (74), motility (67), antibiotic activity (28, 75)

and dye binding assays (39) were conducted as described in the literature.

Determination of 16S rDNA sequences. Crude DNA extracts from fresh overnight bacterial
cultures were used as templates in ExTaq (Takara, Otsu, Shiga, Japan) polymerase chain
reactions (PCR) with the universal primers 27F: 5-AGAGTTTGATCATGGCTCAG-3’, and
1492R: 5-TACGGTTACCTTGTTACGACTT-3’ (76). Amplified products were then sequenced
at UW-Madison Biotechnology Center using Big Dye version 3.1 (Applied Biosystems, Foster
City, CA) with the primers above in addition to Xn850R: 5-CATTTGAGTTTTAACCTTGCG-3'.
Sequence similarity to 16S rRNA sequences in the national database were determined using

BLAST (77).

Construction and visualization of fluorescent-protein expressing X. bovienii strains.To
generate X. bovienii strains expressing GFP or DsRed, pURR25 (mini-Tn7-KSGFP) or pBK-
mini-Tn7(Gm)PA 1/04/03-DsRed respectively were conjugated from BW29427, with the helper
strain BW29427 (pUX-BF13) (78) according to previously described methods (67), except the
donor and helper strains were eliminated by selection of colonies on media without

diaminopimelic acid (80 ug/ml) and X. bovienii exconjugants were selected on pyruvate (0.1%),
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ampicillin (150 ug/ml), and kanamycin (50 ug/ml). The resulting colonies were confirmed to

be X. bovienii based on 16S rRNA sequencing.

Microscopy. Phase-contrast, differential interference contrast, and fluorescence microscopy
were performed using a Nikon Eclipse TE300 inverted microscope. Fluorescence microscopy
was performed using fluorescein isothiocyanate, tetramethyl rhodamine isocyanate (FITC),
tetramethyl rhodamine isothiocyanate (TRITC) and triple-band DAPI (4,6-diamidino-2-
phenylindole)-FITC-TRITC filter sets (Chroma, Brattleboro, Vt.; items 31001, 31002, and 82000,
respectively). Images were recorded using an ORCA digital camera (model C4742-95-10R;
Hamamatsu, Hamamatsu City, Japan) and Metamorph version 4.5r6 software (Universal
Imaging Corporation, West Chester, PA). Additional images were obtained using a Zeiss LSM
510 Axioplan Il confocal microscope (Zeiss, New York, NY). For cell morphology analysis,
bacterial cells were immobilized on 3% agarose pads and viewed using DIC microscopy at
100X magnification. When visualizing X. bovienii (SS-2004) within whole nematodes,
nematodes were paralyzed and immobilized with 1% levamisole in agarose as previously
described (37) using confocal microscopy between 400X and 1000X. For microscopy of
progeny nematodes, nematodes were immobilized as mentioned above and viewed using
phase contrast microscopy under 40X and 400X magnification. To visualize the receptacle and
vesicle (Figure A2.2), nematode intestines were extruded by cutting the nematode head with a
razor blade, then were maintained in M9 buffer and stained with 0.001% Neutral Red in M9
buffer. The photograph shown in Figure A2.2 was taken with Olympus BX51 equipped with
digital camera. Extended focal length images were taken and stacked by using Microsuite

image analyzing software.

Photography and in vivo imaging. Additional photography for colony morphology and insect
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cadavers was done using a Canon Powershot camera. Scale bars were inserted using

Metamorph version 4.5r6 software (Universal Imaging Corporation, West Chester, PA). Seven
days after injection, 1 to 10 insects per experiment were visualized by using an IVIS Imaging
System 200 (Xenogen Corp., Alameda, CA). Fluorescence was quantified by using Living

Image software v2.6 (Xenogen).

Host interaction assays. Axenic S. jollieti eggs were isolated from adult female nematodes as
previously described for S. carpocapsae (79) and were stored in 5 ml LB broth supplemented
with ampicillin, kanamycin, and chloramphenicol. Axenic eggs were collected and rinsed with
sterile LB broth prior to inoculation onto LA plates (in vitro cultivation) or injection into G.
mellonella (in vivo cultivation). X. bovienii co-cultivation with S. jollieti nematodes on lipid agar
plates was as described for X. nematophila and S. carpocapsae co-cultivations (50). For in vivo
colonization assays ~700 ul of fresh overnight bacterial cultures was mixed with ~500-1500
axenic nematode eggs and/or J1 juveniles and 12.5 ul of the mixture was injected into the
haemocoel of Galleria mellonella larvae (Vanderhorst Wholesale, NJ) with a 30-gauge syringe
(Hamilton, Reno, NV). Approximately 15 G. mellonella larvae were injected per bacterial
treatment and once injected, the insects were placed in modified White traps as previously
described (80).

Collected nematodes were assessed by sonication for X. bovienii colonization as
previously described for X. nematophila (81) except that S. jollieti were surface sterilized for 3
min. with 0.5% NaOCI. Approximately 10? surface sterilized nematodes were sonicated
(Branson Ultrasonics, Danbury, CT) for 60-90 seconds each and the sonicate solution was
diluted and plated to enumerate colonies. The number of individual cells that are the founders of
the final population of X. bovienii bacteria within a single S. jollieti |J was calculated from the

percentage of nematodes carrying either green or red fluorescence (90.4%) using the
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mathematical model described by Wollenberg and Ruby (82): p(red)* + p(green)* =

p(single). In this formula, x is the initiating cell number, p(single) is the probability of observing a
nematode with only red or green fluorescence, and p(red) and p(green) are the initial
proportions of each bacterium in the input lawn (0.5 each). Based on our observations that
90.4% of S. jollieti nematodes were colonized by either red or green fluorescent bacteria (but
not both): 0.5* + 0.5 = 0.94*and x = 1.1.

X. bovienii injection virulence assays in Manduca sexta insect larvae were performed as
previously described (75). For feeding toxicity screens against multiple insects, X. bovienii and
X. nematophila (ATCC19061) were streaked onto LB agar plates from frozen glycerol stocks
and incubated for 16 h at 25°C. Individual colonies were used to inoculate 4 x 2 ml TB media
each and were grown on a roller drum incubator for 45 h at 25°C. After pelleting the bacteria,
supernatants from each strain were combined (8 ml total) and concentrated in an Amicon 10
MWCO to 1.2 ml (6x, protein fraction). The flow-through was also collected. Both fractions were
tested in a feeding assay for toxicity against 20-24 insects. The flow-through did not cause
mortality in any insect. Artificial diet feeding assays were conducted as described by (83) except
that assays were run for 5 days. Feeding assays were conducted with neonate larvae (<24 hr
post hatch) of the coleopteran species Diabrotica virgifera virgifera (Western corn rootworm,
WCR) and Diabrotica undecimpunctata howardii (Southern corn rootworm, SCR) (both obtained
from Crop Characteristics, Inc.; Farmington, MN) using corn rootworm artificial diet and the
lepidopteran species: Agrotis ipsilon [Hufnagel] (black cutworm, BCW) and Helicoverpa zea
[Boddie] (corn earworm, CEW) (both obtained from Benzon, Inc.; Carlisle, PA) using Multiple
Species diet (Southland, Lake Village, AK). Feeding assays with the hemipteran species Lygus
hesperus were based on a 96 well micro-titer plate format using a sachet system as previously
described (84). The Lygus hesperus (Western tarnished plant bug, WT) artificial diet was

obtained from Bio-Serv © (Bio-Serv © Diet F9644B, Frenchtown, NJ) and prepared as previously
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described (85). Samples were prepared by mixing one hundred microliters of the test

sample with one hundred microliters of blended diet (1:1). A sheet of Parafim® (Pechiney
Plastic Packing, Chicago, IL) was placed over a vacuum manifold designed for 96-well format
(Analytical Research Systems, Gainesville, FL) and a vacuum of approximately -20 millimeters
mercury was applied, sufficient to cause extrusion of the Parafilm® into the wells. Twenty or
forty microliters of test sample were added to the Parafilm® wells. A sheet of Mylar film (Clear
Lam Packaging, Inc., Elk Grove Village, IL) was placed over the Parafilm® and sealed gently
with a tacking iron (Bienfang Sealector Il, Hunt Corporation, Philadelphia, PA). The Parafilm®
sachets were placed over a flat-bottom 96-well plate containing Lygus eggs suspended in a
0.19% agar solution. Upon hatching, Lygus nymphs were allowed to feed on the sachet diet for
5 days. Stunting and mortality scores were determined on day 5 and compared to the untreated

control. Data were analyzed using JMP4 statistical software.

Statistical analysis. Colonization assays were analyzed using a paired, two-tailed Student’s t-
test assuming unequal variance. Survival curves of M. sexta injected with different treatments
were analyzed using a proportional hazards model and the final survival values were analyzed

with a logistic regression model.
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ABSTRACT

The specificity of a horizontally transmitted microbial symbiosis is often defined by molecular
communication between host and microbe during initial engagement, which can occur in
discrete stages. In the symbiosis between Steinernema nematodes and Xenorhabdus bacteria,
previous investigations focused on bacterial colonization of the intestinal lumen (receptacle) of
the nematode infective juvenile (1J), as this was the only known persistent, intimate, and
species-specific contact between the two. Here we show that bacteria colonize the anterior
intestinal cells of other nematode developmental stages in a species-specific manner. Also, we
describe three processes that only occur in juveniles that are destined to become IJs. First, a
few bacterial cells colonize the nematode pharyngeal-intestinal valve (PIV) anterior to the
intestinal epithelium. Second, the nematode intestine constricts while bacteria initially remain in
the PIV. Third, anterior intestinal constriction relaxes and colonizing bacteria occupy the
receptacle. At each stage, colonization requires X. nematophila symbiosis region 1 (SR1) genes
and is species-specific: X. szentirmaii, which naturally lacks SR1, does not colonize unless SR1
is ectopically expressed. These findings reveal new aspects of Xenorhabdus bacteria
interactions with and transmission by their Steinernema nematode hosts, and demonstrate that

bacterial SR1 genes aid in colonizing nematode epithelial surfaces.
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INTRODUCTION

Most plants and animals are in contact with diverse bacterial species within their native
environments (e.g. (1)). From these varied microbial assemblages, host plants and animals
engage in intimate associations with specific microbes by concomitantly recruiting certain
partners while excluding non-partners. Such associations can be maintained between
generations by vertical or horizontal transmission of the specific microbial partner(s) (symbiont)
to progeny: Vertically transmitted symbionts are supplied directly from parent to offspring,
typically through the germline, while horizontal acquisition occurs from the environment
(reviewed in (2)). In the latter case, within the environment, host offspring may be exposed to
many different types of bacteria, forcing the need for selection of specific partners from diverse
non-partner species. The molecular and cellular events that allow recognition and acquisition of
specific partners from a background of non-partners are beginning to be revealed through the
study of several experimentally tractable, naturally occurring, mutually beneficial associations
between plants or animals and bacteria (3-5), such as that between entomopathogenic
Steinernema nematodes and their Xenorhabdus bacterial symbionts.

Steinernema nematodes horizontally acquire their beneficial Xenorhabdus bacterial
partners. The nematode infective juvenile (IJ), a modified J3 or dauer stage of the nematode,
carries colonizing bacteria in the receptacle, a structure at the anterior of the nematode intestine
((6-9) see also Figure A3.1). P (parental) generation IJs infect insects, penetrating through
natural openings and releasing colonizing bacteria into the insect hemocoel (10). Together the
nematode and the bacteria kill the insect and the bacteria divide and provide nutrition, directly or
indirectly, to infecting nematodes, which moult from a modified J3 stage into adults that
reproduce. F1-generation eggs hatch and moult through juvenile to adult stages. Reproduction
continues through two or three generations (11) until conditions inside the cadaver, including

low nutrient availability and high nematode density (12), cue 1J development. The IJ receptacle



276

Juveniles F1
™~
: [

Adult
Male + Female Males + Females

Eggs
\ / Juveniles
Pre-Infective
/ " Juvenile

Eggs

o0y [

Infective Infective Juveniles
Juveniles

Day 16
e Fz

Figure A3.1 Model for nematode reproduction. In the wild, nematode IJs penetrate an insect
host, release their bacteria, and develop into reproductive adults that give rise to F1 progeny
that also develop into adults and reproduce. The resulting F2 progeny develop into pre-lJs that
reacquire their symbiotic bacteria, develop into IJs, and leave the insect host in search of new
prey. In this study, nematodes were grown on lipid agar medium in the laboratory, and the life
cycle followed the same scheme. Nematode development was not synchronized within the
population, but days indicated give approximate timing of generations during growth on

laboratory medium. The figure is adapted from (11).
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is formed as the lumen between two nucleated intestinal cells, and becomes recolonized

with bacteria (8, 13). The IJ migrates away from the insect cadaver seeking a new living host
insect to infect. This growth cycle can be recapitulated in the laboratory on artificial media (14-
17).

Previous studies revealed early events in and features of X. nematophila colonization of
the receptacle in S. carpocapsae |Js. The population of bacteria within a S. carpocapsae 1J
receptacle is founded by one or a few colonizing X. nematophila cells: most individual 1Js that
form in the presence of multiple clonal variants of wild type X. nematophila are colonized by only
one clone (Martens et al., 2003). In newly formed (immature) IJs, an oligo-colonized state has
been observed, in which fewer than 10 individual bacterial cells can be seen within the
receptacle (18), often adhering to a nematode-derived anucleate cluster of spherical bodies
collectively called the intravesicular structure (IVS) (13, 19). A mucus-like substance
surrounding the IVS stains positively with wheat-germ agglutinin, suggesting the presence of N-
acetyl glucosamine or N-acetyl neuraminic acid (13). As the IJ matures over the course of
approximately one week, the few colonizing bacteria within the receptacle grow to a final
population of ~ 50-200 bacterial cells (18). X. nematophila mutants defective in the synthesis of
certain vitamins or amino acids fail to grow within the receptacle, and ultimately are cleared from
this site (13), suggesting the host is capable of eliminating non-cooperative, non-functional
symbionts.

Entry into the Steinernema nematode receptacle is limited to specific partner
Xenorhabdus bacteria. For example, S. feltiae IJs show preference for colonization by X.
bovienii strains while S. carpocapsae is highly specific for colonization by X. nematophila (20-
23). In the latter association, molecular determinants, nematode intestine localization (nif)
factors A, B, and C, have been identified that contribute to specificity. These three genes are

encoded on a 3.5-kB genetic locus called symbiosis region 1 (SR1) that is not found in other



278
Xenorhabdus species, and each is independently necessary for nematode receptacle

localization (24). Additionally, SR1 is sufficient to confer entry into the nematode receptacle on
otherwise non-colonizing Xenorhabdus species (22), albeit with lower levels of colonization than
X. nematophila. An X. nematophila mutant lacking SR1 is not able to colonize the nematode
receptacle, but certain mutations in nilA or nilB lead to a partial colonization defect (22, 24, 25).
Analysis of these mutants indicated that the nil genes function during entry into and growth
within the nematode receptacle. Characterization of the Nil factors has demonstrated that NilB is
an outer membrane beta barrel protein (25) and NilC is an outer-membrane-tethered
periplasmic lipoprotein (26), suggesting that they may interact directly with host surfaces to
mediate host colonization.

Experiments that described S. carpocapsae |J colonization events did not reveal if
individual clones of colonizing X. nematophila are selected during initiation or outgrowth.
Furthermore, the events leading up to the oligo-colonized state of the immature IJ, including the
process by which non-partner bacteria are excluded, have not been elucidated. To lend insights
into these questions, we characterized X. nematophila colonization of S. carpocapsae adult and
juvenile stages that precede IJ formation. We further interrogated the specificity of these events
in S. carpocapsae using a X. nematophila non-colonizing ASR1 mutant and a non-colonizing,
non-native Xenorhabdus species, X. szentirmaii. Finally, we demonstrate the conservation of
the colonization process among members of the Steinernema genus by investigating early host-

association events of S. feltiae and its symbiont, X. bovienii.
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RESULTS

X. nematophila bacteria colonize the anterior intestinal epithelia of adult and juvenile
stage S. carpocapsae nematodes. To observe colonization events between X. nematophila
and S. carpocapsae nematodes we engineered X. nematophila to express the green fluorescent
protein (GFP), allowing visualization of single bacterial cells inside nematodes (Martens et al.,
2003, Martens et al., 2005, Sugar et al., 2012, Murfin et al., 2012) and categorization of
nematodes as colonized or un-colonized as they developed on lipid agar plates. Lack of
synchrony in nematode development precluded definitive temporal assignment of events, and
the exact timing of nematode development varied within and across generations in multiple
experiments. Nonetheless, bacterial localization patterns in the animal host over time (days and
nematode generations) were reproducible across multiple experiments relative to nematode
developmental changes. Unexpectedly, we observed that adult and juvenile nematodes
developing on lipid agar plates were colonized by X. nematophila bacteria. Adults in all
generations had bacterial cells clustered on the epithelial cell surface within the anterior
intestinal lumen (Figure A3.2 C-D). As in many nematode taxa, this intestinal region formed a
caecum surrounding the basal bulb, a posterior portion of the pharynx that pumps and grinds
food (27), and the pharyngeal-intestinal valve (PIV), a compact set of cells that form a channel
linking the pharyngeal and intestinal lumina (Figure A3.2 A) (28, 29). The bacteria colonizing
this region in adults were not likely to be transmitted directly to progeny, since eggs laid in the
surrounding media were not visibly associated with bacteria (data not shown). In addition,
recently hatched juvenile nematodes lacked anterior intestine localization of bacteria (Figure
A3.2 B). This un-colonized state was transient and soon after hatching juvenile nematodes were
apparent with bacteria that localized to the anterior intestinal caecum (AIC) (Figure A3.2 E-F).
Thus, bacterial localization at the AIC occurred in both juvenile and adult stages of nematodes.

GFP-expressing bacteria were often visible indiscriminately throughout the
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Figure A3.2 X. nematophila bacteria localize specifically to the anterior intestinal

caecum (AIC) in adult and juvenile S. carpocapsae nematodes. S. carpocapsae nematode
tissue is stained with rhodamine phalloidin (f-actin; red) and X. nematophila bacteria express
green-fluorescent protein (green). A) Schematic diagram representing the pharyngeal region,
based on a transmission electron micrograph of a Caenorhabditis elegans hermaphrodite

nematode (http://www.wormatlas.org/hermaphrodite/pharynx/Images/phafig11leg.htm). AlC-

localized X. nematophila cells are represented by green ovals. B) A recently hatched juvenile
nematode lacks AlC-localized X. nematophila. A white dashed line outlines the juvenile, next to
an adult nematode (at right). C) An adult S. carpocapsae female with AlC-localized X.
nematophila. D) Enlarged image of the boxed region in (C) at a different tissue depth, in which
individual bacterial cells expressing GFP are visible (arrowheads); the focal plane of the image
in (C) reveals the lumen of the pharyngeal intestinal valve (piv), and the presence of bacteria on
the intestinal tissue surface. E) S. carpocapsae juvenile nematode with X. nematophila bacteria
localized at the AIC. F) Enlarged image of the nematode shown in E (boxed region) at a
different tissue depth with visible GFP-expressing X. nematophila cells (arrowheads) colonizing
the AIC. Pharyngeal lumen (phar lumen); basal bulb (bb), pharyngeal-intestinal valve (piv);

intestinal cells (int), intestinal lumen (int lumen). Scale bars = 10 um.
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intestine of developing nematodes at all stages (data not shown), consistent with the fact

that S. carpocapsae is bacteriovorous and may be digesting some X. nematophila cells (30).

X. nematophila colonize the S. carpocapsae pharyngeal-intestinal valve region of pre-lJs.
In the F2 generation, S. carpocapsae juveniles undergo an alternate developmental pathway
leading from J2 juveniles to the IJ (Figure A3.1). During this generation, prior to IJ development,
J2 juveniles (scored based on their size) lacked AlC-localized bacteria and instead had one or a
few individual cells associated with the PIV (Figure A3.3 A,B). At this stage, in nematodes with
Pl1V-localized bacteria, the intestinal space was open (Figure A3.3 A).

Using confocal microscopy we sought to determine if PIV-localized bacteria are
intracellular within PIV cells or extracellular within a luminal PIV space. A 3-D model of a PIV,
constructed from a series of sequential confocal micrographs showed regions devoid of f-actin
staining that linked the PIV with the intestinal lumen (Supp. movie 1; the series of images prior
to 3-D reconstruction is shown in Supp. movie 2). Bacteria within the PIV had relatively large
unstained regions around them, possibly suggesting an extracellular lumenal space or pouch
within which the bacteria reside. Further, multiple bacterial cells appeared to be in the process
of entering or exiting the PIV without being entirely surrounded by stained actin, suggesting the
possibility that the bacteria enter the PIV without being intracellular. Although not conclusive,
these data are most consistent with a model that X. nematophila gain entry to the PIV through
extracellular channels and colonize an extracellular pouch within the PIV.

Following the appearance of PIV localization, nematodes with constricted intestines
were observed (Figure A3.3 C-D). When nematodes with constricted intestines first appeared,
colonizing bacteria remained localized in the PIV: close inspection by rhodamine phalloidin
staining of a subset of nematodes with constricted intestines revealed PIV-associated bacteria

(Figure A3.3 D). As nematode development progressed toward the |J stage the formation of the
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Figure A3.3 Bacterial colonization and intestinal constriction of nematode pre-I1J

stages. DIC images (A, C, E) were taken on a Nikon Eclipse TE300 inverted microscope.
Confocal images (B, D, F) of different nematodes at similar stages as in A, C, and E were taken
on a Zeiss LSM 510 confocal microscope. A-B) In pre-IJ nematodes with one or a few bacterial
cells visible within the PIV region (one bacterial cell is visible in the focal plane in panel B
(arrowhead)) the intestinal lumen is open (arrow in A; black space in B). C-D) Pre-lJs in the
population exhibit a constricted intestine (IC; compare panels C and A) and bacterial cells are
visible in or near the PIV. Note that spheres in panel D are within nematode tissue and not the
intestinal lumen. E-F) Subsequently, nematodes display de-constriction of the anterior intestine
and X. nematophila bacteria are apparent within the resulting receptacle space. In B and D
nematode tissue is stained with rhodamine phalloidin (f-actin; red). In B, D, and F, X.
nematophila express green-fluorescent protein (green). G) The average frequency of adults and
juveniles with bacteria localized at different tissues over time in a representative experiment
(see legend). Abbreviations: basal bulb (bb); pharyngeal-intestinal valve (piv); intestinal lumen
(int lumen); intestinal epithelium cells (int); constricted intestine (const int). Legend
abbreviations: adult AIC (aAlC), juvenile AIC (JAIC), intestinal constriction (const.). Scale bars =

5 um.
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nematode outer cuticle, which limits penetration by stains and dyes, confounded subsequent

observation of stained PIV tissues by confocal microscopy. Therefore, at later time points, we
were unable to determine if bacteria within nematodes with constricted intestines occupied the
PIV or the constricted intestinal lumen. As the constricted intestine phenotype became less
frequent, most nematodes in the population were 1Js with colonized receptacles (Fig 3E-F).

The events occurring during IJ development can be categorized into at least three
sequential and distinct steps: 1) colonization of the PIV by a few bacterial cells (Figure A3.3 A-
B); 2) constriction of the nematode intestine, with bacteria colonizing the PIV at least through
early stages of this process (Figure A3.3 C-D); 3) expansion of the anterior intestine to form a
receptacle with colonizing bacteria (Figure A3.3 E-F). These events were unique to F2
generation juveniles that would become IJs and were not observed in F1 generation juveniles
that moulted from J1 directly through J4 stages into adults. Therefore, they are part of a
developmental process specific to |J development and hereafter we refer to any nematodes that
undergo these processes as pre-lJs.

Taken together, these findings demonstrate that X. nematophila bacteria associate with
previously unrecognized S. carpocapsae nematodes tissues and life stages. The frequency of
each type of colonization changed over time, with AIC localization, PIV localization, PIV
colonization during intestinal constriction, and receptacle colonization occurring sequentially
(Figure A3.3 G; a representative experiment). Also, these events occurred in most of the
nematodes (Table A3.1). To assess if these events occur in nematodes that develop inside
insects, we co-injected axenic nematodes and GFP-expressing X. nematophila bacteria into
Galleria mellonella waxworm larvae and observed the colonization status of nematodes every 2
days from the appearance of F1 nematodes to IJ development. More than 85% of nematodes

carried colonizing bacteria at each time point, and each colonization state (adult AIC, juvenile
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X. nematophila

X. szentirmaii

SR1+ (wild-type) ASR1

SR1- (wild-type) SR1+

Adult AIC 95.4% (350)* 16.7% (323)°
Juvenile AIC 81.4% (1834)" 10.3% (2374)°®
Pre-1J PIV 60.4% (546) 0.1% (1569)®

Pre-1J constricted intestine 0% (285) B

0.5% (765)°

66.4% (235)"

IJ receptacle colonization 79.3% (767)"

83.4% (825)°
64.8% (2899)°
15.4% (1069) ©
29.1% (492) ©
31.7% (1299) €

14.1% (814)°
6.2% (2894)°
0.1% (2485)8
0.3% (367)°
0.8% (1322) ®

“Data represent combined total frequency of localization in different nematode stages and tissues from three (X.
nematophila) or four (X. szentirmaii) independent experiments. The total number of nematodes counted in each
category is indicated in parentheses. Within each nematode life stage, values with the same letter were not

significantly different from each other (Fisher's exact test; P<0.001).
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AIC, PIV colonization, intestinal constriction, and IJ receptacle colonization) was observed in

at least one time point for each experiment (data not shown). These findings demonstrate that
these events occur in nematodes developing within a host and are not an artefact of laboratory

culture.

X. nematophila colonization of the AIC and PIV requires SR1 genes. X. nematophila nilA,
nilB, and nilC, encoded on SR1, are necessary for X. nematophila and sufficient for other
Xenorhabdus species to colonize the IJ receptacle of S. carpocapsae (22, 24). To assess if SR1
contributes to the colonization events described above, we monitored the localization of a GFP-
expressing X. nematophila ASR1 deletion mutant in adult, juvenile, and pre-lJ nematodes
relative to age-matched nematodes colonized with GFP-expressing X. nematophila. Combined
across all experiments and time points, the frequency of S. carpocapsae AlIC colonization by the
X. nematophila ASR1 deletion mutant was significantly lower than the frequency of AlIC
colonization by wild type X. nematophila (p < 0.05; Figure A3.4 A-C). When considering
individual time points most displayed significant differences between AlC-colonization
frequencies of ASR1 deletion mutant and wild-type-X. nematophila in age-matched nematodes
(p<0.05; data not shown). These data demonstrate that SR1 contributes to colonization of the
nematode AIC, though the effect is only experimentally significant after the initial P-generation.
Juveniles and pre-lJs are not morphologically distinguishable by our methods, so we
defined pre-IJs by their occurrence in the F2 generation on wild type X. nematophila lawns
concomitant with PIV-colonization and intestinal constriction. We therefore predicted the timing
of nematode pre-IJ formation on ASR1 mutant lawns based on comparison to wild type controls
within each experiment. When pre-lJs were developing on wild-type lawns, nearly all of the
juvenile nematodes developing on the ASR1 mutant lacked PIV-colonizing bacteria (Figure

A3.4A,D). This low frequency of PIV colonization demonstrates the ASR1 mutant has a
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Figure A3.4 X. nematophila requires SR1 for localization to the AIC and PIV. Nematodes
were grown on a GFP-expressing X. nematophila ASR1 mutant (green; no bacteria visible) or
wild type and actin was visualized with rhodamine phalloidin (actin; red). A) Average (+/-
S.E.M.) frequency of nematode colonization for adults, juveniles, pre-lJs, and IJs by X.
nematophila wild type (Tn7-SR1) (white bars) or a ASR1 mutant (gray bars). Significantly fewer
nematodes carried colonizing ASR1 mutant bacteria than wild type bacteria in each tested
colonization state.. Statistical significance was determined using a generalized linear mixed
effects model (p < 0.05). B, C) Unlike wild type X. nematophila, the ASR1 mutant did not
localize to the AIC of most adult (B) or juvenile (C) nematodes. D, E) F2 juvenile nematodes that
were developmentally similar to pre-IJs did not display PIV colonization (pre-l1J PIV) either prior
to (D) or during pre-IJ intestinal constriction (IC) (E). Abbreviations: basal bulb (bb); pharyngeal-
intestinal valve (piv); intestinal lumen (int lumen); intestinal epithelium cells (int), adult AIC
(aAIC), juvenile AIC (JAIC), intestinal constriction (const), statistics not determined (n.d.).
Nematode actin was stained with rhodamine-phalloidin (red) and bacteria expressed green

fluorescent protein (green). Size bars: 10 um.
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severe and significant defect in colonizing the nematode PIV (Figure A3.4 A). Similarly, no

nematodes with visibly constricted intestines had colonizing bacteria (e.g. Figure A3.4 E; see
methods for why statistics were not performed), and only 4 of 765 IJs carried colonizing
bacteria. This frequency of IJ receptacle colonization is much higher than those reported for this
ASR1 mutant within mature IJs (~0.05%) (25). However, there is precedence for X. nematophila
mutants initially colonizing immature IJs then disappearing from the 1J population over time after
failing to grow within the receptacle (31). At least one of the SR1 genes has been implicated not
only in initiation of colonization but also in growth within the receptacle (22). Therefore, the
relatively high frequency of colonization observed in this study may reflect that the immature 1Js
we examined have not yet cleared the ASR1 mutant from their receptacles. Regardless, the
ASR1 mutant colonized significantly fewer IJs than wild type X. nematophila (Figure A3.4 A).
These findings indicate that the ASR1 mutant is defective in the early stages of nematode
colonization during AIC and/or PIV colonization.

We tested if the AIC and PIV colonization defects of the ASR1 mutant also occur during
nematode development in G. mellonella insect hosts. When we injected G. mellonella with
axenic IJs and the GFP-expressing ASR1 mutant, we observed similar trends as when
nematodes were raised on laboratory media. At the AIC colonization stage, the frequency of
nematodes with colonizing ASR1 bacteria was higher in insects (up to 50% colonized
nematodes) than in vitro conditions, but was still less than the frequency of colonization with
wild type (~85%). As pre-IJs and IJs dominated the population in later time points, fewer than

5% of nematodes were colonized (data not shown).

X. nematophila SR1 is sufficient for X. szentirmaii AIC and PIV colonization of S.
carpocapsae nematodes. We have shown that SR1 is necessary for normal X. nematophila

localization to S. carpocapsae AIC and PIV tissues. Since, other than X. nematophila, SR1 is
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absent from all Xenorhabdus species tested to date (22, 24), we reasoned that non-native

Xenorhabdus species should not colonize S. carpocapsae AIC and PIV tissues. To test this we
cultivated S. carpocapsae on GFP-expressing X. szentirmaii (Figure A3.5 A). S. carpocapsae
developed on X. szentirmaii lawns, in contrast to previous unsuccessful attempts (22), possibly
due to some unknown aspect of technical variability (e.g. agar thickness, absolute temperature).
Over 4 experiments, most adult and juvenile nematodes lacked AlC-localized X. szentirmaii
bacteria (Figure A3.5 A-C), and nearly all late-stage nematodes lacked tissue localized bacteria.
Out of 3356 juveniles and pre-IJs observed, 3 nematodes carried PIV-localized bacteria and 1
nematode carried bacteria during intestinal constriction. Of the 1322 progeny IJs observed, 10
carried receptacle-colonizing bacteria.

In contrast, when we provided SR1 to GFP-expressing X. szentirmaii, the bacteria
localized to specific nematode tissues at significantly higher frequencies during all stages (p <
0.05, Figure A3.5 A) except intestinal constriction (p = 0.14). Across 4 experiments, 77% of
adult nematodes and 57% of juveniles had AIC-colonizing X. szentirmaii carrying SR1. S.
carpocapsae AIC colonization by X. szentirmaii-SR1 was not visibly distinguishable from AIC-
colonization by X. nematophila bacteria (Figure A3.5 D-E). Further, as pre-lJs developed,
bacteria were localized within the PIV of 26% of juvenile nematodes (Figure A3.5 F), and
colonized 21% of nematodes with constricted intestines and 35% of |J receptacles. Variation
across experiments likely contributed to the fact that differences due to SR1 in X. szentirmaii
colonization of nematodes with constricted intestines were not significant. Regardless, our data
show that X. szentirmaii carrying SR1 are able to colonize the AIC, PIV, and receptacle of S.

carpocapsae nematodes.
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Figure A3.5 X. nematophila SR1 confers upon X. szentirmaii the ability to colonize the

AIC and PIV of S. carpocapsae nematodes. S. carpocapsae nematodes were grown on GFP-
expressing X. szentirmaii strains carrying either Tn7/SR1 or empty Tn7. Developing nematodes
were visualized by confocal microscopy. S. carpocapsae nematode actin was stained with
rhodamine-phalloidin (red) and X. nematophila bacteria expressed green-fluorescent protein
(green). A) Average (+/- S.E.M.) frequency of nematode colonization for adults, juveniles, pre-
IJs, and IJs by X. szentirmaii Tn7/SR1 (white bars) or X. szentirmaii empty Tn7 (wild type) (grey
bars). When X. szentirmaii did not contain SR1, significantly fewer nematodes carried colonizing
bacteria in each colonization state except pre-l1Js during intestinal constriction (p = 0.14).
Statistical significance was determined using a generalized linear mixed effects model (p <
0.05). B, C) X. szentirmaii eTn7 (lacking SR1) does not localize to S. carpocapsae adult (B) or
juvenile (C) AIC. D, E) X. szentirmaii Tn7/SR1 (carrying SR1) localizes to the AIC of adult (D)
and juvenile (E) nematodes. F) X. nematophila bacteria localize to the pre-IJ PIV. Abbreviations:
basal bulb (bb); pharyngeal-intestinal valve (piv); intestinal lumen (int lumen); intestinal
epithelium cells (int); adult AIC (aAlC); juvenile AIC (JAIC); intestinal constriction (const); no

statistical difference (n.s.). Size bars: 10 um.
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AIC and PIV colonization are not unique to the S. carpocapsae - X. nematophila

mutualism. Since SR1 is necessary for AIC and PIV colonization, is sufficient to confer at least
the AIC phenotype, and is specific to X. nematophila, it is possible that the events we have
described here are unique to the S. carpocapsae — X. nematophila mutualism. To address this
possibility, we examined early colonization events in another Steinernema species, S. feltiae, by
its Xenorhabdus symbiont, X. bovienii. X. bovienii strains do not appear to encode SR1 (unpubl.
data), its hosts (including S. feltiae) are in different phylogenetic sub-clades than S.
carpocapsae (32), and the receptacle structures of its hosts are distinct from those of S.
carpocapsae: X. bovienii host receptacles have a non-cellular envelope (vesicle) that encloses
X. bovienii symbionts (19). These differences lend strength to the hypothesis that if X. bovienii
engages in AIC and PIV colonization during intestinal constriction with its animal host, these
events may be conserved among Xenorhabdus/Steinernema associations. Using liver-kidney
agar cultivation (a medium that supports higher colonization frequency for S. feltiae nematodes
than does lipid agar medium), GFP-expressing X. bovienii bacteria were observed localized at
the AIC of both adult and juvenile S. feltiae nematodes (Figure A3.6 B-C). Further, in the F2
generation when pre-lJs are expected to form, we observed individual PIV-localized X. bovienii
(Figure A3.6 D). PIV colonization was also observed in S. feltiae nematodes with constricted
intestines, and in those in which the cuticle and sealed mouth deterred staining (Figure A3.6 E).
In subsequent time points, S. feltiae nematodes were present in which X. bovienii had fully
colonized the vesicle within the receptacle (Figure A3.6 F). Most nematodes carried bacteria
localized to these specific tissues (Figure A3.6 A, Table A3.2). Overall, our data indicate that
different Steinernema nematodes undergo similar events during colonization by their respective
Xenorhabdus bacterial symbionts. We note that receptacle-localized X. bovienii were long rods,
similar to a previous report of another X. bovienii strain (SS-2004) colonizing Steinernema jolietti

nematodes (33), but X. bovienii cells were short rods during AIC and early PIV colonization,
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Figure A3.6 Spatial and temporal events in the X. nematophila/ S. carpocapsae

association are observed in the association between X. bovienii and S. feltiae. Nematodes
were grown on a GFP-expressing X. bovienii and bacterial localization to nematode specific
tissues was observed over an 11-day period until infective juveniles made up > 50% of the
nematode population. A) Average adult, juvenile, pre-1J, and IJ colonization (+/- S.E.M.). B)
Localization of X. bovienii bacteria to the anterior intestinal caecum (AIC) of adult S. feltiae
nematodes. C) AIC localization of X. bovienii bacteria in juvenile S. feltiae nematodes. D)
Pharyngeal intestinal valve (PIV) colonization by X. bovienii bacteria in pre-infective juvenile
(pre-lJ) nematodes. E) X. bovienii localization at the anterior of the constricted pre-1J intestine
(). F) Colonization of the S. feltiae receptacle by X. bovienii bacteria. Abbreviations: basal
bulb (bb); pharyngeal-intestinal valve (piv); intestinal lumen (int lumen); intestinal epithelium
cells (int). Legend abbreviations: adult AIC (aAlC); juvenile AIC (JAIC); intestinal constriction
(const). Nematode actin was stained with rhodamine-phalloidin (red) and bacteria expressed

green fluorescent protein (green). Size bars: 10 um.
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Table A3.2 Composite frequency of X. bovienii tissue localization in S. feltiae®

Stage and Tissue Frequency of localization
Adult AIC 100.0% (250)

Juvenile AIC 95.7% (3095)

Pre-1J PIV 71.5% (467)

Pre-1J constricted intestine 100.0% (222)

IJ receptacle colonization 73.9% (1481)

®Data represent combined totals from two independent
experiments, each with three replicates. The total number of
counted nematodes is indicated in parentheses.
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suggesting physiological differences of the cells at these stages relative to those in the

receptacle.

CONCLUSIONS

In this study we report heretofore-unrecognized stages of intimate association between
Xenorhabdus bacteria and Steinernema nematodes. It has long been held that the Steinernema
IJ is the only life stage of the nematode that is specifically colonized by bacteria, and that
interactions between other S. carpocapsae life stages are transient and non-specific. Reasons
for this supposition include that the 1J carries the bacteria in an easily observed discrete location
(the receptacle) while other stages lack obvious specialized structures for harboring bacteria (6,
34). Also, intimate bacterial colonization of the IJ, in contrast to other life stages, serves a clear
and essential function in the symbiosis: transmission of the symbiont between insect hosts.
Finally, a practical reason is that IJs, relative to the other stages, can be easily isolated and
assessed for internal bacterial content (18). In this work we were able to move beyond this
technical hurdle by using GFP-expressing bacteria and fluorescence microscopy to monitor
bacterial colonization (33, 35) throughout the life cycles of two Steinernema species from
different phylogenetic sub-clades (32). Our findings challenge previously held notions by
revealing that throughout the reproductive life cycle of both Steinernema species bacteria
colonize nematode tissues in the region around the pharyngeal-intestinal junction. Bacterial
cells colonized the anterior, but not other areas, of the intestines of adults and juveniles from F1
and F2 generations (Figs. 2 and 6). Then, as IJs formed, three novel events were observed: 1)
individual bacterial cell colonization of the PIV of pre-IJs; 2) constriction of the nematode
intestine; and 3) de-constriction of only the anterior-most regions of the intestine to form the
receptacle, which was colonized by bacteria concomitant with formation of the IJ cuticle.

Taken together with previous findings, our work suggests a temporal model of

colonization events occurring during the Steinernema life cycle, summarized in Figure A3.7.
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First, through post-hatching feeding by the nematode (e.g. Figure A3.7 D), the bacteria must

gain access to and survive within the nematode intestine. Next, the bacteria localize to the AIC
(Figure A3.7 C,E). In the F2 generation of juveniles, comprised of pre-lJs that will become IJs,
AIC colonization decreases in frequency, while PIV colonization frequency increases, followed
by constriction of almost all of the nematode intestine (Figure A3.7 G, H). At some stage
following PIV colonization and intestinal constriction, the anterior of the intestine de-constricts
and bacteria are observed attached to the IVS in the receptacle (e.g. (13)). We were unable to
document the transition from PIV to receptacle colonization because of poor penetration of
rhodamine phalloidin through the IJ cuticle. However, it is likely that receptacle bacteria are
derived from PIV colonizers, since at this stage of the process the nematode is non-feeding and
does not have access to external populations of Xenorhabdus bacteria (6, 34). The transition
from PIV to receptacle colonization may occur by bacterial migration, or by a developmental
process in which the colonized region of the PIV becomes the nematode receptacle. Following
association with the IVS, the bacteria divide and fill the receptacle (Figure A3.7 I; (18)).

The same general events shown in Figure A3.7 occur in both S. carpocapsae and S.
feltiae, nematodes that are in distinct phylogenetic sub-clades, indicating that the overall
processes are likely conserved among Steinernema-Xenorhabdus symbioses. However, since
S. carpocapsae and S. feltiae |J receptacles are colonized preferentially by their native
symbionts (20-23) some aspect(s) of the interactions between the nematode and bacteria, likely
at the molecular level, must allow for recognition and selection of the native symbiont and
exclusion of non-native Xenorhabdus. In S. carpocapsae, specificity occurs during AlC-

localization and involves SR1: an X. nematophila A SR1 mutant localizes to the AIC in fewer S.

carpocapsae nematodes than does wild type (Figure A3.3 A) and X. szentirmaii colonization of

these tissues is allowed by the presence of X. nematophila SR1 (Figure A3.5). The ability of the
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IT

Infective juvenile

I

Pre-infective juvenile Infective juvenile

Figure A3.7 Spatial and temporal bacterial colonization events during Steinernema
development using schematics (1), representative micrographs (1), and a timeline (lll) A) A
colonized infective juvenile (1J) (B) releases its bacteria by defecation after insect penetration
(see (49)) and moults into adult stages. C) Adults that develop from |Js carry bacteria localized
at the anterior intestinal caecum. D) Newly hatched juvenile nematodes lack bacteria that
specifically localize to the anterior intestinal caecum. E) After hatching, juvenile (and later, adult)
nematodes have bacteria localized to the anterior intestinal caecum. F2 juveniles carry bacteria
at the anterior intestinal caecum, and this generation develops into infective juveniles through a
pre-l1J stage. The beginning of pre-IJ development is distinguished by F) bacterial colonization of
the PIV, and subsequently, intestinal constriction (G and H). I) After relaxation of the anterior
intestinal constriction, bacteria are observed localized to the receptacle and over time bacteria
grow to completely fill the receptacle (18). Through these events IJs acquire a complement of
symbionts that they carry as they leave the nutrient depleted insect cadaver in search of a new
insect host. Abbreviations: parental generation (P), first generation offspring (F1), second-

generation offspring (F2)
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X. nematophila A SR1 mutant to initially localize to the AIC of a small number of adult and

juvenile nematodes may indicate that SR1-encoded proteins increase the efficiency of binding
to these tissues, or that they are necessary for persistence at this location. Characterizing the
roles of other bacterial gene products in each of the stages shown in Figure A3.7 will help
demonstrate what other molecular dialogues are at work as Xenorhabdus symbionts colonize
their nematode hosts.

X. nematophila colonization of the PIV is similar to a process that occurs during
Photorhabdus luminescens bacterial colonization of the IJ stage of its specific nematode host,
Heterorhabditis bacteriophora (36). In both systems, bacteria localize to the PIV, indicating this
may be a conserved process in Heterorhabditid and Steinernematid nematodes, despite their
relatively distant phylogenetic relationship (37). However, subsequent events are likely distinct
between genera, since the |J stage of H. bacteriophora lacks a receptacle (instead, bacteria are
more widely distributed within a non-constricted intestinal lumen) (38). Also, events preceding
PIV colonization differ between these two symbioses. P. luminescens bacteria adhere to
posterior intestinal cells of adult females prior to invading and replicating within intracellular
vacuoles which lyse to inoculate juvenile nematodes inside the maternal body cavity with P.
luminescens. In neither S. carpocapsae nor S. feltiae did we observe bacterial binding to or
invasion of posterior adult intestinal cells (data not shown).

It was previously demonstrated that Xenorhabdus populations face a bottleneck that
leads to the clonality of bacteria within the IJ receptacle (18). Clonal symbiont populations have
been experimentally demonstrated in multiple mono-specific host-microbe symbioses (18, 33,
39, 40) and suggested qualitatively in others (36, 41, 42). This strain bottlenecking may reduce
the prevalence of symbionts that reap host rewards without paying the "goods and services"
provided to the host (cheaters; (43)). Bottlenecking may result from non-specific (e.g. spatial

restriction) and specific (e.g. molecular recognition) processes that restrict symbiont number
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and type during transmission. Since only few individual cells of X. nematophila and X.

bovienii localize to the pre-1J PIV of their respective nematode hosts, we suggest that PIV
colonization is the selective event in nematodes that results in clonal bottlenecking of the
symbiont. Based on 3-dimensional reconstructed images of S. carpocapsae colonized PIV we
propose a model that bacteria occupy an extracellular pouch within the PIV that is connected to
the intestinal lumen by channels (supplemental videos S1 and S2). The channels may restrict
entry into the PIV to only one individual bacterial cell on either side (e.g. Figure A3.3 B) that
each then continue dividing within the PIV pouch (e.g. Figure A3.6 C).

Our findings reveal new insights into the Xenorhabdus-Steinernema association and
challenge the long-held assumption that only the |J stage of the nematode is intimately
associated with colonizing bacteria. Previous models also presumed that the key events of
colonization initiation occurred within the receptacle. We have shown that X. nematophila
occupies at least four distinct S. carpocapsae nematode host niches (intestine, AIC, PIV,
receptacle) during inter-generational transmission, each of which may play a role in symbiotic
partner selection. Now that these colonization states have been described, further investigation
will be necessary to elucidate the temporal and molecular processes and functions of each. For
example, is AIC colonization initiated once in the juvenile stage or is it a continuous and
dynamic process throughout nematode development? Are the bacteria that colonize the PIV
derived from the AlC-localized bacterial population or do they result from a distinct initiation
event? Finally, the finding that Xenorhabdus bacteria colonize non-transmission stage juvenile
and reproductive adult Steinernema nematodes raises the intriguing possibility that these
interactions facilitate bacterial contributions to host nutrition and reproduction. For example, the
intimate association between the AIC intestinal epithelia and bacteria may allow nutrient
exchange between these cells. The adult and juvenile colonization stages described here also

may be essential for reliable transmission of only the proper, cognate symbiont in the nematode
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IJ. In support of this idea, localization to the AIC and within the PIV of S. carpocapsae

nematodes is specific to X. nematophila, suggesting that these are symbiont selective stages at
which S. carpocapsae engages in partner choice. Further, since only a few bacterial cells were

observed within the PIV, symbiont bottlenecking may occur at this stage. Future studies in this

and other model animal-microbe mutualisms will reveal the nature and frequency of selective

events encountered by symbionts during transmission.
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MATERIALS AND METHODS

Strains, media, and growth conditions. Xenorhabdus bacteria used in this study were grown
on a roller at 30°C in lysogeny broth (LB) stored in the dark (44) and supplemented with
ampicillin (150 ug/ml) (Table A3.3). Escherichia coli were grown in LB on a roller at 30°C or
37°C. A GFP-expressing X. nematophila ASR1 mutant, HGB1430, was created previously (25).
To create GFP-expressing ASR1 Tn7-SR1, a previously created Tn7-SR1 construct (22), which
inserts into a region (attTn7) that does not impair nematode colonization in X. nematophila, was
transferred to HGB1430 by triparental conjugation (26). We also transferred the empty Tn7
plasmid (pEVS107) to HGB1430 to create ASR1 empty Tn7 (eTn7). To express SR1 in X.
szentirmaii, Tn7-SR1 was transferred to X. szentirmaii (HGB836, a gift from A. Fodor) by
triparental conjugation to create HGB1323: X. szentirmaii Tn7-SR1. As a negative control, the
empty vector was transferred into X. szentirmaii (HGB836) to create HGB1322: X. szentirmaii
eTn7. To create GFP-expressing X. szentirmaii strains, pJMCO001, which integrates into the X.
nematophila chromosome at a site that does not impair nematode colonization (18, 25), was
conjugated into each of the X. szentirmaii Tn7 strains, and for each a visually green colony was
stocked as a GFP-expressing strain. X. bovienii-GFP was created by introduction of GFP in the
attTn7 site using mini-Tn7-KSGFP (a gift from T. Ciche; (45)). Strains were verified for GFP
expression and X. bovienii characteristics (i.e. ampicillin resistance, pigmentation, negative
catalase).

Nematode cultivations. Nematode cultivations were performed by inoculating surface-
sterilized axenic infective juveniles prepared as described previously (25) to overnight lawns of
Xenorhabdus bacteria on lipid agar plates (16). For Steinernema feltiae, nematodes were grown
on liver-kidney agar (46) instead of lipid agar because nematode colonization frequency is
higher on the former. For each bacterial phenotype measured (adult and juvenile AlC-

localization, PIV-localization, intestinal localization during intestinal constriction, and receptacle



Table A3.3 Bacterial strains and plasmids used in this study.

Strain Plasmid Species Comments Reference/Source
HGB283 pUX-BF13 E. coli Triparental mating helper (47)
HGB1783 pJMCO001 E. coli GFP donor plasmid (25)
HGB783 pEVS107/SR1  E. coli Tn7/SR1 donor plasmid (26)
HGB281 pEVS107 E. coli eTn7 donor plasmid (48)
HGB1262 pURR25 mini E. coli Tn7/GFP donor plasmid D. Lies and D. Newman
Tn7KS-GFP (45)
HGB1430 X. nematophila  GFP expressing, ASR1 mutant  (25)
HGB1508 X. nematophila HGB1430 eTn7 This study
HGB1509 X. nematophila HGB1430 Tn7/SR1 This study
HGB836 X. szentirmaii Wild type A. Fodor
HGB1322 X. szentirmaii HGB836 eTn7 This study
HGB1323 X. szentirmaii HGB836 Tn7/SR1 This study
HGB1786 X. szentirmaii HGB1322 GFP expressing, This study
eTn7
HGB1787 X. szentirmaii HGB1323 GFP expressing, This study
Tn7/SR1
HGB1699 X. bovienii wild type; symbiont of S. feltiae  This study
HGB1865 X. bovienii HGB1699 attTn7::Tn7/GFP This study

304
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localization), we performed at least two experiments, each with three biological replicates

per experiment. We counted a biological replicate as a different lipid agar plate preparation of
bacteria and nematodes, and we used the same plate for counts on different days throughout
the experiment. We counted approximately 100 nematodes per replicate, and assessed multiple
time points per experiment. We display a representative temporal progression for nematodes
colonized with each X. nematophila and X. szentirmaii strain in Figure S1. For X. nematophila
WT and ASR1, we performed three experiments each with three biological replicates per time
point except where noted in brackets: Expt. 1 (d 4 [2 replicates for WT] and 7 [2 replicates for
WT]), Expt. 2 (d 5, 8, 10, 12 [2 replicates for WT], 14 [2 replicates for ASR1], and 19), and Expt.
3 (d 7-12). For X. szentirmaii WT and Tn7-SR1 we performed four experiments, each with three
biological replicates per time point except where noted in brackets: Expt. 1 (d 4 [2 replicates for
Tn7; 1 replicate for Tn7-SR1] and 7 [2 replicates for Tn7; 1 replicate for Tn7-SR1]), Expt. 2 (d 5,
8,10, 12, 14,17, 19, 21, and 24), Expt. 3 (d 10, 12, 14, 15, and 16 [2 replicates for WT]), and
Expt. 4 (d 9-15). S. feltiae nematodes grown on X. bovienii were examined in two experiments
with three biological replicates per experiment: Expt. 1 (d 8, 10-18) and Expt. 2 (d 8-12). For in
vivo co-cultivations, approximately 50 surface-sterilized axenic IJs were co-injected with 200
CFU of log-phase cultures of bacteria (either X. nematophila WT or the ASR1 mutant) into
Galleria mellonella insects. Two insect cadavers were dissected as biological replicates every
other day from 5 to 11 days post injection to collect nematodes for microscopy as described
above. Insects were individually dissected in 2mL of PBS, and emergent nematodes were
rinsed three times in fresh PBS to remove background bacteria and insect tissues. The entire

experiment was performed twice.

Specimen preparation, microscopy, and statistical analysis. To visualize bacterial

localization within a nematode host, nematodes were removed from the agar surface,
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suspended in phosphate buffered saline supplemented with 2 nM levamisole (a paralyzing

agent), transferred to a glass slide and viewed by microscopy. Nematodes were viewed on a
Nikon Eclipse TE300 inverted microscope (Nikon, Melville, NY, USA) as described previously
(18) or a Zeiss LSM 510 confocal microscope (Zeiss, Thornwood, NY, USA) as described
previously (33). DIC images were collected using MetaMorph software and lightened in
Powerpoint 2011 (Microsoft). Confocal images and videos were analyzed using the LSM image
browser (Zeiss). Nematodes were individually examined and assessed for relevant phenotypes
(e.g. AIC- colonization). PIV-localization was scored positive if a J2 juvenile had one or a few
colonizing bacteria bilaterally distributed at the anterior nematode intestine. Bacterial intestinal
localization during intestinal constriction was scored as positive if any colonizing bacteria were
observed at the anterior nematode intestine when the intestine was tightly constricted during
pre-1J development. While the nematode population was relatively synchronized, our counts
represent the percentage of juveniles visible and do not strictly correlate with a single
generation (e.g. early F2 juveniles may have been counted along with late F1 juveniles on day 8
or 10).

To observe bacterial colonization with stained nematode tissue, specimens were stained
with 6.6 uM rhodamine phalloidin (Sigma) or 0.125 mg/ml Alexa Fluor 633 concanavalin A
(Invitrogen; dissolved in 0.1M sodium bicarbonate) (gifts from M. McFall-Ngai). To prevent
photobleaching of fluorophores, samples were prepared in the dark. Nematode cultures were
resuspended in PBS + 4% final concentration paraformaldehyde and fixed for at least 18 hours.
Samples were washed at least three times in PBS, permeabilized in PBS-T (1% final volume
Triton X-100) for at least 18 hours, and infiltrated with stains + 1% Triton X-100 for at least 18
hours prior to visualization.

Two different statistical tests were applied to the data. In each case we tested adult AlIC,

juvenile AIC, pre-IJ PIV, pre-IJ intestinal constriction, and IJ receptacle colonization separately.
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First, we applied a 2-tailed Fisher's exact test (http://www.langsrud.com/fisher.htm) to the

difference in colonization frequency of wild type- and mutant-colonized nematodes each day
that colonization frequencies were assessed (data not shown). We also applied this test to the
sum of the frequencies of colonization across all experiments (presented in Table A3.1). To
assess the reproducibility of the statistical differences across experiments, we used a
generalized linear mixed effects model (Bates et al., 2012) in R (R, 2012) with a binomial family,
with the mutant as a fixed effect, and experiment, day, and replicate as random effects, and day
and replicate nested within experiment (presented in Figs. 4A and 5A). We did not perform tests
for intestinal constriction in X. nematophila because the ASR1 mutant did not colonize any
nematodes, and the package does not accurately reflect differences when all of one sample is
0. To calculate the values presented in Figs. 4A, 5A, and 6A (there was no statistical
comparison for 6A), the average colonization frequency across all time points was first
calculated for each replicate, then replicates were averaged to yield the average colonization
frequency for each experiment. Finally, the average colonization frequencies of all experiments
were averaged (and the S.E.M. calculated) and presented as percent colonized nematodes in
Figs. 4A, 5A, and 6A. Statistical cutoffs were performed at p < 0.05 for all tests.

Because we were unable to distinguish uncolonized (AIC) juvenile nematodes from
uncolonized (PIV) pre-IJ nematodes, we assessed the frequency of nematode colonization for
each colonization phenotype relative to the same pool of uncolonized juvenile nematodes. For
example, at day 10 we observed wild type X. nematophila AlC localization in 23, 7, and 18 S.
carpocapsae nematodes from 3 different biological replicates, respectively; we also recorded 6,
5, and 10 nematodes that had no colonizing bacteria, and 7, 0, and 6 nematodes with PIV-
colonizing bacteria, respectively. We assessed AlC-localization at 23/29, 7/12, and 18/28 and
Pl1V-localization at 7/13, 0/5, and 6/16. This approach underestimates the frequency of

nematode colonization, but was necessary because we were unable to distinguish uncolonized
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“AlC”-nematodes from uncolonized “PIV”’-nematodes. Importantly, despite the

underestimation of colonization, we still observed sufficient nematode colonization in each of
our tests to identify a significant colonization defect of bacteria that did not carry the SR1 genes

(either mutant X. nematophila or wild type X. szentirmaii).
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ABSTRACT

The bacterium Xenorhabdus nematophila is a mutualist of entomopathogenic Steinernema
carpocapsae nematodes and facilitates infection of insect hosts. X. nematophila colonizes the
intestine of S. carpocapsae which carries it between insects. In the X. nematophila colonization-
defective mutant nilD6::Tnb, the transposon is inserted in a region lacking obvious coding
potential. We demonstrate that the transposon disrupts expression of a single CRISPR RNA,
NilD RNA. A variant NilD RNA also is expressed by X. nematophila strains from S. anatoliense
and S. websteri nematodes. Only nilD from the S. carpocapsae strain of X. nematophila rescued
the colonization defect of the nilD6::Tnb mutant, and this mutant was defective in colonizing all
three nematode host species. NilD expression depends on the presence of the associated
Casb6e but not Cas3, components of the Type I-E CRISPR-associated machinery. While cas6e
deletion in the complemented strain abolished nematode colonization, its disruption in the wild-
type parent did not. Likewise, nilD deletion in the parental strain did not impact colonization of
the nematode, revealing that the requirement for NilD is evident only in certain genetic
backgrounds. Our data demonstrate that NilD RNA is conditionally necessary for mutualistic

host colonization and suggest that it functions to regulate endogenous gene expression.
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INTRODUCTION

Entomopathogenic Steinernema spp. nematodes are mutualistically associated with
bacteria of the genus Xenorhabdus (1). Together, these symbiont pairs infect, kill, and
reproduce within insect hosts. A specialized infective juvenile (1J) stage of the Steinernema
nematode transmits bacterial symbionts between insects, ensuring maintenance of the
symbiosis through generations. The association between S. carpocapsae and its symbiont X.
nematophila has been well studied with regard to cellular and molecular aspects of symbiosis,
particularly with respect to the mechanisms by which the 1J is colonized (2-4). The bacteria
occupy a region known as the receptacle in the anterior portion of the |J intestine (5-10).
Although the processes by which X. nematophila bacteria are selected and gain entry to the
receptacle remain obscure, only one or two individual clones are founders for the final
population (~30-200 CFU/IJ) that ultimately fills the space (4, 8).

To better understand the bacterial molecular factors necessary during colonization of the
IJ nematode, a signature tagged mutagenesis screen to identify X. nematophila mutants
defective in this process was conducted in the S. carpocapsae nematode-associated strain X.
nematophila HGB081 ANG6/1 (hereafter referred to as XnSc 081) (11). In one of the mutants
identified in this screen, nilD6::Tn5, the transposon had inserted into a region of the genome
lacking obvious coding potential. Complementation studies then confirmed the nilD region was
necessary for nematode colonization but was dispensable for virulence in an insect model of
infection (11). Bioinformatic analyses have since indicated that the nilD locus encodes a single,
free-standing CRISPR (clustered regularly interspaced short palindromic repeats) element
comprising one spacer and two repeats, which was disrupted by the transposon insertion
(Figure A4.1).

CRISPRs are genetic elements broadly distributed among bacteria and archaea and can

provide resistance to foreign nucleotide sequences (12). CRISPRs comprise a series of short
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XnSc nilD 5' -ATGTTTCCCGTTAATACGGGAATAAACCATGGCTaCTTTgAATTTCCTTGE TTATAACTCCATGTTCCCCGTAAGTACGGGGATAAAtac-3 "
XnSa nilD 5' -ATGTTTCCCGTTAATACGGGAATAAACCATaGCTcCTTTaAATTTCCTTGaTTATAACTCCATGTTCCCCGTAAGTACGGGGATAAACCA-3 "

XnSw nilD 5' -ATGTTTCCCGTTAATACGGGAATAAACCATaGCTcCTTTaAATTTCCTTGaTTATAACTCCATGTTCCCCGTAAGTACGGGGATAAAGGg-3"
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Figure A4.1 Schematic representation of the nilD CRISPR locus.A. Schematic diagram of

the X. nematophila genomic regions containing CRISPR loci, cas/cse genes, and nilD. The
bracket indicates the 3240-bp region previously sequenced in the HGB081 (XnSc 081) strain
background (AY077466) (11), which is identical in the sequenced ATCC 19061 (HGB800/XnSc
800) genome (NC_014228.1). Line arrows represent open reading frames, with gene names
indicated above each. CRISPR loci are represented by hatched rectangles and are named
CRISPR-E and CRISPR-G according to their position on the X. nematophila genome, with nilD,
shown as a black rectangle, considered CRISPR-F. The location of the nilD6::Tn5 transposon
insertion within nilD is indicated. The gray shaded box represents the 135-bp leader sequence
of CRISPR-E. White arrowheads indicate the predicted orientations of CRISPR-E and -G
transcription, based on comparison to E. coli CRISPR transcription. B. Detail of the nilD locus,
showing the two small overlapping open reading frames (orf7 and orf2) represented by
checkered block arrows. The positions of nilD locus repeats and spacer are indicated by black
and gray rectangles, respectively. The white arrow indicates the predicted orientation of
transcription based on comparison to E. coli CRISPR transcription. The black arrow represents
the position of the small RNA transcript encoded by the nilD locus. The position of the
nilD6::Tn5 insertion site is indicated by a line. C. Sequence of NilD RNA aligned with CRISPR
small RNAs predicted to be encoded by X. nematophila (XnCRISPR-E and -G) and CRISPR
RNAs expressed in E. coli (ECCRISPR). Spacer regions are shaded in gray. Lower case, bold
nucleotides indicate those that differ from NilD RNA. The 5' and 3' handles as described by
Brouns et al. (2009), and experimentally determined for NilD RNA are boxed. The underlined
"U" in the nilD spacer sequence is necessary for colonization (11). D. Alignment of nilD locus
repeat-spacer-repeat sequences of X. nematophila (carpocapsae) (XnSc nilD), X. nematophila
(anatoliense) (XnSa nilD), and X. nematophila (websteri) (XnSw nilD). Lower case bold letters

indicate nucleotides that differ among the three sequences.
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repeat sequences that are separated by variable regions, called spacers. Many CRISPR

spacers exhibit identity to sequences, termed proto-spacers, within bacteriophage genomes or
other mobile DNA elements (13-16). This observation led to the discovery that CRISPR
elements encode a rapidly evolving acquired immune defense system against incoming phages
and plasmids (reviewed in (12, 17)). CRISPR arrays are transcribed as single RNA molecules
that are then processed by components of the Cas (CRISPR associated sequences) machinery
into individual CRISPR RNA (crRNA) molecules (18-20). There are three major classes of
CRISPR systems (Types I-lll). These three types are further subdivided into several subtypes,
differentiated by criteria including the phylogeny of the cas genes and the sequence of the
CRISPR repeats (21, 22). In E. coli, a type I-E system, five proteins, Cse1 (Cas subtype E.
coli), Cse2, Cas7, Casb, and Cas6e (previously named CasA, B, C, D, and E, respectively) are
associated in a complex termed “Cascade” and Cas6e, a putative RNA binding protein, is the
subunit responsible for RNA processing (19, 20, 23). Processed crRNAs target and interact
with proto-spacer encoding DNA or RNA molecules, resulting in gene silencing and/or
degradation (24). A 6-8 nt seed sequence within the crRNA exhibits 100% identity to the target
and is predicted to guide the interaction between the crRNA and the proto-spacer (25, 26).
CRISPR targeting and silencing also require the presence of a short, proto-spacer adjacent
motif (PAM) within the exogenous target sequence, located directly upstream of the seed
sequence. The PAM provides a mechanism by which the system differentiates between target
and non-target (e.g. endogenous) sequences, thereby preventing potentially lethal auto-
immunity due to targeting of chromosomal "self" sequences (27, 28). The hybridization of the
crRNA molecule to the PAM-encoding DNA sequence results in the formation of an R-Loop
within the crRNA that acts as a binding site for another member of the Cas protein family, Cas3.
Cas3 contains helicase and nuclease activities that are responsible for degradation of the target

molecule (29-31). Evolution of resistance to new challenges occurs by the addition of spacers to
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the promoter-proximal end of the CRISPR repeat array, in a Cas1 and Cas2-dependent process

(12).

In addition to providing resistance to exogenous sequences, E. coli CRISPRs have
activity against lysogeny and induction of temperate bacteriophages (32). Induction of the
CRISPR-Cas system results in E. coli cell death if crRNA targets are present on the
chromosome, but the system also selects for bacterial populations that have lost prophages.
Other functions attributed to CRISPR-Cas systems include modulation of bacterial community
behaviors, gene expression, and DNA repair (33-37). Lastly, recent studies have implicated or
established a role for CRISPR-Cas systems in promoting virulence of several pathogens
including Legionella pneumophila, Campylobacter jejuni, and Francisella novicida (38-41). Thus,
the repertoire of cellular activities impacted by CRISPR-Cas appears to be diverse and much
remains to be learned about these versatile elements particularly with regard to their influence
on host interactions.

The work presented here was undertaken to determine the relationship of nilD to the
CRISPR-Cas system and its function in mutualistic colonization of host nematodes. We
demonstrate that the nilD locus expresses a CRISPR RNA molecule that contributes, in a
Cas6e-dependent manner, to colonization of three distinct nematode species. Our data are
consistent with a model that NilD functions to regulate endogenous bacterial sequences in a

way that requires neither Cas3 nor perfect sequence identity to the target.

RESULTS

The nilD locus is encoded within a CRISPR-Cas region. Heungens et al. (2002) previously
reported a 3185-bp sequence (AY077466) of XnSc 081containing the nilD locus required for
association with S. carpocapsae nematodes. Further sequence analysis revealed this locus

encodes a CRISPR repeat element, comprising one spacer and two repeats, which is disrupted
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by the transposon insertion in the colonization deficient strain nilD6::Tn5 (Figure A4.1) (11).

Additional CRISPR repeat sequences were noted upstream of nilD (bracketed region in Figure
A4.1 A). These data indicate that X. nematophila encodes multiple CRISPR loci and that
disruption of one of these, nilD, can inhibit nematode colonization.

To gain further information on the chromosomal context of nilD and to identify other
CRISPR loci, the genome of XnSc 081 was sequenced and compared to that of the published
sequence of X. nematophila strain HGB800 (NC_014228; ATCC 19061, hereafter referred to as
XnSc 800) (Table A4.S1). In both genomes there are six CRISPR elements (Table A4.S2),
labeled alphabetically in order of their occurrence in the chromosome (A-E and G) in addition to
nilD (CRISPR-F). In both genomes, the nilD locus is located approximately 250-nt downstream
of CRISPR-E. The nilD CRISPR is most similar to loci C and E: Each of these three loci (nilD,
CRISPR-C, and CRISPR-E) encodes 32-nt spacer sequences and 29-nt repeats that are similar
in sequence to those of E. coli K12 (11) (Figure A4.1 C). In turn, the nilD repeat sequences are
similar, but not identical, to those of the loci C and E. In the 29 nt comprising each repeat, 6 and
4 differences occurred in the left and right repeats of nilD respectively, relative to the CRISPR-E
repeats (Figure A4.1 C), indicating the nilD locus has diverged from the other CRISPR loci in
the genome.

Encoded downstream of nilD is the previously sequenced gloA gene, as well as cas
genes and CRISPR locus G (Figure A4.1 A). The sequences of each of these regions are
identical between XnSc 081 and XnSc 800. CRISPR loci are preceded by A/T rich leader
sequences containing promoters driving CRISPR transcription (42). These leaders can be
necessary for CRISPR function (43, 44) and their sequence tends to be conserved within, but
not across, species (45, 46). In both XnSc 800 and XnSc 081, a 99-nt sequence adjacent to
CRISPR-E (Figure A4.1 A) is 93% identical to that found upstream of CRISPR-C, and is likely

the leader sequence. This sequence is not found adjacent to any other CRISPR locus (A, B, D,
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or G), nor is it found adjacent to nilD, suggesting that these loci may be regulated in a manner

distinct from CRISPR-C and -E.

The X. nematophila cas genes are of the Type I-E subset and include the broadly
conserved cas1, cas2, and cas3 genes, as well as cse? (casA), cse2 (casB), cas7 (casC), casb
(casD), and cas6e (casE) (Figure A4.1 A) (22, 47-49). Based on comparisons to E. coli and
other systems (19, 29-31), we predict cas3 encodes a protein with nuclease and helicase
activity necessary for mediating degradation of crRNA-DNA hybrids, while the other five genes
encode components of the ribonucleoprotein Cascade complex necessary for CRISPR RNA
processing and target DNA degradation. In other systems cas? and cas2 genes are not
necessary for CRISPR RNA processing or activity, but rather encode nucleases that form a
complex necessary for acquisition of new spacers (50, 51). In addition, cas1 is involved in DNA
repair and chromosome segregation (37), while cas3 promotes plasmid replication in E. coli
(52).

Genomic analyses indicate that the spacer composition of the E. coli Type I-E system
diversifies more slowly than would be expected if the CRISPRs were primarily involved in
immunity (53). To address if X. nematophila spacer content diversifies during association with
nematode and insect hosts we isolated DNA from 10 individual colonies of X. nematophila from
our laboratory stock population of S. carpocapsae |J nematodes that had been maintained for
~15 years by repeated (~monthly) passage through Galleria mellonella insect larvae. These
"evolved" X. nematophila are the result of >1500 rounds of the natural life cycle, comprising
persistence in non-feeding IJ nematodes during storage in water, infection and growth within
insect larvae (including exposure to insect-associated microbiota), and colonization of nematode
IJs (54). In contrast, XnSc 800 and XnSc 081 stocks have been stored for a similar period
frozen in glycerol without propagation. There were no spacer sequence differences in CRISPR

loci C, E or nilD in the 10 isolated colonies relative to each other or to the frozen stock strains
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(data not shown), indicating that these loci are not evolving during laboratory passage through

nematodes and insects. While we did not examine spacer content of the other 4 CRISPR loci in
the evolved strain, the absence of spacer content changes in CRISPR loci C and E after more
than 1500 passages through insects supports the idea that the CRISPR-Cas machinery in X.
nematophila may function in a role outside of the canonical immunity against exogenous nucleic
acids (55). Overall, the genomic analyses described above indicate that the nilD locus, which is
necessary for X. nematophila to colonize S. carpocapsae nematodes, encodes a non-canonical

CRISPR element.

The nilD CRISPR sequence is sufficient to promote nematode colonization. We previously
reported that the colonization defect of the nilD6::Tn5 mutation was partially rescued by
introduction of a plasmid (pSR2-312, Table A4.1) carrying a 312-bp fragment of wild type nilD-
containing DNA, confirming this region is necessary for colonization (11). Likewise, insertion of
a 387-bp fragment encoding the nilD locus (pEVS107-nilD, Table A4.1) in single copy at the
attTn7 insertion site of the XnSc 081 nilD6::Tn5 genome (referred to hereafter as nilD6::Tn5 +
nilD) was sufficient to restore nematode colonization, in this case to wild type levels (Figure
A4.2 B). The DNA surrounding the transposon insertion encodes two putative divergent and
overlapping small open reading frames, orf1 and orf2 that encompass the CRISPR element (11)
(Figure A4.1 B) and may encode small peptides that could be involved in colonization. A
plasmid carrying the nilD sequence with a mutation at the common "T" of the start codons of
these two ORFs did not rescue the colonization defect of the nilD6::Tn5 mutant (11). However,
since this nucleotide is also the first within the 32-nt spacer (see underlined nucleotide in Figure
A4.1 C), these previously reported data did not clarify if orf1, orf2, or the CRISPR-like element is
involved in colonization. To help address this question, we transformed the nilD6::Tn5 mutant

with derivatives of plasmid pSR2-312 (11), containing the 312-bp fragment sufficient to rescue
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Strain or plasmid Relevant Characteristics Source or
Reference
E. coli
DH5a General cloning host (69)
DH5a (lpir) General cloning strain for maintenance of 0riR6K plasmids
S17-1 (Ipir) E. coli donor strain for conjugations
X. nematophila
HGBO081 (XnSc 081) | Rifampicin resistant derivative of wild-type X. nematophila S. Forst
ANG6/1 (carpocapsae)
HGB151 X. nematophila ATCC 19061 rpoS17::kan (65)
HGB315 HGBO081 nilD6::Tn5 (11)
HGB829 HGB315 nilD6::Tn5 pECM20-gfp (8)
HGB1186 HGB315 nilD6::Tn5 pECM20-gfp sup-1 This study
HGB1578 HGBO081 Dcas3-3::kan This study
HGB1695 HGBO081 DcasE4::kan (cas6e mutant) This study
HGB1418 (XnSa X. nematophila (anatoliense) isolated from S. anatoliense This study
1418) nematodes
HGB1419 (XnSw X. nematophila (websteri) isolated from S. websteri This study
1419) nematodes
HGB1421 X. nematophila strain of unknown origin S. P. Stock
HGBO007 (XnSc 007) | Wild-type X. nematophila (carpocapsae) ATCC 19061, ATCC
acquired in 1995
HGB800 (XnSc 800) | Wild-type X. nematophila (carpocapsae) ATCC 19061, ATCC
acquired in 2003
HGB1764 XnSc 081 nilD56::kan This study
HGB1756 XnSc 800 nilD56::kan This study
HGB1940 HGB315 nilD6::Tn5 attTn7::Tn7/nilD This study
HGB1986 HGB315 nilD6::Tn5 attTn7::Tn7/nilD-SDM This study
HGB1901 XnSc 081 Dcas3-5.:strep This study
HGB1909 XnSc 081 DcasE®6::strep (cas6e mutant) This study
HGB1907 HGB1940 Dcas3-5::strep This study
HGB1915 HGB1940 DcasE®6::strep (cas6e mutant) This study
X. bovienii
HGB1166 ATCC 35271 X. bovienii atfTn7::miniTn7
HGB1167 ATCC 35271 X. bovienii atfTn7::miniTn7/SR1 (containing (67)
nilA, nilB, and nilC)
HGB1649 HGB1166 pECMXb-Empty This study
HGB1651 HGB1166 pECMXb-SR2; nilD+ This study
HGB1653 HGB1167 pECMXb-Empty; nilABC+ This study
HGB1655 HGB1167 pECMXb-SR2; nilD+ nilABC+ This study
Plasmids
pBCSK+ General cloning vector, Cm", Stratagene
pCR2.1®-TOPO General cloning vector, Amp", Kan" Invitrogen,
Carlsbad, CA
pCR2.1-TOPOmini General cloning vector, Amp" This study

pTopoSR2-2 312-bp XnSc 007 nilD region amplified with KPH62 and (11)
KPHG63 primers and cloned into pCR2.1®-TOPO
pSR2-312 Apal-Sacl fragment from pTopoSR2-2 subcloned into (11)
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pBCSK+, formerly named pBCSR2-2

pAWA1 137-bp XnSc 007 nilD region PCR amplified from HGB0O07 This study
chromosomal DNA with primers KPH57 and KPH58 and
cloned into pCR®II-TOPO

pCR2.1-TOPO-nilD- pCR2.1-TOPO-nilD modified by site directed mutagenesis to | This study

XnSa match the nilD spacer sequence of XnSa and XnSw. Use for
RPA analysis.

pEVS107 Source of Kan' cassette for cas3 and cas6e mutations (76)

pEVS107-nilD Kan®; vector for insertion of 387-bp nilD fragment at atfTn7 This study
site of XnSc 081

pEVS107-nilD-SDM Kan®; pEVS107-nilD altered by site directed mutagenesis to This study
change NilD RNA spacer sequence

pKNG101 Sm"; oriR6K suicide vector (77)

pECM20 pECM2 containing a 614-bp chromosomal insert from XnSc (8)
007

pECMXb-Empty pECM20 with X. bovienii sequence replacing the X. This study
nematophila insertion sequence

pECMXb-SR2 pECMXb-Empty with 312bp nilD region from pTopoSR2-2 in | This study
the Xbal site

pKNG cas3-5::strep Sm"; pKNG101 with Dcas3::strep for replacing cas3 gene This study
with SmR cassette

pKNG casE®6::strep Sm®; pKNG101 with DcasE:::strep for replacing cas6e gene This study
with SmR cassette

pKR100 Cm", 0riR6K suicide vector

pKR100 nilD56::kan Kan®, Cm"; pKNG101 with Dcas-3::kan for replacing nilD This study
encoding region with Kan" cassette.

pBS-5S AmpR (78)
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nilD-XnSc CCA-TGGCtACtTTgAAtTTcCTtGTtTAtAACTCc-ATG
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Figure A4.2 Wild type, but not mutant nilD provided in trans complements the
colonization defect of the nilD6::Tn5 mutant. A. Alignment of the spacer sequences of X.
nematophila (from S. carpocapsae) wild type nilD (nilD-XnSc) and the mutated allele (nilD-
SDM). B. XnSc 081, XnSc 081 nilD::Tnb, and complemented strains were co-cultivated with
axenic S. carpocapsae nematodes. The average colony forming units (CFU) colonizing the

resulting progeny infective juveniles was measured by sonication and dilution plating.
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colonization. Deletions were made in the pSR2-312 backbone such that the 5’ (DL) and/or the 3’

(DR) ends of the 312-bp nilD region were truncated (Table A4.1, Figure A4.S1). These
constructs were transformed into either the nilD6::Tnb& mutant or its wild-type parent XnSc 081
and transformants were tested for the ability to colonize IJ nematodes (Table A4.S3).
Constructs lacking substantial regions of orf1 or orf2 were able to rescue the colonization defect
of the nilD6::Tnb mutant, indicating that neither ORF is required in its entirety to encode the
colonization determinant. In contrast, the deletion constructs in which portions of the CRISPR
repeat-spacer sequence are truncated were unable to rescue the colonization defect of the
nilD6::Tn5 mutant. Furthermore, a plasmid (pSR2-DR90/DL84,Table A4.1) carrying a 137-bp
central fragment containing the 90-nt nilD CRISPR-like region did rescue the colonization defect
of the nilD6::Tnbd mutant. These data support the hypothesis that within the nilD locus, the
CRISPR-like sequences, not the short coding regions are necessary for colonization.

The role of the predicted NilD RNA in colonization was investigated further by
introducing base substitutions that would alter the putative NilD RNA sequence but not the Orf1
or Orf2 peptide coding sequences (Figure A4.2 A). This construct (pEVS107-nilD-SDM, Table
A4.1) was introduced in single copy in the attTn7 site on the XnSc 081 nilD6::Tn5 genome and
the colonization phenotypes of the resulting strains were examined. Complementation with this
construct failed to restore nematode colonization, indicating that NilD RNA rather than either Orf
peptide is essential for nematode colonization and further supporting the predicted function of
NilD as a crRNA (Figure A4.2 B). Consistent with this conclusion, attempts to detect expression
of the Orf1 and Orf2 peptides by immunoblot and assaying /lacZ translational fusions were

unsuccessful (data not shown), indicating that these factors may not be stably expressed.

nilD encodes a small RNA transcript expressed during growth in lab culture and

colonization of nematodes. E. coli CRISPR repeats are transcribed and processed into small
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RNAs of ~57 nt (19). We sought to determine if the nilD locus similarly expresses a small RNA.

Northern blots were insufficiently sensitive to detect an RNA transcript from the nilD region (data
not shown). We therefore performed an RNase protection assay (RPA) using probes containing
nilD sequence specific for either sense or anti-sense RNAs (relative to the transcript orientation
of the CRISPR-like element predicted by comparison to E. coli (19)). No protected signal was
observed in any reactions specific for anti-sense RNA (data not shown). In contrast, RNA
harvested from wild type cultures, but not from the nilD6:.Tnb mutant, protected a fragment of
approximately 58-nt when probes specific for the sense strand were used (Figure A4.3 A),
indicating the nilD region encodes a 58-nt RNA that is expressed under in vitro growth
conditions. Similar results were observed when RNA was extracted from wild type bacteria
harvested from |J stage S. carpocapsae nematodes (Figure A4.3 B), demonstrating that the
NilD RNA is also expressed during mutualistic interactions with its nematode host. Additionally,
RPA analysis of RNA isolated from X. nematophila wild type cells grown under various in vitro
conditions indicate that NilD RNA levels are elevated in nutrient-limited or aged cells (Figure
A4.S2 A). Higher NilD RNA levels were detected after growth in LB supplemented with 2, 2-
dipyridil (an Fe(ll) chelator) relative to LB alone or with additional supplementation with
exogenous Fe,;SOg3, indicating NilD RNA levels may increase after iron limitation (Figure A4.S2
B).

Primer extension was used to determine the 5’ end of the ~58-nt NilD RNA (Figure A4.3
C). The run-off fragment indicates that the 5’ end of NilD RNA is an adenine (designated +1 and
indicated by an asterisk in Figure A4.3 C) seven nucleotides upstream of the spacer region. In
addition to this 5’ end, we occasionally observed run off fragments consistent with the +2U as
the 5’ end (data not shown), which may indicate flexibility in processing or transcription initiation.
The mapped 5' end of NilD RNA and the predicted 5' end match the 5' and 3' handles identified

for E. coli crRNAs (19) (Figure A4.1 C). These results confirm that the nilD locus encodes a
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Figure A4.3 The nilD locus of X. nematophila encodes a small RNA. RNase protection
analysis, using a radiolabeled NilD RNA-specific probe, was used to detect expression of the
NilD RNA in RNA harvested from X. nematophila strains during both in vitro growth (panels A,
C, E) and mutualistic interactions with the nematode host (panel B). Primer extension analysis
was performed on RNA isolated from laboratory grown X. nematophila cultures to map the 5'
end of NilD RNA (panel C). A RNA was harvested from stationary phase cultures of X.
nematophila Sc 081, and X. nematophila Sc 081 nilD6::Tnb. The probe was also incubated with
yeast RNA (Y) as a negative control. Radioactive markers (not shown) were used to estimate
the sizes of the labeled fragments as indicated on the left. The 20-nt band represents the
smallest nuclease-resistant single stranded RNA product of RNase cleavage. B To assay for in

vivo expression of NilD, RNA was extracted from Sc 081 and Sc 081 nilD56::kan harvested from
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infective-juvenile stage S. carpocapsae nematodes after co-cultivation. C RNA isolated from

wild type X. nematophila HGB800 (ATCC19061) after overnight growth in LB was used as a
template for reverse transcriptase extension (RT) from the radioactively labeled primer AAP2.
The resulting products were loaded on each gel adjacent to a sequencing ladder (C, T, A, and G
lanes) derived from the same primer on pAWA1 template DNA. The relevant sequence is
indicated to the left of the panel. The asterisk represents the starting nucleotide of the observed
product. The lower case atg in the sequence to the left of the panel indicates the predicted start
codon of orf1. D. To determine if the NilD RNA is expressed in distinct X. nematophila strains,
RNA was harvested from the indicated strains: XnSc 081, XnSc 800 and strains harvested from
S. anatoliense and S. websteri nematodes (XnSa 1418 and XnSw 1419, respectively).
Likewise, RNA was harvested from nilD6::Tn5 strains complemented with the nilD locus derived
from XnSa 1418 and XnSw 1419 (nilD + Sa and nilD + Sw, respectively). E. RNA was isolated
from wild type X. nematophila strains (XnSc 081 and XnSc 800), nilD mutant strains (nilD::Tn5
or nilD::kan), and the nilD6::Tn5 suppressor strain (XnSc 081 nilD::Tnb sup1). For each panel,
each image was processed in its entirety with Adobe Photoshop CS3 to optimize visibility of

bands by adjusting brightness and contrast.
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small CRISPR RNA (genome coordinates: 3579434...3579491), hereafter referred to as NilD

RNA (Figure A4.1 C).

NilD RNA expression requires Casé6e. To investigate the role of the Cas machinery in NilD
RNA processing and nematode colonization, we used allelic exchange to generate mutations in
casbe, a gene predicted to encode an endoribonuclease responsible for processing of CRISPR
transcripts into small RNAs, and in cas3, which is predicted to encode a helicase/nuclease
required for CRISPR-mediated resistance to infection (19, 29). RPA was used to detect

X. nematophila NiID RNA and northern hybridization, using a general crRNA probe, was used to
detect total CRISPR RNA in wild type and cas mutants (Figure A4.4). In the XnSc 081
background, CRISPR small RNAs were absent in the cas6e mutant, but were present in the
cas6e mutant complemented with the cas6e gene on a plasmid (compare Figure A4.4 B lanes 4
and 5 with lane 6). CRISPR RNAs were also apparent in the cas3 mutant (Figure A4.4 B, lane
3). These data indicate that, as in E. coli, cas6e but not cas3 is necessary for normal
processing of crRNAs (19). Furthermore, crRNAs were expressed in the nilD6::Tn5 mutant
(Figure A4.4 B, lane 2), suggesting that the nematode colonization defect of this mutant is not
due to general disruption of crRNA expression. RPA analysis revealed NilD RNA, like other
crRNAs, is apparent in the cas3-deficient (Figure A4.4 A, lanes 3 and 8) but not the cas6e-
deficient strains (Figure A4.4 A, lanes 4, 5, 9, and 10), when expressed from its native locus (in
the HGBO081 background) or from the atfTn7 locus (in the nilD6::Tn5 + nilD background).
Furthermore, providing a wild-type copy of the cas6e gene on a plasmid restored NilD
processing (Figure A4.4 A, lanes 6 and 11). These results establish that the expression of the
58-nt NiID RNA depends on a component of the Cas machinery, further supporting its identity

as a CRISPR RNA.
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Figure A4.4 cas6e is necessary for presence of CRISPR RNA, but not for NilD RNA or
colonization of S. carpocapsae nematodes. RNA was isolated from XnSc 081 wild type (wt),
nilD6::Tn5, Dcas-3::strep (cas3), and DcasE::strep (cas6e) with or without the empty vector
control (pBC) or the cas6e complement plasmid (pCas6e). All cells were grown to stationary
phase in LB at 30°C. RNAse protection assays using radiolabeled AAP2 primer (A) were used
to detect NilD RNA while radiolabeled primers AAP1 (B) or Xn 5S RNA (C) were used in
northern blots to detect CRISPR RNA and 5S RNA respectively. CRISPR RNA is detected as a

band of ~60 nt. 5S RNA was detected as a band of ~113 nt.
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nilD and casE are only necessary for colonization in a specific genetic background. Our

data indicate that NiID RNA is not processed in the absence of cas6e. Furthermore, in E. coli,
Cas3 is predicted to be required for processed crRNA function. We therefore predicted that in X.
nematophila cas6e and cas3, like nilD, would be required for nematode colonization. We first
tested this by replacing the cas6e and cas3 genes with a streptomycin resistance cassette in
XnSc 081 and the nilD6::Tn5 mutant with (Tn7-nilD) or without (eTn7) nilD, generating a panel
of cas6e::strep and cas3::strep strains. As predicted, disruption of cas6e in the nilD6::Tnb +
nilD strain resulted in a significant colonization defect, which was rescued by providing a wild
type copy of cas6e on a plasmid (Figure A4.5 B). These data are consistent with the model that
the function of Cas6e in colonization is to process NilD RNA into a crRNA, although we have not
ruled out the possibility that it has a NilD-independent function in colonization. Contrary to our
prediction, deletion of cas3 resulted in no significant effects on nematode colonization.
Therefore, in contrast to crRNAs in other systems, NilD activity is independent of Cas3.
Surprisingly, neither the cas6e::strep nor the cas3::strep mutations caused a

colonization defect in the XnSc 081 strain background (the parent of the nilD6::Tn5 mutant)
(Figure A4.5 A), raising the possibility that the requirement for NilD RNA is specific to the
nilD6::Tn5 background. To further explore this hypothesis, nilD was replaced by allelic
exchange with a kanamycin resistance cassette in the XnSc 081 and XnSc 800 wild type
backgrounds. Like XnSc 081 cas6E::strep, the resulting strains, XnSc 081 nilD56::kan and
XnSc 800 nilD56::kan mutants colonized S. carpocapsae to wild type levels (Table A4.2),
despite a lack of NilD RNA detected by RPA (Figure A4.3 E and Figure A4.4 A).

These data verify that NilD and Cas6e are required for mutualism, but only within a
specific genetic background of X. nematophila, suggesting a synthetic allele arose during the
transposon mutagenesis process that gave rise to nilD6::Tn5. To examine possible synthetic

mutations present in this background, we sequenced and compared the nilD6::Tnb draft
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Table A4.2 A nilD::kan mutation does not confer a colonization defect in the HGB081 and

HGB800 backgrounds.

Average CFU of strain/IJ + standard error (n = 3)?

Relevant Alleles XnSc 081 HGB800

none 66.36 + 2.57 50.03 +4.02
nilD::kan 60.03 + 3.86 61.73 £ 0.96
nilD::kan cas3::str 60.52 £ 5.97 60.05 £ 3.17
nilD::kan cas6e::str 58.83 £ 2.76 58.72 £ 2.80

%In this experiment the nilD6::Tn5 strain colonized at 0.10 + 0.01 CFU/IJ. None of the values
shown in the table were significantly different from each other, but all were significantly different

from the nilD6::Tn5 strain (p<0.001 using one-way ANOVA with Tukey's post-test).
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Figure A4.5 cas6e is necessary for colonization in the nilD6::Tn5 attTn7::Tn7/nilD
background. Colonization ability was measured for (A) XnSc 081 and (B) nilD6::Tn5
atttn7::Tn7/nilD (the nilD mutant with wild type nilD expressed in trans at the atfTn7 site). Each
strain carried wild type cas genes (wt) or cas3 and cas6e mutations. In each background, the
colonization phenotypes of the cas6e mutant carrying the control vector pBC or wild type cas6e
(pBCcasb6e) was also assessed. Each strain was co-cultivated with axenic S. carpocapsae
nematodes and colony forming units (CFU) within the resulting progeny infective juveniles (1J)
was measured by sonication and dilution plating. The average CFU of strain/lJ + standard error
(n 2 5) is shown. In this experiment the uncomplemented nilD6::Tnb strain colonized at 0.22 +
0.11 CFU/IJ Different letters indicate significant differences in colonization levels between

bacterial strains: p<0.0001 One-way ANOVA with Tukey's post-test.
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genome to that of its parent XnSc 081 and found only one difference, a single nucleotide

variation (SNV) located within the intergenic region of genes XNC1_3346 and XNC1_3347 (T-
3271541-C). Gene XNC1_3346 is predicted to encode a P4-like DNA primase while
XNC1_3347 is a small hypothetical gene in the DUF1795 superfamily that is followed
immediately by XNC1_3348, predicted to encode an Rhs-like, YD-repeat-containing protein of
unknown function (Figure A4.S3). Overlapping XNC1_3346 is an 1147-bp repeat sequence that
occurs with 80-87% identity in two other locations of the genome (one full length copy and one
truncated copy), also overlapping with genes with homology to those encoding P4-like DNA
primases (Figure A4.S3). The SNV occurs within this repetitive region and an alignment of the
three repeat regions shows variability in the nucleotides around the SNV (Figure A4.S3 D).
Thatthe SNV associated with the nilD6::Tnb strain background is located within a phage-
encoding region is consistent with it being involved in the activity of the CRISPR-Cas system,
potentially as a target for NiID RNA. However, no obvious regions of sequence identity or
complementarity were observed between NilD RNA (repeats or spacer) and the region

surrounding the SNV.

A suppressor of the nilD6::Tn5 colonization phenotype. The low level of colonization
observed for the nilD6::Tnbd mutant (~0.1 CFU/1J; see for example Table A4.3) could reflect a
majority of nematodes colonized by few bacterial cells, or full colonization (~50 bacteria) in one
of many nematodes. The former phenotype might indicate the nilD6::Tn5 mutant has a defect in
outgrowth (8), whereas the latter phenotype might indicate the nilD6::Tn5 mutant has a defect in
initiation of colonization which can be occasionally suppressed. To distinguish between these
possibilities we examined by epifluorescence microscopy the frequency of colonized nematodes
after cultivation on a GFP-expressing nilD6::Tn5 strain (XnSc 829; Table A4.1). This analysis

showed that the majority of individual nematodes were uncolonized and that approximately 1 in
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600 nematodes were fully colonized (data not shown). To determine if rare colonization events

were due to genetic or epi-genetic suppression of the nilD6::Tn5 mutation we examined the
colonization phenotype of a colony isolate derived from nilD6::Tn5-colonized nematodes. Upon
re-cultivation with nematodes, this colony isolate, XnSc 1186 (sup-7) exhibited significantly
higher levels of colonization than its nilD6::Tn5 parent (5.48 + 0.57 vs. 0.15 £ 0.47 Avg. CFU/IJ
respectively, n=6, p<0.001 by unpaired Student's t-test), despite the absence of detectable NilD
RNA by RPA (Figure A4.3 E). These data indicate that the phenotype caused by the nilD6::Tnb
mutation can be suppressed, presumably by nucleotide or epigenetic changes elsewhere on the
chromosome. The latter seems most likely, as sequencing of the XnSc 1186 sup-7 genome did

not reveal mutations that could explain the suppression phenotype (data not shown).

The nilD locus contributes to XnSc 081 association with different nematode species. In
addition to S. carpocapsae, X. nematophila associates with two other nematode species, S.
websteri and S. anatoliense (56). To examine if NilD RNA is required for colonization of these
other nematode hosts, the colonization phenotypes of the nilD6::Tnd mutant and XnSc 081 in S.
anatoliense and S. websteri were assessed. Similar to the phenotypes observed in S.
carpocapsae colonization assays, XnSc 081 colonized S. anatoliense and S. websteri while the
nilD6::Tn5 mutant displayed a marked defect in its ability to associate with these host nematode
species (Table A4.3). In all three nematode hosts the colonization defect of the nilD6::Tn5
mutant was rescued by insertion of the XnSc 081 nilD sequence at the atfTn7 insertion site

(Table A4.3).

Strain specific NilD RNA variants are expressed in the S. anatoliense and S. websteri

symbionts but do not rescue the nilD6::Tn5 colonization defect. To determine if the nilD
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Table A4.3 nilD is required for X. nematophila colonization of S. anatoliense and S.
websteri nematodes.

Average CFU/IJ + standard deviation (n=3)

atfTn7 locus

Bacterial Strain insertion® S. carpocapsae S. anatoliense S. websteri
XnSc 081 none 42.07 £ 11.01% 34.40 + 4.12% 26.31 + 6.20"
XnSc 081 nilD6::Tn5 none 0.10 + 0.04° 0.36 + 0.06° 0.12+0.15°
XnSc 081 nilD6::Tn5 nilD-Sc 54.40 + 7.95" 38.60 +4.77C 4410 +7.03*°
XnSc 081 nilD6::Tn5 nilD-Sa 1.09 + 0.24° 1.08 + 0.40° 0.45 + 0.23°
XnSc 081 nilD6::Tn5 nilD-Sw 0.03 + 0.02° 0.25+0.17° 0.02 £ 0.14°
XnSa none 77.90 + 16.58"C 59.40+4.13°  55.50 + 16.61°°
XnSw none 63.55 + 12.97C 28.45 + 6.66" 74.57 + 4.74°

8A Tn7 transposon carrying nilD loci from XnSc (nilD-Sc), XnSa (nilD-Sa), or XnSw (nilD-Sw)
was integrated at the aftTn7 locus. Different letters indicate significant differences between
bacterial strains for colonization within each nematode species: p<0.05 using one-way repeated
measures ANOVA (Prism v2.0, GraphPad, La Jolla, CA) with Tukey's post-test. Colonization
levels achieved by each bacterial strain in the three nematode species were not significantly
different except XnSw for which colonization of S. anatoliense nematodes was significantly
lower than those of the other two nematode species (not shown).
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locus is present in all X. nematophila strains regardless of the identity of their natural nematode

host, we searched for it in X. nematophila strains from S. anatoliense and X. websteri (XnSa
1418 and XnSw 1419 respectively). Oligonucleotides (NilD 5’ Apal and NilD 3’ Kpnl, Table
A4.54) complementary to flanking regions around the nilD region of XnSc 081 successfully
amplified products from XnSa 1418 and XnSw 1419 genomic DNA. In each case a product was
obtained of similar size to that amplified from XnSc 081 and XnSc 800 (data not shown). The
products amplified from XnSa 1418 and XnSw 1419 genomic DNA were cloned and sequenced.
Relative to the S. carpocapsae-derived X. nematophila strains, the XnSa 1418 and XnSw 1419
nilD regions encode an identical left repeat, 4-nt differences within the 32-nt spacer, and an
identical right repeat except for the last 3 nt (Figure A4.1 D). Also, unlike the XnSc 081 nilD
sequence, the nilD regions of XnSa 1418 and XnSw 1419 are not predicted to encode small
overlapping open reading frames (data not shown).

To assess if the nilD loci of XnSa 1418 and XnSw 1419 encode a NilD RNA molecule,
we conducted RNase protection assays (RPA) using probes that match the XnSa 1418 nilD
sequence. RPA using this probe detected protected fragments in both the XnSa 1418 and
XnSw 1419 samples that were similar in size to those that were detected (using XnSc specific
probe) in the XnSc 081 and XnSc 800 samples (Figure A4.3 D). These data indicate that NilD
RNA is expressed and processed similarly in all four Xn strains.

Given the divergence of the XnSa 1418 and XnSw 1419 nilD spacers from those of Sc
X. nematophila strains, we examined if the former could rescue the colonization defect of the
nilD6::Tn5 mutant. The XnSa 1418 and XnSw 1419 nilD sequences were cloned and inserted
at the atfTn7 site of the XnSc 081 nilD6::Tn5 mutant, generating strains nilD6::Tn5 + nilD-XnSa
(nilD + Sa) and nilD6::Tn5 + nilD-XnSw (nilD + Sw). RPA analysis was used to verify
expression of the NilD RNA (Figure A4.3 D) while the colonization proficiency of the

complemented strains was assessed using Sc nematodes (Table A4.3). As expected, insertion
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of the XnSc nilD sequence (strain nilD6::Tn5 + nilD) was sufficient to restore wild type levels of

colonization. In contrast, providing the XnSa 1418 and XnSw 1419 sequences failed to restore
levels of colonization above the level of the nilD6::Tn5 mutant strain (Table A4.3). These results
are consistent with our findings described above that alteration of the NilD RNA sequence was
sufficient to disrupt the activity of this molecule. nilD6::Tn5 + nilD-XnSa and nilD6::Tn5 + nilD-
XnSw were also deficient for colonization of S. anatoliense and S. websteri nematodes (Table
A4.3), indicating that distinct nilD sequences do not confer specificity for these nematode
species.

To further explore the possible role of nilD in host range specificity, we introduced it into
X. bovienii (the symbiont of the nematode S. jollieti) that naturally lacks nilD (57, 58). X. bovienii
is unable to colonize S. carpocapsae unless it expresses the host-range specificity determinants
nilA, B, and C (4, 59). We therefore expressed nilD in X. bovienii with and without the nilA, B,
and C genes. The presence of nilD did not impact the colonization levels of X. bovienii:
colonization of S. carpocapsae nematodes was below the level of detection (0.005 CFU/IJ)
when nilD was present without nilA, B, and C, and colonization levels of X. bovienii carrying

nilA, B, and C were not increased by the presence of nilD (data not shown).

CONCLUSIONS

The goal of this study was to elucidate the mechanistic role of the X. nematophila nilD
locus during colonization of S. carpocapsae host nematodes. Our work demonstrates that nilD
encodes a small RNA and that expression of this molecule is sufficient to rescue the
colonization defect of the nilD6::Tn5 strain. Bioinformatic predictions indicated that NilD RNA is
a member of the CRISPR RNA family. Consistent with this, we present experimental evidence
that NilD RNA processing and colonization function requires cas6e, encoding a homolog of the

E. coli CRISPR RNA processing Cascade complex endonuclease (Cas6e) (30). However,



340
unlike the CRISPR-Cas systems of other bacteria, NilD RNA function does not appear to require

the helicase-nuclease Cas3 (29), since a cas3 mutant does not display a colonization defect
(Figure A4.5). This may indicate that the function of NilD RNA diverges from that of other
crRNAs, and that its requirement in colonization does not include Cas3-mediated target
degradation.

Several lines of evidence argue against the idea that the colonization function of NilD
RNA is to restrict entry of exogenous DNA (plasmids and lytic bacteriophages), the initial
primary function ascribed to crRNAs (19, 43). Instead, our data support the model that NilD
RNA regulates endogenous sequences, as has been observed or suggested in other CRISPR-
Cas systems (35, 36, 40, 60). First, the nilD6::Tn5 colonization defect is apparent in a closed
system consisting only of a bacterial clonal population and the nematode host. Therefore, the
only source of potentially toxic foreign DNA is the nematode. However, nematode lysates do not
inhibit growth of Xenorhabdus strains in liquid culture and do not form plaques on bacterial
lawns (data not shown). Further, BLASTn analyses (61) against the NCBI GenBank sequence
database and to 13 other Xenorhabdus bacterial genomes (H. Goodrich-Blair, unpublished)
failed to identify putative proto-spacers with identity to NilD (data not shown). While not
conclusive, this fact is contrary to the idea that the NilD RNA targets a mobile genetic element
present in other Xenorhabdus spp. Second, differences in the endogenous chromosome can
bypass or cause the need for NilD RNA. The nilD6::Tn5 colonization defect is only apparent in a
specific genomic background (Figure A4.5) in which suppressor alleles (e.g. sup-1) can arise
that are able to colonize despite the absence of nilD expression (Figure A4.3). Our genomic
analysis indicates the strain background associated with the requirement for nilD in colonization
has a single distinguishing SNV, a T to C change at nt 3271541 in the intergenic region between
a phage P4 primase and a region predicted to encode Rhs-like and associated elements (Figure

A4.S3), while sequencing of the sup-1 strain failed to identify any genetic alterations that could



341
account for the suppression phenotype (data not shown). These findings suggest that a single

nucleotide change in the bacterial genome may confer dependence upon nilD for colonization,
whereas suppression may result from epigenetic or phase variability.

An alternative explanation for the role of NilD RNA in colonization is that it is required to
control expression of an endogenous genetic element that is detrimental for host interactions,
with the NilID RNA 32-nt spacer region conferring specificity for this element. Similar to the E.
coli CRISPR system, NilD may control expression of its targets (32). Two models of CRISPR-
Cas-mediated gene regulation are that the Cascade complex, including the crRNA binds to
target mRNA to block translation or to promote Cas-3-mediated cleavage, or the Cascade
complex binds to the DNA target and prevents transcription. Since a cas-3 mutant does not
display the same colonization defects as the nilD6::Tn5 mutant (Figure A4.5), our data are most
consistent with the idea that the NilD RNA-Cascade complex blocks either transcription or
translation, rather than triggering target degradation. Further insights into the mechanism of NilD
RNA function await identification of its target(s). No proto-spacer with 100% identity is apparent
in the genomes of XnSc 800 or XnSc 081, suggesting that low levels of similarity may be
sufficient for NilD targeting. Conversely, complementation experiments using mutagenized
XnSc 081 nilD and the divergent nilD loci of XnSa 1418 and XnSw 1419 failed to restore the
colonization defect of nilD6::Tnb (Table A4.3), revealing that some sequence integrity is
essential. Furthermore, these data may indicate that the NilD RNA targets in strains XnSa 1418
and XnSw 1419 have diverged in sequence, and that the nilD loci in those strains have co-
evolved to maintain sequence identity. If true, further comparative sequence analysis of these
strains could yield putative targets.

This report extends the limited number of studies demonstrating an impact of CRISPR-
Cas systems on host-microbe interactions. The cas2 gene of Legionella pneumophila is

required for intracellular growth within host amoebae (38). Similar to our work, these
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experiments were conducted in the absence of exogenous DNA or phage, suggesting that the

requirement for cas2 in L. pneumophila was independent of any interference-related functions.
Likewise, a cas2 mutant was not more sensitive upon exposure to UV light or to treatment with
mitomycin C or nalidixic acid, indicating that the virulence defect was not due to the a potential
role for Cas2 in DNA repair (data not shown). A recent study demonstrated F. novicida Cas9-
mediated negative regulation of an endogenous gene encoding a lipoprotein. In the absence of
cas9, aberrant expression of the lipoprotein triggered host immunity and reduced virulence of
the pathogen (40). Together these and other studies have established a role for CRISPR-Cas
machinery in facilitating pathogen virulence (41). The work presented here demonstrates these
systems can also function in mutualistic associations. Though still enigmatic, the role of NilD
RNA and its synthetic allele in nematode colonization should be clarified by identifying its
molecular target, and in turn the function of this target in either promoting or inhibiting the

colonization process.
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MATERIALS AND METHODS

Organisms and growth conditions. Strains used in this study are listed in Table A4.1. Unless
otherwise noted, cultures were grown at 30°C in LB broth (62). X. nematophila growth media
were stored in the dark or supplemented with 0.1% pyruvate (63). Media were supplemented
with kanamycin (Km, 50 pg/ml), rifampicin (Rif, 100 pg/ml), ampicillin (Amp, 150 pyg/ml),
streptomycin (Sm, 25 ug/ml), or chloramphenicol (Cm, 30 ug/ml) where appropriate. For
indicated RNA isolations, cultures were supplemented with 500 uM Fe,SOj3;, 100 uM 2,2-
dipyridyl or 1 yM deferoxamine (Sigma-Aldrich, St. Louis, MO). The nematodes Steinernema
carpocapsae (Weiser) All, obtained from Harry Kaya, and S. anatoliense (Al-Jubiha Jordan) and
S. websteri (Peru), obtained from S. Patricia Stock, were reared in Galleria mellonella wax moth
larvae (64). For in vitro co-cultures nematodes were grown at room temperature (20-26°C) on
lipid agar (LA) plates with lawns of test X. nematophila strains as previously described (65).
Defined medium was as previously described (66) except that glutamate was added at 100 mg I’
' and Bacto agar (Sigma-Aldrich, St. Louis, MO) was used instead of noble agar. X. nematophila
strains from S. anatoliense and S. websteri were isolated by surface sterilization of 1000-10000
IJ nematodes for 3 min in 0.5% NaOCI as described previously (11). Surface-sterilized
nematode were sonicated for 1 min (67) and dilution plated onto LB + 0.1% pyruvate agar.
Individual colonies were streaked for isolation, cultured overnight at 30°C, and frozen in glycerol
stocks. Bacterial identity was verified by Sanger sequencing of the 16S gene using primers 27F

and 1492R (Table A4.S4) (68).

DNA manipulations and biochemical assays. Plasmids used in this study are listed in Table
A4.1. To create pCR2.1-TOPOmini, which lacks the KanR cassette, primers
TOPO2.1mini_Fwd_Ncol and TOPO2.1mini_Rev_Ncol (Table A4.54) were used to amplify the

backbone of the plasmid pCR2.1-TOPO. The amplified product was cut with Ncol and self-
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ligated. Standard protocols were used for the isolation of chromosomal DNA, DNA digestion,

electrophoresis, and electroporation (69). Enzymes for DNA manipulations were obtained from
Promega (Fitchburg, WI), New England Biosciences (Ipswich, MA) or Fermentas (Pittsburg,
PA). Plasmid isolations and gel purifications were performed using appropriate kits (Qiagen,
Germantown, MD). PCR amplification was performed using ExTaq polymerase, Primestar
polymerase (Takara Shuzo, Kyoto, Japan) or PFU Ultra (Agilent Technologies, Madison, WI)
and appropriate buffers on 100 ng Xenorhabdus chromosomal template-DNA, 0.2 yM each
primer, 0.4 mM dNTPs, and 2.5 U of polymerase. After 2 min incubation at 95°C, 30 cycles of 20
s at 95°C, 30 s at an annealing temperature appropriate for each primer pair, and 60-s kb at

72°C, were conducted, followed by 7 min incubation at 72°C.

pECMXb-Empty and pECMXb-SR2 construction, conjugation into X. bovienii. The
pECMXb-Empty vector was constructed from pECMZ20 (8) by replacing the X. nematophila
insertion sequence with a 588-bp fragment of X. bovienii intergenic genomic DNA (coordinates
390649-391236 of X. bovienii SS-2004; NC_013892.1) to facilitate homologous recombination
of the plasmid into the X. bovienii genome. The pECM20 plasmid was divergently amplified on
either side of the X. nematophila insert site to replace the insertion with the restriction sites for
Apal and Kpnl. Primers used were pECM20_Xb_F and pECM20_Xb_R (Table A4.54). A
predicted intergenic region of X. bovienii was amplified using primers pECMXb_insert_F and
pECMXb_insert_R, and the sequence was inserted into pECMXb using Apal and Kpnl. The
insert was confirmed by sequencing using primers pECMXb_seq_F and pECMXb_seq_R
(Table A4.54). For construction of pPECMXb-SR2, the SR2 region was sub-cloned from
pTopoSR2-2 into the pECMXb Xbal site using Xbal and Spel.

The pECMXb-Empty and pECMXb-SR2 plasmids were conjugated in X. bovienii 1166

and 1167 using previously described methods (70). Ex-conjugants were grown on LB media
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supplemented with 15 ug/ml of chloramphenicol to select for insertion of the plasmid. Integration

of pECMXb-Empty and pECMXb-SR2 into the genome was confirmed by positive PCR results

using primers pECMXb_integratation_F and pECMXb_integration_R (Table A4.S4).

Isolation of X. nematophila cas and nilD mutants. The 4,857 bp DNA fragment containing
2,751 bp cas3 gene and its up-stream (1,213 bp) and down-stream (893 bp) sequences were
amplified from HGB800 chromosomal DNA using Pfu DNA polymerase (Stratagene, Santa
Clara, CA) and primers cas3UpFwd_Spel and cas3DownRev_Xbal. Likewise, the 2,553 bp
DNA fragment containing 678-bp cas6e (termed casE in strain designations) and its up-stream
(1,233 bp) and down-stream (642 bp) sequences were amplified using primers casEUpF_Spel
and casEDownR _ Xbal, respectively (Table A4.54). The resulting fragments were digested with
Xbal and Spel and cloned into plasmid pCR2.1-TOPOmini between Xbal and Spel sites. The
ahp kanamycin resistance cassette and its promoter region were amplified from plasmid
pEVS107 using primers Kan-CleanRev_EcoRV_NEW and Kan-FullFwd_Nhel _NEW (Table
A4.54) digested with Nhel and EcoRV, and used to replace the 2,362 bp Nhel-EcoRYV region
(89-2451 bp) within the cas3 gene and the 26-321 bp region of the cas6e gene, generating
pCR2.1 mini Acas3::kan and pCR2.1 mini AcasE4::kan.

To create Acas6e::strep and cas3::strep insertion constructs used in this study, the Kan®
cassettes in pCR2.1 mini AcasE4::kan (HGB1692) and pCR2.1 mini Acas3-3::kan were
removed by cutting with EcoRV and Nhel. The remaining backbone of the plasmid was ligated
to EcoRV/Spel fragment, containing the Sm" cassette from pKNG101, to form pCR2.1 mini
AcasE®6::strep and pCR2.1 mini Acas3-5::strep. The AcasE6::strep and Acas3-5::strep
fragments were cut from the pCR2.1 mini backbone using Spel and Xbal and cloned into the
Spel site of the mobilizable suicide plasmid pKNG101, generating pKNGDcasE®6::strep and

pKNGDcas3-5::strep. The resulting constructs were maintained by electroporating into E. coli
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SM10 (Apir) cells and then introduced into HGB081, HGB800 and HGB1940 (Table A4.1) by

conjugation, as described previously (71). Ex-conjugants were grown on LB agar containing 25
pg/ml streptomycin overnight and subsequently grown on LB agar plus 5% sucrose to select for
sucrose-resistant ex-conjugants that had excised the vector. The Sm® phenotype was verified,
and deletion of the cas6e or cas3 gene fragments was confirmed by PCR amplification.

For deletion of the nilD region, a 1,542 bp fragment upstream of nilD was amplified from
the XnSc 081 chromosome using PFU Ultra polymerase and the dNilD Up 5’ Sall and dNilD Up
3’ Apal primers. Likewise, a 1,082 bp fragment downstream of nilD was amplified using the
dNilD Dwn 5’ Apal and dNilD 3’ Sacl primers while the Kan® cassette was amplified from
plasmid pEVS107 using primers Kan 5" Apal and Kan 3’ Apal (Table A4.S4). PCR fragments
were digested using appropriate restriction enzymes and then ligated into pKR100 plasmid,
linearized with Sall and Sacl enzymes, generating pKR100-nilD56::kan. The resulting construct
was maintained by electroporation of E. coli S17.1 (Apir) and introduced into HGB081 and
HGBB800 by conjugation. Ex-conjugants were grown on LB agar containing 50 ug/ml kanamycin
overnight and then screened for loss of resistance to chloramphenicol. The deletion of the nilD
locus was confirmed by PCR and RPA was utilized to confirm NilD RNA was not being

produced.

Complementation studies. To generate nilD truncation constructs, portions of the nilD locus
were amplified (using primers indicated in parentheses) and cloned into pCR2.1®-TOPO to
create pTopoSR2-DR90 (KHP62 and KHP58), -DR126 (KHP62 and KHP64), -DL84 (KHP57
and KHP63), -DL132 (KHP55 and KHP63), -DL161 (KHP36N and KHP63), and -DR90/DL84
(KHP57 and KHP58) (Table A4.S4). Once constructed, all fragments were subcloned from
pCR2.1°-TOPO into pBCSK+ using Apal and Sacl to create pSR2-DR90, pSR2-DR126, etc. To

generate a stable nilD complemented strain, a 387-nt fragment encoding the nilD crRNA region
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and approximately 175-nt upstream, was amplified using Primestar polymerase (Takara Shuzo,

Kyoto, Japan) and primers nilD 5’ Apal and nilD 3’ Kpnl (Table A4.S4). The nilD PCR fragment
and the Tn7-insertion vector, pEVS107 (Table A4.1), were digested with Apal and Kpnl
restriction enzymes and ligated using T4 DNA ligase (New England Biosciences). The resulting
vector, pEVS107-nilD, was maintained by electroporating into competent S17.1 Apir E. coli cells
followed by selection on LB plates supplemented with kanamycin.

To complement the nilD-deficient strain (nilD6::Tn5) with a nilD region encoding
synonymous base mutations within the spacer sequence, pEVS107-nilD was subjected to a
series of site directed mutagenesis reactions. The pEVS107-nilD vector was first amplified
using the NilD SDM set 1F and 1R primers (Table A4.54) to generate base substitutions within
codons 2 and 3 in the nilD spacer region. The resulting construct was then further mutated
using NilD SDM sets 2 through 5 (Table A4.S4) to generate synonymous base substitutions
within codons 4-11, forming pEVS107-nilD-SDM (Table A4.1). For site directed mutagenesis
reactions, approximately 3 ug of pEVS107-nilD DNA were mixed with 15 pmol of each primer, 4
pl of DMSO, 50 umol dNTP mix, 5 ul PFU Ultra buffer and 1 ul PFU ultra polymerase (2.5
units/ul) (Agilent Technologies) in 50 ul of total volume. After 1 minute at 95°C, the resulting
mixtures were incubated at 95°C for 1 min, 56°C for 50 s, and 72°C for 10 min for 25 cycles,
followed by 10 additional min at 72°C. Following amplification, template DNA was digested by
incubation with 10 units of Apal restriction enzyme at 37°C for 1 hr and the resulting PCR
product was maintained by electroporation into S17.1 Apir E. coli cells and selection on LB
supplemented with kan. All plasmids were sequenced to ensure that the appropriate mutations
were present and that no additional mutations had occurred within the nilD region.

To generate the casE complementation construct, the cas6e gene was amplified using
the Cask 5’ Xbal and CasE 3’ EcoRV primers (Table A4.54) and Primestar polymerase (Takara

Shuzo, Kyoto, Japan). The PCR product and pBluescript (pBCSK+) vector (Stratagene, La
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Jolla, CA) were subjected to restriction digestion with Xbal and EcoRV enzymes and ligated

using T4 ligase. The resulting vector, pBC-casE (Table A4.1), was introduced into Top 10 E.
coli cells (Invitrogen, Carlsbad, CA) and maintained by selection on LB plates supplemented
with chloramphenicol.

Complementation of Xenorhabdus strains was performed as previously described (71,
72). Briefly, for complementation of the nilD mutation, overnight cultures of nilD6::Tn5, S17.1 +
pEVS107-Tn7/nilD and the transposition helper strain S17.1 + pUX-BF13 (72), were diluted
1:100 in LB and incubated for 3 h at 30°C. After incubation, 900 pl of X. nematophila culture
was mixed with 600 pl of S17.7 + pEVS107-Tn7/nilD, and 500 ul S17.1 + pUX-BF13. The
mixture was then pelleted by centrifugation, resuspended in 30 ul of LB and spotted onto LB
plates supplemented with 0.1% pyruvate. Approximately 18 h after plating, cells were scraped
into 1 ml of LB and 50 pl were plated onto LB supplemented with 0.1% pyruvate, and containing
ampicillin and erythromycin for selection. Resistant colonies were screened for proper insertion
at the Tn7 site by PCR analysis. For complementation with nilD truncation or cas6e constructs,
chemically competent X. nematophila strains were generated as previously described (73) and
transformed with 200 ng of individual vector constructs. Transformants were plated on LB

supplemented with 0.1% pyruvate and chloramphenicol.

RNA isolations and analyses. For RNA isolation from cultured bacteria, X. nematophila strains
were grown for 18 h in either liquid LB or LB containing 100 uM dipyridyl (to promote optimal
NilD expression) and 0.1% pyruvate. Cultures were then diluted and cells were harvested
during stationary phase or during late log phase (ODggo of 1.0). Alternatively, for analysis of
gene expression on solid media, cells were harvested from LA agar plates after 1 or 8 d of
incubation, or from defined medium plates after 1 d. All strains were grown at either 20° or

30°C. RNA for RPA was isolated from individual strains using Trizol Reagent (Life



350
Technologies, Madison, WI), as previously described (74). The presence of approximately

equal amounts of RNA between treatments was confirmed by agarose gel-electrophoresis (data
not shown). Small RNA for northern analysis of CRISPR RNAs was isolated using mirVana kits
(Applied Biosystems, Life Technologies, Madison, WI) according to manufacturer methods
except for modifications to facilitate cell lysis as previously described (75).

For isolation of RNA from symbiotic bacteria, approximately 100,000 nematodes were
harvested from lipid agar plates, suspended in LB, and lysed by sonication for 1 minute in a
water bath sonicator. Xenorhabdus bacteria were harvested by centrifugation and RNA was

isolated using Trizol Reagent (Life Technologies, Madison, WI), as described above.

Primer extension experiments. For primer extension, PAGE purified primers AAP1 and AAP2
(Table A4.S4) were radioactively labeled using T4 Polynucleotide Kinase and y*P-ATP (Perkin
Elmer, Waltham, MA) for 30 min at 37°C. Excess nucleotides were removed using a QIAquick ®
(Nucleotide Removal kit, Qiagen, Valencia, CA). Labeled primer was hybridized to 5 ug of total
cell RNA in Avian Myeloblastosis Virus Reverse Transcriptase (AMV-RT) buffer (Promega,
Madison, WI) by heating to 80°C for 10 min and slow cooling to 37°C. The primer was extended
by AMV-RT enzyme at 37°C, precipitated, and resuspended in gel loading buffer (Promega,
Madison, WI). A plasmid-based copy of X. nematophila SR2-2 region was cycle sequenced
using fmol® DNA Cycle Sequencing System kit (Promega, Madison, WI) and the labeled primer.
The sequencing reaction was stopped using fmol® sequencing stop solution (Promega,
Madison, WI). Samples were electrophoresed on a 12% polyacrylamide gel (National
Diagnostics, Charlotte, NC) that was then dried and imaged on a Storm860 phosphorimager

(Molecular Dynamics, Sunnyvale, CA).

RNase protection assays. RPA analyses were performed using the Ambion RPA Il kit™
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method (Ambion Inc., Austin, TX), following manufacturer recommendations. Probes for XnSc

nilD were generated by transcription from pAWA1 (Table A4.1) template containing a 137 bp
fragment containing the nilD locus of XnSc. For generation of a probe complementary to the
nilD region of XnSa and XnSw, site directed mutagenesis was utilized to alter the spacer region
of nilD within TOPOSR2-2. SDM was performed as described above using PFU Ultra
polymerase and primers RPA SDM 5" and 3’ (Table A4.S4) to generate pTOPO-nilD-Sa (Table
A4.1). Complementary transcripts were amplified and radioactively labeled with a**P-UTP
(PerkinElmer, Waltham, MA) using the MAXIscript®-T7 reaction (Ambion, Austin, TX). Labeled
transcripts were separated on a 10% polyacrylamide gel (National Diagnostics Inc, Charlotte,
NC) and probes were gel purified. 10 pg of sample RNA was then hybridized to 1-2 x 10° cpm of
purified probe and RNase treated using a1:100 dilution of RNase A/T1 enzyme (Ambion, Austin,
TX). The RNase treated samples were electrophoresed on 10% polyacrylamide gels and
visualized using XAR ECL- film (Kodak, Rochester, NY). A no-RNase control was also run to

confirm probe integrity.

Northerns. Total small RNA was separated on 12% denaturing polyacrylamide MOPS gels,
transferred to uncharged nylon membrane, and probed first for crRNAs with pAAP1
oligonucleotide (which anneals to the conserved 3' repeat of all crRNAs; Table A4.S4) using
methods previously described for LNA probes except that 2.5 ug small RNA was loaded per
lane and hybridization was done at 50°C (75). Membranes were then reprobed with a full length

RNA probe to E. coli 5S RNA (generated from pBS-5S) as previously described (74).

Nematode colonization assays. For colonization assays, lawns of individual bacterial strains
were grown on lipid agar for 48 hours. Aposymbiotic infective juvenile-stage nematodes were

generated by cultivation on a non-colonizing rpoS mutant, then surface sterilized, using a diluted
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bleach solution, and applied to the bacterial lawns (65). In each experiment, two independent

cultures of each strain were used as replicates, and 3 plates per replicate were seeded.
Approximately one week post-inoculation, plates were water trapped for harvesting of IJs.
Roughly 10* progeny IJs were then harvested from each plate (65), surface sterilized and
disrupted by sonication. The macerates were dilution plated on selective media to quantify
CFU/IJ as previously described (11). For nilD deletion analyses, XnSc 081 and nilD6::Tnb were
transformed (73) with the plasmids indicated for each experiment and transformants were co-
cultivated with nematodes on LA plates containing rifampicin and chloramphenicol. For casE
complementation analyses, strains containing pBC-casE were grown on lipid agar plates

supplemented with 10 ug/ml Cm and 1 mM IPTG.

Sequencing of X. nematophila strains. The genomes of X. nematophila strains XnSc 081,
nilD6::Tn5, and nilD6::Tnb sup-1 were sequenced using lllumina paired-end libraries (mean
insert length = 300bp) yielding approximately 20-30 million 75 base-pair, paired-end reads for
each strain. The resulting reads were trimmed for quality and then used in a reference
alignment with respect to XnSc 800 using CLC Genomics Workbench 5.1(CLC Bio). Assembled
genomes were then analyzed for deletions, insertions and single nucleotide variations using
CLC Genomics Workbench 5.1. SNVs were manually inspected for verification. Regions where
low sequence coverage was obtained (fewer than 8 reads of coverage) were amplified and
cloned from individual genomes and then sequenced. Because of significant genomic
differences between XnSc 800, XnSa 1418 and XnSw 1419, performing reference alignments
was not feasible. As a result, CLC Genomics Workbench 5.1 software was utilized to generate

de novo genome assemblies using the reads from XnSa 1418 and XnSw 1419.

Accession numbers: Genomes have been submitted and accession numbers are pending. The
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project accession number for HGB081 X. nematophila AN6/1 genome (XNC2) is PRJEB5061

while the project accession numbers for X. nematophila anatoliense (XNA1) and X. nematophila

websteri (XNW1) are ERS451357 and ERS451358, respectively.
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SUPPLEMENTAL MATERIALS
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Figure A4.S1 Deletion analysis of the nilD region indicates neither orf1 nor orf2 is
required in its entirety to rescue the colonization defect of the nilD6::Tn5 mutant in
plasmid complementation assays. Schematic representations of the deletion constructs
tested for their ability to complement the colonization defect of the XnSc HGB081 nilD6::Tn5
mutant. The name of the plasmid carrying each fragment is shown on the left and is named
according to whether the deletion truncates the 5° (AL) and/or 3’ (AR) ends, and the size of the
deleted region. orf1 and orf2 positions are indicated by arrows at the bottom of the figure, and
the region encoding the 58-nt NilD RNA (see main text and Figure A4.1) is shaded in black, with
an arrow representing the full NilD RNA sequence and a rectangle indicating a truncation of the
NilD RNA coding sequence. The colonization phenotype of XnSc HGB081 nilD6::Tn5 carrying

each plasmid construct is indicated to the right (see Table A4.S3 for data).
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Figure A4.S2

A) NilD RNA expression under various conditions. Protection assays were performed with RNA
isolated from wild-type HGBO081 cells cultured on solid (lanes 1-3) or liquid (lanes 4-6) medium.
RNA was isolated from cells growing on LA for 1 (lane 1) or 8 (lane 2) days or on solid defined
medium (DM) for 1 day (lane 3). Cells were grown in liquid LB at 20°C (lane 4) or 30°C (lane 5)
or in LB supplemented with 2,2-dipyridyl (DP) at 30°C (lane 6). A representative experiment is
shown; similar results were obtained in 2 independent experiments. Little NilD RNA-protected
fragment was observed on LA plates after 1 d of incubation, with substantially more at 8 d,
suggesting NilD RNA is elevated in nutrient-limited or aged cells. Indeed, NilD RNA was more
abundant in X. nematophila incubated 1 d on a solid defined medium (see experimental
procedures) than in 1 d LA plates (compare lanes 1 and 3), further suggesting that NilD RNA
abundance is affected by nutrient availability. The elevated levels of NilD RNA do not appear to
be the result of slow growth, since higher levels were not observed in cells grown at 20°C
relative to cells grown at the optimal X. nematophila growth temperature (30°C). Instead,
increased NilD RNA levels may be triggered by iron limitation since higher levels were detected

after growth in LB supplemented with 2, 2-dipyridil (an Fe(ll) chelator) than in LB alone
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(compare lanes 5 and 6).

B) NilD RNA expression during growth with iron chelators. Protection assays were performed
with RNA isolated from wild-type HGBO081 cells cultured in LB + 2,2-dipyridyl (lane 1, dp, -), LB
+ 2,2-dipyridyl + Fe,SO; (lane 2, dp, +), LB + deferoxamine (Lane 3, df, -), or LB +
deferoxamine + Fe,SO; (lane 4, df, +). A representative experiment is shown; similar results
were obtained in 2 independent experiments. RNA (i.e. protected fragment) levels similar to that
found in LB grown cultures (data not shown) were observed in X. nematophila cells grown in the
presence of iron chelators specific for Fe(ll) or Fe(lll) without exogenously added iron (Average
+ SD, n=2, radioactivity relative to growth in LB: Deferoxamine, 1.19 + 0.14; 2,2- dipyridyl, 0.94
* 2.0). This result is in contrast to those obtained and shown in Figure A4.S2 A, in which RNA
levels were higher in the presence of chelator than in its absence. However, levels of iron in LB
media preparations were not controlled, and it is likely that the LB-grown cells shown in Fig.
S2B had already begun to experience iron limitation when they were harvested. Indeed, when
Fe,SO; was included in addition to the iron chelators the level of protected fragment was lower
than that during growth in LB alone (Average + SD, n=2, radioactivity relative to growth in LB:
Deferoxamine + Fe,S0O3, 0.54 £ 0.06; 2,2-dipyridyl + Fe2S03, 0.59 £ 0.03). No protected
fragments were detected in samples of RNA isolated from HGB315 nilD6::Tn5 cells grown

under each of these conditions (data not shown).

Within each panel, all samples were run on a single gel, but for A, irrelevant lanes were
removed by manipulation in Adobe Photoshop after visualization was enhanced through

contrast.
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3271521-ATTCTTTAATAGGG*AGGGGGTAAATAAAAAGGTTTT*TCTG-3271560
4088780-ATTCTTTAATAGGGCAGGGG*TAGATAAAAAGGTTTT*TCTG-4088741
1870884~-ATTCTTTAATAGGG*AGGGG*TAGATAAAAATGTTTTCTCTG-1870845

Figure A4.S3 (A) Genomic context of the single nucleotide variant (SNV), C-3271541-T, that
distinguishes the nilD6::Tn5 strain background from the XnSc 081 parent background. The SNV
occurs within a 1147-bp sequence (black rectangle) that is repeated in two other regions of the
genome, one at full length (B) and the other truncated by 208-nt (C). Predicted open reading
frames (box arrows) are labeled with their XNC1_ORF designation and predicted putative
function. The boxes representing predicted P4 primases encoded at each locus are yellow
whereas additional predicted functional categories are indicated by the following color scheme:
Maroon (Rhs-family protein); Light red (potential Rhs-related proteins); Green (phage-related);
Brown (metabolic); Blue (transposon and IS elements); Gray (hypothetical ORFs). A 2-kb scale
bar for A-C is shown on the lower right. (D) Alignment of 40-nt of the repeat region surrounding
the SNV (red underlined nucleotide). Within the 40-nt, sequence differences among the three

repeats are highlighted as blue text and asterisks mark indels.



Table A4.S1 Regions of genome differences between XnSc 081 and XnSc 800

Effect on
Mutation Gene ID Gene name/Function Coding

Sequence
SNVS
T241,233C XNC1_0274 fabR, transcriptional repressor fragment Synonymous
G241,237C XNC1_0274 Synonymous
T270,582G XNC1_0323 rpsC, 30S ribosomal subunit protein S3 H139Q
A270,617T XNC1_0323 E151V
C270,642T XNC1_0323 Synonymous
C270,880G XNC1_0324 Hypothetical Synonymous
C270,896A XNC1_0324 Q40K
T270,940G XNC1_0325 ripP, 508 ribosomal subunit protein L16 V8G
T636,807G XNC1_0743 oppA3, ABC Transporter family D2E
A653,167T Upstream of XNC1_0754 ahpC, alkyl hydroperoxide reductase NA'
T804,168G XNC1_0935 Hypothetical M15L
C941,069A XNC1_1064 IpxC, NAG deacetylase NA
T941,071A XNC1_1064
T941,131G XNC1_1064 V15G
T976,807A XNC1_1092 Hypothetical Y40*
C1,065,676A  Upstream XNC1_1197 e14 prophage tail fiber protein NA
G1,081,851C  Downstream XNC1_1212 Phage modular protein D NA
G1,081,856C  Downstream XNC1_1212 NA
T1,081,865C  Downstream XNC1_1212 NA
G1,081,878C  Downstream XNC1_1212 NA
T1,081,884,G Downstream XNC1_1212 NA
T1,081,890G  Downstream XNC1_1212 NA
T1,195,432C  XNC1_1332 mrd, peptidoglycan synthetase K195E
A1,422,830T XNC1_1543 infA, Protein chain initiation factor L8*
C1,422,833T XNC1_1543 G7D
C1,712,985T  XNC1_1774 Hypothetical \C’JVIQSBebW
A1,712,986C  XNC1_1774 Q44s
A2,598,811T Downstream XNC1_2635 NA NA
G2,898,177A  XNC1_2903 DnaG primase like seq Synonymous
G2,982,740A  Upstream of XNC1_2997 Chiting binding protein NA
T3,490,398G  XNC1_3605 Operon GroEL chaperone operon NA
C3,490,857G  XNC1_3606 Operon GroEL chaperone operon NA
T3,495,578A Downstream XNC1_3616 BamHI control element NA
G3,704,993A  XNC1_3848 pcm Q156*
G3,839,515A  Upstream XNC1_3977 Hypothetical NA
T3,839,518A Upstream XNC1_3977 NA
T3,839,519A Upstream XNC1_3977 NA
A3,839,525C  Upstream XNC1_3977 NA
A3,839,526G  Upstream XNC1_3977 NA
A3,839,634G  XNC1_3978 gmhB C156R
A3,839,640G XNC1_3978 F154L
C3,839,695T XNC1_3978 Synoymous
G3,839,718T  XNC1_3978 L128M
T3,839,751A  XNC1_3978 M117L
C3,933,193G  XNC1_4062 imp, organic solvent tolerance protein Synonymous
G3,933,205T XNC1_4062 K246N
A3,933,207T  XNC1_4062 N247I
G3,933,223T XNC1_4062 E252D
C3,933,272A  XNC1_4062 H269N
A4,204,557T  XNC1_4379 rpoB, RNA polymeras subunit D516V
Frameshift Mutations
-36,438A XNC1_0034 gidA, glucose-inhibited division protein G19fs
-241,252A XNC1_0274 fabR, transcriptional repressor NA
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A270,818- XNC1_0324 rpsC, 30S ribosomal subunit protein S3 E218fs, K14fs
C270,859- XNC1_0324 G27fs
C270,868- XNC1_0324 V30fs
C270,875- XNC1_0324 Q33fs
C270,890- XNC1_0324 P38fs
-653,167T Upstream XNC1_0753 ggt, gamma glutamine transpeptidase NA
G653,171- Upstream XNC1_0753 NA
G655360-  XNC1_0757/0758 S-adenosyimethionine tRNA NA
riobsyltransferase
T940,085 XNC1_1062 Tubulin-like GTP-binding protein/GTPase NA
A976,820- Upstream XNC1_1093 MscS, mechanosensitive channel protein NA
-976,832A Upstream XNC1_1093 NA
-1,081,791T Downstream XNC1_1212 Phage modular protein D NA
A,1081,795- Downstream XNC1_1212 NA
A1,081,807- Downstream XNC1_1212 NA
A1,130,532- Upstream tRNA-Ser NA NA
-1,422,844T XNC1_1543 infA H4fs
T1,496,524- Upstream XNC1_1603 Hypothetical NA
G1,496,534- Upstream XNC1_1603 NA
A2,027,395- Upstream XNC1_2116 Putative potassium transport NA
G3,490,877- XNC1_3606 Operon GroEL chaperone NA
A3,490,907 XNC1_3606 Operon GroEL chaperone NA
T3,490,920 ;rNocr;n1o_tgg(l)J$stream GroEL chaperone NA
Promoter upstream mnmE, GTPase involved in tRNA
54,429,599 XNC1 4642 modification NA

"NA indicates a mutation that does not affect the coding sequence of any predicted open reading frame
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Table A4.S2 CRISPR loci of X. nematophila (HGB800) designated alphabetically
according to their chromosomal position.

CRISPR Coordinates

Repeat

Notable features

Region (HGB800 genome)

A 881776-882019 2 Spacer identical to that of CRISPR-B

B 1814239-1814329 2 Spacer identical to that of CRISPR-A. Encoded near 3’ end of repeat region C.

C 1814463-1815955 25 Spacer 22 is 100% identical to XNC1_3681, a XnSc chromosomal gene of
unknown function

D 3320125-3320276 3 Highly divergent repeat sequence

E 3577918-3579107 20 CAS-proximal (upstream); Spacer 4 is 100% identical to XNC1_2560 (xptE1), a
XnSc chromosomal gene predicted to encode an A subunit of Tc toxin

nilD 3579434..3579491 2 Necessary for nematode colonization

G 3589391_3590272 16 CAS-proximal (downstream)




Table A4.S3 Colonization analysis of HGB315 (nilD6::Tn5) carrying SR2 deletion

constructs®
Plasmid orf1 orf2 RNA XnSc 081 XnSc 081
wild-type nilD6::Tn5
pBCSK+ n.a. n.a. n.a. 37.31£12.3 0.8+£0.1
pSR2-312 + + + 38.3+13.3 43.6x+16.5
pSR2-AR90 - + + 31.9+22 49.1 £ 23.9
pSR2-AR126 - + - 53.8+23.7 0.1+0.0
pSR2-AL84 + - + 18.7+54 90.3 +£43.8
pSR2-AL132 + - + 156 4.5 409+ 235
pSR2-AL161 + - - 40.3+206 0.1+£0.0
pSR2-AR90/AL84 - - + 321+114 534140

a. Each construct was tested 3 independent times and colonization data represent average

cfu/ld + standard error.
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Table A4.S4 Oligonucleotides used in this study

Name

PCR Amplification and Sequencing

KHP36N

KHP55

KHP57

KHP58

KHP62

KHP63

KHP64

KHP65

NilD 5 Apal

NilD 3’ Kpnl

SR-2 Websteri 5’
SR-2 Websteri 3’
RPA Probe SDM 5’
RPA Probe SDM 3’
27F

1492R

Primer Extension and Northerns

AAP1

AAP2

Mutant Construction

dNilD Up 5’ Sall

dNilD Up 3’ Apal

dNilD Dwn &' Apal

dNilD Dwn 3’ Sacl

Kan 5’ Apal

Kan 3’ Apal
Cas3UpFwd_Spel
Cas3DownRev_Xbal
Kan-Clean Rev_EcoRV_NEW
Kan-FullFwd Nhel_NEW
casEUpF_Spel
casEDownR_ Xbal
casEDownF_EcoRV
casEUpR2_Nhel

NilD SDM set 1F (bases 2-3)
NilD SDM set 1R (bases 2-3)
NilD SDM set 2F (bases 4-5)
NilD SDM set 2R (bases 4-5)
NilD SDM set 3F (bases 6-7)
NilD SDM set 3R (bases 6-7)
NilD SDM set 4F (bases 8-9)
NilD SDM set 4R (bases 8-9)
NilD SDM set 5F (bases 10-11)
NilD SDM set 5R (bases 10-11)
CasE 5’ Xbal

CasE 3’ EcoRV

Vector Construction
TOPO2.1mini_ Fwd_Ncol
TOPO2.1mini_ Rev_Ncol
pECM20_Xb_F
pECM20_Xb_F
pECMXb_insert F
pECMXb_insert R
pECMXb_seq_F
pECMXb_seq_R
pECMXb_integration_F
pECMXb_integration_R

Sequence (5'-3")

CATGGCTACTTTGAATTTCC

ATGTTTCCCGTTAATACGG

GAAGAAAGATAAAGAATTGG

TATTTATCCCCGTACTTACG

TATACCTACAGTGCTTTACC

TCAACGAAAAACAAAGAAGC

ACAAGGAAATTCAAAGTAGCC

CTACCATTTTTTCAGCCAAT
AAAGGGCCCTCTACCATTTTTTCAGC
AAAGGTACCCTAGATATGCAAACTTC
ATTTCCCCGCCGGATTAATATGCCAAAACCT
CGTACTTACGGGGAACACATCATTGCCTGAACA
CCATAGCTCCTTTAAATTTCCTTGATTATAACTCCATGTTCCCCG
CGGGGAACATGGAGTTATAATCAAGGAAATTTAAAGGAGCTATGG
AGAGTTTGATCATGGCTCAG

TACGGTTACCTTGTTACGACTT

CCGTACTTACGGGGAACATGG
GGAGTTATAAACAAGGAAATTC

AAAGTCGACTGTCGCCCAATGCG
AAAGGGCCCTACTATTCGT
AAAGGGCCCGAATCCGTTCTATTC
AAAGAGCTCAATTCCAACCTGACTCCG
AAAGGGCCCCCACGTTGTGTCTCAAAATCT CTG
AAAGGGCCCTTAGAAAAACTCATGGAGCATCAAATG
ATATATACTAGTCCATGGCTACTTTGAATTTCCTTG
ATATATTCTAGACGGATTCCACCGATAGGGTG
ATATATGATATCTTAGAAAAACTCATCGAGCATC AAATG
ATATATGCTAGCCCACGTTGTGTCTCAAAATCTCTG
ATATATACTAGTCTTTACCGCCGTGGACGAT
ATATATTCTAGAATAAAGGTTTACCCGTGTGCAGA
ATATATGATATCGATTCAGGCAAACAGCGGC
ATATATGCTAGCGCAAGGTGACTTTAGACAG ATACA
CGGGAATAAACCATGGCCACCTTGAATTTC CTTGTT
AACAAGGAAATTCAAGGTGGCCATGGTTTAT TCCCG
GAATAAACCATGGCCACCTTAAACTTCCTTG TTTATAAC
GTTATAAACAAGGAAGTTTAAGGTGGCCAT GGTTTATTC
CCATGGCCACCTTAAACTTTCTCGTTTATA ACTCCATG
CATGGAGTTATAAACGAGAAAGTTTAAGGT GGCCATGG
GCCACCTTAAACTTTCTCGTGTACAACTCC ATGTTCCCC
GGGGAACATGGAGTTGTACACGAGAAAGTT TAAGGTGGC
CTTAAACTTTCTCGTGTACAATTCTATGTTCCC CGTAAGTAC
GTACTTACGGGGAACATAGAATTGTACACGAGA AAGTTTAAG
AAATCTAGACCGATGTATCTGTCTAAAGTCACC
AAAGATATCCCATTACAGCGCCCTTATCAG

ATATATCCATGGCGATGCCTGC
ATATATCCATGGTCCATTCGCCATTCAGGC
GGGCCCGGATCAGATCTCGTTGTGTCTCA
GGGCCCNNNNGGTACCGTGTCGACCTGCAGATGGAGA
GGGCCCAGACGACATTGGCTGACTTGA
GGTACCAAACCTAAATCACAAAAAGCACA
AGGCCGGATAAAACTTGTGC
TGGGACAACTCCAGTGAAGAG
ATTGTTGATCGTGAGAAGTCG
CTCCAATAAAGCGAATCCAG
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