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Abstract 

 As the use of nanotechnology continues to rise, the release of engineered nanomaterials 

into the environment becomes inevitable. A need exists to understand the implications of 

engineered nanomaterials and to develop sustainable alternatives as adverse impacts are 

uncovered. In order to reduce any negative impacts of nanomaterials and exploit any beneficial 

impacts, the field of environmental nanotechnology must aim to understand the behavior of 

nanomaterials in complex environments through the use of in situ analytical methods and utilize 

model systems (both in terms of nanomaterials and organisms) to determine the chemical factors 

that drive nanoparticle behavior. The work presented here focuses on the cellular membrane, which 

is hypothesized to be the first point of contact between a nanomaterial and an organism. The 

characterization of different models cellular membranes and the characterization of nanoparticle 

interactions at these model membranes are presented. 

 First, we investigated the impact of natural organic matter (NOM), which is found 

ubiquitously in the environment, on the interactions between polymer wrapped diamond 

nanoparticles (DNPs) and lipopolysaccharide-containing supported lipid bilayers, a model for 

Gram-negative bacteria cell membranes. To demonstrate the relevance of our model system we 

extended our study to include experiments using a Gram-negative bacterium, Shewanella 

oneidensis MR-1.We found that NOM impacted the hydrodynamic and electrokinetic properties 

of DNPs in a concentration dependent manner, which altered subsequent interactions with both 

model and actual biological membranes. Our results demonstrate that the effects of NOM coronas 
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on nanoparticle properties and interactions with biological surfaces can depend on the relative 

amounts of NOM and nanoparticles.  

 We then examined the impact of polymer wrapped quantum dots (QDs) on supported lipid 

bilayers containing important biomolecules found in the outer membrane of eukaryotic cells 

(cholesterol and sphingomyelin). We used in situ analytical methods to study these interactions in 

real time and found that the QDs caused structural changes to the bilayers studied. Quartz crystal 

microbalance with dissipation monitoring coupled with nanoplasmonic sensing revealed favorable 

interaction between the QDs and the bilayers. Increases in dissipation and apparent mass gains 

upon rinse suggested structural rearrangement was occurring. Time-lapsed atomic force 

microscopy confirmed this hypothesis and revealed the disappearance of phase-segregated 

domains upon interaction with the QDs. Our results demonstrate the importance of using 

complementary in situ analytical methods to understand the complex interactions that occur at the 

cellular membrane. 

 We next demonstrate the powerful capabilities of atomic force microscopy for imaging and 

characterizing biological membranes. We investigate the impact of the substrate in the formation 

and characteristics of phase-segregated domains in supported lipid bilayers. We considered 

commonly used substrates in different analytical techniques (e.g., mica, silica, and glass). We 

discussed the importance of considering the substrate in drawing conclusions across different 

techniques. We also demonstrated the spatial and temporal correlation of atomic force and 

fluorescence microscopy. 

 Finally, we extended our work using atomic force microscopy and developed a protocol to 

image and characterize the mechanical properties of fixed and live rainbow trout (Oncorhynchus 

mykiss) gill epithelial cells. We discussed various experimental variables such as instrumental 
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parameters, type of AFM probe used, and the confluency of the cells on the substrate. We found 

that the ideal imaging conditions included using an AFM probe with a low spring constant and 

relatively dull tip, working with cells grown to ~75% confluency, and scanning at low speeds, high 

amplitudes, and minimal forces. We showed that fixed trout gill cells had an increased height and 

modulus value as compared to live cells. This work demonstrated the first example of AFM 

imaging and mechanical mapping on either fixed or live trout gill cells and set a protocol to 

examine the impacts of different stressors, such as nanomaterials, on trout gill cells. 

  

. 
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Chapter 1: Background and Introduction 

“Experience is the teacher of all things” – Julius Caesar (c. 52 B.C.) 

 History has shown that the uninformed release of materials may have detrimental 

consequences on the environment and on human health. One example is the use of 1, 1, 1-trichloro-

2,2,-bis(4-chlorophenyl) ethane (more commonly known as DDT); an insecticide used on crops 

and for disease control from 1945 until its ban by the United States Environmental Protection 

Agency in 1972.1 While it had many benefits as an insecticide, many adverse effects were 

uncovered after its use and release into the environment. It was found to bioaccumulate in the food 

chain,1 cause eggshell thinning in various birds,2 and is hypothesized to be a human carcinogen.3 

The persistence of DDT in the environment still leaves concern over the effects it and its 

degradation products may have today.1,3 There are many other examples of using new technologies 

before uncovering adverse impacts. The sedative and morning sickness alleviator, thalidomide, 

was deemed safe, but after distributed use around the world was found to cause substantial birth 

defects.4 The physical properties of asbestos made it a promising construction material with 

widespread use dating back to the ancient Greeks, but it was not until the late 1980s when the 

adverse impacts of the material (e.g., links to asbestosis, lung cancer, and mesothelioma) were 

recognized and its worldwide production declined.5 Similarly, the unintentional presence of 

numerous chemicals found in personal care products (e.g., triclosan, bisphenol A, phthalates) in 

different environmental compartments leave scientists with rising concerns over their potential 

adverse impacts.6 A need exists to understand the consequences of new technologies on the 

environment prior to mainstream use. We must learn from past experiences to reduce any adverse 

impacts, while maximizing the potential benefits of new technologies. 
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1.1 Engineered nanomaterials, nanotechnology, and environmental nanotechnology 

 Nanomaterials are defined as materials having at least one dimension less than 100 

nanometers.7 The unique size of these materials, falling between bulk materials and 

atomic/molecular structures, leads to interesting properties due to their high surface area to volume 

ratio and/or quantum effects.8 While naturally occurring nanomaterials exist and are formed by 

various chemical, photochemical, thermal, mechanical, and biological processes,9 the scope of this 

thesis focuses on engineered nanomaterials – nano-sized materials created and manufactured with 

an intended purpose. The enhanced functionalities of nanomaterials compared to their bulk 

materials has led to an increase in their use in various fields, including engineering, chemistry, 

biology, and materials science. Nanotechnology combines knowledge from all of these fields to 

focus on the manipulation of matter at the molecular level, on the scale of atoms or molecules.10 

Nanotechnology is being used in emerging technologies and consumers goods with applications 

in imaging,11 sensing,11 drug delivery,12 catalysis,13 cosmetics,14 textiles,15 electronics,16 and 

renewable energy.17 However, with the increase in production and use, there is also the increased 

risk that nanomaterials may be released into the environment, where they may interact with 

different organisms.7,18 As a result, the field of environmental nanotechnology has evolved to focus 

on research areas at the interface of nanotechnology and the environment. These research areas 

include the development of novel nanomaterials with environmental benefits, the design and 

synthesis of “greener” and safer nanomaterials, and the assessment of any adverse ecological 

effects of nanomaterials.10 Our current understanding of the impact of nanotechnology on the 

environment is limited and warrants investigation to avoid detrimental impacts, like in the cases 

discussed above. Ultimately, maximizing the benefits of engineered nanomaterials, while 
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minimizing any adverse impacts on the environment will result in the safe and sustainable use of 

nanotechnology. 

1.2 Impact of environmental release of nanomaterials 

Given the increase in the use, production, and disposal of engineered nanomaterials, we 

must consider the impact released nanomaterials may have on different biological systems. It is 

crucial to consider both the quantities released and the different routes of exposure of 

nanomaterials to organisms. Furthermore, the complexity of the environment and the biological 

systems needs to be considered in order to understand the impact of nanomaterials. 

1.2.1 Potential routes of environmental release 

Nanomaterials may reach various environmental compartments through both intentional 

and unintentional release. The release of nanomaterials may occur at various stages of their life 

cycle including, production, manufacturing, use (either direct use or use in various consumer 

products), and disposal (wastewater treatment, waste incineration, landfills, and recycling 

processes).19 The exact quantity of nanomaterials released to the environment and in what form 

will ultimately determine their environmental fate and impact.19 Determining the concentration of 

nanomaterials released to and present in the environment is difficult and a key challenge facing 

the field of environmental nanotechnology.10 However, even without exact quantities known it is 

still important to consider how nanomaterials will interact with different biological systems 

throughout their life cycle. 

1.2.2 Interactions with biological systems 

Microbes, such as bacteria, algae, multicellular protozoa, and viruses, are found in all 

compartments within the environment (e.g., water, soil, sediment, air).20 These microorganisms 

catalyze major environmental chemical reactions (including bioremediation, element cycling, and 
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nitrogen fixation) and contribute to overall function of various ecosystems.21-22 The abundance, 

diversity, and significance of microbes in the environment necessitates understanding the potential 

impact of nanomaterials on these organisms in order to minimize any adverse effects.20 

Furthermore, if we can understand the fundamental interactions between nanomaterials and 

various organisms, we can redesign nanomaterials with reduced biological impact. 

The biological impact of a nanomaterial will depend on the organisms, the physicochemical 

properties of the nanoparticle, and on the environmental compartment of the interaction. 

Nanomaterials may be designed to purposely cause adverse impacts on microbes, for example, in 

disinfection22 or disease prevention applications.23 Microbes also have the potential to physically 

or chemically transform nanomaterials, which may complicate our understanding of the fate and 

behavior of nanomaterials in the environment.20 However, this thesis focuses around the idea that 

essential microbe processes may be impacted by interaction with released nanomaterials into 

ecosystems.  

Nanomaterials may impact an organism through direct or indirect interactions. In direct 

interactions, a physical contact is made between the nanomaterial and the organism. One direct 

interaction that is common amongst different types of microbes is nanoparticle contact at the 

cellular membrane. After the initial contact at the cellular membrane is made, damage can arise 

from mechanical disruption due to the nanomaterial or through the disruption of essential 

membrane components.20  Furthermore, membrane damage can result in membrane permeability 

and nanoparticle internalization.20 Indirect methods of exposure may arise from the production of 

reactive oxygen species by nanomaterials,24 the dissolution of toxic metals,20,25 or the sorption of 

key nutrients by nanomaterials that reduce their bioavailability by the organisms.20  
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The diversity of microbes makes the generalization of modes of toxicity between 

nanomaterials and organisms difficult to state. One must recognize that the dimensions of microbes 

vary considerably, especially when comparing their length scale to that of a nanomaterial. Viruses 

are on the nanometer scale, bacteria are microns in length, whereas protozoa can range up to many 

microns.20 As discrete particles the size range of nanomaterials is <100 nm; however, upon 

agglomeration in the environment their length scales may reach or exceed those of different 

microbes.20 Furthermore, one must consider the chemical complexity of these organisms. The 

variability of biomolecules, receptors, and proteins both within and between microbes is high. 

While direct organismal study is crucial to fully understanding the adverse impacts that 

nanomaterials may pose, having means to simplify these interactions will ultimately allow us to 

gain molecular level insights into factors that drive the interactions between nanomaterials and 

organisms.  

1.2.3 Environmental transformations of nanomaterials 

The fate and transport of released engineered nanomaterials depends on both the chemical 

properties of the pristine nanomaterial prior to its release as well as different factors in the 

environment. Following release into the environment, a nanomaterial will exist in an unstable 

thermodynamic state, and as a result may undergo rapid physical and/or chemical transformations 

(e.g., surface transformations, sedimentation, agglomeration, dissolution).26 These processes may 

occur upon release into wastewater treatment plants, natural waters, or sequentially in both, which 

complicates the understanding of the fate of nanomaterials in the environment. Consideration 

needs to be given to different environmental parameters such as, pH and ionic strength, as well as 

the presence of other species (e.g., surfactants, metals, natural organic matter) as all can dictate the 

fate of engineered nanomaterials.26-27 The different types of interaction that a nanomaterial may 
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experience can be simplified to agglomeration (homo- and heteroagglomeration with naturally 

occurring species), surface interactions (adsorption of biomolecules, natural organic matter, ions, 

etc.), or transport processes (sedimentation, flow).26 Ultimately, it is important to recognize that 

the pristine nanomaterial in a consumer good may be very different chemically and physically than 

that nanomaterial in the environment. These transformation processes can complicate the ways in 

which nanomaterials interact with different organisms as demonstrated in Chapter 2 of this thesis. 

Developing methods to be able to understand the transformations and behavior of nanomaterials 

in complex environments is crucial to understanding the ultimate impact of nanotechnology on the 

environment. 

1.3 Studying interactions at the nano-bio interface 

Ultimately, identifying fundamental, chemical mechanisms of interaction between 

nanomaterials and organisms and developing predictive guidelines to determine the biological 

impact of nanomaterials is crucial in order to minimize any adverse impact of nanomaterials while 

still exploiting their beneficial properties. In order to begin to develop this level of understanding, 

we need model systems that allow us to have chemical control over the systems that we study. 

This includes using model nanoparticle systems, where we can control the factors that are 

hypothesized to dictate interactions with organisms such as core composition, size, charge, and 

shape. It also includes using model biological systems such as supported lipid bilayers, where we 

can systematically control the chemical composition, charge, and packing structure of the model 

membrane systems. By chemically controlling both the particles we use and the biological systems 

we investigate, we can begin to focus on the use of in situ analytical techniques to study these 

interactions as naturally as possible in a laboratory setting.  
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1.3.1 Supported lipid bilayers as a model system for the cellular membrane 

The diversity of microbes and environmental compartments makes it necessary to use 

model systems to represent the varied environments or organisms of interest. For example, 

Shewanella oneidensis is a good model bacterium to consider for interactions occurring in soils or 

sediments,25 whereas the water flea, Daphnia magna, is a better model system for interactions 

occurring in freshwater environments.28 However, even by generalizing groups of organisms 

together, the chemical complexity of different organisms is large, which makes studying 

fundamental interactions between nanomaterials and organisms difficult. One way to “simplify” 

the study of these interactions is to consider the first point of contact between a nanomaterial and 

an organism, likely the cellular membrane. Interaction with the cellular membrane has been shown 

as a critical process that precedes toxicity in various microorganisms,29-30 and thus presents an 

important interaction to study. If we can understand interactions between nanomaterials and 

cellular membranes, we may be able to determine fundamental factors that drive the interactions 

between nanomaterials and organisms. 

One common approach to studying interactions between nanoparticles and the cellular 

membrane is through the use of model membranes.31 Solid-supported lipid bilayers (SLBs), or 

bilayers constructed on a substrate, are often used as a model system and are studied as our model 

membrane system in the work presented here. The benefits of using SLBs include ease of sample 

preparation,32 ability to use various surface-sensitive, in situ characterization techniques, and the 

ability to incorporate various phospholipids and biomolecules, such as lipopolysaccharides33-34 and 

cholesterol,35 into the membranes to make them more representative of actual cellular membranes. 

In addition to natural relevance, we can control fundamental factors of the bilayers such as charge, 

structure, and hydrophobicity to study how these factors impact interactions with nanomaterials. 
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While it is still important to study interactions between nanomaterials and whole organisms, the 

use of SLBs provides a more controlled route to study the factors that influence these interactions 

using various analytical tools.  

1.3.2 in situ analytical methods 

Despite the knowledge that nanomaterials are released into the environment, their small 

size, low concentrations, and potential transformations limit our ability to quantify their emissions 

into the environment and detect and characterize them in complex environments.10,26 A need exists 

to study these interactions in controlled ways while still maintaining the complexity of the 

environment. Current efforts in the field of environmental nanotechnology focus on improved and 

novel methods for detecting nanomaterials in complex environments, characterizing the 

physicochemical properties of nanomaterials before and after transformations, and methods to 

better characterize interactions between nanomaterials and biological systems.10 Furthermore, to 

fully develop a mechanistic understanding of nanoparticle-microbe interactions, we need to, in real 

time, gain information on the dynamics of these interactions.36  

Ultimately, the complexity of the nanomaterials, the organisms, and the interactions that 

occur between the two are difficult phenomena to study. It is likely that one analytical tool may 

provide some details into these interactions; however, it will likely not be enough to completely 

understand these complex interactions. A suite of in situ analytical approaches are necessary to 

uncover fundamental, molecular level factors that drive nanomaterial-organism interactions.36-37 

Through the use of model systems as well as in situ analytical approaches, we can start to make 

strides towards the safe and sustainable use of nanotechnology. 



9 

 

 

 

1.4 Scope of thesis 

As nanotechnology continues to be implemented for various applications, the field of 

environmental nanotechnology will face many challenges in ensuring we minimize any adverse 

effects. Their release into the environment will lead to exposure to organisms. However, what that 

nanomaterials “looks like” to that organism, due to the potential transformations it may encounter 

through its life cycle, is unknown.  As such, we must understand the fundamental chemical factors 

that drive interactions between nanomaterials and organisms, understand the ways in which 

nanomaterials can transform in the environment, and develop and utilize in situ analytical 

approaches to characterize nanomaterials and their interactions with various model systems. While 

these tasks are faced for the field as a whole, the scope of this thesis is focused particularly on the 

use of in situ analytical characterization methods to begin to understand the complex interactions 

between nanomaterials and cellular membranes.  

Chapter two begins by examining the interaction between functionalized diamond 

nanoparticles and supported lipid bilayers containing lipopolysaccharides, an important 

biomolecule found in the outer membrane of Gram-negative bacteria. We extended these studies 

to include a model Gram-negative bacterium, Shewanella oneidensis, to validate our findings with 

the model membrane system. The study considers the complexity and the potential for 

nanomaterials to transform in the environment by characterizing these interactions in the presence 

and absence of natural organic matter (NOM), which is found ubiquitously in the environment. 

We show that NOM induces changes to the properties of nanodiamond in a concentration 

dependent manner, which in turn alters interactions with both model membranes and with S. 

oneidensis. These results highlight the need to consider the impact of NOM on the interactions of 

nanomaterials with bacterial membranes.  



10 

 

 

 

Chapter three uses a suite of in situ analytical techniques, including atomic force 

microscopy (AFM), quartz crystal microbalance with dissipation monitoring (QCM-D), and 

nanoplasmonic sensing (NPS) to characterize the interactions between positively charged quantum 

dots and supported lipid bilayers of various composition in real time, under environmentally 

relevant conditions. These complementary approaches show that the quantum dots induce 

structural rearrangement of the supported membranes, which could not have been explained solely 

by one technique alone. Emphasis is placed on how information is gained from each technique and 

how it comes together to present a mechanistic understanding of these interactions.  

Chapter four presents considerations when correlating and corroborating the information 

gained from AFM measurements to other techniques. Supported lipid bilayers are used as a model 

system and special consideration is placed on the role that the substrate plays in these studies. 

Furthermore, AFM was temporally and spatially correlated with fluorescence microscopy to 

provide a platform for conducting both AFM and fluorescence measurements at the same time.  

Chapter five utilizes a new AFM technique, PeakForce Quantitative Nanomechanical 

Mapping (PFQNM), to characterize the mechanical properties of a model epithelial cell, gill cells 

from a rainbow trout (Oncorhynchus mykiss). The mechanical structure of a cell is a good indicator 

of the overall health of a cell. As such, having an analytical method to characterize the mechanical 

properties of cellular membranes ultimately provides a means to probe the impact of various 

stressors on the mechanical properties of the cell. In this chapter, imaging was optimized and the 

mechanical properties (deformation, DMT modulus, adhesion, and dissipation), in addition to 

topography, were measured on both fixed and live cells.  

Finally, chapter six considers future directions of the work presented here and the outlook 

on the field as a whole.  
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Chapter 2: Natural Organic Matter Concentration Impacts the Interaction of 

Functionalized Diamond Nanoparticles with Model and Actual Bacterial Membranes 

The following chapter is adapted from the article published in Environmental Science & 

Technology, 2017, 51, 11075-11084 (DOI: 10.1021/acs.est.7b02823), with the following co-

authors Rodrigo Tapia Hernandez, Joshua E. Kuether, Marco D. Torelli, Z. Vivian Feng, Robert 

J. Hamers, and Joel A. Pedersen 

2.1 Introduction 

Rapid growth in the production and use of engineered nanomaterials has been accompanied 

by an increase in the potential for these materials to be released into the environment and for 

organisms to be exposed to them.1-2 The large surface-to-volume ratio of nanomaterials as well as 

their high surface energy promotes the acquisition of a coating or “corona” of natural organic 

matter (NOM)3-5 upon entry into wastewater treatment plants, natural waters, aquatic sediments, 

and soils. Natural organic matter is comprised of a complex mixture of relatively low molecular 

mass organic compounds resulting primarily from microbial degradation of vegetation, algae, and 

bacterial biomass.6 Natural organic matter is found in natural waters at organic carbon (oc) 

concentrations ranging from ~0.5 mgoc∙L
-1 in seawater and groundwater to over 30 mgoc∙L

-1 in 

wetlands.7 Over the pH range typical for environmental systems (4 to 9), NOM bears a net negative 

charge due to the deprotonation of carboxyl and phenolic groups.8-9 Acquisition of a NOM 

“corona” alters the physical and chemical properties of nanomaterials and impacts their transport 

and fate in the environment.10-13 Interaction with NOM can stabilize nanoparticle suspensions 

electrostatically or through a combination of electrostatic and steric interactions.13 Natural organic 

matter can induce aggregation of nanoparticles in the presence of elevated concentrations of 
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divalent metal cations and when neutralizing nanoparticle charge.14-16 Such nanoparticle 

aggregation in the presence of NOM depends on the nanoparticle coating,14,17 NOM properties 

(e.g., polarity fraction,18-21 molecular mass22-25), and NOM concentration.16,26-27 Natural organic 

matter-induced changes to nanoparticle surface charge, colloidal stability, and hydrodynamic 

properties warrant consideration in assessing the potential for these materials to adversely impact 

organisms in the environment. 

The initial point of contact between nanoparticles and cells is often a lipid membrane, yet 

the impact of NOM on nanoparticle interactions with cell membranes has received little study. 

One previous study showed that humic acid decreased fullerene accumulation in zwitterionic and 

negatively charged solid-supported lipid membranes and reduced uptake by Caco-2 cells.28 The 

reduction in cellular uptake was attributed to electrostatic repulsion between the negatively 

charged humic acid-coated fullerene surface and the negatively charged Caco-2 cytoplasmic 

membrane.28 Similarly, NOM prevented adhesion of nanoscale zero-valent iron to the outer 

membrane of Escherichia coli through electrostatic and steric repulsion, decreasing toxicity.29 

These studies demonstrate that NOM coatings can modulate the interaction of nanoparticles with 

cellular membranes.  

 Solid-supported lipid bilayers are often used as model systems to understand the complex 

interactions that occur between nanomaterials and cellular membranes.30-36 The majority of these 

studies have employed bilayers composed of a single phospholipid or binary mixtures of 

phospholipids. Such bilayers do not include cell surface components expected to be important for 

the interaction of nanoparticles with bacteria. For example, the outer membrane of Gram-negative 

bacteria is complex and its outer leaflet contains up to 75% lipopolysaccharides (LPS), a class of 

glycolipids.37 The construction of model membranes incorporating LPS has been recently 
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reported.33,38 Nanoparticle interactions with model membranes incorporating LPS are expected to 

correspond more closely to results obtained using bacteria than are those with bilayers lacking 

these important cell-surface molecules.33 Identification of the impacts of NOM on nanoparticle 

hydrodynamic and electrokinetic properties as well as on their interactions with model and actual 

bacterial membranes is needed to better elucidate the role NOM plays in interactions between 

nanomaterials and bacteria.  

The objectives of this study were to investigate the impact of NOM-to-nanoparticle 

concentration ratio on the interaction of cationic nanoparticles with model cell membranes, 

including those incorporating LPS, and with the Gram-negative bacterium Shewanella oneidensis 

MR-1. To achieve these objectives, we used diamond nanoparticles (DNPs) functionalized with 

the polycation poly(allylamine HCl) (PAH) and Suwannee River NOM as model systems. 

Nanodiamond is used as a polishing material,39 an additive in rubbers40 and lubricants,39 and in 

drug delivery and bioimaging.41 Use of DNPs in the present study was motivated by their chemical 

stability and the ease with which they can be functionalized, allowing us to probe interactions with 

NOM and model and actual bacterial surfaces without complications arising from dissolution of 

the nanoparticle core material.42 We chose the PAH polymer to functionalize the DNPs to 

investigate the impact of NOM on a capping agent previously shown to be toxic to bacteria and 

the microcrustacean Daphnia magna when mounted on nanogold.43-44 We used quartz crystal 

microbalance with dissipation monitoring (QCM-D) to investigate nanoparticle interaction with 

model membranes lacking or incorporating LPS. We further examined the impact of NOM on 

membrane damage and toxicity to S. oneidensis induced by PAH-DNP. The results presented here 

provide new insights into how NOM affects the interaction of nanomaterials with bacterial 

membranes. 



17 

 

 

 

2.2 Materials and Methods 

2.2.1 Functionalization of diamond nanoparticles. 

Diamond nanoparticles (Monocrystalline Synthetic Diamond, MSY 0-0.03 µm) were 

obtained from Microdiamant (Legwil, Switzerland). As-received DNPs were oxidized by reflux 

in a 3:1 (v/v) mixture of concentrated H2SO4 and HNO3 for 3 d (Caution: extremely caustic). 

After oxidation the nanodiamond was diluted (10×) in ultrapure water (18.2 MΩ∙cm resistivity, 

MilliQ-Advantage A10, Millipore) and centrifuged (5 min, 4696g) to sediment the particles. 

After an additional wash (centrifugation and resuspension in ultrapure water), the pellet was 

resuspended in 3:1 (v/v) H2SO4:HNO3 and refluxed for another 3 d. The resulting nanoparticle 

suspension was diluted, centrifuged (5 min, 4696g), and resuspended repeatedly until the pH was 

neutral and the particles did not sediment. The dispersed particles were electrostatically wrapped 

with PAH polymer (15 kDa, Sigma Aldrich) by mixing particles (1 mg∙mL-1 as determined by 

gravimetric analysis) with polymer solution (1 mg∙mL-1 in 0.001 M NaCl) at a 1:1 ratio 

overnight. Particles were dialyzed (Spectrum Labs, nominal molecular weight cut-off 50 kDa) 

against 4 L of ultrapure water three times (4 h the first time and 24 hr each for the two 

subsequent times) to remove excess polymer.  

2.2.2 Natural organic matter.  

Suwannee River NOM was obtained from the International Humic Substances Society 

(1R101N, St. Paul, MN). Stock solutions of NOM (200 mgoc∙L
-1) were prepared in ultrapure water 

(18.2 MΩ∙cm resistivity, Barnstead GenPure Pro) adjusted to pH 10 with 6 M NaOH. The solution 

was allowed to stir overnight in the dark, filtered through a 0.22 µm Teflon® filter, and stored at 

4 °C. The total organic content in the stock solution was determined after filtration using the 

UV/persulfate oxidation method with membrane conductometric detection of CO2 (GE 
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Instruments/Sievers Model 900 TOC analyzer, 186 ± 13 mgoc∙L
-1). Prior to use in experiments, 

NOM solutions were buffered to pH 7.4 with 0.002 M 4-(2-hydroxyethyl)-1-

piperazineethanesulfonic acid (HEPES, Fisher Scientific) and the ionic strength was adjusted to 

0.025 M with NaCl.  

2.2.3 Hydrodynamic and electrokinetic characterization. 

We determined diffusivities and electrophoretic mobilities of PAH-DNPs over a range of 

NOM-to-DNP concentration ratios, by dynamic light scattering and laser Doppler 

microelectrophoresis (75 V; Malvern ΖetaSizer Nano ZS, Worcestershire, UK). Unless otherwise 

noted, experiments were conducted at a 1 nM number concentration of PAH-DNP in 0.025 M 

NaCl buffered to pH 7.4 with 0.002 M HEPES (ionic strength and pH values within the ranges 

encountered in natural freshwater systems).45 After addition of PAH-DNP to a buffered NOM 

solution, the mixture was vortexed and analyzed immediately. (Experiments were conducted to 

evaluate the effect of contact time on DLS and ζ potential measurements, and we saw no significant 

differences between immediate analysis and analysis after 1 h of contact time, here we report 

findings for the case where the particles were mixed and immediately analyzed). Diffusivity and 

electrophoretic mobility measurements represent averages of five measurements. We calculated 

intensity-averaged hydrodynamic diameters from the particle diffusivities using the 

Stokes−Einstein equation. Hydrodynamic diameter (dh) number distributions were estimated from 

the intensity measurements using Mie theory.46 We estimated DNP ζ-potentials from the 

electrophoretic mobility using the Smoluchowski approximation.47-48 The Smoluchowski 

approximation assumes the particle is a hard sphere; however, the polyelectrolyte coatings on the 

nanodiamond used here renders a relatively soft, ion-penetrable shell on a hard particle core, 

making the ζ-potential derived from the Smoluchowski approximation an apparent value.48 
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2.2.4 Quantification of free NOM in solution.  

Ultraviolet-visible (UV-Vis) absorption spectroscopy was used to determine the amount of 

chromophoric NOM bound to the surface of the PAH-DNPs (Shimadzu UV-2401PC). Samples 

varying in NOM-to-DNP ratio were prepared as described for DLS measurements and then 

centrifuged (90 min, 25,000g, 25 °C) to produce a pellet of either PAH-DNP or NOM/PAH-DNP. 

Supernatant was removed, and the chromophoric NOM remaining in the supernatant was 

quantified by comparing the absorbance at 320 nm to a calibration curve made from a stock NOM 

solution (Figure A2.1). 

2.2.5 Preparation and characterization of phospholipid vesicles. 

We prepared small unilamellar vesicles (SUVs) composed of solely 1-palmitoyl-2-oleoyl-

sn-glycero-3-phosphocholine (POPC, 16:0-18:1 PC; Avanti Polar Lipids) or with 0.46 mol% 

rough LPS (rLPS) or smooth LPS (sLPS) or 6.4 mol% rLPS as recently described.33 Rough and 

smooth LPS were from Salmonella enterica serotype minnesota Re 595 (the so-called deep rough 

mutant) and serotype minnesota, respectively (Sigma Aldrich). Further details on preparation and 

characterization of these vesicles, as well as the generic structure of LPS are presented in the 

Appendix (Figures A2.2 and A2.3). 

2.2.6 Interaction of diamond nanoparticles with supported lipid bilayers. 

We used QCM-D to monitor the formation of supported lipid bilayers and their interactions 

with nanoparticles in real time and without the use of labels. The QCM-D technique measures the 

changes in resonance frequency (Δƒ) and energy dissipation (ΔD) for an AT-cut quartz crystal as 

an analyte interacts with the sensor surface. Changes in frequency are related to changes in the 

mass coupled to the sensor surface, which includes the mass of both the analyte and of any 

dynamically coupled solvent. The dissipation factor, D, represents the fractional energy loss per 
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radian at the oscillation frequency and provides information on the viscoelastic properties of 

laterally homogeneous adlayers or the stiffness of particle–surface contacts for films of discrete 

nanosized objects.49 Rigidly adsorbed films have a fractional energy loss per radian of oscillation 

that is small relative to the change in frequency of a given harmonic (n), defined –ΔDn/(Δƒn/n) << 

2/(ƒn) (equal to 4 × 10-7 Hz-1 for the 4.96 MHz crystals used here),49 where n is the harmonic 

number. For such films, the adsorbed surface mass density (ΔΓQCM-D) is linearly related to the 

change in frequency, as described by the Sauerbrey equation:50 

                 (1) 

where C is the mass sensitivity constant (equal to 18.0 ng·Hz-1·cm-2 for a 4.96 MHz crystal). In 

the PAH-DNP experiments presented, –ΔDn/(Δƒn/n) < 4 × 10-7 Hz-1 (Table A2.7), and the 

Sauerbrey equation was used to estimate acoustic surface mass density. The fundamental and odd 

harmonics (n = 3-11) were measured simultaneously. Data from odd harmonics 3 through 11 were 

equivalent;51 we present data from the 5th harmonic (~25 MHz) for all studies. Initial rates of PAH-

DNP deposition (rd) were calculated as the first derivative of the change in acoustic surface mass 

density with respect to time over the first 30 seconds of attachment:52-54 

             (2) 

Prior to QCM-D experiments, SiO2-coated sensor crystals (QSX303, Biolin Scientific, Stockholm, 

Sweden) were cleaned by sonicating in a 2% sodium dodecyl sulfate solution (10 min), rinsing 

alternatively with ultrapure water and ethanol three times, drying with N2 gas, and exposed to 

ultraviolet light (185 nm and 254 nm) from a low-pressure mercury lamp (20 min) to remove any 

trace organic compounds (Bioforce Nanosciences UV/Ozone Procleaner). 
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We formed supported lipid bilayers on SiO2-coated quartz crystal microbalance sensors 

from SUVs composed of POPC with or without LPS via the vesicle fusion method33,38,55 using a 

Q-Sense E4 instrument (Biolin Scientific). The sensors were first equilibrated in 0.150 M NaCl 

buffered to pH 7.4 with 0.002 M HEPES (pH and buffer concentration used throughout unless 

otherwise noted). Vesicles (0.125 mg·mL-1) in a solution of the same composition were flowed 

(0.100 mL·min-1) over the surface until the critical surface vesicle concentration (evidenced as the 

time at which the maximum frequency change is observed)56 was attained and the vesicles ruptured 

and fused to form a bilayer. After frequency and dissipation values stabilized, vesicle-free solution 

was flowed over the sensor to remove any loosely adsorbed vesicles. The ionic strength was 

lowered by exchanging the 0.150 M NaCl solution with 0.025 M NaCl solution until a stable 

baseline was reached. Figure A2.4 shows a representative frequency trace.  

Suspensions of PAH-DNP with or without NOM (5 or 30 mgoc∙L
-1) or NOM alone (5 or 30 

mgoc∙L
-1) in 0.025 M NaCl were flowed over the supported lipid bilayers, and attachment was 

monitored for 20 min. (For samples including NOM and PAH-DNPs, PAH-DNPs were exposed 

to NOM for up to 20 min before introduction to the QCM-D as no further aggregation of the 

particles was observed by DLS in this time frame.) After 20 min, bilayers were rinsed with 

nanoparticle-free solution to examine the reversibility of attachment. In a subset of experiments, 

the bilayer was equilibrated with 4.7 mg∙L-1 PAH polymer prior to the introduction of PAH-DNP 

(with or without NOM) to examine the influence of adsorbed polymer on nanoparticle attachment 

to the bilayers (Table A2.9). Attachment experiments were conducted in at least triplicate at 25.0 

± 0.5 °C. 
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2.2.7 Shewanella oneidensis viability and membrane damage. 

Shewanella oneidensis was grown from colonies on an agar plate in DifcoTM Luria-Bertani 

(LB) Broth overnight in a shaker incubator (30 °C, 275 rpm). Cells were sedimented (2000g, 10 

min) and resuspended in Dulbecco's phosphate-buffered saline (D-PBS), and sedimented and 

resuspended again in fresh 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES before exposure 

to nanoparticles.  

We evaluated the toxicity of PAH-DNP to S. oneidensis using a growth-based viability 

assay to quantify actively metabolizing cells.57 The time for a cell culture to reach log phase 

depends on initial cell density: the longer the delay (lag phase), the lower the initial viable cell 

density (measured in colony forming units, CFU). A calibration curve of S. oneidensis was 

constructed using serially diluted cell culture where 107 CFU∙mL-1 was defined as 100% viable. A 

S. oneidensis culture at 107 CFU∙mL-1 was incubated (10 min) with NOM alone or with 

NOM+DNP at ratios ranging from 0 to 6.67 mgoc·mgPAH-DNP
-1, then diluted in fresh LB medium 

in a 96-well plate. Optical density at 600 nm was monitored at 20-min intervals for 20 h 

(SpectraMax Plate Reader) at 30 °C with agitation between readings to track cell growth. The time 

to reach log phase for each exposure condition was compared to the calibration curve to determine 

any change in viability.  

 The LIVE/DEAD BacLightTM kit (ThermoFisher Scientific) was used to assess bacterial 

membrane damage by PAH-DNP in the presence and absence of NOM. We exposed S. 

oneidensis to 1 nM PAH-DNP at NOM-to-DNP ratios ranging from 0 to 6.67 mgoc·mgPAH-DNP
-1 

for 10 min, and the cells were distributed in a 96-well plate in triplicate. The LIVE/DEAD stain 

mixture was used according to manufacturer recommendations. Analyses were conducted using a 

fluorescence plate reader using an excitation wavelength of 485 nm. Fluorescence intensity was 
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measured at 528 nm and 635 nm for SYTO9 and propidium iodide (PI), respectively. SYTO9-to-

PI fluorescence intensity ratios were determined for each exposure and normalized to that of a 

control bacterial sample not exposed to either PAH-DNP or NOM.  

2.2.8 Statistical analyses.  

Comparisons across bilayer types and particle conditions were made using a two-way 

ANOVA with a Tukey correction for multiple comparisons at the α = 0.05 level of significance 

(Prism 6.0).  

2.3 Results and Discussion 

2.3.1 NOM alters nanoparticle hydrodynamic and electrokinetic properties. 

We determined the hydrodynamic diameter (dh) and ζ-potential of the PAH-DNPs over a 

range of NOM concentrations (0 to 30 mgoc∙L
-1) representing NOM-to-PAH-DNP ratios of 0 to 8 

mgoc·mgPAH-DNP
-1. Interaction with NOM induced changes to PAH-DNP dh (Figure 2.1a) and ζ-

potential (Figure 2.1b). In the absence of NOM at an ionic strength of 0.025 M and a pH of 7.4 

(0.002 M HEPES), PAH-DNPs were present in suspension primarily as single positively charged 

nanoparticles (dh = 17 ± 6 nm, equivalent to the nominal core size of the nanoparticles, ~15 nm; ζ-

potential = +21 ± 3 mV). At a NOM-to-DNP ratio of 1.33 mgoc·mgPAH-DNP
-1, the dh of PAH-DNP 

increased to 42 ± 9 nm, indicating a modest degree of aggregation, but the ζ-potential remained 

unchanged (+22.3 ± 0.6 mV). Measurement of the NOM in solution that was not bound to PAH-

DNPs at this NOM-to-DNP ratio was thwarted by the inability to sediment these particles from 

suspension even at centrifugal forces up to 649,555g for 120 min. The PAH-DNPs were more 

stable with respect to sedimentation at 1.33 mgoc·mgPAH-DNP
-1 than when no NOM was present. 

Increasing the NOM-to-DNP ratio to 2.67 mgoc·mgPAH-DNP
-1 resulted in further particle aggregation 

and a reversal of ζ-potential to –13.0 ± 0.4 mV. At NOM-to-DNP ratios of 4 mgoc·mgPAH-DNP
-1 and 
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higher, the dh and ζ-potentials of the PAH-DNP remained relatively constant, near 40 nm and –30 

mV, respectively. Sedimentation of aggregates formed at NOM-to-DNP ratios of 2.67 and 8 mg-

oc·mgPAH-DNP
-1 from suspension by centrifugation (90 min, 25,000g) and determination of the 

amount of NOM remaining in the supernatant (Figure A2.1), suggested that 2.1 mgoc·mgPAH-DNP
-1 

bound to the surface of the DNP (0.011 mgoc·nm-2).  

We attribute the decrease in PAH-DNP ζ-potential with increasing NOM-to-DNP 

concentration ratio primarily to electrostatic interaction of deprotonated carboxyl groups of NOM 

with the positively charged pendant primary amines on the PAH polymers. At low NOM-to-DNP 

ratios (≤ 1.33 mgoc·mgPAH-DNP
-1), interaction with NOM molecules induces a small degree of 

aggregation, but the NOM molecules are not present at high enough concentration to neutralize 

the overall charge of the PAH-DNPs or displace the PAH polymer wrapping. At this low NOM-

to-DNP ratio, aggregation may be due to NOM adsorption leading to uneven charge distribution 

and a concomitant attractive contribution to the interaction energy.58-59 Aggregation induced by 

oppositely charged patches on nanoparticle surfaces is not satisfactorily represented by classical 

Derjaguin–Landau–Verwey–Overbeek (DLVO) theory.60 As the NOM-to-DNP ratio increased, 

electrostatic interaction with NOM molecules neutralized and then reversed the positive charge on 

the DNPs; when the magnitude of the ζ-potential was small, attractive van der Waals forces 

overcame electrostatic repulsion between particles and destabilized the particle suspensions. 

Alternatively, aggregation rates may have risen as the probability of favorable interactions 

increased between oppositely charged regions on the DNP surfaces (a function of surface coverage 

and charge density of both the PAH and the adsorbing NOM molecules) leading to maximum 

aggregation rates at non‐zero net surface charge.58-59 At yet higher NOM-to-DNP ratios (≥4 mg-

oc·mgPAH-DNP
-1), the NOM-coated particles possessed strongly negative ζ-potentials (–30 mV) and 
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yielded stable suspensions of DNP aggregates with comparable dh (one-way ANOVA, p = 0.2334). 

The observed charge reversal indicated that NOM molecules either overcoat the positively charged 

polymer on the nanodiamond surface, forming a “NOM corona” around the particles, or displaced 

the electrostatically wrapped PAH polymer. Charge reversal of positively charged bare zinc 

oxide,61-62 hematite,15 and titanium dioxide16 due to interaction with NOM has been reported 

previously. Furthermore, increasing the concentration ratio of NOM to gold nanoparticles 

functionalized with positively charged branched polyethylenimine or aminated polyethylene 

glycol led to charge neutralization and ultimately charge reversal much like we observed with 

PAH-DNPs.17 Our findings are consistent with these results and demonstrate the same 

phenomenon for particles differing in core material and initial organic coating.  

2.3.2 Nanodiamond attachment to zwitterionic phospholipid bilayers. 

We next investigated the impact of the NOM-induced changes to PAH-DNP properties on 

their interaction with model membranes composed of the zwitterionic phospholipid POPC. We 

examined the influence of NOM on initial attachment rates to and acoustic surface mass densities 

attained on POPC bilayers of PAH-DNPs at NOM-to-DNP ratios of 0, 1.33, and 8 mgoc·mgPAH-

DNP
-1 by QCM-D (Figure 2.2). Consistent with expectations, electrostatic attraction between the 

positively charged PAH-DNP and the negative potential of the supported zwitterionic POPC 

bilayer34,63 led to attachment in the absence of NOM (Figure 2.2). We calculated the efficiency of 

PAH-DNP attachment to lipid bilayers to quantify the kinetics of initial attachment:64 

               (3) 

where dΓQCM-D/dt is the change in adsorbed surface mass density per unit time and the subscript 

fav on the term in the denominator refers to the change in adsorbed surface mass density under 

a
D

=
dG

QCM-D
dt( )

lipid bilayer

dG
QCM-D

dt( )
fav
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favorable deposition conditions (absence of an energy barrier to deposition). In the present study, 

we approximated favorable deposition conditions for the positively charged PAH-DNPs using the 

strongly negatively charged SiO2 surface.63 To do this, we empirically determined initial rates of 

attachment to SiO2 under the same conditions used for the bilayers. We found all attachment 

efficiencies for PAH-DNPs to be near unity (Table A2.2), consistent with previous findings of 

favorable interaction between cationic nanoparticles and zwitterionic lipid bilayers.33,65-66 We 

hypothesize that the amine groups on the PAH polymer on the nanodiamond interacted with the 

phosphate group in the phosphatidylcholine headgroup of the POPC lipids.67-68 The surface mass 

density of PAH-DNPs attained after 20 min was higher on the POPC bilayer than on SiO2 by a 

factor of ~3.6 (Figure 2.2b, Table A2.8). Lateral repulsion between positively charged PAH-DNP 

appears to limit the extent of attachment on the SiO2 surface. Lateral repulsion seems to be 

diminished on the POPC bilayer, likely due to phospholipid extraction,35,67 allowing higher surface 

densities to be reached. Rinsing with nanoparticle-free solution produced small (9 ± 2 ng·cm-2) 

decreases in acoustic mass consistent with removal of a small population of loosely adhered PAH-

DNPs. The attachment of the remaining PAH-DNPs was irreversible on the timescale of our 

experiments. 

At the low NOM-to-DNP ratio of 1.33 mgoc·mgPAH-DNP
-1, the PAH-DNP aggregated to a 

moderate extent (dh = 42 ± 9 nm) and retained a positive ζ-potential (+22.3 ± 0.6 mV). The initial 

rate of PAH-DNP attachment to POPC bilayers at this low NOM-to-DNP ratio did not differ 

significantly from that for PAH-DNP in the absence of NOM (p > 0.05; Figure 2.2a and Table 

A2.1), and attachment efficiencies were close to unity (Table A2.2). This result is not attributable 

to the deposition of NOM itself to the bilayer. Control experiments showed the initial rate of NOM 

attachment to POPC to be nearly zero at a concentration of 5 mgoc∙L
-1 (the total NOM concentration 
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in the 1.33 mgoc·mgPAH-DNP
-1 NOM-to-DNP suspensions; Table A2.1). Furthermore, exposure of 

POPC bilayers to 5 mgoc∙L
-1 NOM prior to introduction of PAH-DNP did not alter the initial 

attachment rate (–1.8 ± 0.2 ng·cm-2·s-1; p > 0.05). We expect transport of the aggregates formed 

in the presence of 5 mgoc∙L
-1 NOM to the model membrane surface to be slower than that of the 

individual PAH-DNPs. Using a Lévêque solution for convective-diffusive transport modified to 

account for the curvilinear flow in the QCM-D flow chamber,69 we estimate that in the presence 

of 5 mgoc/L NOM the spatially averaged mass-transport limited attachment rate constant is smaller 

by a factor of 0.56 ± 0.15 relative to the case without NOM (for details of this analysis see the 

Supporting Information). The equivalence of the initial attachment rates in the absence and 

presence of 5 mgoc/L NOM implies that that on average the effective mass of the aggregates (mass 

of PAH-DNPs, NOM and internal water) attaching to the model membrane during the initial 

attachment period is larger by a factor of approximately two that of the individual PAH-DNPs.  

The acoustic surface mass density (ΓQCM-D) of PAH-DNP on POPC bilayers after 20 min 

exposure under flowing conditions was substantially larger at a NOM-to-DNP ratio of 1.33 mg-

oc·mgPAH-DNP
-1 than in the absence of NOM (p < 0.0001; Figure 2.2b, Table A2.8) and was 

accompanied by larger energy dissipation than in the absence of NOM (Table A2.6) and more 

pronounced dispersion in Δfn/n indicating that the NOM/PAH-DNP aggregates were less rigidly 

coupled to the oscillating sensor than in the absence of NOM. Rinsing with PAH-DNP- and NOM-

free solution resulted in no net change in acoustic mass indicating that NOM/PAH-DNP 

attachment to POPC bilayers was irreversible over experimental time scales. The much larger 

ΓQCM-D was not attributable to adsorption of NOM alone; exposure of POPC bilayers to 5 mgoc∙L
-

1 NOM in the absence of PAH-DNP resulted in ΓQCM-D values far too small (Table A2.8) to account 

for the large difference observed in PAH-DNP attachment in the presence and absence of this 
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concentration of NOM. Furthermore, ΓQCM-D for attachment to POPC bilayers was statistically 

indistinguishable whether or not the bilayers had been first exposed to 5 mgoc∙L
-1 NOM for 20 min 

prior to interaction with PAH-DNP. We therefore attributed the higher ΓQCM-D at the 1.33 

mgoc·mgPAH-DNP
-1 NOM-to-DNP ratio relative to that in the absence of NOM to NOM-induced 

changes to PAH-DNP properties. As noted above, adsorption of NOM molecules may lead to 

electrostatic attraction between oppositely charged regions on adjacent DNPs and thereby a 

moderate degree of aggregation at NOM concentrations insufficient to induce rapid aggregation 

while the ζ-potential remains positive. The effective mass of these aggregates (mass of PAH-

DNPs, NOM and internal water) is higher than that of single PAH-DNPs. We therefore attributed 

the higher ΓQCM-D at a NOM-to-DNP ratio of 1.33 mgoc·mgPAH-DNP
-1 to the larger effective mass of 

the aggregated particles delivered to the sensor surface.  

At a NOM-to-DNP ratio of 8 mgoc·mgPAH-DNP
-1, NOM molecules induced a modest degree 

of aggregation (dh = 34 ± 13 nm) and coated the PAH-DNPs to the extent that the surface charge 

was reversed and the ζ-potential was strongly negative (–33 ± 1 mV). At this NOM-to-DNP ratio, 

the initial rate of PAH-DNP deposition was more than an order of magnitude lower than in the 

absence of NOM (p < 0.0001; Figure 2.2a, Table A2.1) and ΓQCM-D values at 20 min were much 

smaller than in the absence of NOM (Figure 2.2b, Table A2.8). The NOM concentration remaining 

in PAH-DNP suspensions at the NOM-to-DNP ratio used here was ~22 mgoc∙L
-1. We examined 

the initial rate of deposition of 30 mgoc∙L
-1 NOM (the total NOM concentration in the 8 mg-

oc·mgPAH-DNP
-1 NOM-to-DNP suspensions) and the adsorbed surface mass density at 20 min and 

found the NOM deposition rate and ΓQCM-D to be comparable to those measured for the 8 mg-

oc·mgPAH-DNP
-1 NOM-DNP ratio (Figure 2.2b, Table A2.1). We therefore attribute the small 

frequency shifts observed in the NOM-DNP attachment experiments at the high NOM-to-DNP 
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ratio to NOM molecules adsorbing to the bilayer. These results are consistent with following 

interpretation: NOM molecules overcoated the PAH-DNP or displaced the electrostatically 

wrapped PAH polymer on the DNP surface to the extent that the ζ-potential of the aggregates 

became strongly negative resulting in a significant electrostatic energy barrier to attachment to the 

negatively charged supported model membranes to which NOM had adsorbed.65,70  

2.3.3 Nanodiamond interaction with phospholipid bilayers containing lipopolysaccharides. 

Full-length, or smooth, LPS is composed of three parts: Lipid A, a core oligosaccharide, 

and an O-polysaccharide (Figure A2.2).71-73 The presence or absence of an O-polysaccharide 

determines whether a LPS molecule is respectively smooth or rough.71 Rough LPS (expressed by 

some bacteria) is a truncated form of LPS, which contains Lipid A and at least part of the core 

oligosaccharide, but lacks the outer O-polysaccharide. The rough LPS produced by deep rough 

mutant 595 used in the present study is composed of Lipid A and two residues of 2-keto-3-deoxy-

D-manno-octonate (Kdo) in the core oligosaccharide. In contrast, the smooth LPS also contained 

a variable length O-polysaccharide lacking acidic residues and the portion of the core 

oligosaccharide between the Kdo residues and the O-polysaccharide, which includes two 

phosphate groups.33,74 The core oligosaccharide of the deep rough and smooth LPS thus contained 

two and four negative charges, respectively.  

Due to the relevance and abundance of these biomolecules at Gram-negative bacterial 

surfaces we investigated the effect of including rough or smooth LPS molecules in supported 

POPC bilayers on PAH-DNP interaction with model membranes in the absence and presence of 

NOM. To construct bilayers incorporating LPS, we employed the vesicle fusion method using 

LPS-containing POPC vesicles. Vesicles incorporating LPS exhibited more negative ζ-potentials 

than did those composed solely of POPC (Figure A2.3). Smooth LPS is larger and more negatively 
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charged than is deep rough LPS. Electrostatic and steric repulsion limits the maximum amount of 

smooth LPS that can be incorporated into SiO2-supported model membranes via the vesicle fusion 

method to a lower mol% than can be achieved with rough LPS.33,38 To enable direct comparison 

between the two types of LPS we therefore prepared bilayers from vesicles containing 0.46 mol% 

rough or smooth LPS. To examine the impact of rough LPS surface density on PAH-DNP 

attachment, we also formed bilayers from vesicles containing 6.4 mol% rLPS.  

Initial rates of PAH-DNP attachment to POPC bilayers and those formed from vesicles 

containing 0.46 mol% rLPS or sLPS were statistically indistinguishable (p > 0.05; Figure 2.2a, 

Table A2.1) and attachment efficiencies were close to 1 (Table A2.2). This is likely attributable to 

the small amount of LPS incorporated into these membranes. Increasing vesicle rLPS content from 

0.46 to 6.4 mol% produced a small decrease in the initial rate of PAH-DNP attachment relative to 

that of POPC (p < 0.01, Figure 2.2a, Table A2.1). Increasing the incorporation of rough LPS into 

vesicles by a factor of ~14 decreased the ζ-potential of the vesicles from –12.6 ± 3.6 mV to –41.7 

± 2.2 mV (Figure A2.3). We therefore hypothesize that the decrease in rd was due to the LPS 

groups sterically hindering accessibility to the negative charges on the phosphatidylcholine groups 

of the bilayer. Values for ΓQCM-D after 20 min attachment of PAH-DNPs to POPC bilayers and 

those incorporating rLPS or sLPS were statistically indistinguishable (p > 0.05; Figure 2.2b, Table 

A2.8).  

At a low NOM-to-DNP ratio of 1.33 mgoc·mgPAH-DNP
-1, the initial rates and attachment 

efficiencies of NOM/PAH-DNPs attachment to bilayers containing 0.46 mol% rough or smooth 

LPS were equal to those measured in the absence of NOM (p >0.05; Figure 2.2a, Table A2.1). 

Equivalent amounts of NOM at this ratio (5 mgoc·L
-1) showed little attachment to 0.46 mol% rLPS 

and no attachment to 0.46 mol% smooth or 6.4 mol% rough LPS. In the case of 6.4 mol% rLPS, 
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an increase in attachment rate was observed relative to that in the absence of NOM (p <0.0001). 

Acoustic surface mass densities after 20 min attachment of NOM/PAH-DNPs to all bilayers were 

higher at a NOM-to-DNP ratio of 1.33 mgoc·mgPAH-DNP
-1 relative to those obtained in the absence 

of NOM (p < 0.0001; Figure 2.2b, Table A2.8). As noted in the case of POPC, the larger ΓQCM-D 

values may be attributable to the higher mass associated with the aggregated particles (PAH-DNPs, 

NOM and internal water) at this NOM-to-DNP ratio. 

As we observed for POPC bilayers for NOM-to-DNP ratios of 8 mgoc·mgPAH-DNP
-1, 

attachment rates to bilayers containing LPS were at least an order of magnitude lower than in the 

absence of NOM and indistinguishable from one another (Figure 2.2a, Table A2.1). The deposition 

rate of 30 mgoc∙L
-1 NOM with no PAH-DNP (the total NOM concentration in the 8 mgoc·mgPAH-

DNP
-1 NOM-to-DNP suspensions) was similar to that observed when particles were present to all 

three bilayer types (Table A2.1). Furthermore, the acoustic surface mass density of the 8 mg-

oc·mgPAH-DNP
-1

 particles after 20 min attachment was indistinguishable from that of NOM binding 

to the bilayer (Table A2.8, p > 0.05). Therefore, we attribute the observed attachment rate and 

attachment for the 8 mgoc·mgPAH-DNP
-1 particles solely to NOM binding to the 0.46 mol% rLPS and 

0.46 mol% sLPS bilayers. Neither attachment of particles at NOM-to-DNP ratios of 8 mgoc·mgPAH-

DNP
-1 nor NOM itself was observed to attach to the 6.4 mol% rLPS bilayer likely due to increased 

electrostatic repulsion between the NOM and the more negatively charged bilayer relative to the 

other three studied here (Figure A2.3).  

2.3.4 Natural organic matter modulates PAH-DNP impact on Shewanella oneidensis. 

We examined the influence of NOM on the effect of PAH-DNP on the Gram-negative 

bacterium Shewanella oneidensis. A significantly higher coverage of LPS was expected on 

bacterial surfaces (up to 75%) than was modeled in the membrane studies; nonetheless, we 
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anticipated a similar trend in surface attachment to bacterial cells to be observed. We note that 

under the growth conditions in this study (30 °C), S. oneidensis elaborates only rough LPS.33 

We employed the LIVE/DEAD assay to quantify membrane damage. This fluorescence-

based method uses two fluorescent dyes that bind to nucleic acid: green-fluorescent SYTO 9 and 

red-fluorescent PI. Cell-permeant SYTO 9 stains all live cells; the non-permeant PI stains nucleic 

acids only in the cells with damaged membranes. In the absence of NOM, exposure to 1 nM PAH-

DNP resulted in membrane damage to >60% of the cells (Figure 2.3a). As the NOM-to-DNP ratio 

increased, the proportion of cells with membrane damage remained unchanged at ratios up to 0.8 

mgoc·mgPAH-DNP
-1. A sharp increase in the proportion of cells with intact membranes was observed 

at ratios between 0.8 and 1.1 mgoc·mgPAH-DNP
-1, with no observable damage above a ratio of 1.1 

mgoc·mgPAH-DNP
-1

.  

The impact of NOM on the toxicity to S. oneidensis induced by exposure to PAH-DNP 

exhibited a similar trend (Figure 2.3b). The toxicity of 1 nM PAH-DNP was completely 

ameliorated at NOM-to-DNP ratios ≥ 1.3 mgoc·mgPAH-DNP
-1. The strong correspondence between 

the membrane damage and bacterial viability results displayed in Figure 2.3 was expected. Earlier 

studies have indicated that the toxicity of cationic polymer-wrapped nanoparticles arises largely 

from attachment of the positively charged particles to negatively charged bacterial surfaces leading 

to membrane damage.44 The reduced toxicity and membrane damage at higher NOM-to-DNP 

ratios are consistent with the drastically reduced attachment of PAH-DNP to supported bilayers 

containing 6.4% rough LPS at NOM-to-DNP ratios of 8 mgoc·mgPAH-DNP
-1 (Figure 2.2b). The 

discrepancy between the results obtained at 1.3 mgoc·mgPAH-DNP
-1 in the whole cell and 6.4% rLPS-

POPC studies may be attributable to the much higher LPS content on cell surfaces. The higher 

density of rLPS on the bacterial surface may have sterically hindered nanoparticle disruption of 
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the outer membrane. We also note that the critical NOM-to-DNP ratio that resulted in amelioration 

in toxicity and membrane damage by PAH-DNP occurred at a slightly lower NOM-to-DNP ratio 

than that of charge reversal of the nanoparticle by NOM (Figure 2.1b). An earlier study examining 

the attachment to and uptake by HeLa cells of an array of Au nanoparticles spanning a range of ζ-

potentials found a threshold of effective surface charge density below which minimal binding 

occurred even when the particles exhibited positive ζ-potentials.75 Our observations likely reflect 

such a threshold in effective charge density as modulated by adsorbed NOM molecules.  

2.4 Environmental implications 

We have demonstrated that hydrodynamic and electrokinetic properties of DNPs wrapped 

with the polycation PAH are altered upon interaction with NOM and that NOM influences the 

interaction of these nanoparticles with model cell membranes and with intact bacterial cells. As 

the NOM-to-DNP ratio increased the following sequence of events occurred. Initial adsorption of 

NOM molecules to PAH-DNP surfaces resulted in uneven charge distributions and induced 

attractive interactions between oppositely charged regions on adjacent particles leading to a 

moderate degree of aggregation. As further NOM molecules adsorbed to DNP surfaces, the 

probability of favorable interactions between oppositely charged regions on the DNP surfaces 

increased leading to higher aggregation rates. Concurrently, adsorbing NOM molecules 

progressively neutralized and eventually reversed the positive potential of the particles. 

Aggregation was promoted at NOM-to-DNP ratios producing low ζ-potentials because the 

electrostatic energy barrier had been lowered sufficiently to allow attractive van der Waals 

interactions to cause aggregation. At still higher NOM-to-DNP ratios, the amount of NOM on the 

particles increased and electrostatic repulsion prevented further aggregation of PAH-DNPs. The 

changes to PAH-DNP hydrodynamic and electrokinetic properties influenced the attachment of 
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these particles to model membranes and their toxicity toward a Gram-negative bacterium. Our 

results lead to the expectation that the influence of NOM on nanoparticle-induced effects depends 

on the NOM-to-nanoparticle ratio (as well as the affinity of NOM for the nanoparticle surface).  

In the experiments described here, a finite amount of NOM was available to bind to the 

PAH-DNP. This is particularly important for the low NOM-to-DNP ratios studied because this 

imposes a limit on the extent of overcoating/displacement of PAH polymer in the experimental 

system. In the environment, the amount (mass) of NOM ultimately available would be large 

enough to eventually overcoat/displace the PAH polymer entirely, even at low NOM 

concentration. The concentration ratios of NOM to PAH-DNP studied here varied from 1.33 (for 

5 mgoc∙L
-1 NOM) to 8.0 (for 30 mgoc∙L

-1 NOM). In typical freshwater environments the ratio of 

NOM to engineered nanoparticle is expected to be much larger due to the expected low 

concentrations of engineered nanoparticles.17 Overcoating/displacement would occur, but more 

slowly at low NOM concentrations. Differences in kinetics of overcoating/displacement could 

have biological consequences, similar to those demonstrated here at different NOM 

concentrations, depending on how rapidly the nanoparticles come in contact with organismal 

surfaces.  

The present study represents an initial demonstration of the complex influence that NOM 

can have on nanomaterial interactions with bacterial surfaces. The present study focused on a 

single type of nanoparticle (diamond) functionalized with a single capping agent (the cationic 

polymer poly(allylamine HCl)). In the specific system investigated, at low NOM-to-PAH-DNP 

ratios PAH-DNP bound to model membranes and elicited membrane damage in the bacteria. 

Higher ratios, which caused reversal of the charge of the polymer-wrapped nanodiamond, reduced 

attachment to the model membranes and damage to bacterial membranes. Effects similar to those 



35 

 

 

 

we observed at high NOM concentrations have been reported for nanoscale zero-valent iron to 

Escherichia coli,29 although the mechanism of toxicity likely differed. We expect our results to be 

most directly transferable to positively charged natural colloids and engineered nanoparticles 

functionalized with cationic polymers17,35 and ligands14,35,76-77. We hypothesize that NOM 

overcoating/replacement of ligands occurs at the high NOM-to-nanoparticle ratios expected in the 

environment; in environments with low NOM concentrations, this would occur at slower rates than 

observed in the present study. Future studies are needed to understand the influence of NOM 

properties and divalent cations on nanomaterial interactions with cell surfaces in the presence of 

NOM.  
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2.5 Figures 

 

Figure 2.1. PAH-DNP (a) number-averaged hydrodynamic diameters and (b) apparent ζ-potentials 

as a function of Suwannee River NOM-to-nanoparticle concentration ratio in 0.025 M NaCl 

buffered to pH 7.4 with 0.002 M HEPES. Error bars represent one standard deviation of five 

replicate measurements. In some cases error bars in the apparent ζ-potential plot fall within the 

size of the marker. 
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Figure 2.2. Natural organic matter (NOM) influences the attachment of PAH-DNP to supported 

lipid bilayers composed of the zwitterionic phospholipid POPC alone or with the indicated 

amounts of smooth or rough lipopolysaccharide (LPS). (a) Initial rates of PAH-DNP attachment 

to and (b) acoustic surface mass density (ΓQCM-D) at 20 min for the indicated bilayers and SiO2 as 

a function of NOM concentration. Attachment rates defined as the first derivative of the change in 

acoustic surface mass density with respect to time over the first 30 seconds of attachment. Dotted 

lines are to guide the eye. Acoustic surface mass densities calculated from the Sauerbrey equation50 

(in all cases ΔDn/(Δfn/n) < 0.4 × 10-6 Hz-1)49. Symbols represent means of at least triplicate 
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measurements; error bars denote one standard deviation. Experiments used 1 nM (number 

concentration) of PAH-DNPs in 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES with the 

indicated amount of Suwannee River NOM at 25 °C. Numerical data for initial attachment rates 

and ΓQCM-D are presented in Tables A2.1 and A2.8, respectively. Abbreviations: PAH-DNP, 

diamond nanoparticles functionalized with poly(allylamine HCl); POPC, 1-palmitoyl-2-oleoyl-sn-

glycero-3-phosphocholine; rLPS, rough lipopolysaccharide; sLPS, smooth lipopolysaccharide.  
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Figure 2.3. The influence of NOM-to-DNP ratio on (a) membrane damage and (b) toxicity to 

Shewanella oneidensis by 1 nM PAH-DNP. Experiments were performed in 0.025 M NaCl 

buffered with 0.002 M HEPES to pH 7.4.  
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Chapter 3: Quaternary-Amine Terminated Quantum Dots Induce Structural Changes to 

Supported Lipid Bilayers 

A manuscript of this work is in preparation and will be submitted to Langmuir 

3.1 Introduction 

With the increase in the use of nanotechnology comes a concern over the release of 

engineered nanomaterials into the environment and interactions that may occur with various 

organisms. However, understanding the impact of nanomaterials on organisms at a mechanistic 

level is difficult and requires a systematic approach using various analytical tools.1-2 One strategy 

to begin to understand the impact of nanomaterials is to study their interactions with the cellular 

membrane, which is likely the first point of contact between an organism and an engineered 

nanomaterial. Interaction between nanomaterials and the cellular membrane is a crucial step in 

causing toxicity to different microorganisms,3-5 and thus warrants further investigation with 

various types of nanomaterials and membranes.  

Supported lipid bilayers (SLBs) are often used as a model system to study the complex 

interactions between nanomaterials and cellular membranes.6-9 While SLBs may not provide all of 

the complexity associated with full organism studies, they allow systematic control of the 

chemistry of the lipid systems and enable the use of in situ analytical techniques to probe these 

interactions in environmentally relevant conditions. There are many proposed interactions that can 

occur between a nanomaterial and a cellular membrane, many of which can be studied using SLBs, 

including hole formation,9-11 membrane thinning,9 structural changes,12-14 and nanoparticle 

internalization.15-16 Furthermore, the phase of the lipid bilayer has been shown to play a crucial 

role in the interactions between nanomaterials and supported lipid bilayers. Chemical manipulation 

of SLBs to include liquid-ordered domains, composed of cholesterol and sphingomyelin, caused 
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an increase in attachment of positively-charged gold nanoparticles as compared to solely liquid-

disordered bilayers.6 Conversely, polycationic polymers were shown to preferentially interact with 

the liquid-disordered phase of the bilayer.17 Also, disruption of membrane integrity was shown to 

vary, depending on the phase of the bilayer, upon interaction with dendrimers.14 Previous work 

has used atomic force microscopy to investigate the complex interactions between polymers17 and 

dendrimers14,18 as model nanomaterial systems on SLBs; however, the complexity of the cellular 

membrane and increased use of nanomaterials of technological relevance present a need study 

various nanomaterial types and incorporate important biomolecules found in cellular membranes 

into model systems. 

Quantum dots are a good system to use in investigating the impacts of nanomaterials with 

SLBs due to their technological relevance. They are used commonly in solar cells,19 bioimaging,20 

and sensors21 due to their unique optical and electronic properties. Quantum dots are typically 

composed of a metalloid crystalline core, a protective shell that shields the core, and a second 

coating or ligand to make the quantum dot biologically compatible or water stable.22 They have 

been shown previously to adsorb to23-24 and/or penetrate through cell membranes.23,25. However, 

the structural impacts of functionalized quantum dots on cellular membranes in real time are not 

well understood and warrant future investigation through the use of complementary, in situ 

analytical techniques. 

The objectives of this study were to investigate the impact of cadmium selenide (CdSe) 

quantum dots with a zinc sulfide (ZnS) shell functionalized with poly(diallyldimethylammonium 

chloride) (PDDA) to SLBs of various composition. We chose this particular quantum dot because 

of the technological relevance of CdSe/ZnS quantum dots19-20 and due to the impact that other 

types of cationic nanomaterials have had on model bilayers.6,9,26-27 Due to the importance of bilayer 
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fluidity on these interactions, we studied bilayers composed of purely a liquid-disordered (Ld) 

phase and bilayers composed of both liquid-disordered and liquid-ordered phases through the 

inclusion of sphingomyelin and cholesterol into the SLBs. We used three complementary in situ 

analytical techniques, quartz crystal microbalance with dissipation monitoring (QCM-D), 

nanoplasmonic sensing (NPS), and atomic force microscopy (AFM), to gain mechanistic insights 

into the interactions between the quantum dots and the lipid bilayers in real time. We used QCM-

D and NPS to probe attachment of PDDA-QDs to SLBs as well as investigate any structural 

changes to the bilayer as monitored by dissipation changes. To further our insights into these 

interactions and the time scale of these interactions, we used AFM to examine the structure of the 

bilayer before and after interaction with the quantum dots. Together, these three complementary, 

in situ, approaches provide new insights into the complex interactions that occur between 

functionalized quantum dots and cellular membranes. 

3.2 Materials and Methods 

3.2.1 Quantum dot characterization 

 Cadmium selenide core quantum dots (QD) with a zinc sulfide shell and a positively-

charged poly(diallyldimethylammonium chloride) (PDDA) polymer wrapping were procured from 

OceanNanotech (QSQ-620). The polymer wrapping ensured water stability and allowed us to 

probe the impact of a positively charged particle on the lipid bilayers. We measured the 

diffusivities and electrophoretic mobilities of the PDDA-QDs by dynamic light scattering and laser 

Doppler microelectrophoresis (Malvern Zetasizer Nano ZS) at a 1 nM number concentration of 

QDs 0.010 M NaCl buffered to pH 7.4 with 0.010 M HEPES. The diffusivity and electrophoretic 

mobility measurements are the average of five measurements. We used the Stokes-Einstein 

equation to find the intensity-averaged hydrodynamic diameters from the diffusivity 
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measurements and from these values estimated the hydrodynamic diameter (dh) using Mie 

theory.28 We estimated the ζ-potentials of the PDDA-QDs from the measured electrophoretic 

mobility using the Smoluchowski approximation.29 However, this approximation assumes that the 

particle is a hard sphere. In the case of the polymer-wrapped quantum dots used in this study, we 

have an ion-permeable soft shell on a hard core-shell particle making the measured ζ-potentials 

apparent values.29-30 

3.2.2 Lipid vesicle preparation and characterization 

We prepared small unilamellar (SUVs) composed solely of 1,2-dioleoyl-sn-glycero-3-

phosphocholine (DOPC, 850375C, Avanti Polar Lipids) or DOPC with plant-derived cholesterol 

(Chol, 700100P, Avanti Polar Lipids) and sphingomyelin from chicken egg yolk (SM, S0756, 

Sigma Aldrich) as previously described.6 Briefly, stock solutions of Chol and SM were dissolved 

in chloroform (1 mg/mL) and sonicated for 30 min. The three components were mixed to the 

desired ratio (100% DOPC or 60/20/20 mol% DOPC/SM/Chol), the chloroform was removed 

under a stream of nitrogen gas, and any residual chloroform was removed under vacuum overnight. 

The dried film was rehydrated in 0.001 M NaCl buffered to pH 7.4 with 0.01 M HEPES and 

vortexed and sonicated for 30 min to leave a cloudy solution. Following, three cycles of freezing 

with liquid nitrogen and thawing by sonication the solution was extruded 11 times (Avanti 610000 

extruder kit) through a 50 nm polycarbonate membrane filter (Whatman) to give small unilamellar 

vesicles (SUVs). All extruded vesicles were stored at 4 °C and used within one week of extrusion.  

3.2.3 Quartz crystal microbalance with dissipation monitoring (QCM-D) coupled with 

nanoplasmonic sensing 

 Quartz crystal microbalance with dissipation monitoring measures changes in resonance 

frequency (Δƒ) and changes in dissipation (ΔD) due to the interaction of an analyte (PDDA-QDs 
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in our case) with the surface of an AT-cut quartz crystal. Detected changes in frequency are related 

to the amount of mass due to the analyte and any hydrodynamically coupled water at the sensor 

surface, whereas changes in the energy dissipation are related to any changes in the viscoelastic 

properties of the surface.31 To discern, the optical, or “dry” mass associated with these interactions, 

NPS was used in combination with QCM-D. The combined technique works by using a QCM-D 

crystal containing nanoplasmonic gold discs with a ~10 nm thick silicon nitride layer deposited on 

top of the nanoplasmonic features. Light via a fiber optic cable induces charge density oscillations 

in the gold discs, resulting in a localized surface plasmon resonance (LSPR). Monitoring of the 

changes to the maximum extinction wavelength Δλmax, due to any changes in the local refractive 

index, allows for an optical mass to be determined. Here, we used QCM-D in combination with 

NPS to monitor the formation of supported lipid bilayers and the changes in frequency, energy 

dissipation, and Δλmax induced by exposure to PDDA-QDs in real time. This allowed for the 

detection of any changes in optical (“dry”) and acoustic (“wet”) mass associated with interactions 

at the sensor surface. 

 Prior to use, a Si3N4-coated QCM-D crystal with nanoplasmonic gold discs (Batch No. 

100-1705-01, Insplorion AB, Göteborg, Sweden) was soaked in a 2% sodium dodecyl sulfate 

solution for 10 min, rinsed three times alternatively with ultrapure water and ethanol, dried with 

N2 gas, and exposed to UV/ozone from a low-pressure mercury lamp for 10 min (Bioforce 

Nanosciences UV/Ozone Procleaner, 185 and 254 nm). The crystals were then immediately loaded 

into a window cell module (QWM401, Biolin Scientific). The cell was filled with water and the 

Insplorion Acoulyte (Insplorion AB, Göteborg, Sweden) was mounted on top of the window cell. 

The centroid range (60nm) of the plasmon excitation peak was determined by sweeping a range of 

wavelengths from 550-850 nm and selecting the center of the plasmon excitation peak. This peak 
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wavelength was monitored for shifts, due to changes in refractive index, throughout the formation 

of bilayers as well as interactions with PDDA-QDs.  

 We formed supported lipid bilayers on the Si3N4 sensor from SUVs composed of purely 

DOPC or 60/20/20 mol% DOPC/SM/Chol using the vesicle fusion method.6,32 The sensor was 

equilibrated in ultrapure water (18.2 MΩ∙cm resistivity, Barnstead GenPure Pro) until a stable 

baseline was reached. At which point the solution was switched to 0.150 M NaCl buffered to pH 

7.4 with 0.010 M HEPES (pH and buffer concentration used throughout) and flowed until a stable 

baseline was reached (~10 min). A solution of vesicles (0.03125 mg·mL-1) in the same buffer were 

flowed (0.100 mL·min-1) over the surface until the critical surface vesicle concentration33 was 

attained, at which point, the vesicles ruptured and fused to form a bilayer. Any loosely adsorbed 

vesicles were rinsed away and a stable baseline was established by rinsing with vesicle free buffer. 

The ionic strength of the solution was lowered to 0.010 M NaCl by rinsing the bilayer with buffer 

at this lower ionic strength until the frequency, dissipation, and λmax values stabilized.  

 Suspensions of 1 nM PDDA-QDs in 0.010 M NaCl were vortexed and immediately flowed 

over the bilayers. Attachment was monitored for 20 min followed by a rinse with nanoparticle-free 

solution to examine the reversibility of the interaction and any observed changes upon rinse. 

Control experiments were conducted examining interaction between the PDDA-QDs and the 

underlying Si3N4 crystal as well as interaction between free PDDA polymer and the bilayers. For 

polymer control experiments we used a poly(diallyldimethylammonium chloride) solution in water 

(Sigma, average Mw of 200,000-350,000, 1% wt). Determination of free ligand in solution is 

difficult and likely the concentration used in this study was an overestimate of unbound free ligand. 

However, it represents the absolute maximum amount of free ligand as it was the starting 
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concentration used to functionalize the quantum dots. All attachment experiments were conducted 

in at least triplicate at 25.0 ± 0.5 °C. 

3.2.5 Atomic force microscopy (AFM) imaging 

To obtain an image of what the bilayers looked like before and after exposure to PDDA-

QDs we used atomic force microscopy (AFM). Prior to AFM, mica substrates (Highest Grade V1, 

Ted Pella) were adhered to glass bottom dishes (P60G-1.5-30-F, MatTek Corporation) using 5 

minute epoxy (ITW Polymer Adhesives). Prior to use, we cleaved the mica using double-sided 

tape to produce a clean, atomically flat surface.34 We equilibrated the mica in 0.150 M NaCl and 

0.005 M CaCl2 buffered to pH 7.4 with 0.010 M HEPES for at least 20 min. Vesicles (0.0625 

mg·mL-1) in the same buffer conditions were added to the dish to cover the mica surface and heated 

to 45 °C, a temperature above the transition temperature of all lipids used here and shown 

previously to work for these systems,35 for 1 hr . The sample was allowed to cool to room 

temperature and the volume was exchanged with 12 mL (3 aliquots of 4 mL each) of vesicle-free 

solution to remove any loosely adhered vesicles. The calcium was removed from solution by 

exchanging the solution with 12 mL of 0.150 M NaCl solution. Finally, the ionic strength of the 

solution was adjusted to 0.010 M NaCl by exchanging with 12 mL of 0.010 M NaCl solution prior 

to exposure to quantum dots. These sample represent the “before PDDA-QDs” images. 

 All images were collected in PeakForce Tapping™ mode using a Dimension Icon (Bruker) 

instrument. Gold-coated silicon nitride probes (Bruker, NPG) with a nominal force constant of 

0.24 N/m were used to minimize electrostatic interactions with the positively-charged PDDA-QDs. 

Prior to imaging, the deflection sensitivity of the cantilever in air was determined using a fused 

silica reference sample. The force constant was also calibrated in air using the thermal tune method 

and fitting the power spectral density plot to a Lorentzian function.36 Imaging was conducted in 
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0.010 M NaCl buffered to pH 7.4 with 0.010 M HEPES. The deflection sensitivity of the tip in 

fluid was re-calibrated using the known force constant.37-38 

Images were collected at room temperature (24.5 °C). The bilayers were screened for 

quality prior to introducing quantum dots to the bilayer. A “quality” bilayer contained no defects 

across at least three spots microns away from one another. An “x” was placed on the bottom of the 

glass bottom dish to ensure that same region could be found using the optical microscope on the 

AFM and that the same defect-free region was examined before and after exposure to 

nanomaterials. To minimize the effect of the substrate and interactions that can occur at defects 

sites,9,18 bilayers not meeting this criteria were not used for subsequent exposure to quantum dots. 

At least three “before PDDA-QDs” images were collected for at least three different samples for 

each bilayer type studied. 

To examine the time scale of induced structural changes, we conducted experiments where 

suspensions of 1 nM QDs in 0.010 M NaCl were added to the bilayers and imaging began 

immediately without the rinse stage. This sequence represents the “after PDDA-QDs” images. We 

collected images of the same spot for up to 1 hour and then went to various other spots on the 

bilayer. Again, at least three “after” images were collected at various spots microns away from one 

another. We also conducted experiments to best match the sequence used for QCM-D/NPS studies, 

where suspensions of 1 nM QDs in 0.010 M NaCl were added to the supported lipid bilayer and 

allowed to interact for 20 min. After 20 min, bilayers were rinsed with nanoparticle-free solution 

to remove any loosely adhered QDs and imaging was immediately conducted at various spots on 

the bilayers. Control experiments were conducted to characterize the particles interacting with the 

underlying mica as well as any free polymer ligand (PDDA) interacting with either the bilayers or 

the underlying mica. Control experiments were also conducted where we added just buffer instead 
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of PDDA-QDs and immediately began imaging to ensure that no changes in bilayer structure were 

observed due to sample preparation or changes over time. 

3.3 Results and Discussion 

3.3.1 PDDA-QDs attachment to zwitterionic bilayers as probed by QCM-D and LSPR 

 To investigate the interactions between the PDDA-QDs and the SLBs, we used quartz 

crystal microbalance with dissipation monitoring to investigate the attachment of particles to the 

bilayers as well as any changes in viscoelastic properties. We chose to use the zwitterionic bilayer, 

DOPC, to investigate the role of electrostatics in these interactions. The supported zwitterionic 

DOPC bilayer carries a negative potential,7,39 while the PDDA-QDs have a ζ-potential of +33 ± 4 

mV (Table 3.1). Consistent with electrostatic attraction, we observed favorable interaction 

between the positively charged quantum dots and the negatively charged bilayer. Figure 3.1a 

shows the frequency change as a function of time as quantum dots interacted with a DOPC bilayer. 

A maximum change of -14.6 ± 1.9 Hz (268.2 ± 34.2 ng·cm-2·s-1) was observed. Figure 3.1b shows 

the corresponding dissipation shift associated with this attachment. The maximum change in 

dissipation before rinse was 1.4 ± 0.2  10-6. Upon rinse, a small increase in frequency (2.2 ± 0.3 

Hz) and drop in dissipation (-0.5 ± 0.1  10-6) was observed, corresponding to a loss of mass and 

a less viscoelastic surface. This was likely loosely adsorbed quantum dots rinsing away. 

Interestingly, approximately 30 minutes after attachment began and 10 minutes after the rinse 

began, a sharp decrease in frequency with a corresponding increase in dissipation was observed. 

This resulted in an increase in dissipation (0.8 ± 0.2  10-6) and a loss of mass of 4.5 ± 0.5 Hz (81.3 

± 8.9 ng·cm-2·s-1) as compared to the point of maximum attachment prior to rinse. Our initial 

hypothesis was that this observation was due to structural changes to the SLB. A previous report 

in the literature using QCM-D to study the formation of negatively charged SLBs, also observed 
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an increase in frequency followed by an apparent mass gain with an accompanied decrease in 

dissipation followed by a sharp rise in dissipation.32 The authors attributed these observations to a 

change in conformation or restructuration of the bilayer at the silica surface.32 While this study 

does not involve nanomaterials and our ending structures are likely different, the similarities in the 

trends of the frequency and dissipation traces suggest restructuring of the DOPC upon interaction 

with PDDA-QDs is likely occurring. The final values of f and D indicated that the restructured 

bilayer is flexible and likely has adsorbed quantum dots. However, the hydrodynamic mass 

measured by QCM-D can sometimes be deceptive in understanding the actual amount of 

attachment occurring at the bilayer surface due to the coupled water inherently measured.  

In an attempt to better understand the restructured bilayer, we used NPS to measure 

changes in the index of refraction at the surface of the bilayer, which can be related to the optical 

mass of an adsorbed analyte. Nanoplasmonic sensing qualitatively showed comparable interaction 

between the PDDA-QDs and the DOPC bilayer to that observed by QCM-D. Figure 3.1c shows 

the wavelength of maximum extinction (λmax) shifted to a longer wavelength as PDDA-QDs 

interacted with the bilayer. An increase in the λmax can be interpreted as an increase in optical mass. 

Unlike with QCM-D the optical mass does not include contributions from the hydrodynamically 

coupled water and therefore can be considered a “dry mass.” We observed that the optical mass 

increased as QDs interacted with the bilayer and continued to rise upon rinse. The maximum 

observed Δλmax value was 0.8 ± 0.1 nm. Immediately upon rinse, we observed a continued increase 

in Δλmax, suggesting an increase in mass. This is the opposite that was shown for QCM-D, where 

we observed an apparent mass loss upon rinse. We hypothesize this may be due to the different 

sensing depths of the two techniques. QCM-D has a sensing depth on the order of 100 nm, whereas 

NPS is much more surface-sensitive and probes ~10 nm into solution.40 This observed difference 
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may be attributable to structural rearrangements or nanoparticle attachment at the bilayer/sensor 

surface, while loosely bound QDs are rinsed away. By QCM-D we measure the interactions 

occurring at the surface, but also in solution so an overall net decrease in mass may be observed 

despite the net gain observed by NPS at the surface. Following rinse, a drastic drop Δλmax was 

observed followed by equilibration of the Δλmax. This corresponded to the same point where there 

is an apparent mass gain and an increase in dissipation by QCM-D. Again, this is likely due to 

structural rearrangement. Comparing the λmax value of the final rinsed bilayer after exposure to 

PDDA-QDs with the pristine bilayer shows a positive Δλmax value of 0.09 ± 0.02 nm, confirming 

the presence of adsorbed quantum dots. Taking this information with the dissipation data, we 

hypothesize that the remaining surface is more dissipative than the starting bilayer and has more 

mass associated with it, which means it could be a combination of intact bilayer, quantum dots, 

multilayers, and/or holes. While we can only hypothesize what the remaining structure looks like 

by QCM-D and NPS, AFM allowed us to probe the structural impact of the quantum dots on the 

bilayer. 

3.3.2 PDDA-QDs induce structural changes to zwitterionic bilayers 

 To understand the QCM-D and NPS traces, we used AFM to gain insights into any 

structural changes that occurred due to the interaction of PDDA-QDs with the DOPC bilayer. We 

first examined any structural changes that occurred immediately upon introduction of PDDA-QDs. 

Figure 3.2 shows a time lapse sequence of PDDA-QDs interacting with a DOPC bilayer. Figure 

3.2a shows a pristine DOPC bilayer with no defects present. A bilayer of DOPC is composed of 

an entirely liquid-disordered phase with no distinguishing features, causing the topography to 

mimic that of the underlying surface.41 To ensure the presence of a DOPC bilayer we conducted 
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Fb curves and found a characteristic rupture event.42  After this confirmation we added quantum 

dots and immediately began imaging.  

Figure 3.2b shows that immediately upon interaction with the bilayer, the QDs caused 

structural changes. Initially upon adsorption, we observed features 1.1 ± 0.2 nm in height as well 

as taller features with heights of 8.6 ± 2.3 nm (Figure 3.3a). The taller features appeared solely 

within the microdomains that formed. Previous work showed high regions (~10 nm) formed within 

microdomains (~1.4 nm in height) after amphiphilic peptide interaction with a DOPC bilayer.43 

The authors hypothesized that the tallest features were either large aggregates of peptides or 

partially solubilized/“budding” regions of the bilayer.43 To begin to understand our observed 

features, we examined the height of the quantum dots on the mica surface. Figure 3.3b shows that 

when adsorbed to mica the quantum dots have an average size of 4.4 ± 3.2 nm. These values are 

consistent with the values found for the core size of the particles by TEM (Figure A3.1, Table 3.1) 

and the nominal size of the particles as given by the company (core size 3.3 nm, shell thickness 

2.5 nm, and PDDA thickness 2 nm; ~7.8 nm). A control experiment looking at the interaction of 

1 wt% PDDA polymer with no QDs (Figure 3.3c), showed, to a lesser extent than the case of 

PDDA-QDs, the formation of ~1 nm tall microdomains, but no taller features. Furthermore, when 

we added just buffer to the DOPC bilayer and imaged it over time, we observed no structural 

changes to the membrane, indicating that this is a polymer/PDDA-QD specific effect and not due 

to the experimental protocol or changes to the bilayer over time (Figure A3.2a, b). Given that no 

taller features were observed with polymer alone, we conclude that the brightest dots observed in 

the images are the PDDA-QDs; however, we cannot rule out the idea that the PDDA-QDs cause 

partial solubilization of the membrane, whereas the polymer itself does not.  
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We hypothesize that the formation of microdomains are likely caused by the PDDA 

polymer on the surface of the quantum dots due to the fact that we observed these structures with 

both PDDA-QDs and solely PDDA polymer. However, the increased size of the PDDA-QDs as 

compared to the polymer alone appears to increase the impact of these structural changes. The 

initial attachment likely occurs due to favorable electrostatic attraction between the positively 

charged quaternary amine in the PDDA and the negatively charged phosphate groups in the 

phosphocholine headgroups of the zwitterionic bilayer, which has been observed previously with 

primary amines.7,44 Following this initial attachment, the hydrophobic backbone of the polymer 

may extend through the hydrophobic tail groups of the bilayer and cause an increase in observed 

height. The observed height change (1.1 ± 0.2 nm) is also consistent with the quantum dots 

inducing an increase in lipid ordering within the membrane.45 However, an increase in lipid 

ordering and packing would lead to a decrease in bilayer coverage or hole formation,43 which was 

not observed. Over time more of the same features were observed, which is consistent with more 

particles penetrating into the bilayer over time. This also is consistent with the increase in peak 

shift observed by NPS upon rinse. More quantum dots may be penetrating the bilayer over time 

causing an increase in mass at the surface and an increase in the microdomains observed by AFM. 

3.3.3 Interaction of PDDA-QDs with phase-segregated domain containing SLBs  

 We also wanted to explore the role that phase-segregated domains play in the structural 

rearrangement of the membranes following interaction with the PDDA-QDs. Liquid-ordered 

domains play an important role in cell signaling and trafficking46 in eukaryotic cells. We have 

previously shown that the presence of liquid-ordered domains, comprised of sphingomyelin and 

cholesterol, increased attachment with positively charged gold nanoparticles.6 The importance of 
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these biomolecules in addition to the previous observations warrant investigation into how the 

PDDA-QDs impacted this type of SLB.   

 We conducted QCM-D, NPS, and AFM imaging with 60/20/20 mol% DOPC/SM/Chol 

bilayers in a similar manner as the experiments with DOPC explained above. In the case of the 

phase-segregated domain containing SLBs, a maximum Δf change of -13.1 ± 1.4 Hz and ΔD of 

1.1 ± 0.1  10-6 were observed. These values were not statistically different from the values 

observed for PDDA-QD interaction with DOPC (p = 0.329 and p = 0.101, respectively). We 

hypothesize that we did not see an increase in attachment like previously reported for positively 

charged gold nanoparticles,6 due to the bulky structure of the polymer coating used on the quantum 

dots as compared to the short chain amine used in the previous study. The steric hindrance induced 

by this bulky polymer may prevent attraction between the amine group on the ligand and the 

exposed negative charge at the edge of the domain boundary.6 

Upon rinse, a small increase in frequency (1.6 ± 0.3 Hz) and decrease in dissipation (-0.4 

± 0.1  10-6) was observed, followed closely by a sharp increase in dissipation and drop in 

frequency until an equilibrium was reached, again similar to that observed for pure DOPC. This 

resulted in an increase in dissipation (1.4 ± 0.2  10-6) and a mass loss of 2.3 ± 0.1 Hz (41.7 ± 1.9 

ng·cm-2·s-1) as compared to the point of maximum attachment prior to rinse. Comparing these final 

values to DOPC, the phase-segregated domain bilayers had a lower mass loss as compared to the 

maximum amount of attachment (p < 0.05) and a more dissipative structure as compared to the 

maximum dissipation change following the rinse step (p < 0.05). Again, these traces suggested 

that the PDDA-QDs caused structural rearrangement to the membrane.  

 To elucidate any structural differences caused by PDDA-QDs interacting with phase-

segregated domain containing SLBs, we used in situ AFM imaging to examine the bilayers 
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immediately and 20 min after interaction with the quantum dots. Figure 3.4 shows the time lapse 

of PDDA-QDs interacting with a phase-segregated domain containing bilayer. Initially, domains 

containing sphingomyelin and cholesterol are observed to be ~1 nm higher in height than the 

underlying liquid-disordered (Ld), DOPC, component of the bilayer (Figure 3.4a, 3.5a). This 

finding is consistent with previous work suggesting that cholesterol induces ordering of the 

unsaturated acyl tails of sphingomyelin, which makes these Lo regions ~1 nm taller than the Ld 

regions.6,45 Immediately upon addition of the QDs, we observed similar structural changes as 

observed with pure DOPC bilayers. Figure 3.4b shows the formation of microdomains with taller 

features present inside of them, consistent with what was observed with DOPC. However, we also 

found that the restructured lipids around the quantum dots were slightly taller (1.8 ± 0.2 nm, p < 

0.001) than the structures in the DOPC bilayer (Figure 3.5b). This is consistent with the hypothesis 

that the positive amine group binds to the phosphocholine headgroup and the hydrophobic tails 

induce a height change of the surrounding bilayer. The presence of 30% cholesterol in a DPPC 

bilayer was shown to increase its height by ~0.6 nm.47 Therefore, the presence of cholesterol in 

the membranes used in our work, may account for the increase in height of the microdomains as 

compared to pure DOPC. 

 As time continued, the liquid-ordered domains began to shrink in size and ultimately 

disappear within 15 min of addition of the QDs (between Figure 3.5d and Figure 3.5e). Control 

experiments scanning the domain over the same length of time without exposure to PDDA-QDs 

showed no formation of microdomains or bright regions over the length scales of these studies 

(Figure A3.2c,d). Figure A3.3 shows the time lapse of interaction of free PDDA polymer (average 

molecular weight 200,000 – 350,000 Mw, 1 wt%) with 60/20/20 mol% DOPC/SM/Chol. This 

interaction also resulted in the disappearance of domain structures, but to a lesser extent than when 
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QDs were present (domains still remained after 30 min of interaction). We hypothesize that the 

disappearance of the domain structure, may be due to the preferential removal of cholesterol from 

the domains, which would cause a collapse of the domains into a liquid-disordered phase. Previous 

work, using molecular dynamics simulations to study the interaction between amphiphilic, anionic 

nanoparticles and a dipalmitoylphosphatidlcholine bilayer with various amounts of cholesterol 

present showed that the charged group on the nanoparticle associated with the headgroups of the 

lipids while the hydrophobic ligands remain buried in the core.48 The embedding of the 

nanoparticle into the bilayer forced the cholesterol to restructure; namely, the concentration of the 

cholesterol near nanoparticles decreased and the overall structure of the bilayer becomes more 

disordered.48 Our proposed mechanism and observed disappearance of the domain structures 

supports these simulations.  

3.3.4 Additional structural changes observed 

We also conducted experiments where we allowed the PDDA-QDs to interact with the 

bilayers for 20 minutes, rinsed the bilayer, and then immediately imaged different spots on the 

membrane. These images may be more representative of the final stages of the bilayer as probed 

by QCM-D. The formation of microdomains with taller features in the center of the microdomain 

were the most commonly observed feature for both DOPC and 60/20/20 mol% DOPC/SM/Chol. 

However, Figure 3.6 also shows another commonly observed feature – the formation of large 

islands of lipids, ~7 nm above the underlying bilayer, which may suggest the formation of a 

multilayer of lipids on top of the underlying bilayer. The visualization of the underlying 

topography is consistent with the idea that these patches are sitting on top of the underlying surface 

and likely give rise to the large dissipation changes we observed by QCM-D. This type of bilayer 

island formation has been observed previously for an amphiphilic peptide dendrimer interacting 
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with a gel-phase membrane composed of 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC).14 

We observed these island structures for both 60-20-20 DOPC/SM/Chol bilayers and for pure 

DOPC bilayers before and after rinsing with QD-free buffer (Figure 3.6). This suggests that the 

structural rearrangements likely occur due to interaction with the PDDA-QDs and are not solely 

dependent on a rinse stage as may be interpreted by the QCM-D data. 

3.4 Conclusions 

 We have demonstrated that PDDA-QDs induce a complex structural rearrangement of 

supported lipid bilayers consisting of 100% DOPC or 60/20/20 mol% DOPC/SM/Chol. The use 

of three complementary, in situ analytical methods provided unprecedented insights into these 

structural changes. Namely, QCM-D coupled with NPS gave insights into attachment of QDs 

followed by large dissipative changes, which suggested attachment of the QDs to and structural 

rearrangement of the SLBs. Real-time in situ AFM imaging provided a visual interpretation of 

these mass and viscoelastic changes. We observed the formation of microdomains with higher 

features in the center of the microdomains that we hypothesize to be quantum dots. Previous work 

examining amphiphilic peptide interaction with a DOPC bilayer showed similar microdomain 

formation, with a corresponding taller region in the center, which was attributed to either peptide 

aggregates or solubilization of the membrane.43 We also observed multilayer structures, which 

helped to explain the increased dissipation shifts observed by QCM-D. The PDDA-QDs also 

demonstrated preferential interaction with the liquid-ordered phase of the 60/20/20 mol% 

DOPC/SM/Chol membranes. The liquid-ordered phase was no longer visible after ~15 min of 

interaction with the QDs suggesting that the ordering of the lipids was disturbed by the QDs. Our 

results highlight the importance of using complementary analytical tools to study complex 

interactions at the nano-bio interface. 
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 Given the relevance of lipid rafts to cell signaling and trafficking in eukaryotic cells,46 our 

findings highlight the importance of studying these important membrane organizing structures. 

The disappearance of these biomolecules could result in detrimental effects on organisms. Liquid-

ordered domains are hypothesized to exist naturally within animal,49 plant,50 fungal,51 and 

bacterial52 cell membranes; however, they are difficult to characterize due to their small size (10-

200 nm)53 and dynamic nature.53-54 The incorporation of phase-segregated domains into model 

SLBs enables the use surface sensitive, in situ characterization techniques to study these systems. 

Working in real time enhances our understanding of the dynamics of these systems. In particular, 

in this study were able to observe the disappearance of the liquid-ordered phase within 15 min of 

interaction with nanomaterials.  

 In the experiments described here, we focused on the interactions of PDDA-QDs with 

defect-free SLBs. The analytical tools of interest all required a negatively charged substrate in 

order to form a SLB. From QCM-D and AFM control experiments we found a strong electrostatic 

attraction between the underlying substrate and the positively charged QDs. While differences 

were observed in comparing the interactions with and without a membrane present (e.g., increases 

in dissipation shifts, rearrangement of the bilayer structure), the negative charge of the substrate 

may play a role in interactions with positively charged materials. Previous studies examining the 

impacts of nanomaterials,9 dendrimers,14 or peptides43 with SLBs have started with defect-ridden 

SLBs and examined the impacts to these structures. The defects provide a means to confirm bilayer 

presence and measure the height of the starting membrane; however, these defect-sites may cause 

artificial interaction due to the underlying substrate.55 While we cannot claim that the entire bilayer 

surface used in our studies was defect-free we focused on imaging samples that did not have 

defects across many spots analyzed. We also imaged the same defect-free area before and after 
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interaction with nanomaterials to minimize any convoluted effects due to the underlying substrate. 

While these studies present a good first approach to understanding interactions at the cellular 

membrane, it may be advantageous to study changes in membrane structure due to QDs using 

suspended lipid bilayers in future work.  

Overall, we propose that the forces that drive the interactions between PDDA-QDs and 

SLBs (both DOPC and 60/20/20 mol% DOPC/SM/Chol) are a combination of electrostatic and 

hydrophobic. The positive charge on the quaternary amine interacts favorable with the negatively 

charged phosphate group.7,44 Following this initial “anchoring,” the hydrophobic backbone of the 

polymer ligand can insert into the hydrophobic acyl chains of the lipid bilayer and cause 

restructuring around this site of contact. The QDs may then penetrate through the membrane or 

remain on top of the surface. Previous molecular dynamics studies have shown that hydrophobic 

ligands can anchor within the membrane.48,56 The present study represents an initial demonstration 

of the complex interactions that can occur between quantum dots wrapped with one particular 

polymer. While more studies are necessary to generalize these results, other studies with 

amphiphilic and positively charged, hydrophobic ligands have shown similar features43 and similar 

mechanisms of interaction were proposed.56 Thus, we expect the results presented here will be 

most transferable to nanomaterials with positively charged hydrophobic or amphiphilic ligands. 
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3.5 Tables  

Table 3.1.  Hydrodynamic diameter (dh), zeta potential  (ζ), and particle diameter determined by 

TEM for the PDDA-QDs used in this study. 

 

Solution Conditions dh (nm) ζ (mV) Diameter by 

TEM (nm) 

0.01 M HEPES, 0.01 M NaCl, pH 

7.4 

17 ± 1 33 ± 4 6.2 ± 1.2 

aTEM analysis is the average and standard deviation of 25 particles. Hydrodynamic and zeta 

potential measurements were made in 0.01 M HEPES, 0.01 M NaCl, pH 7.4 and are the average 

and standard deviation of 5 measurements. TEM samples were dried prior to analysis. 
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 Table 3.2. Summary of frequency shifts, dissipation changes, shifts in λmax, and initial attachment rates upon interaction between 

PDDA-QDs and the indicated supported lipid bilayer or silicon nitride surface as measured by nanoplasmonic sensing and quartz 

crystal microbalance with dissipation monitoring.a  

Bilayer 

Type 

Δƒ7/7 (Hz) 

(20 min) 

ΔD7/7 (Hz)  

(20 min) 

Δλ (nm)  

(maximum) 

Δƒ7/7 (Hz)  

(Final) 

ΔD7/7 (Hz)  

(Final) 

Δλ (nm)  

(Final) 

initial attachment 

rate, rd (ng∙cm-2∙s-1) 

DOPC 

 

-14.6 ± 1.9 1.4 ± 0.2 0.8 ± 0.1 -10.0 ± 1.9 2.2 ± 0.4 0.09 ± 0.02 0.7 ± 0.2 

DOPC/SM/Chol 

 

Si3N4 

-13.1 ± 1.4 

 

-15.5 ± 0.7 

1.1 ± 0.1 

 

0.6 ± 0.05 

0.6 ± 0.1 

 

0.6 ± 0.02 

–10.9 ± 1.4 

 

-15.4 ± 0.7 

2.6 ± 0.3 

 

0.6 ±0.05 

0.08 ± 0.03 

 

0.6 ± 0.04 

0.4 ± 0.1 

 

0.2 ± 0.1 
 a Attachment experiments were conducted in 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES at 25 °C. All data are for 

the 7th harmonic.  Data for the frequency and dissipation shifts are after 20 min of attachment. Data for the Δλmax is for the 

maximum shift in wavelength observed referenced to the pristine bilayer. Values are means ± standard deviations of at least 

triplicate experiments. Abbreviations: DOPC, 1,2-dioleoyl-sn-glycero-3-phosphocholine; SM, sphingomyelin; Chol, cholesterol. 
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Table 3.3. Line scan analysis of features observed by AFM.a  

Bilayer 

Type 

Particle Height 

(nm) 

Microdomain Height (nm) Particle Height within Microdomains 

(referenced to underlying bilayer) (nm) 

Mica 4.4 ± 3.2 

(N = 117) 

 

N/A N/A 

DOPC 

 

 

DOPC/SM/Chol 

N/A 

 

 

N/A 

1.1 ± 0.2  

(N = 26) 

 

1.8 ± 0.2 

(N = 25) 

8.6 ± 2.3 

(N = 31) 

 

7.7 ± 2.6 

(N = 31) 
 a AFM experiments were conducted in 0.010 M NaCl buffered to pH 7.4 with 0.010 M HEPES at 24.5 °C. Abbreviations: DOPC, 

1,2-dioleoyl-sn-glycero-3-phosphocholine; SM, sphingomyelin; Chol, cholesterol. 
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3.6 Figures 

    

Figure 3.1. Representative changes in frequency and dissipation upon introduction of 1 nM 

PDDA- QDs to a DOPC bilayer in 0.01 M NaCl buffered to pH 7.4 with 0.01 M HEPES. The 

bilayer has already been formed and interaction between the QDs and the bilayer begins where 

noted. The dashed line represents the point where buffer without QDs reach the sensor surface and 

some mass loss, decrease in dissipation, and increase in Δλmax is observed.  



70 

 

 

 

 

Figure 3.2. Time-lapse topographical AFM images showing the impact of PDDA-QDs on a DOPC 

bilayer immediately after injection of particles. (a) DOPC bilayer prior to the introduction of 

PDDA-QDs, (b-h) subsequent images taken after interaction with the PDDA-QDs. All images 

were collected in 0.01 M NaCl buffered to pH 7.4 with 0.01 M HEPES at 24.5 °C. Black arrows 

represent the scan direction for the given image. Scale bars on all images are 2 µm. Z-height color 

scale corresponds to all images. The time on each image indicates how much time the bilayer had 

been in contact with PDDA-QDs. Each image took between 4-6 mins to capture depending on 

optimization of scan parameters. 
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Figure 3.3. (a) Line profile across the microdomains observed after interaction of PDDA-QDs 

with the DOPC bilayer from Figure 3.2a (b) PDDA-QDs on a mica substrate and corresponding 

line scan, (c) 1 wt% PDDA polymer (average Mw 200,000-350,000 Da, 1 wt%) interaction with a 

DOPC bilayer with corresponding line scan. All images were collected in 0.01 M NaCl buffered 

to pH 7.4 with 0.01 M HEPES at 24.5 °C. Line scans were taken across the dashed blue line in 

each image. Scale bars on all images are 2 µm. 
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Figure 3.4. Time-lapse topographical AFM images showing the effect of PDDA-QDs on a bilayer 

initially containing liquid-ordered (Lo) and liquid-disordered (Ld) domains. Bilayer composition 

was 60/20/20 mol% DOPC/SM/Chol. (a) Bilayer prior to the introduction of PDDA-QDs, (b-h) 

subsequent images taken after interaction with the PDDA-QDs. All images were collected in 0.01 

M NaCl buffered to pH 7.4 with 0.01 M HEPES at 24.5 °C. Black arrows represent the scan 

direction for the given image. Scale bars on all images are 2 µm. The red arrow is intended to 

direct the reader’s eye to the disappearance of the liquid-ordered domains. Z-height color scale 

corresponds to all images. The time on each image indicates how much time the bilayer had been 

in contact with PDDA-QDs. Each image took between 3-6 mins to capture depending on 

optimization of scan parameters.  
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Figure 3.5. Representative line traces observed for height across features observed in a 60/20/20 

mol% DOPC/SM/Chol bilayer (note: same bilayer as presented in Figure 3.4) (a) prior to and (b) 

after interaction with 1 nM PDDA-QDs. The blue trace traces in both images show the height over 

a liquid-ordered domain, whereas the red trace in (b) shows the height across the microdomain 

structure induced by the PDDA-QDs. All images were collected in 0.01 M NaCl buffered to pH 

7.4 with 0.01 M HEPES at 24.5 °C. Scale bars are 2 µm. 
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Figure 3.6. AFM images and corresponding line scan of multilayers formed (a) before and (b) 

after rinse of different spots on the same 60/20/20 mol% DOPC/SM/Chol bilayer presented in 

Figure 3.4. All images were collected in 0.01 M NaCl buffered to pH 7.4 with 0.01 M HEPES at 

24.5 °C. Scale bars are 2 µm.    
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Chapter 4: Atomic Force Microscopy of Supported Lipid Bilayers Containing Phase-

segregated Domains: Considerations for Examining Bilayers across Multiple Techniques 

Correlation of fluorescence and atomic force microscopies were done in collaboration with Eric 

Melby, Dehong Hu, and Galya Orr at the Environmental Molecular Sciences Laboratory at 

Pacific Northwest National Laboratory. Matlab analysis of force curves was done in 

collaboration with Jack Tilka. 

4.1 Introduction  

Solid-supported lipid bilayers (SLBs) are a versatile model system used to study the 

properties and behavior of cellular membranes. They provide a first approximation to study the 

surface chemistry of the cell, including lateral mobility and phase behavior in a controlled 

manner.1-2 The benefits of using SLBs include ease of sample preparation,3 ability to use various 

in situ, surface-sensitive characterization and imaging techniques,1 and the chemical tunability to 

include relevant phospholipids and/or biomolecules found in actual cellular membranes.4-6  

The cellular membranes of different organisms are composed of a complex mixture of 

phospholipids, proteins, sphingolipids, and sterols. Therefore, the composition of the best model 

system to represent a particular organism must be carefully considered. One well established 

model system for the outer leaflet of animal cytoplasmic membranes include the inclusion of 

zwitterionic phosphatidylcholine, sphingomyelin (SM), and neutral cholesterol (Chol), the 

majority components in these types of cellular membranes.7 In this example, SM and Chol phase-

segregate into domains within the SLB due to acyl chain saturation and preferential association of 

cholesterol with sphingomyelin.2 These two components are enriched within the liquid-ordered 

(Lo) phase of the membrane, where the lipid tails are more ordered and the lipids are more tightly 

packed as compared to the liquid-disordered phase (Ld), which consists of the unsaturated 
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phosphatidylcholine lipids.2 The resulting membrane is a supported lipid bilayer consisting of 

domains of Lo phase approximately ~1 nm taller than the underlying Ld phase.8 Phase-segregated 

domains play an important biological role in cell signaling and trafficking.9 However, while 

hypothesized to exist within animal,7 plant,10 fungal,11 and bacterial12 cell membranes, domains 

remain difficult to characterize due to their small size (10-200 nm)13 and dynamic nature.13-14      

The difficulty in studying phase-segregated domains within cellular membranes makes 

SLBs even more useful to study these vital cell membrane components. While a useful means to 

study the cellular membrane, various factors have been shown to influence the formation, 

structure, and properties of SLBs that need to be carefully considered when planning experiments 

(e.g., ionic strength and presence of divalent cations,15-16 lipid head group charge,17-18 and 

substrate16,19-20). In particular, both the surface charge and the roughness of the substrate have been 

shown to play a critical role in impacting the formation of SLBs.17,21-22 However, little emphasis 

has been placed on the role of the substrate when using multiple techniques to characterize phase-

segregated domain containing SLBs.  

Ideally, the substrate used to form supported lipid bilayers will allow for lateral diffusion 

of the lipids to best mimic the behavior of a real cellular membrane. To allow for this lateral 

movement, successful supports for lipid bilayers (those forming quality bilayers with little or no 

defects) will retain a 1 to 2 nm water layer between the lipid headgroup and the surface.1,23 This 

water layer highlights the importance of surface-vesicle interactions, including electrostatic, van 

der Waals, steric, and hydration forces, in SLB formation.24-25 This typically results in a smooth, 

clean, hydrophilic substrate being the most suitable substrate for supported lipid bilayer 

formation.1,26 Silica substrates, including mica (by atomic force microscopy (AFM27-28) and 

combined fluorescence/AFM methods8,29), optical glass (by fluorescence microscopy5-6), and 
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silica (by AFM6,27) have all been shown previously to form supported lipid bilayers containing 

phase-segregated domains. However, little emphasis has been placed in correlating these 

techniques and considering the role of the substrate on domain size, shape, and height.  

 The goal of this study was to use atomic force microscopy to characterize the structure of 

supported lipid bilayers containing phase-segregated domains on various substrates used in 

different in situ analytical methods. We highlight the importance of the underlying substrate in 

dictating the structure and size of phase-segregated domains. We focused on characterizing the 

bilayers across three silica based materials - mica, ultra-flat silicon dioxide, and glass bottom 

dishes. Finally, we extend these studies to include the correlation of fluorescence and atomic force 

microscopy to characterize the same bilayer using two techniques. Our findings provide important 

considerations when drawing conclusions on these bilayer systems across various techniques.  

4.2 Materials and Methods 

4.2.1 Preparation of small unilamellar vesicles  

 We prepared small unilamellar (SUVs) composed of 100% 1,2-dioleoyl-sn-glycero-3-

phosphocholine (DOPC, 850375C, Avanti Polar Lipids) or a 60 mol% DOPC, 20 mol% plant-

derived cholesterol (Chol, 700100P, Avanti Polar Lipids) and 20 mol% sphingomyelin from 

chicken egg yolk (SM, S0756, Sigma Aldrich) as previously described.6 Briefly, the individual 

components were dissolved in chloroform and mixed to their desired ratios. They were vortexed 

to mix and the chloroform was evaporated off under a stream of nitrogen gas. We removed any 

residual chloroform by leaving the dried lipids under vacuum for at least 2 h. The dried film was 

rehydrated in 0.001 M NaCl buffered to pH 7.4 with 0.01 M HEPES, vortexed, and sonicated for 

30 min. The solution was exposed to three cycles of freezing by liquid nitrogen and thawing via 
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sonication. We extruded the solution 11 times (Avanti 610000 extruder kit) through a 50 nm 

polycarbonate membrane filter (Whatman) to give SUVs.  

4.2.2 Formation of supported lipid bilayers on various substrates 

 We formed supported lipid bilayers on mica (Highest Grade V1, Ted Pella) substrates, 

glass bottom dishes (P60G-1.5-30-F, MatTek Corporation), and ultraflat B-doped silicon wafers 

with a 200 nm thermal oxide layer (Ted Pella). Mica was freshly cleaved using double sided tape 

prior to use. Ultra-flat silica was rinsed with ethanol, water (3x) and exposed to UV-light (185 nm) 

for 20 min prior to use. The glass bottom dishes were treated with 6 M NaOH for 2 h and rinsed 

with copious amounts of nanopure water (18 MΩ) prior to use. For mica and ultra-flat silica, we 

adhered the substrates to the bottom of a glass bottom dish using 5 minute epoxy (ITW Polymer 

Adhesives). The substrates were equilibrated in 0.150 M NaCl with 0.005 M CaCl2 buffered to pH 

7.4 with 0.01 M HEPES for 10 min. Vesicles were added in this same equilibration buffer (0.03125 

mg/mL for mica, 0.0625 mg/mL for ultraflat SiO2 and glass bottom dishes, as these concentrations 

were found to most consistently form defect-free bilayers with minimal intact vesicles remaining) 

for up to 1 hour above the transition temperature of the lipids used to promote rupture and 

formation of supported lipid bilayers.28 The sample was cooled to room temperature and rinsed 

with at least 12 mL of vesicle-free buffer to remove any loosely adhered vesicles. We exchanged 

the buffer for calcium-free buffer, followed by buffer with 0.010 M NaCl. In each case, the solution 

was exchanged with at least 12 mL.  

4.2.3 Atomic force microscopy imaging and force spectroscopy 

 Imaging on mica and ultra-flat silica substrates was conducted in PeakForce Tapping™ 

mode using a Dimension Icon Atomic Force Microscope (Bruker). Silicon nitride probes (Bruker, 

DNP, NPG, or ScanAyst Fluid+) with force constants of 0.24 N/m for DNP and NPG and 0.7 N/m 
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for ScanAyst Fluid+ were used for all imaging. While the properties of the probes varied slightly 

there was no differences observed in domain height or structure across different probes used. Prior 

to imaging, the deflection sensitivity was determined by ramping the probe against a hard fused 

silica substrate and fitting the linear portion of the force-distance curve. The spring constant of the 

cantilever was determined using the thermal tune method and fitting the spectral density function 

to a Lorentzian curve.30 

 In a subset of experiments, to ensure bilayer formation and characterize the bilayer 

breakthrough force, we collected force-distance curves. A set of force distance curves were 

collected at various spots across the bilayers. We worked in “point-and-shoot” mode and had 

control over whether we were puncturing a liquid-ordered or liquid-disordered phase. A ramp size 

of 200 nm and a tip velocity of 400 nm/s were used to collect the force curves. We analyzed the 

force curves for a breakthrough point, indicating the tip had penetrated through the bilayer, using 

Matlab (see code in A4.1).  

4.2.4 Combined AFM and fluorescence studies 

 In efforts to correlate AFM and fluorescence studies we used a MFP-3D-BIO AFM with 

an inverted optical microscope (Asylum Research). Imaging on this set-up was conducted in 

tapping mode using silicon nitride probes (DNP, Bruker). Bilayers were formed in glass bottom 

dishes as previously described, but in this case the vesicles used contained 0.1 mol% of the 

fluorophore, Atto647N 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine (DOPE, Atto-Tec, 

Siegen, Germany, λex = 642 nm, λem = 667 nm).  

A protocol was optimized for the successful correlation of fluorescence and atomic force 

microscopy. We aligned the AFM tip in air with no sample present. The AFM head was removed, 

a drop of oil was added to the objective, and the sample dish, along with the magnetic petri dish 
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holder was put in place. The objective was raised to focus on the sample. A drop of buffer was 

added to the AFM tip and the AFM head was replaced on top of the sample. The AFM head was 

lowered to submerge the tip and the resonant frequency of the cantilever was determined by 

sweeping the frequencies. The bilayer surface was found and focused on by bringing the 

fluorescence signal from the Atto647N dye into focus. The AFM tip was brought closer to the 

surface by engaging on the surface and then bringing the tip back up slightly. We used the optical 

microscope on the AFM to locate the cantilever within the field of view of the fluorescence 

microscope. This was best done by finding the dark circle/halo (the objective from the inverted 

fluorescence microscope) within the AFM camera. We centered the AFM tip within that circle. At 

this point, if desired, brightfield images were collected using the AFM optical microscope. 

Fluorescence images were collected and the AFM tip was moved to any features of interest found 

on the fluorescence images. Finally, the objective was lowered (failure to do so will result in 

periodic noise within the AFM images) and AFM scans were collected. 

4.2.5 Analysis of AFM images 

 Initial image analysis, roughness calculations, and line scan analysis of heights of phase-

segregated domains were conducted using Gwyddion.31 To determine the area, perimeter, and 

fractional coverage of the domains, the images were processed using FIJI.32 Briefly, the noise of 

the image was removed using the “despeckle” feature, which is a median filter to remove noise. A 

color threshold was adjusted to select only the domain features on the images, a threshold of 20 

pixels was also set to ensure no noise was counted as a domain.  A mask of outlined domains was 

made and the resulting area and perimeter of each domain was given. The fractional area was 

determined by dividing the sum of the area of the domains by the total area of the image. An 

example of this analysis can be found in Figure A4.1. 
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4.3 Results and Discussion 

4.3.1 Characterization of substrates prior to SLB formation 

 In order to make comparisons of supported lipid bilayers formed across various analytical 

techniques we first characterized the underlying substrates typically used in AFM, fluorescence, 

and quartz crystal microbalance experiments. We used AFM to characterize the topography and 

surface roughness of mica, glass bottom dishes, QCM-D wafers, and ultra-flat silica. Figure 4.1 

shows the topography and root mean square (RMS) roughness of each of the substrates. We found 

that mica has the smallest RMS value (122 ± 26 pm), followed by ultra-flat silica (204 ± 30 pm), 

glass bottom dishes (239 ± 61 pm), and finally SiO2-coated QCM-D crystals (1.08 ± 0.05 nm).  

 Given the large RMS value of QCM-D crystals, likely due to the sputter-coated gold the 

SiO2 layer is deposited on, the Lo domain, ~1 nm above the Ld phase, may be difficult to observe 

on the QCM-D crystal. We therefore used ultra-flat SiO2, which also has an oxide layer on its 

surface to be used as a representative surface when considering studies conducted by QCM-D and 

AFM.  

4.3.2 Comparison of SLB formation on various substrates 

 We used mica as a standard in these studies as SLBs containing phase-segregated domains 

have been previously characterized by AFM on mica.8,28 We characterized both 100% Ld bilayers 

(100% DOPC) and bilayers containing both Ld and Lo phases (60/20/20 mol% DOPC/SM/Chol). 

Figure 4.2a shows a purely DOPC bilayer. There are no distinguishing features, shown by the flat 

line profile across the bilayer, and confirming that the bilayer follows the topography of the 

underlying mica substrate.17 To ensure that a SLB did form and it was not just the underlying mica 

being imaged, there are three commonly used approaches to determine the presence of a bilayer – 

characteristic puncture events by force spectroscopy,33 determining the height across a defect in 
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the bilayer,34 or “nano-shaving” a small region of the bilayer by working at high forces and 

confirming the height of the bilayer across this defect.35 In these studies, for pure DOPC bilayers 

we conducted force-distance curves to confirm the presence of the bilayer.33 In the case of 60/20/20 

mol% DOPC/SM/Chol, the presence of the characteristic lipid rafts, ~1 nm taller in height, 

confirmed the presence of the bilayer.8 Figure 4.3a shows a characteristic force-distance curve for 

a DOPC SLB. When the AFM tip and the bilayer are far apart, no interaction is observed between 

the tip and the sample (baseline near zero in Figure 4.3a); however, as the tip approaches the 

sample short-range interactions cause the tip to be pulled towards the sample. Eventually the tip 

and the bilayer come in mechanical contact and as the force is increased, the membrane will 

elasticity deform and eventually a threshold value is reached (breakthrough force) where the AFM 

probe penetrates through the lipid bilayer and hits the underlying surface.33 For DOPC bilayers we 

found this value to occur at 3.19 ± 0.01 nN, consistent with previous studies.28 Force-distance 

curves and the characteristic breakthrough event is a convenient way to confirm the presence of a 

SLB.  

To investigate the size and shape of phase-segregated domains we also formed SLBs 

containing 60/20/20 mol% DOPC/SM/Chol. Figure 4.2b, 4.2c show the topography of the phase-

segregated domains on mica. They are 0.8 ± 0.1 nm taller than the underlying Ld phase and have 

a fractional coverage of 11.2 ± 1.0% (Table 4.1). The domains that form on mica are much larger 

in area (range of 0.128 to 2.95 µm2) as compared to what is expected to be found within naturally 

occurring membranes (8  10-5
 to 0.03 µm2 assuming a circular shape and a size range of 10-200 

nm).13 We also observed an increase in the breakthrough force associated with the Lo phase as 

compared to the Ld phase (p < 0.001), which has been shown previously on similar systems.28 This 
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increase is likely due to the increased sphingomyelin – cholesterol interaction resulting in a more 

tightly pack and ordered phase as compared to the case of unsaturated phospholipids. 

While the larger size of phase-segregated domains on mica allows for easier 

characterization by surface-sensitive and imaging techniques, they may behave differently than 

those naturally present. We observed domains with larger heights, smaller areas, and smaller 

perimeters (Table 4.1) when investigating the role of the substrate and analyzing phase-segregated 

domains on ultraflat SiO2 and glass bottom dishes. The domains were higher on ultraflat SiO2 (0.9 

± 0.1, p < 0.001) as compared to mica, but they were highest on glass bottom dishes (1.2 ± 0.2, p 

< 0.001). We attribute this increase in height and increase in standard deviation in height to the 

increase in the RMS value found for the underlying substrate.  

Figure 4.4a shows a supported lipid bilayer of pure DOPC formed on an ultraflat SiO2. 

Again, a featureless topography is observed suggesting the bilayer is of uniform height and follows 

the topography of the underlying surface. Upon the inclusion of sphingomyelin and cholesterol 

(Figure 4.4b), Lo domains formed and covered 6.5 ± 1.7% of the imaged surface. The domains 

were much smaller than those formed on mica (range of areas from 1.91-63.7  10-3 nm2 with an 

average perimeter of 375 ± 247 nm). Figure 4.5a shows domains formed on glass bottom dishes 

with larger size than those of SiO2 formed, but with comparable perimeters. However, the 

fractional area of domains across glass bottom dishes is much larger than that observed for both 

mica and ultraflat SiO2 (18.7 ± 0.8%).  

Ultimately, all three substrates showed a large variation in the sizes of the domains formed 

both in terms of area and in terms of perimeter. The standard deviations were large for all 

calculated values (Table 4.1). This suggests that the methods employed in this study are not ideal 

for the formation of uniformly sized domains. The differences observed across substrates 
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highlights the likelihood that both surface roughness and substrate charge play a strong role in the 

distribution and size of the domains. It has been shown previously that increasing the surface 

roughness results in a decrease in the lipid diffusion coefficient.36 We hypothesize that this 

increased diffusion barrier due to the roughness of the surface may result in smaller domain 

formation on the rougher substrates. 

4.3.3 Spatial and temporal correlation of phase-segregated domains using AFM and 

fluorescence microscopy 

To demonstrate the utilization of multiple techniques in characterizing these bilayers we 

correlated fluorescence microscopy with AFM. Fluorescence microscopy is a powerful technique 

that can provide chemical information and an optical image of a sample, through the appropriate 

use of fluorophores. Combining fluorescence with atomic force microscopy, we can gain 

structural, surface, and chemical properties. In order to use AFM and fluorescence microscopy in 

combination with one another, we first optimized a protocol for the use of the combined 

AFM/fluorescence set up as described above. We chose to work on glass bottom dishes due to the 

fact that smaller, more representative of those naturally found, domains formed on these substrates 

and they were transparent which allowed for illumination from the bottom. 

Figure 4.5 shows the spatial and temporal correlation of SLBs containing domains. The 

small size of the domains make them unobservable by light microscopy,13 but by fluorescence we 

observe the formation of bright and dark regions. The Atto647N DOPE dye has been shown 

previously to associate with the liquid-disordered phase.6 Upon excitation with a 642 nm laser, the 

phase-segregated domains will appeared dark and the remaining liquid-disordered bilayer 

appeared bright, confirming the association of the dye with the Ld phase. 
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Despite the small sizes of the domains formed on the glass bottom dishes, we were able to 

correlate the AFM and fluorescence images through various “markers.” For example, the blue 

arrows in Figure 4.5 point out two defects (holes) observed by AFM. These holes appear dark by 

fluorescence and could be confused for a domain as compared to a hole. However, having the 

corresponding AFM data allowed for the direct correlation of the two techniques. In other cases, 

larger domains or domains of distinctive shapes were used to correlate the two channels. Our work 

here presents the first example of correlating AFM and fluorescence on phase-segregated domains 

of this smaller size. Previous work in correlating AFM and fluorescence on similar bilayers used 

mica substrates where the domains were much larger.8,29 

4.4 Conclusions 

 We were successfully able to form supported lipid bilayers containing phase-segregated 

domains on three different substrates – mica, ultraflat SiO2, and glass bottom dishes. We found 

that the size of the domains (area, perimeter, and fractional coverage) varied for each of the 

substrates. This highlights a need to consider the effect of the substrate on the characteristics of 

the liquid-ordered domains and in drawing conclusions on these systems when using various 

analytical tools that require different substrates. Naturally occurring domains may be of a smaller 

size than those observed on mica, which is a typically used substrate in these studies. Therefore, it 

may be necessary to weigh the factors of relevance of the study as compared to ease of studying 

the domains.  

The naturally occurring size of domains is smaller than the resolution of light microscopy.13 

This makes both AFM and super-resolution fluorescence spectroscopy attractive tools to study 

these systems. The optimization of the combined AFM-fluorescence technique presented here 

works towards establishing a robust system to study lipid rafts by complementary methods.   
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 The work presented here focused on the vesicle fusion method in the formation of SLBs. 

The vesicle fusion method requires a large adhesive energy between the substrate and the lipids to 

induce vesicle fusion and rupture. However, others have shown that different methods have 

promoted SLB formation even when vesicle fusion failed.24 It would be interesting to explore how 

different means of membrane formation (e.g., solvent assisted lipid bilayer, Langmuir Blodgett, 

bubble collapse deposition) may impact the size and shape of phase-segregated domains on various 

substrates.  

 Liquid-ordered domains are hypothesized to be a reactive site responsible for many 

chemical reactions. For example, an increase in attachment of positively charged gold 

nanoparticles was observed in the presence of phase-segregated domains6 and the HIV fusion 

peptide was shown to preferentially target the Lo-Ld phase boundary.37 The hypothesis that domain 

edges are a reactive site will undoubtedly result in the need for methods to control and understand 

the factors that influence the amount of exposed edge sites in phase-segregated domain containing 

SLBs. While this may simply be controlled by varying the amount of sphingomyelin and 

cholesterol present and thus the fractional coverage by domains,6 one may also consider choosing 

a substrate that provides either larger domains or more total edges, as described in this work. 
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4.5 Tables 

 Table 4.1. Summary of characteristics of 60/20/20 mol% DOPC/SM/Chol bilayers formed on mica, ultraflat SiO2, and glass bottom 

dishes as determined by AFM.a 

Substrate Average Domain 

Height (nm) 

Average Domain 

Area (nm2) 

Range of Domain 

Area (nm2) 

Average Domain 

Perimeter (nm) 

Average Fractional 

Coverage of Domains (%) 

Mica 

 

0.8 ± 0.1 

N = 198 

 

(8.9 ± 4.9)  105 

N = 355 

 

(1.3 to 29.5)  105 (3.4 ± 1.1)  103 

N = 355 

 

11.2 ± 1.0 

N = 7 

 

Ultraflat 

SiO2 

 

Glass Bottom 

Dish 

0.9 ± 0.1 

N = 115 

 

1.2 ± 0.2 

N = 100 

(7.2 ± 7.3)  103 

N = 704 

 

(2.3 ± 3.6)  105 

N = 612 

(1.9 to 63.7)  103 

 

 

(1.9 to 365)  103 

 

375 ± 247 

N = 704 

 

625 ± 606 

N = 612 

6.5 ± 1.7 

N = 3 

 

18.7 ± 0.8 

N = 3 

 a Imaging was conducted across at least three spots on at least two different samples. The N value listed is for the number of 

domains analyzed in the reported values. 
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4.6 Figures 

 

Figure 4.1. Atomic force microscopy topography images of (a) mica, (b) ultraflat silica, (c) glass 

bottom dish, (d) quartz crystal microbalance sensor. All images were collected in aqueous buffer 

at pH 7.4. The value under the image is the RMS value across at least three different spots of each 

substrate. 
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Figure 4.2. Atomic force microscopy topography images and corresponding line profiles (across 

dashed lines) of (a) 100% DOPC, (b) 60/20/20 mol% DOPC/SM/Chol, (c) zoomed out scan of 

60/20/20 mol% DOPC/SM/Chol. Scale bars are 2 µm. Z-scale corresponds to all images. 
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Figure 4.3. (a) Representative force-distance curve on a pure DOPC bilayer showing the 

characteristic breakthrough feature. (b) Histograms showing the breakthrough forces (FB) of the 

liquid-disordered (red) and liquid-ordered (blue) phases of a 60/20/20 mol% DOPC/SM/Chol 

bilayer on a mica substrate in 0.010 M NaCl solution buffered to pH 7.4 with 0.010 M HEPES 

buffer. The distributions were fit to a Gaussian function to determine the FB value, which 

represents the average and standard deviation of the denoted N number of curves. 
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Figure 4.4. Atomic force microscopy images and representative line scans of (a) DOPC and (b) 

60/20/20 mol% DOPC/SM/Chol on an ultraflat SiO2 wafer. Scale bars are 2 µm. Z-scale 

corresponds to both images. 
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Figure 4.5. Spatially and temporally correlated (a) atomic force microscopy topography image 

and (b) fluorescence microscopy image of 60/20/20 DOPC/SM/Chol + 0.1% of the fluorophore 

Atto DOPE 647N. Scale bars are 5 µm. Blue arrows point to defects observed in the AFM image 

and holes in the fluorescence image, which were used to correlate the images. 
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Chapter 5: Optimization of Atomic Force Microscopy Parameters for the Nanomechanical 

Characterization of Fixed and Live Trout Gill  

This work was done in collaboration with Kyoungtea Kim in Joel Pedersen’s lab. Kyoungtea 

grew and prepared the trout gill cells for imaging. 

5.1 Introduction 

Mechanical properties (e.g., elasticity, adhesiveness, and viscosity) play a critical role in 

many fundamental biological processes such as, cell growth, differentiation, protein synthesis, 

motility, mechanotransduction, and apoptosis.1-2 Changes to the mechanical properties of a cell 

can disrupt its normal behavior and is a key indicator of a variety of different pathologies.3 

Previously, external stressors such as, drugs,4-5 disease,6-7 and nanoparticles8-10 have all been 

shown to induce mechanical changes to the cellular membrane of a variety of cell types. Examples 

of these impacts include, stiffening of epithelial cells after exposure to gold nanorods,9 reduction 

in elasticity and viscosity of L929 cells after exposure to a drug, cytochalasin D, due to disruption 

of actin filaments,5 and reduction in stiffness in diseased human cervical cells as compared to 

healthy cells.7 While it is difficult to generalize the impact of different types of stressors across 

different cell lines, the fact that mechanical changes to the cell directly impact cell function 

highlights the importance of characterizing the mechanical properties of various model cell lines. 

The studies mentioned above all have one commonality – the use of atomic force 

microscopy (AFM) to characterize the mechanical response of a chosen cell line to an applied 

stressor. The AFM was invented in order to work on insulating surfaces in ambient conditions, 

unlike its predecessor, the scanning tunneling microscope.11 The technique uses a sharp tip at the 

end of a cantilever that is rastered across the sample. The amount of interaction (or force) applied 

to the sample is specified and maintained via a feedback mechanism. A laser is aligned to the end 
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of the tip and as the tip is scanned across the surface, a piezo moves either the tip or the sample to 

maintain the desired amount of tip-sample interaction. In doing so, the laser light is reflected from 

the cantilever to a position-sensitive photodetector and any variations in the position of that laser 

light on the detector correspond to changes in height on the surface of the sample. Traditional 

AFM has long been recognized as a valuable tool in characterizing biological structures with 

unprecedented resolution, in real time, and under biological conditions (pH, ionic strength, and 

temperature controlled).12 Imaging of biological structures such as DNA,13-14 supported lipid 

bilayers,15-16 and proteins17 have all been conducted using AFM. Similarly, imaging of cells, both 

live18-20 and fixed,18-19 has been carried out using traditional AFM methods. However, AFM on 

cells is a difficult task that requires great attention to proper sample preparation, including substrate 

choice, cell preparation, scanning probe choice, and imaging parameters.20 In order to obtain 

reliable results and avoid sample damage, optimization of sample preparation and imaging 

parameters is crucial for conducting AFM on cells. 

Recent advancements in AFM technology have been aimed at simplifying the process of 

fluid imaging, increasing spatiotemporal resolution, and decreasing the required imaging force to 

minimize sample and tip damage.21-22 One recent development, PeakForce Quantitative 

Nanomechanical Mapping (PFQNM) Atomic Force Microscopy, allows for the simultaneous 

mapping of deformation, modulus, dissipation, and adhesion in addition to topography.21 This 

technique provides control over the forces applied to the sample down to the pico-Newton scale, 

which prevents sample damage and allows for high resolution imaging of cells. The ability to map 

nanomechanical properties in addition to topography provides a novel platform for the quantitative 

characterization of cell properties with unprecedented resolution. The optimization of PFQNM 
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AFM imaging will allow for the quantitative characterization of the mechanical properties of cells 

before and after exposure to various stressors. 

Here we optimize a method using atomic force microscopy for the nanomechanical 

characterization of a model epithelial cell, gill cells from a rainbow trout (Oncorhynchus mykiss, 

RTgill-W1). We chose to study trout gill cells because they have previously been established as a 

model system for understanding mechanisms of toxicity in fish and are often used to evaluate the 

toxicity of different stressors.23-24 However, little is known about the mechanical properties of 

these cells. We begin with method development by considering various factors that can impact the 

results of the technique, such as the mode of AFM operation, the shape and stiffness of the AFM 

probe used, and the confluency of the cells on various substrates. We use PFQNM to determine 

the height, modulus, deformation, dissipation, and adhesion of both fixed and live trout gill cells 

for the first time on this cell line. This work establishes a basis to study any mechanical changes 

that may be induced to these cells due to external stressors, such as nanomaterials. 

5.2 Materials and Methods 

5.2.1 Trout gill cell preparation 

The rainbow trout gill cell line (American Type Culture Collection, Manassas, VA) were 

routinely maintained in Leibovitz’s L-15 medium, with l-glutamine (Sigma-Aldrich Chemical Co., 

St. Louis, MO) supplemented with 1% antibiotics (100 U/ml penicillin and 100 g/ml streptomycin, 

GE Healthcare Life Sciences, Logan, UT) and 10% fetal bovine serum (Cell Applications Inc., 

San Diego, CA) at 20° C in an incubator containing normal atmosphere. For the AFM studies, 2.2 

× 105 cells were seeded in 21.5 cm2 cell culture dishes (Fisher Scientific, Markham, ON). Cells 

were allowed to grow for 6 days to attain 100 % confluency, 5 days for ~75 % confluency, and 7 

days to be past confluency. 
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To fix the cells, after cells reached the desired confluency, cells were rinsed with pH 7.4 

phosphate-buffered saline (PBS) buffer (Lonza, Basel, Switzerland) three times. The cells were 

then treated with 4 % paraformaldehyde in 0.1 M PBS buffer (Santa Cruz Biotechnology, Dallas, 

TX) at room temperature. After 10 min, the paraformaldehyde was removed and the cells were 

subsequently washed with PBS twice.  

5.2.2 Atomic force microscopy imaging and nanomechanical mapping 

 Imaging and nanomechanical mapping were conducted in PeakForce Tapping™ 

Quantitative Nanomechanical Mapping (PFQNM) mode on a Dimension Icon Atomic Force 

Microscope (Bruker, Santa Barbara, CA). We monitored topography, PeakForce error, adhesion, 

deformation, DMT modulus, and dissipation simultaneously for all samples studies. Samples were 

prepared as described above. Various types of AFM probes (all from Bruker AFM Probes) were 

explored in this work as described below, but ultimately final images were collected with a silicon 

nitride probe (DNP-C) with a nominal resonant frequency of 56 kHz, spring constant of 0.24 N/m, 

and tip radius of 20 nm.  

Regardless of probe type, prior to imaging and nanomechanical characterization, the probe 

was first calibrated to determine its deflection sensitivity and spring constant, which allows for the 

conversion of the voltage signal from the photodetector into a unit of force. The deflection 

sensitivity is a measure of the cantilever’s deflection (distance) for a certain change in voltage 

measured by the detector.25 To do this, we ramped the probe over a hard, fused silica substrate 

(Bruker) in air to obtain a plot of deflection versus position of the piezo and found the slope of the 

contact regime of the plot, resulting in a value with units of nm/V.26 We found an average 

deflection sensitivity value using six different force curves. Once the deflection sensitivity was 

known, Hooke’s Law:  
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          F = kx                                                                           (1) 

where F the force, k is the spring constant, and x is the displacement of the laser on the detector 

(determined using the deflection sensitivity), was used to determine the corresponding force. We 

determined the spring constant using the thermal tune method and fitting the resulting power 

spectral density plot to a Lorentzian curve.27  

All imaging was conducted in fluid, either supplemented Leibovitz’s L-15 medium or PBS 

buffer at room temperature, 24.5°C. The addition of fluid to the AFM tip changes the optical path 

of the AFM detection laser; therefore, we determined the deflection sensitivity in fluid using the 

previously determined spring constant of the cantilever to account for this difference.28-29 

5.3 Results and Discussion 

5.3.1 PFQNM as an imaging mode 

 In order to investigate the mechanical properties of both live and fixed cells, we used 

PFQNM. Figure 5.1 shows the basic operation of PFQNM as an AFM imaging mode. A set amount 

of force is designated and maintained via a feedback mechanism. The piezo scanner is driven in a 

nonlinear extension and retraction cycle to monitor force over time.21 This generates the plot 

shown in Figure 5.1a. The tip starts far from the sample (point 1 in Figure 5.1a) where there are 

little or no forces acting on the tip. As the tip begins to approach the sample (red curve), the 

cantilever is pulled towards the sample, resulting in attractive adhesive forces. At point 2 in Figure 

5.1a, the stiffness of the cantilever is overcome by the attractive forces that pull the tip and the 

sample surface into contact. The force continues to increase until the designated PeakForce 

setpoint is reached (point 3, Figure 5.1a). At this point, the withdraw cycle of the tip begins (blue 

curve), where the tip is lifted from the sample surface. The force begins to decrease until a 

minimum is reached, which represents the adhesive forces between the tip and the sample (point 
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4, Figure 5.1a). The tip continues to withdraw from the sample until the tip loses contact with the 

sample and minimal long range forces are felt by the tip causing a near zero or zero force (point 5, 

Figure 5.1a). This cycle is repeated at a frequency that is lower than the resonant frequency of the 

cantilever, but fast enough to collect a force-distance curve at each pixel. 

 Plotting this cycle as a function of tip position relative to the sample results in the curves 

shown in Figure 5.1b. This allows us to back out the mechanical information to characterize the 

trout gill cells, including DMT modulus, deformation, adhesion, and dissipation. The adhesive 

forces between the tip and the sample are found from the minimum force in Figure 5.1b. The 

deformation is calculated from the difference in separation along the approach curve between the 

PeakForce and the point at which the force is zero. The dissipation is a measure of the 

viscoelasticity of the sample. We can determine the modulus value of our sample by fitting the 

withdraw curve (dashed green line in Figure 5.1b) using the Derjaguin-Muller-Toporov (DMT) 

model:30 

 

where FL is the loading force, R is the tip radius, d-d0 is the deformation depth of the sample, Fadh 

is the adhesive force, and E* is the reduced modulus. The reduced modulus is related to the 

modulus of the sample in the following relationship: 

 

where νs and νtip are the Poisson’s ratio for the sample and the tip, respectively, and Es and Etip are 

the modulus values of the sample and the tip, respectively. We can assume that the Etip is infinite 

because Si3N4 is much harder than our cells and use the estimated Poisson’s ratio of a cell to 

                                                            𝐹𝐿 =
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determine the modulus value.31 We estimated Poisson’s ratio to be 0.5, the value for an 

incompressible material, which is consistent with other literature reports for cells.18,32  

5.3.2 AFM imaging optimization 

 In order to characterize the nanomechanical properties of both live and fixed cells using 

PFQNM, we first needed to optimize the sample preparation and imaging parameters. Without 

proper attention to sample preparation and imaging conditions, shear and friction effects can cause 

damage to cells and lead to inaccurate height and mechanical measurements. Considerations in 

imaging optimization include cell confluency, choice of AFM probe, and imaging parameter 

optimization. 

5.3.2.1 Confluency of the cells on the substrate 

 We examined the role of confluency on our ability to image and map the mechanical 

properties of trout gill cells. Confluency refers to how covered a surface is with cells. Figure 5.2 

shows optical images taken using the AFM of three different cell confluences – ~75% confluency, 

100% confluency, and past-confluency. In vivo cells form a confluent layer with one another within 

tissues.33 Therefore, in order to best mimic the natural properties of cells, we wanted to work on a 

confluent layer. However, a 100% confluent layer (Figure 5.2b) presented challenges associated 

with engaging the tip to track the surface for AFM measurements to the point where we could not 

obtain images on a 100% confluent layer. This is likely due to the fact that engaging directly on a 

cell results in deformation of the cell and a large height barrier for the AFM probe.34 Therefore, 

the probe was never actually engaged on a surface, but more likely just deforming the cell. 

However, in the case of a ~75% confluent layer, there is exposed substrate available to engage the 

tip on instead of an entire layer of cells. We found that a ~75% confluency layer (Figure 5.2a) 

allowed us to engage the tip on the hard substrate and then expand the scan size to include the cell 
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of interest. Samples grown to this confluency were used throughout the remainder of the work. 

Samples grown past confluency (Figure 5.2c) tended to ball up and not adhere to the underlying 

substrate, which also resulted problems in imaging, such as cells dragging on the surface causing 

build-up on one side of the image (Figure 5.3a) or cells getting stuck on the end of the tip (Figure 

5.3b).  

5.3.2.2 Choice of AFM tip 

 We also considered the impact of different AFM cantilever properties on our ability to 

image and map the mechanical properties of the cells. Consideration must be given to the spring 

constant of the cantilever as well as the height of the cantilever. Cells are relatively tall samples 

for AFM analysis and as such the potential to drag the cells across the surface is high, if the AFM 

probe choice is not intentional and well thought out.34 In this work, we attempted to image cells 

using different probes, all from Bruker AFM Probes, whose nominal properties are listed in Table 

5.1. Comparing DNP-C to MCLT-C allowed us to explore the impact of spring constant, whereas 

comparing DNP-C and SNL-C allowed us to explore the role of tip radius. 

 We found that the DNP-C probes worked best for imaging both the live and fixed gill cells. 

The MLCT-C probes were too soft and as such, remained bound to the adhesive cell surface. 

During the withdraw cycle, the probe was unable to detach from the cell surface, which caused the 

cells to drag along the substrate (representative images shown in Figure 5.3). The SNL-C tips were 

too sharp for optimized cell imaging and mechanical probing. Typically, sharper probes result in 

higher resolution imaging, but in the case of mechanical mapping the probe must still be able to 

have a large enough contact area with the cell surface to deform the sample.35 In the case of the 

SNL-C probes, we found them to drag the cells on the substrate, which we hypothesize was due to 

them puncturing the cell rather than causing sample deformation. Ultimately, a balance between 
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probe stiffness and tip radius was found with the DNP-C probes, which were used throughout the 

work presented here. 

5.3.2.3 Optimization of PFQNM imaging parameters 

 We also optimized both the PFQNM and traditional imaging parameters to ensure proper 

tracking of the cell surface and accurate mechanical measurements. This included considering the 

PeakForce applied to the samples, the PeakForce frequency, the PeakForce amplitude, the scan 

speed, and the feedback gains. These parameters were optimized for both fixed and live cells.  

 The PeakForce refers to the maximum amount of force applied to the samples (point 3 in 

Figure 5.1b). Ideally, the force will be large enough to obtain good tracking of the sample surface 

by the tip, but not too high as to cause sample damage. We explored a range of force values on 

both fixed and live cells and found that a value of 500 pN was optimal for live cells, whereas we 

could increase the force up to 1.5 nN on fixed cells. Higher forces on either sample caused the 

probe to drag the cells on the surface, whereas lower forces caused the tip to not be in good contact 

with the cell surface resulting in low resolution images. The fact that fixed cells could withstand 

more force is likely due to their increased rigidity due to the cross-linking caused by fixation.36 

 In order to obtain good tracking of the cellular surface, which can be gauged by the 

alignment of the trace and retrace of the line scans, we needed to optimize the PeakForce, as well 

as the feedback gains and scan speed. Due to the large height variation of the cell compared to the 

substrate (microns), the scan speed needed to be minimized to ensure that the tip could overcome 

these large differences.20 We found a scan speed of 0.125 Hz worked well for both live and fixed 

cells. While this slow speed drastically increased the amount of time required to collect an image, 

it also resulted in better resolved images. The gains were optimized per cell per image and were 



110 

 

 

 

found to vary depending on the particular cell. We increased the gains until tracking of the surface 

was optimized.  

 Two other PFQNM parameters that were optimized were the PeakForce frequency and the 

PeakForce amplitude. The PeakForce frequency is the rate at which the piezo goes through the 

approach/withdraw cycle, whereas the PeakForce amplitude is the peak to peak height of the z 

piezo modulation through this cycle. Ideally, minimizing the frequency and the amplitude will 

reduce viscous drag on the cantilever.37 The ideal PeakForce frequency was found to be 0.25 kHz 

for both fixed and live cells. While we wanted to minimize the PeakForce amplitude, we found 

that a value of 300 nm was necessary to allow the tip to fully withdraw from the cell surface before 

moving on to the next spot on the sample. Too low of an amplitude caused the tip to drag the cells.  

Ultimately, the optimization of these parameters in combination with using DNP-C probes 

and samples grown to ~75% confluency resulted in optimized images on both fixed and live cells. 

Figure 5.4 shows the topographical and mechanical channels collected on a fixed cell, whereas 

Figure 5.5 shows these different channels for live cells. For most of the channels, good contrast is 

observed between the cells and the underlying substrate; however, low contrast is observed in the 

case of adhesion, which is likely due to the fact that working in liquid reduces the adhesive forces 

between the tip and sample.38 Interestingly, what we hypothesize to be different cellular structures 

were also resolved, such as the actin filaments in the PeakForce Error channels of both the fixed 

and live cells (Figure 5.4b and Figure 5.5b, respectively) and the nucleus in the DMT modulus and 

dissipation channels of the fixed cells (Figure 5.4d,e). The increased resolution of these features 

in the fixed cells is likely due to the increased modulus values and thus higher forces we could 

exert on these cells.18 Table 5.2 summarizes the ranges of values obtained for three different fixed 

and three different live cells. The optimization of both sample preparation and imaging conditions 
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presented above allowed us to explore the impact of fixation on the mechanical properties of the 

trout gill cells. 

5.3.3 Impact of fixation on mechanical properties of trout gill cells 

 Fixation is a method by which biological samples are preserved from decay. Essentially 

the chemistry of the cell is stopped and the fine structural details of the cells and tissues are 

stabilized.36 In this work we used 4% paraformaldehyde to fix the trout gill cells, which crosslinks, 

via a methylene bridge, the nitrogen atoms in proteins.36 Fixed cells are easier to image by AFM19 

and improve the resolution of the AFM images;18,31 however, fixing cells ultimately changes the 

cell structure, viability, and elasticity.31 Therefore, we wanted to investigate the impact of fixation 

on the topography and mechanical properties of trout gill cells. 

 Table 5.2 shows that the fixation process significantly increased the height of the trout gill 

cells from 2.9 ± 0.8 to 4.6 ± 0.6 µm (p < 0.05). Fixation has been shown previously to either 

increase or decrease the height of cells. For example, an increase in height of U2-OS osteosarcoma 

cells was attributed to the cross-linking nature of glutaraldehyde stretching and flattening the cells 

on the underlying substrate,38 whereas the opposite argument was made in the case of bacteria, 

where an increase in height for fixed cells was attributed to the increase in cell rigidity decreasing 

the likelihood of the bacteria spreading out on the surface.39 In the case of the trout gill cells studied 

here, we hypothesize the increase in height with fixation is due to the fixation process increasing 

the rigidity of the cell and decreasing its likelihood to spread out, thus resulting in taller fixed cells 

as compared to live cells.  

 The deformation between the live and fixed cells was found to be comparable. This is 

somewhat surprising as we would expect the less rigid, live cells to be more easily deformed. 

However, we minimized the imaging force we used on both types of cells to track the surface of 
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the cell, but to not cause cell damage. Therefore, a comparable deformation is likely due to similar 

forces being applied to the cells. 

The adhesion of both the fixed and live cells was low (Table 5.2). This is likely attributable 

to the fact that both sample types were collected in fluid. Previous work has demonstrated that 

working in fluid decreased the adhesive forces between the tip and the sample.38 

 We found that fixation increased the modulus value of fixed cells (maximum value 

observed, 116 kPa)) as compared to live cells (maximum value, 36 kPa). This is likely due to the 

chemical changes that fixation induces. The crosslinking of the proteins within the cell causes a 

more rigid cell body, which results in a stiff cell. The majority of the mechanical robustness of 

epithelial cells stems from the cell cortex, a thin layer of actin-myosin, which consists of cross-

linked actin filaments.40 We hypothesize it is these actin filaments that are visible in the fixed cell 

shown in Figure 5.4, particularly the Peak Force Error channel helps to resolve these structures 

(Figure 5.4b). While the range of values observed for both live and fixed cells was large (Table 

5.2), our results on this epithelial cell are in agreement with the literature, which shows that fixation 

of different types of cells (e.g., liver endothelial cells,18 mouse embryonic fibroblasts,32 human 

epithelial cancer cells,32  and corneal cells41) also results in an increase in the cell stiffness (or 

modulus) as compared to live cells. The large range of values found is likely due to the 

heterogeneity associated with cells and the various cellular components contributing to the 

modulus values.18   

5.4 Conclusions and Outlook 

 This work presents the optimization of imaging and nanomechanical mapping (adhesion, 

deformation, DMT modulus, and dissipation) of trout gill cells. We demonstrated imaging and 

nanomechanical mapping on both fixed and live trout gill cells for the first time through the 
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optimization of cell confluency, AFM probe selection, and AFM imaging parameters. The 

optimization of PFQNM makes acquisition of mechanical properties and topography information 

quicker and easier than previous AFM modes. We showed that both the height and the modulus 

value increased for fixed cells, indicating that the chemical changes induced by fixation changes 

the mechanical properties of cells. Ultimately using cells grown to ~75% confluency, an AFM 

probe with a spring constant of 0.24 N/m and a radius of 20 nm, and low scan speeds, high 

amplitudes, and minimal forces resulted in the ideal imaging conditions for trout gill cells. 

This work sets a precedent to consider the impact of different stressors on the mechanical 

properties of trout gill cells. Nanomaterials represent one emerging class of contaminants that have 

been shown previously to impact the mechanical properties of cells.8-10 Future work should use 

the optimized parameters set forth here to investigate the impact of nanomaterials on these cells.  

In considering live versus fixed cells, live cells behave more representatively of cells in 

vivo and should be used as a model system whenever possible. Furthermore, confluent cells have 

been shown previously to behave most like cells in vivo.33 However, we found cells grown to 

~75% confluency to be most idea for this work. Ultimately, developing alternative methods to 

conduct studies on live, confluent cells may result in the most realistic cell behavior and most 

accurate measurements of cell mechanics. This may include templating surfaces to have regions 

where cells grow to confluency near areas where the tip can engage on the surface,34 scratching 

away a subsection of cells in order to engage on the substrate and then offsetting on to the 

remaining confluent layer, or improving our AFM imaging parameters to allow for imaging on 

confluent layers. Overall, PFQNM is a powerful and relatively easy method to study the cell 

mechanics of both fixed and live cells. 
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5.5 Tables 

Table 5.1. Summary of the properties of the different cantilevers and tips used in this study. 

   Cantilever and Tip Properties 

Cantilever Type Height (µm) Resonant Frequency 

(kHz) 

Nominal Spring 

Constant (N/m) 

Nominal Tip Radius 

(nm) 

DNP-C 2.5 – 8.0 56 0.24 20 

     

MLCT-C 

 

SNL-C 

2.5 – 8.0 

 

2.5 – 8.0 

7 

 

56 

0.01 

 

0.24 

20 

 

2 

a All listed values are nominal values and are provided by the manufacturer (Bruker AFM Probes) 
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Table 5.2. Summary of height, adhesion, deformation, and DMT modulus for live and fixed cells. 

   Mechanical Properties Measured by AFM 

Sample 

Preparation 

Height (µm) Adhesion (nN) Deformation (nm) DMT modulus (kPa) 

Live 2.9 ± 0.8 0.03 – 0.6 99 – 240 1.6 – 36 

     

Fixed with 4% 

Paraformaldehyde 

4.6 ± 0.6 0.03 – 0.2 136 – 197 21 – 116 

a Height measurements represent the average and standard deviation of three different cells. In the case of the live cells the height values 

are averaged from different cells on the same sample, whereas the fixed cells are averaged across different samples. The height 

measurements were taken across the highest point (across the cell body) of three different cells and represents the average and standard 

deviation of these measurements. Adhesion, deformation, Young’s modulus, and dissipation values represent a range of values found 

across 3 different cells. 
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5.6 Figures 

 

Figure 5.1. PeakForce Quantitative Nanomechanical Mapping Atomic Force Microscopy works 

by applying a force set point which is maintained throughout imaging. (a) a Peak tapping force is 

set and the tip is brought into contact with the sample (approach curve, red) until the desired force 

is applied at which point the tip withdraws from that spot (withdraw curve, blue). By plotting the 

approach and withdraw curves as a function of tip position (b), we can map the mechanical 

properties of the sample including, adhesion, deformation, dissipation, and modulus values for the 

sample in addition to topography. 
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Figure 5.2. The coverage of the cells on the substrate, or their confluency, played a role in the 

ability to image the cells by AFM. Here the cells were grown to (a) ~75% confluency, (b) 100% 

confluency, and (c) past confluency. The shadow on the right hand side of the image is due to the 

AFM cantilever. Scale bars are ~40 µm. 
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Figure 5.3.Examples where parameters for imaging were not optimized resulting in sample 

damage. Examples include (a) build up on one side of the image caused by the tip dragging the 

cells on the surface and (b) removal of the cells from the substrate via being stuck on the tip. 

  



119 

 

 

 

 

Figure 5.4. Atomic Force Microscopy images (a) topography, (b) Peak Force error, (c) 

deformation, (d) DMT modulus, (e) dissipation, and (f) adhesion of cells grown to ~75% 

confluency on a petri dish, fixed with 4% paraformaldehyde, rinsed with PBS buffer and imaged 

in PBS buffer at room temperature 
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Figure 5.5. Atomic Force Microscopy images (a) topography, (b) Peak Force error, (c) 

deformation, (d) DMT modulus, (e) dissipation, and (f) adhesion of cells grown to ~75% 

confluency on a petri dish and imaged in medium at room temperature. 
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Chapter 6: Conclusions and Future Directions 

 As the use of nanomaterials continues to rise, a need exists to understand the interactions 

that occur between released nanomaterials and organisms at a molecular level. This problem is 

difficult and requires input from scientists from all fields. However, utilizing model systems and 

developing in situ analytical approaches to study these interactions will undoubtedly help to 

simplify these complex systems. The work presented here focuses on the implementation of in situ 

analytical methods to characterize supported lipid bilayers, intentionally designed to best model 

the cellular membranes of different types of organisms, and their interactions with nanomaterials, 

as well as the mechanical characteristics of trout gill cells.  

 First, we examined the impact of natural organic matter (NOM) on the interactions of 

poly(allylamine hydrochloride) polymer-wrapped diamond nanoparticles (DNPs) with supported 

lipid bilayers and the Gram-negative bacterium, Shewanella oneidensis MR-1. We found NOM 

impacts the hydrodynamic and electrokinetic properties of the DNPs in a concentration dependent 

manner. These changes to the physical properties of the DNPs altered subsequent interactions with 

the model membrane systems as well as to S. oneidensis. The inclusion of both lipid bilayers and 

S. oneidensis increased the impact of this work by demonstrating that experiments conducted on 

model bilayers may be extendable to full organism studies. Ultimately, for concentration ratios of 

NOM-to-DNP expected to be found in the environment, it is likely that NOM will cause a reversal 

of charge and minimize the biological impact of the DNPs. 

 While positively charged diamond nanomaterials attached to model membranes, positively 

charged quantum dots caused structural rearrangement of supported lipid bilayers. Through the 

use of complementary in situ analytical techniques we found that quantum dots deposited on the 

bilayers and caused the lipids to rearrange around the particles. Furthermore, the quantum dots 
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caused the disappearance of phase-segregated domains (composed of sphingomyelin and 

cholesterol) likely through the removal of the cholesterol from these domains. This study 

highlighted the importance of using complementary, in situ approaches to understand interactions 

that occur at the cellular membrane. 

 Nanoparticle interactions with supported lipid membranes are complex and the 

mechanisms of these interactions are difficult to discern. However, through the use of in situ 

analytical tools this work has made significant contributions to understanding two specific 

interactions. While aspects of this work are likely transferable to other positively charged 

nanomaterials, future work is needed to examine the influence of surface charge, charge density, 

capping agent, and core material on the interactions of nanomaterials with bilayers and organisms. 

In particular, studying these interactions in both the presence and absence of NOM is crucial as 

NOM is found ubiquitously in the environment and, as we have shown, can play a critical role in 

the impact of nanomaterials on organisms. Varying the water chemistry (e.g., inclusion of divalent 

cations, changing the source of the NOM used) could also be explored to generalize these results 

to more complex settings.  

 Significant efforts were made to characterize supported lipid bilayers. We demonstrate that 

the substrate plays a significant role in the distribution of biomolecules in supported lipid bilayers. 

On mica substrates, cholesterol and sphingomyelin form large phase-segregated domains, whereas 

on ultraflat SiO2 and glass the domains are much smaller. Consideration must be paid to substrate 

choice in extending studies across various analytical techniques. 

 Finally, PeakForce quantitative nanomechanical mapping atomic force microscopy was 

optimized and used to characterize the topography, modulus, deformation, adhesion, and 

dissipation of trout gill cells. We found that fixation causes an increase in modulus value and 
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height of the cells. This works sets the groundwork to consider the impact of nanomaterials and 

other stressors on the mechanical properties of cells. There is ample opportunity to make great 

contributions to the field using the knowledge gained in these studies. Coupling AFM with 

fluorescence microscopy will allow us to directly correlate cellular structures with mechanical 

changes and/or correlate the location of nanomaterials to different parts of the cell. Furthermore, 

tip functionalization may be used to directly probe cells or model membranes with nanomaterials 

or different ligands to study their adhesion to the cellular membrane. 
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Appendix 

A.2. Supporting Information for Chapter 2: Natural Organic Matter Concentration 

Impacts the Interaction of Functionalized Diamond Nanoparticles with Model and Actual 

Bacterial Membranes 

A2.1 Supplemental Materials and Methods 

A2.1.1 Chemicals 

Suwannee River natural organic matter was purchased from the International Humic Substances 

Society (1R101N, St. Paul, MN). Poly(allylamine hydrochloride) (PAH, 15kDa), 

lipopolysaccharide (LPS) purified from Salmonella enterica serotype minnesota (smooth) and 

Salmonella enterica serotype minnesota Re595 mutant (rough) were procured from Sigma-

Aldrich (St. Louis, MO). Smooth LPS was dissolved in 8:2 (v/v) ultrapure H2O:methanol, 

whereas rough LPS was dissolved in chloroform. We obtained 1-palmitoyl-2-oleoyl-sn-glycero-

3-phosphocholine (POPC) in chloroform from Avanti Polar Lipids (Alabaster, AL). Buffers were 

prepared with 0.002 M 4-(2-hydroxyethyl)-1-1piperazineethanesulfonic acid (HEPES, Fisher 

Scientific). The ionic strength was controlled with the addition of sodium chloride, and pH was 

adjusted to 7.4 with NaOH. Solutions were filtered through a 0.22 µm filter (Millipore, Billerica, 

MA). 

A2.1.2 Lipopolysaccharide-phospholipid vesicles preparation and characterization 

Solutions of POPC and LPS were mixed to the desired ratios1 in glass vials, the solvent was 

evaporated off using nitrogen gas, and the remaining solvent was removed under vacuum for at 

least 2 h. The dried lipid/LPS solids were rehydrated in 0.001 M NaCl buffered to pH 7.4 with 

0.002 M HEPES and vortexed and sonicated to mix. After rehydration, the solution was 

subjected to three cycles of freezing with liquid nitrogen and thawing by sonication prior to 
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extrusion through a 50 nm polycarbonate membrane filter (Whatman) 15 times using an Avanti 

610000 extruder kit. Vesicle electrophoretic mobilities and diffusion coefficients were 

determined in 0.002 M HEPES, 0.001 M NaCl, pH 7.4 using laser Doppler microelectrophoresis 

and dynamic light scattering.  These data are shown in Figure A2.3. These vesicles were 

used to form supported lipid bilayers as described previously.1 An example QCM-D frequency 

trace for bilayer formation is depicted in Figure A2.4. 

A2.1.3 Attachment of PAH-DNP in the absence and presence of NOM to SiO2-coated 

QCM-D sensor 

We determined initial rates of attachment to SiO2 under the same conductions used for the 

bilayers. QCM-D sensors were cleaned as described in the main text.  The sensor was 

equilibrated with 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES until a stable baseline 

was achieved. PAH-DNP in the absence or presence of NOM, or NOM alone in the same 

electrolyte solution was flowed over the sensor surface for 20 min. The sensor was then rinsed 

again with buffer for at least 10 min to obtain a stable baseline. Results from these experiments 

are presented in Tables A2.1-A2.8. Trends in attachment to SiO2 were similar to those observed 

for the POPC bilayer. However, the presence of the bilayer significantly increased PAH-DNP 

attachment in the absence of NOM and in the 1.33 mgoc·mgPAH-DNP
-1 NOM:DNP concentration 

ratio. 

A2.1.4 Bilayers equilibrated in PAH polymer prior to introduction of DNPs 

We also examined whether the observed trends in attachment could be attributed to any PAH 

polymer in the nanoparticle suspensions. In the case of most functionalized nanoparticles, 

unbound capping agent remains in nanoparticle suspension after the functionalization steps.2 The 

amount of unbound PAH polymer was determined using fluorescamine, a dye that binds to 
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primary amines,3-4 following a recently published procedure5 using a calibration curve prepared 

from three PAH polymer concentrations. To obtain the amount of unbound PAH polymer 

remaining in the PAH-DNP, the stock suspension was diluted with ultrapure water, and the 

diluted suspensions were centrifuged at 66,000g for 45 min at 4 °C to pellet the nanoparticles. A 

PAH polymer solution of 441.1 mg∙L-1 was also centrifuged together with the sample as a 

control. After centrifugation, grey pellets of NDs were observed. Supernatants were collected, 

and aliquots of the supernatants were concentrated using a Savant SpeedVac Concentrator. We 

determined that ~4.7 mg∙L-1 of free PAH polymer remained in solution for the 1 nM PAH-DNP 

suspensions used in this study.  

To examine the possible effect of free PAH polymer with the bilayers and SiO2 surfaces used in 

experiments with PAH-DNPs, we first equilibrated the LPS-bilayers with 4.7 mg∙L-1 free PAH 

polymer prior to the introduction of PAH-DNP in the absence or presence of NOM or of NOM 

alone. We found that the free PAH polymer bound to all bilayers studied (Table A2.9). We then 

introduced PAH-DNP in the absence or presence of NOM or of NOM alone to the bilayers and 

surfaces that had been equilibrated with PAH polymer. The overall trends of attachment remain 

the same as when bilayers were not pre-exposed to PAH polymer, although some differences in 

mass did occur due to the presence of the free PAH polymer (Table A2.9). 

A2.2 Supplemental Results and Discussion 

A2.2.1 Mass transport-limited attachment rate constants 

The attachment efficiencies for PAH-DNP attachment to the model membranes are all are close 

to unity (Table A2.2) suggesting mass transport-limited deposition in the absence of NOM and in 

the presence of 5 mgoc/L NOM. We analyzed the expected transport of the particles and their 

aggregates to the bilayer surface using the modified Lévêque solution for mass transport-limited 
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attachment: ⟨ka⟩ = Dc
2/3Q1/3⟨n⟩, where ⟨ka⟩ is the spatially averaged mass transport-limited 

attachment rate constant, Dc is the diffusion coefficient, Q is the volumetric flow rate and ⟨n⟩ is a 

geometric factor specific to the QCM-D flow chamber.6 Using diffusion coefficients 

corresponding to the number average hydrodynamic diameters, this analysis indicates that in the 

presence of 5 mgoc/L NOM, ⟨ka⟩ is smaller by a factor of 0.56 ± 0.15 relative to the case without 

NOM. 

The initial rates of attachment are comparable for the 0 and 5 mgoc/L NOM cases (Figure 2.2a, 

Table A2.1). The initial rate of attachment is given as rd = ⟨ka⟩C, where C is the mass 

concentration of particles or aggregates. The attachment rates being equivalent in the absence 

and presence of 5 mgoc/L NOM implies that on average the effective mass of the aggregates 

formed in the presence of 5 mgoc/L NOM (mass of PAH-DNPs, NOM, and water) attaching to 

the model membrane during the initial attachment period is approximately twice that of the 

individual PAH-DNPs.
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A2.3 Supplemental Tables 

Table A2.1. Initial rates of (NOM/)PAH-DNP or NOM deposition to the POPC bilayers containing the indicated amount of rough 

or smooth lipopolysaccharides or to silica.a 

   initial attachment rate, rd (ng∙cm-2∙s-1) 

[PAH-DNP] 

(nM) 

[NOM] 

(mgoc·L-1) 

[NOM]:[DNP] 

(mgoc·mgPAH-DNP
-1) 

POPC 0.46 mol% 

sLPS 

0.46 mol% 

rLPS 

6.4 mol% 

rLPS 

SiO2 

1 0 0 2.0 ± 0.4 1.8 ± 0.4 1.8 ± 0.2 1.1 ± 0.2 1.6 ± 0.2 

1 5 1.33 2.5 ± 0.5 1.3 ± 0.4 2.2 ± 0.2 2.5 ± 0.2**** 1.4 ± 0.2 

1 30 8 0.09 ± 0.08**** 0.10 ± 0.02**** 0.12 ± 0.09**** –*** –**** 

— 5 — 0.12 ± 0.02**** –**** 0.20 ± 0.03*** –**** –**** 

— 30 — 0.11 ± 0.03**** 0.11 ± 0.13**** 0.20 ± 0.03*** –**** –**** 
a Attachment experiments were conducted in 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES at 25 °C. Initial rates are for the 

first 30 s of PAH-DNP or NOM attachment to the indicated surface. Values are means ± standard deviations of at least triplicate 

experiments. Abbreviations: POPC, 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine; rLPS, rough lipopolysaccharide; sLPS, 

smooth lipopolysaccharide. Significance of differences relative to the rate of deposition of PAH-DNP in the absence of NOM for each 

surface: ***, p <0.001; ****, p <0.0001. 
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Table A2.2. Attachment efficiencies (αD) for (NOM/)PAH-DNP attachment to the POPC bilayers containing the indicated amount 

of rough or smooth lipopolysaccharides.a 

   attachment efficiencies, αD 

[PAH-

DNP] (nM) 

[NOM] 

(mgoc·L-1) 

[NOM]:[DNP] 

(mgoc·mgPAH-DNP
-1) 

POPC 0.46 mol% sLPS 0.46 mol% rLPS 6.4 mol% rLPS 

1 0 0 1.3 ± 0.3 1.1 ± 0.3 1.1 ± 0.2 0.7 ± 0.2 

1 5 1.33 1.8 ± 0.4 0.9 ± 0.3 1.6 ± 0.3 1.8 ± 0.3* 

a Attachment efficiencies were calculated as the ratio of the initial attachment rate to the indicated bilayer to the attachment rate to 

SiO2 (rd/rd,SiO2). Attachment experiments were conducted in 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES at 25 °C. Initial 

rates are for the first 30 s of PAH-DNP or NOM attachment to the indicated surface ratioed to the initial attachment rate to SiO2. 

Values are means ± uncertainty of at least triplicate experiments. Abbreviations: POPC, 1-palmitoyl-2-oleoyl-sn-glycero-3-

phosphocholine; rLPS, rough lipopolysaccharide; sLPS, smooth lipopolysaccharide. Significance of differences relative to the 

attachment efficiency of PAH-DNP in the absence of NOM for each surface: *, p <0.05. 
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Table A2.3. Initial change in dissipation for (NOM/)PAH-DNP or NOM deposition to the POPC bilayers containing the indicated 

amount of rough or smooth lipopolysaccharides or to silica.a 

   change in dissipation, ΔD5 (×10-6) 

[PAH-DNP] 

(nM) 

[NOM] 

(mgoc·L-1) 

[NOM]:[DNP] 

(mgoc·mgPAH-DNP
-1) 

POPC 0.46 mol% 

sLPS 

0.46 mol% 

rLPS 

6.4 mol% 

rLPS 

SiO2 

1 0 0 0.3 ± 0.1 0.2 ± 0.09 0.3 ± 0.2 0.06 ± 0.06 0.2 ± 0.06 

1 5 1.33 0.4 ± 0.09  0.3 ± 0.2  0.5 ± 0.08 0.6 ± 0.2  0.6 ± 0.04  

1 30 8 0.1 ± 0.2 0.0 ± 0.1 0.0 ± 0.1 — — 

— 5 — 0.01 ± 0.06 — 0.04 ± 0.08 — — 

— 30 — -0.3 ± 0.4 0.1 ± 0.2 0.01 ± 0.09 — — 

a Attachment experiments were conducted in 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES at 25 °C. Initial rates of 

dissipation change are for the first 30 s of PAH-DNP or NOM attachment to the indicated surface. Values are means ± standard 

deviations of at least triplicate experiments. Abbreviations: POPC, 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine; rLPS, rough 

lipopolysaccharide; sLPS, smooth lipopolysaccharide.  
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Table A2.4.  Ratio of initial change in dissipation to initial change in frequency for (NOM/)PAH-DNP or NOM deposition to the 

POPC bilayers containing the indicated amount of rough or smooth lipopolysaccharides or to silica.a 

   –ΔD5/(Δƒ5/5) (× 10-6) 

[PAH-DNP] 

(nM) 

[NOM] 

(mgoc·L-1) 

[NOM]:[DNP] 

(mgoc·mgPAH-DNP
-1) 

POPC 0.46 mol% 

sLPS 

0.46 mol% 

rLPS 

6.4 mol% 

rLPS 

SiO2 

1 0 0 0.1 ± 0.03 0.06 ± 0.04  0.1 ± 0.05 0.05 ± 0.05 0.07 ± 

0.02 

1 5 1.33 0.1 ± 0.07  0.1 ± 0.1  0.2 ± 0.03  0.2 ± 0.03  0.3 ± 0.03  

1 30 8 –0.1 ± 0.7 0.3 ± 0.8 0.0 ± 1.3 — — 

— 5 — –8 ± 16 — 0.6 ± 1.3 — — 

— 30 — –1.2 ± 1.2 –0.3 ± 0.6 0.2 ± 0.6 — — 

a Attachment experiments were conducted in 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES at 25 °C. Initial rates of 

dissipation and frequency change are for the first 30 s of PAH-DNP or NOM attachment to the indicated surface. Values are means 

± standard deviations of at least triplicate experiments. Abbreviations: POPC, 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine; 

rLPS, rough lipopolysaccharide; sLPS, smooth lipopolysaccharide.  
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Table A2.5. Change in frequency measured by QCM-D after 20 min attachment of (NOM/)PAH-DNP or NOM to the POPC bilayers 

containing the indicated amount of rough or smooth lipopolysaccharides or to silica.a 

   change in frequency, Δƒ5/5 (Hz) 

[PAH-DNP] 

(nM) 

[NOM] 

(mgoc·L-1) 

[NOM]:[DNP] 

(mgoc·mgPAH-DNP
-1) 

POPC 0.46 mol% 

sLPS 

0.46 mol% 

rLPS 

6.4 mol% 

rLPS 

SiO2 

1 0 0 –26 ± 1.9 –22.0 ± 3.1 –25 ± 2.0 –5 ± 1.9 –7.1 ± 0.8 

1 5 1.33 –120 ± 12 –90 ± 16 –110 ± 19 –120 ± 10 –78 ± 7.9 

1 30 8 –6.5 ± 0.7 –3 ± 1.2 –4 ± 1.1 — — 

— 5 — –1.4 ± 0.7 — –2 ± 1.3 — — 

— 30 — –4.5 ± 1.1 –1.7 ± 0.3 –3.9 ± 0.3 — — 

a Attachment experiments were conducted in 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES at 25 °C. All data are for the 

5th harmonic after 20 min of attachment. Values are means ± standard deviations of at least triplicate experiments. Abbreviations: 

POPC, 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine; rLPS, rough lipopolysaccharide; sLPS, smooth lipopolysaccharide.  
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Table A2.6. Change in dissipation measured by QCM-D after 20 min attachment of (NOM/)PAH-DNP or NOM to the POPC 

bilayers containing the indicated amount of rough or smooth lipopolysaccharides or to silica.a 

   change in dissipation, ΔD5 (×10-6) 

[PAH-DNP] 

(nM) 

[NOM] 

(mgoc·L-1) 

[NOM]:[DNP] 

(mgoc·mgPAH-DNP
-1) 

POPC 0.46 mol% 

sLPS 

0.46 mol% 

rLPS 

6.4 mol% 

rLPS 

SiO2 

1 0 0 2.3 ± 0.1 1.7 ± 0.2 2.6 ± 0.2 0.4 ± 0.3 0.6 ± 0.04 

1 5 1.33 15 ± 4.1  15 ± 1.7  21 ± 2.8  22 ± 2.2  22 ± 1.4  

1 30 8 0.9 ± 0.2 0.2 ± 0.5 0.6 ± 0.05 — — 

— 5 — 0.2 ± 0.1 — 0.3 ± 0.04 — — 

— 30 — 0.6 ± 0.2 0.2 ± 0.1 0.6 ± 0.5 — — 

a Attachment experiments were conducted in 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES at 25 °C. All data are for the 

5th harmonic after 20 min of attachment. Values are means ± standard deviations of at least triplicate experiments. Abbreviations: 

POPC, 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine; rLPS, rough lipopolysaccharide; sLPS, smooth lipopolysaccharide. 
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Table A2.7.  Ratio of change in dissipation to change in frequency measured by QCM-D after 20 min attachment of (NOM/)PAH-

DNP or NOM to the POPC bilayers containing the indicated amount of rough or smooth lipopolysaccharides or to silica.a 

   –ΔD5/(Δƒ5/5) (× 10-7) 

[PAH-DNP] 

(nM) 

[NOM] 

(mgoc·L-1) 

[NOM]:[DNP] 

(mgoc·mgPAH-DNP
-1) 

POPC 0.46 mol% 

sLPS 

0.46 mol% 

rLPS 

6.4 mol% 

rLPS 

SiO2 

1 0 0 0.9 ± 0.01 0.8 ± 0.02 1.0 ± 0.04 0.8 ± 0.3 0.9 ± 0.1 

1 5 1.33 1.3 ± 0.2 1.7 ± 0.4 1.9 ± 0.4 1.8 ± 0.1 2.8 ± 0.3 

1 30 8 1.4 ± 0.3 0.8 ± 2.0 1.6 ± 0.3 — — 

— 5 — 2.2 ± 1.6 — 3.1 ± 3.2 — — 

— 30 — 1.3 ± 0.2 0.9 ± 0.6 1.4 ± 0.07 — — 

a Attachment experiments were conducted in 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES at 25 °C. All data are for the 

5th harmonic after 20 min of attachment. Values are means ± standard deviations of at least triplicate experiments. Abbreviations: 

POPC, 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine; rLPS, rough lipopolysaccharide; sLPS, smooth lipopolysaccharide. 
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Table A2.8. Acoustic surface mass densities measured by QCM-D after 20 min attachment of (NOM/)PAH-DNP or NOM to the 

POPC bilayers containing the indicated amount of rough or smooth lipopolysaccharides or to silica a 

   Acoustic surface mass density, ΔΓQCM-D (ng·cm-2) 

[PAH-DNP] 

(nM) 

[NOM] 

(mgoc·L-1) 

[NOM]:[DNP] 

(mgoc·mgPAH-DNP
-1) 

POPC 0.46 mol% 

sLPS 

0.46 mol% 

rLPS 

6.4 mol% 

rLPS 

SiO2 

1 0 0 470 ± 33 400 ± 55 460 ± 36 90 ± 34 130 ± 14 

1 5 1.33 2110 ± 

210**** 

 1600 ± 

290**** 

2000 ± 

250**** 

2100 ± 

190**** 

1400 ± 

140**** 

1 30 8 120 ± 12**** 50 ± 22**** 70 ± 19**** —**** — 

— 5 — 25 ± 13*** —* 30 ± 24** —**** — 

— 30 — 80 ± 21* 30 ± 6* 70 ± 6** —**** — 

a Attachment experiments were conducted in 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES at 25 °C. All data are for the 

5th harmonic after 20 min of attachment. Values are means ± standard deviations of at least triplicate experiments. Abbreviations: 

POPC, 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine; rLPS, rough lipopolysaccharide; sLPS, smooth lipopolysaccharide. 

Significance of differences relative to the acoustic surface mass density of PAH-DNP in the absence of NOM for each surface: *, p 

< 0.05; **, p <0.01; ***, p <0.001; ****, p <0.0001. 
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Table A2.9. Acoustic surface mass densities measured by QCM-D after 20 min attachment of free PAH polymer and (NOM/)PAH-

DNP or NOM to the POPC bilayers containing the indicated amount of rough or smooth lipopolysaccharides after being pre-

exposed to PAH polymer.a 

    Acoustic surface mass density, ΔΓQCM-D (ng·cm-2) 

[PAH-

DNP] (nM) 

[NOM] 

(mgoc·L-1) 

[NOM]:[DNP] 

(mgoc·mgPAH-DNP
-1) 

[PAH] 

polymer

(mg·L-1) 

POPC 0.46 mol% 

sLPS 

0.46 mol% 

rLPS 

6.4 mol% 

rLPS 

— — — 4.7 54 ± 4  80 ± 10 80 ± 22 40 ± 15**** 

1 0 0 — 500 ± 30 410 ± 97 260 ± 50 — 

1 5 1.33 — 1570 ± 

86**** 

 1300 ± 480 1200 ± 311**** 90 ± 18 

1 30 8 — 128 ± 7 120 ± 13 150 ± 18 150 ± 18 

— 5 — — 80 ± 25 76 ± 9 80 ± 18 130 ± 13 

— 30 — — 133 ± 2 149 ± 7 180 ± 14 144 ± 7 

 a Attachment experiments were conducted in 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES at 25 °C. The bilayers were 

formed as previously described and 4.7 mg·L-1free PAH polymer was flowed over the bilayers prior to the exposure to PAH-DNPs, 

NOM, or PAH-DNP and NOM. All data are for the 5th harmonic after 20 min of attachment. Values are means ± standard deviations 

of at least triplicate experiments. Significance of differences relative to the acoustic surface mass density of PAH-DNP without 

prior exposure to PAH polymer (Table S5): ****, p <0.0001. Abbreviations: POPC, 1-palmitoyl-2-oleoyl-sn-glycero-3-

phosphocholine; rLPS, rough lipopolysaccharide; sLPS, smooth lipopolysaccharide; PAH, poly(allylamine hydrochloride).  
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A2.4 Supplemental Figures 

 
[PAH-DNP] 

(nM) 

[NOM] 

(mgoc·L-

1) 

NOM-to-DNP 

ratio (mgoc·mgPAH-

DNP
-1) 

Absorbance 

at 320 nm 

[NOM] in 

supernatant 

(mgoc·L-1) 

1 10 2.67 0.011 ± 0.001 1.7 ± 0.1 

1 30 8 0.16 ± 0.0004 21.8 ± 0.1 

 

Figure A2.1.  (a) Absorbance of chromophoric NOM between 280 and 800 nm and (b) 

absorbance of chromophoric SRNOM at 320 nm as a function of NOM concentration. Error bars 

represent one standard deviation of three measurements and fall within the data points depicted. 

The line of best fit of this plot was used to quantify (c) the amount of NOM remaining in the 

supernatant of the 2.67 and 8 mgoc·mgPAH-DNP
-1 samples. Standard deviations are for three 

measurements. The limit of detection for this study was 0.2 mgoc/L NOM. Experiments were 

conducted in 0.025 M NaCl buffered to pH 7.4 with 0.002 M HEPES at 25 °C. Absorbance at 

320 nm of samples containing PAH-DNP and NOM in buffer were referenced to PAH-DNP in 

buffer that had undergone the same centrifugation steps as the samples to eliminate any 

interference on the measurements by HEPES or free PAH polymer in solution. 

  



141 

 

 

 

 

Figure A2.2. Chemical structures of (a) poly(allylamine HCl) used to functionalize the 

nanodiamond, (b) 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC), (c) the general 

structure of lipopolysaccharide (LPS) from a Gram-negative bacteria. Smooth LPS molecules 

contain Lipid A, core oligosaccharide, and an outermost O-polysaccharide chain, whereas rough 

LPS molecules lack this outermost domain. Lipid A is comprised of four to seven acyl chains 

(depending on bacterial species) connected to two phosphorylated glucosamine residues and 

anchors the molecule in the outer membrane. The core oligosaccharide is covalently linked to 

Lipid A, contains two or three 2-keto-3-deoxy-D-manno-octonate (Kdo) repeat units and is 

otherwise composed of 3-deoxy-D-mannooctulosonic acid, hexose, and heptose residues.7-9 O-

polysaccharide in smooth LPS is primarily made up of hexoses. 

  



142 

 

 

 

 

Figure A2.3.  (a) Hydrodynamic diameters and (b) apparent ζ-potential values of phospholipid 

vesicles of POPC or POPC with the indicated mole percentage of either rough (green) or smooth 

(blue) LPS. Samples were 0.125 mg/mL concentration of vesicles in 0.002 M HEPES, 0.001 M 

NaCl, pH 7.4. Error bars represent one standard deviation of five measurements. Letters indicate 

significant differences within hydrodynamic diameters or apparent ζ potentials (p<0.001). 
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Figure A2.4. Quartz crystal microbalance enables in situ observation of the formation of a 

supported lipid bilayer and monitoring of the interaction between nanoparticles and these model 

bilayers. A typical experiment consists of the steps illustrated in the figure: (1) the SiO2-coated 

sensor crystal is equilibrated in background solution (0.150 M NaCl buffered to pH 7.4 with 

0.002 M HEPES); (2) once a stable baseline is reached, vesicles in the same solution are 

introduced causing a drop in frequency corresponding to an increase in mass; (3) a critical 

surface concentration of vesicles is attained, at which point the vesicles fuse and rupture 

releasing internalized water and a loss of mass; the bilayer is rinsed with vesicle-free solution; 

buffer (first 0.002 M HEPES, 0.150 M NaCl, pH 7.4, followed by 0.002 M HEPES, 0.025 M 

NaCl, pH 7.4) to remove any loosely bound vesicles; (4) once a stable baseline is achieved, (5) 

nanoparticles or nanoparticles + NOM in 0.002 M HEPES, 0.025 M NaCl, pH 7.4 are introduced 

for 20 min; and (6) the reversibility of these interactions are monitored by rinsing with 

NP/NP+NOM free solution. Dashed lines in the figure indicate a change in solution conditions. 
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Figure A2.5. Transmission electron micrograph of PAH-DNP particles show a non-spherical 

morphology. 
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A3. Supporting Information for Chapter 3: Quaternary-Amine Terminated Quantum Dots 

Induce Structural Changes to Supported Lipid Bilayers 

A.3.1 Supplemental Figures 

 

Figure A3.1. Representative transmission electron micrograph of the PDDA-QDs used in this 

study. 
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Figure A3.2. Time lapse images of DOPC bilayer (a) before and (b) after treatment with buffer 

instead of PDDA-QDs show that there are no structural changes observed over time. Time lapse 

images of 60/20/20 mol% DOPC/SM/Chol bilayer (c) before and (d) after treatment with buffer 

instead of PDDA-QDs show that there are no structural changes observed over time. The bilayer 

imaged later in time is not the same exact spot that the beginning image was taken at; however, 

multiple spots were analyzed and no features similar to those seen upon interaction with PDDA-

QDs were observed. Scale bars are 2 µm. Z scale applies to all images. The time on each image 

indicates how much time the bilayer had been introduced to the QD-free buffer rinse.  
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Figure A3.3. Time lapse images of 60/20/20 mol% DOPC/SM/Chol bilayer after exposure to 1 

wt% PDDA polymer (average Mw 200,000-350,000 Da). The red arrow is to guide the reader’s 

eye to the disappearance of the phase-segregated domains. Black arrows indicate the scan 

direction of the image. Scale bars are all 2 µm. Z scale applies to all images. The time on each 

image indicates how much time the bilayer had been introduced to the polymer prior to the 

image being captured.  
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A4. Supporting Information for Chapter 4: Atomic Force Microscopy of Phase-segregated 

Domain Bilayers: Considerations for Examining Bilayers across Multiple Techniques  

A4.1. Matlab code for analysis for force-distance curves by AFM 

The following Matlab code was written to analyze the breakthrough force from text files of force 

as a function of distance. In the section to follow, the Matlab code is given in Courier new font, 

whereas the annotation of the code is listed above the commands. The code without annotation is 

at the end.  

 The folder where the text files are located was designated (“folderName”):  

folderName = 'VO256_PS050356' 

In this case “VO256_PS050356” was the name of the file where the text files to be analyzed 

were saved. Force-distance curves were exported as text files from Nanoscope Analysis 1.8 

(Bruker). This was done by selecting the files of interest in the browse data, right clicking, and 

saving the files as ACSII files. Channel 1 (deflection error) and channel 4 (height sensor) were 

saved (Note: ensure that “display units” and “extend” are checked). The output unit for force is 

picoNewtons. 

 A file name where the values of the force breakthrough are to be saved was specified 

(“dataname”). In this case “Forcebreakthroughoutput” was used as the final name of the text file 

that listed both the file name of the original text file (of force vs. distance) and the associated 

breakthrough force: 

dataName = 'ForceBreakthroughoutput'; 
 

A list of file names (text files of force vs. distance curves) was generated from the text files 

found in the folder designated by “folderName”: 

fileList = dir(folderName); 

 

The last number in the file list was specified to give the number of iterations for the for loop: 
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last = numel(fileList); 

 

A cell array was preallocated to fill the output text file with the corresponding text file name (of 

force vs. distance) and the force breakthrough value: 

peaks = cell(last,2); 

 

Below starts the for loop to calculate the force breakthrough values. First a number of iterations 

of the for loop is set, where “3” is the first entry and “last” is the last entry: 

for j = 3:last 

 

The data from the file list associated with the file name was read: 

C = importdata([folderName,'\',fileList(j).name]); 
 

The x data (displacement in nanometers from the force-distance curves) were read from the text 

file (column 3): 

nm = C.data(:,3); 

 

The y data (force in picoNewtons from the force-distance curves in the Bruker files) were read 

from the text file (column 2): 

pN = C.data(:,2); 

 

A plot of force vs. distance can be generated, if desired: 
     

plot(nm,pN) 

 

One half of the points in the file (which were part of the flat baseline where no tip-sample 

interaction was observed) were used to estimate the background in the curves. The total number 

of ordered pairs in the file was designated as “length”:  

length = numel(pN); 

 

and the number of ordered pairs used in the baseline correction was given as “center”: 

center = round(1*length/2); 

 

The flat portion of the curve from the first point to “center” was fit with a first-order polynomial: 

f = fit(nm(1:center),pN(1:center),'poly1'); 
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The background level for the y values (force) associated with each inputted x value (distance) 

was determined: 

background = f(nm); 

 

The background was subtracted from the y (force) values above and the variable “pN” was 

renamed to be the force value with the background subtracted: 

pN = pN - background; 

 

The first derivative of the force value was found: 

derv = diff(pN); 

 

If desired, the first derivative can be plotted: 

plot(derv); 

 

The second derivative was then taken: 

secDerv = diff(derv); 

 

Again, if desired the second derivative can also be plotted:  

plot(secDerv); 

 

The minimum value in the second derivative (“M”) was determined; “I” is the index of the 

minimum values and indicates where the minimum of the second derivate is located within the 

vector: 

[M,I] = min(secDerv); 

 

“I” is located close to the local maximum of force values, which is equal to the desired force 

breakthrough value (“Forceb”): 

Forceb = max(pN(I-2:I+2)); 

 

The Bruker file name was inputted into the first column and the “jth” row of our cell array 

“peaks”: 

peaks(j,1) = cellstr(fileList(j).name); 
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and the maximum breakthrough force was inputted into the second column and the “jth” row of 

our cell array “peaks”: 

peaks(j,2) = num2cell(Forceb); 
 

and the for loop was ended: 

end 

  

 A table was generated from the cell array: 

 
peakTable = cell2table(peaks); 

 

and finally turn that table was converted into a text file: 

writetable(peakTable,dataName) 

 

The non-annotated code can be found below for direct copy into Matlab: 

folderName = 'VO256_PS050356'; 
dataName = 'ForceBreakthroughoutput'; 
fileList = dir(folderName); 
last = numel(fileList); 
peaks = cell(last,2); 

for j = 3:last 
C = importdata([folderName,'\',fileList(j).name]); 
nm = C.data(:,3); 
pN = C.data(:,2); 
plot(nm,pN) 
length = numel(pN); 
center = round(1*length/2); 
f = fit(nm(1:center),pN(1:center),'poly1'); 
background = f(nm); 
pN = pN - background; 
derv = diff(pN); 
plot(derv); 
secDerv = diff(derv); 
plot(secDerv); 
[M,I] = min(secDerv); 
Forceb = max(pN(I-2:I+2)); 
peaks(j,1) = cellstr(fileList(j).name); 
peaks(j,2) = num2cell(Forceb); 
end 

peakTable = cell2table(peaks); 
writetable(peakTable,dataName) 
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A4.2. Supplemental Figures 

 

Figure A4.1. (a) atomic force microscopy image shown in Figure 4.2c on mica and (b) 

corresponding outlined mask creating using FIJI to determine the average perimeter, area, and 

fractional coverage by phase-segregated domains. 
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A.7. Contributions to other work 

Throughout my time in graduate school with the Center for Sustainable Nanotechnology I have 

had the opportunity to contribute to various collaborative projects with my different groups 

across the country. Below I highlight my contributions to various published works and 

manuscripts in preparation. 

A.7.1. Published work 

Pham, S.N.*, Kuether, J.*, Gallagher, M., Tapia Hernandez, R.*, Williams, D.N., Zhi, B., 

Mensch, A.C., Hamers, R.J., Rosenzweig, Z., Fairbrother, H., Krause, M.O.P, Feng, Z.V., 

Haynes, C.L. Carbon dots: a modular activity to teach fluorescence and nanotechnology at 

multiple levels, J. Chem. Ed., 2017, 94, 1143-1149. 

 The goal of this work was to introduce the synthesis and characterization of nanosize 

carbon dots at various educational levels – from high school to upper-division college level. This 

work was initially presented in the form of a blog post for Sustainable-nano.com. As an editor of 

the blog, I received the draft and quickly realized the greater potential of the activity. I proposed 

that we reformat the blog post into a manuscript and in doing so made intellectual contribution in 

the form of helping to draft and organize the ideas into a manuscript was well as providing edits 

and feedback for subsequent drafts. 

Hang, M.N., Gunsolus, I.L., Wayland, H.*, Melby, E.S., Mensch, A.C., Hurley, K.R., Pedersen, 

J.A., Haynes, C.L., Hamers, R.J. Impact of nanoscale lithium nickel manganese cobalt oxide 

(NMC) on the bacterium Shewanella oneidensis MR-1. Chemistry of Materials. 2016, 28 (4), 

1092-1100. 

 The goal of this work was to understand to study the impact of nanoscale lithium nickel 

manganese cobalt oxide (NMC), a widely used cathode material in lithium-ion batteries, on the 
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Gram-negative bacterium Shewanella oneidensis MR-1. The major finding of this work was that 

incongruent dissolution of NMC nanomaterials led to toxicity to S. oneidensis. To fully 

understand these interactions, the nanosheets needed to be characterized with various techniques. 

The sheet-like nature of these materials, made characterization more difficult. I contributed to the 

characterization of these materials by performing atomic force microscopy imaging and 

subsequent size analysis. This lead to size characterization of the nanosheets being 0.88 ± 0.61 

nm in height as determined by height analysis across 125 individual nanosheets. A representative 

image and line scan were published as supporting information in this manuscript and are 

summarized in Figure A7.1. 
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Figure A7.1. (a) Representative AFM image of NMC nanoparticles deposited on freshly cleaved 

mica. (b) Representative AFM height profile measured across individual NMC nanosheets. 
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Melby, E.S., Mensch, A.C., Lohse, S.E., Hu, D., Orr, G., Murphy, C.J., Hamers, R.J., Pedersen, 

J.A. Formation of supported lipid bilayers containing phase-segregated domains and their 

interaction with gold nanoparticles. Environmental Science: Nano. 2016, 3, 45-55. 

 The goal of this work was to study the interactions between gold nanoparticles, 

functionalized with cationic or anionic ligands, and supported lipid membranes containing phase-

segregated domains. We varied the composition of the bilayers by using different molar ratios of 

DOPC, cholesterol, and sphingomyelin. This was the first demonstration of these model bilayer 

systems being formed on quartz crystal microbalance with dissipation monitoring sensors, which 

have a silica coating on them. To provide supporting evidence that these membranes containing 

phase-segregated domain formed on silica surfaces I provided complementary atomic force 

microscopy imaging and analysis of membranes with and without phase-segregated domains on 

ultraflat SiO2 surfaces. I observed as the amount of cholesterol and sphingomyelin were 

increased the amount of observed phase-segregated domains also increased. We quantified the 

fractional coverage of the domains by fitting histogram data of height distributions to a Gaussian 

distribution and dividing the area of the higher height distribution (the domains) by the total area 

of the image. I provided two figures, along with the appropriate description of methods and 

interpretation of data as contribution to this work. This work also provided the basis for bilayers 

characterized and investigated in Chapters 3 and 4 of this thesis. 

  



158 

 

 

 

 

Figure A7.2. Atomic force microscopy confirms (A) the presence of distinct Lo and Ld phases 

with (B) the expected ~1 nm height difference between phases in a supported lipid bilayer 

consisting of 60/20/20 mol% DOPC/SM/Chol. (C) The coverage of Lo domains was determined 

by fitting the AFM height distribution. Scale bar is 2 µm. AFM images of other compositions 

investigated are provided in Figure A7.3. 
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Figure A7.3. (A) Tapping mode AFM images of supported lipid bilayers formed from the 

indicated molar ratios of DOPC, SM, and Chol. (B) Representative line scans next to the images 

show the height difference between Lo and Ld phases to be ~1 nm. (C) Histograms showing the 

two distinct height regions. Fractional coverage estimates based on fitting the Lo domain peak at 

(~2 nm) in the histogram and determining a fractional area coverage are listed for the 40/30/30, 

60/20/20, and 70/15/15 mol% DOPC/SM/Chol combinations. No phase-segregated domains 

were visible at 80/10/10 or pure DOPC composition. Scare bars are 2 µm and the z-axis applies 

to all images. 
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Troiano, J.M., Olenick, L.L, Kuech, T.R., Melby, E.M., Hu, D., Lohse, S.E., Mensch, A.C., 

Dogangun, M., Vartanian, A.M., Torelli, M.D., Ehimiaghe, E.*, Walter, S.R., Anderton, C.R., 

Zhu, Z., Wang, H., Orr, G., Murphy, C.J., Hamers, R.J., Pedersen, J.A., Geiger, F.M. Direct 

probes of 4 nm diameter gold nanoparticles interacting with supported lipid bilayers. Journal of 

Physical Chemistry C. 2015, 119, 534-546. 

 The goal of this work was to use complementary analytical methods, including second 

harmonic generation spectroscopy, sum frequency generation spectroscopy, quartz crystal 

microbalance with dissipation, fluorescence spectroscopy, nuclear magnetic resonance 

spectroscopy, X-ray photoelectron spectroscopy, time-of-flight secondary ion mass 

spectrometry, and atomic force microscopy to investigate the interactions between supported 

lipid bilayers and gold nanoparticles. We showed that both anionic and cationic gold 

nanoparticles interact irreversibly with pure DOPC and 9:1 mixtures of DOPC:DOTAP 

membranes. I contributed to this work by optimizing atomic force microscopy under flow 

conditions to corroborate the results demonstrated by the other techniques listed. By matching 

the conditions of the other techniques we were able to make stronger arguments for our 

observations and conclusions. I contributed AFM images to two figures in the main text of the 

manuscript along with the methods and interpretation associated with them.  
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Figure A7.4. (A) Total acoustic mass gain, evaluated by QCM-D, for conditions indicated. (B) 

Formation of supported lipid bilayers from vesicles formed from 9:1 mixtures of DMPC/DMPG 

(solid line) and DOPC/DOTAP (dashed line) probed by QCM-D at 0.1 M NaCl. The small 

decrease in mass in the 9:1 DMPC:DMPG bilayer commencing at 1000 s is most likely due to 

the removal of loosely attached intact vesicles during rinsing with Ca2+-free solution. (C-D) 

AFM (5×5 µm2) images of bilayers formed from DMPC/DMPG and DOPC/DOTAP at 0.1 M 

NaCl. (E) Normalized ssp-polarized SFG spectra of supported lipid bilayers at pH 7.4 and in the 

presence of 0.01 M Tris (gray) for 0.001 (green) and 0.1 (red) M NaCl using vesicles formed 

from 9:1 DMPC/DMPG (top pair) and DOPC/DOTAP (bottom pair) mixtures. 
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Figure A7.5. (A) Acoustic mass gains determined by QCM-D upon 60 min exposure of a 

supported lipid bilayer formed from a 9:1 mixture of DOPC and DOTAP to 12.8 nM positively 

charged PAH-coated and negatively charged MPA-coated 4-nm spherical AuNPs in 0.01 M Tris 

buffer and 0.1 M NaCl at pH 7.4. (B-C) Topography image of bilayers formed from a 9:1 

mixture of DOPC and DOTAP in 0.01 M Tris, 0.1 M NaCl, pH 7.4 on an ultra-flat thermal SiO2 

substrate wafer before (B) and after (C) exposure to MPA-AuNPs (10 nM). Images from the 

same experiment carried out on a freshly prepared bilayer and adjusted to the same scale. (D) 

Normalized ToF-SIMS spectra of 9:1 DOPC:DOTAP bilayer before (bottom) and after (top) 

interaction with 1 nM MPA-AuNPs at room temperature and in 0.1 M NaCl and pH 7.4 (0.01 M 

Tris buffer) and subsequently rinsed with buffer. Bilayer samples were prepared in and then 

removed from the flow cell following rinsing and allowed to dry prior to analysis. 
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A.7.2 Work in preparation 

Kuech, T. R.; Torelli, M. D.; Melby, E. S.; Mensch, A. C.; Orr, G.; Hamers, R. J.; Pedersen, J. 

A. Interaction of cationic polymer-functionalized diamond nanoparticles with supported lipid 

bilayers, in preparation. 

 The goal of this work was to understand how changing the cationic polymeric wrapping 

on nanodiamond impacted the subsequent interactions with supported lipid bilayers of various 

composition. The main technique used to study these interactions was quartz crystal 

microbalance with dissipation monitoring. However, I also provided complementary atomic 

force microscopy imaging of the bilayers before and after interaction with functionalized 

nanodiamond to provide a visual of the structural impact of these nanomaterials. This 

contribution took the form of an image in the main text in addition to the necessary methods and 

interpretation of the data. 
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Figure A7.6. AFM of bilayers before and after exposure to PAH-ND with increasing DOPG 

concentration. Bilayers were imaged after 20 min of PAH-ND attachment. The last row of 

images is for 8:2 DOPC:DOPG at 0.01 M NaCl. The amount of particles attached to bilayers 

decreases as DOPG concentration increases, while the 8:2 DOPC:DOPG image at 0.01 M NaCl 

shows further reduced attachment. AFM images were taken at the same spot on each sample 

prior to particle introduction and after particle attachment and rinsing. Measurements were 

repeated in triplicate for all bilayers imaged. 
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Torelli, M. D.; Putans, R. A.; Mensch, A. C.; Pedersen, J. A.; Hamers, R. J. Effects of protein 

charge and material conductivity on non-specific binding of proteins to oligo(ethylene glycol)-

functionalized surfaces. ACS Appl. Mater. Interfaces. (revision request 01/05/17) 

 The goal of this work was to investigate how the charge of proteins and the electronic 

properties of two materials (gold and diamond) contribute to surfaces resisting the non-specific 

binding of proteins. To do this both gold and diamond were functionalized with hexaethylene 

glycol and the binding of three different small proteins of various net charge was quantified. To 

ensure that we had a starting monolayer on the diamond surface, which are less well studied than 

monolayers on gold, I conducted AFM “nano-shaving” experiments on the diamond 

functionalized with hexaethylene glycol and verified that a monolayer was present on the 

diamond. We also wanted to compare the starting roughness of the two different substrates, so 

RMS measurements were made using AFM. These measurements took the form of an image in 

the supporting information of the manuscript. 
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Figure A7.7. AFM analysis of surfaces prior to use. a) Ultrananocrystalline diamond thin film 

(RMS = 7.63 nm), b) Evaporated gold on Ti adhesion layer (RMS = 1.35 nm). After 

functionalization c) “nanoshaving” experiment on EG6-OH functionalized ultrananocrystalline 

diamond (monolayer thickness = 3.4 nm).  
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Zhi, B.; Gallagher, M. J.; Frank, B. P.; Lyons, T. Y.; Qui, T. A.; Da, J.; Mensch, A. C.; Hamers, 

R. J.; Rosenzweig, Z.; Fairbrother, D. H.; Haynes, C. L. Investigation of phosphorous doping 

effect on polymeric carbon dots: fluorescence, photo stability and environmental impact, in 

preparation. 

 The goal of this work is to understand the impact that phosphorus doping has on the 

properties of nitrogen-doped polymeric carbon dots, specifically their fluorescence behavior, 

photostability, and toxicity towards the bacterium Shewanella oneidensis. To fully understand 

the properties of these materials they needed to be thoroughly characterized. I contributed to the 

size analysis of the particles using atomic force microscopy to corroborate size analysis done by 

transmission electron microscopy. Particularly, AFM can provide a height of the particles, 

whereas TEM is only two dimensions. We found that the citric acid carbon dots had a height of 

~3.7 nm, whereas the malic acid carbon dots had a height of 3.5 nm. This information took the 

form of a figure in the supporting information of the manuscript in preparation.  
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Figure A7.8. AFM images of (a) CACDs and (b) MACDs, particle height distribution of (c) 

CACDs and (d) MACDs 
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Olenick, L. L.; Troiano, J. M.; Vartanian, A. M.; Melby, E. S.; Mensch, A. C.; Zhang, L.; Qiu, 

T. A.; Bozich, J. S.; Lohse, S. E.; Zhang, X.; Kuech, T. R.; Millevolte, A.; Gunsolus, I. L.; 

McGeachy, A. C.; Dongangun, M.; Hu, D.; Walter, S. R.; Mohaimani, A.; Schmoldt, A.; Torelli, 

M. D.; Hurley, K. R.; Dalluge, J.; Chong, G.; Feng, Z. V.; Haynes, C. L.; Hamers, R. J.; 

Pedersen, J. A.; Cui, Q.; Hernandex, R.; Klaper, R. D.; Orr, G.; Murphy, C. J.; Geiger, F. M. 

Lipid corona formation from nanoparticle interactions with membranes, in preparation. 

 The goal of this work was to investigate the acquisition of a lipid corona upon interaction 

between polycationic nanoparticles and supported and suspended lipid bilayers. This work was 

extended to include biological assays to demonstrate how the removal of lipids from a membrane 

may impact the survival of organisms. This work contained a large array of experimental and 

computational analytical techniques to probe the acquisition of a lipid corona. I conducted single 

molecule tracking experiments at Pacific Northwest National Laboratory in collaboration with 

Julianne Troiano, Eric Melby, Dehong Hu, and Galya Orr to contribute to this work. We showed, 

by single molecule fluorescence microscopy, that cationic nanoparticles changed the fluidity of 

supported lipid bilayers by tracking the diffusion of individual lipid molecules. The diffusion 

coefficient of individual lipids increased from 0.0095 ± 0.0062 to 0.035 ± 0.011 µm2 s-1, after 

interaction with PAH-AuNPs. This work along with the other analytical techniques contributed 

to the idea of a “lipid corona.” It is presented in the draft of the manuscript as a figure of single 

molecule trajectories before and after nanoparticle exposure. 
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Figure A7.9. Lipid diffusion is altered by interaction with PAH-wrapped nanoparticles. 

Trajectories of individual Atto 647N DOPE lipid molecules in a 9:1 DMPC:DMPG bilayer. 

Reconstructed lipid trajectories before (a) and after (b) the addition of 1 nM PAH-AuNPs. Colors 

indicate lateral diffusion coefficients [DL, µm2s-1] for individual lipid molecules.  

 


