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Abstract

The nervous system is organized in neural circuits that regulate behaviors from
simple reflexes to complex traits like learning and memory. These circuits are
defined by their synaptic connections where information is transferred from one
neuron to another. Each synapse — composed of a presynaptic active zone where
neurotransmitter-filled synaptic vesicles are released in response to an action
potential and a postsynaptic specialization where neurotransmitter receptors are
clustered — is a finely-tuned machine that is independently regulated and
modulated throughout the life of the neuron. I am interested in elucidating the
molecular mechanisms that underlie the regulation of synapse formation, growth
and plasticity. In pursuit of these goals, I have worked to characterize the
function of Fife, a conserved active zone scaffolding protein, in neurotransmitter
release. This work, described in chapters one and two, demonstrates a role in
organizing the presynaptic active zone to tightly couple Ca2+ channels and
synaptic vesicles, a critical parameter for modulating neurotransmitter release
probability. I have also developed new genome engineering techniques to
facilitate our studies of synaptic function. Chapters three and four describe my
work developing the CRISPR-Casg system in Drosophila for generating targeted
modifications, deletions and insertions in a robust and efficient way. Finally,
chapter five describes my work applying the CRISPR-Casg system to
endogenously tag presynaptic proteins for understanding Ca2+ channel
localization and the establishment of distinct release parameters at individual

active zones of single neurons.
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Section 1

Characterizing the role of Fife in regulating neurotransmitter release.

Our lab performed an RNAi screen of PDZ-domain containing genes to discover
structural proteins important for the organization and function of synapses. This
screen uncovered Fife, a conserved, but previously uncharacterized, active zone
constituent and positive regulator of neurotransmitter release. Upon
characterizing the full-length gene, we found that Fife bore significant sequence
similarity to Piccolo, an active zone protein previously thought to be exclusive to
mammalian synapses. This provided us a unique entry point into studies of the
functional conservation of the molecular mechanisms that control synaptic
function. In collaboration with Joseph Bruckner, a fellow graduate student in our
lab, I have worked to characterize Fife and its role at synapses. For chapter 1,
Joseph and I worked together to design and interpret the experiments. I helped
create null alleles of Fife, generated transgenic flies for localization and rescue
experiments, and performed the light-level phenotypic characterization Fife
neuromuscular junctions and of Fife localization. For chapter two, I participated
in experimental design and analysis. I performed superresolution imaging and
light-level analysis of Fife mutant active zones and Ca2* channel localization. In
ongoing experiments, I am performing live functional imaging of Ca2* influx in

Fife mutants to extend my analysis of Ca2+ channel levels.
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Abstract

Neuronal communication depends on the precisely orchestrated release of
neurotransmitter at specialized sites called active zones (AZs). A small number of
scaffolding and cytoskeletal proteins comprising the cytomatrix of the active zone (CAZ)
are thought to organize the architecture and functional properties of AZs. The majority of
CAZ proteins are evolutionarily conserved, underscoring the fundamental similarities in
neurotransmission at all synapses. However, core CAZ proteins Piccolo and Bassoon
have long been believed exclusive to vertebrates, raising intriguing questions about the
conservation of the molecular mechanisms that regulate presynaptic properties. Here,
we present the identification of a piccolo-rim-related gene in invertebrates, together with
molecular phylogenetic analyses that indicate the encoded proteins may represent
Piccolo orthologs. In accordance, we find that the Drosophila homolog, Fife, is neuronal
and localizes to presynaptic AZs. To investigate the in vivo function of Fife, we generated
a deletion of the fife locus. We find that evoked neurotransmitter release is substantially
decreased in fife mutants and loss of fife results in motor deficits. Through
morphological analysis of fife synapses, we identify underlying AZ abnormalities
including pervasive presynaptic membrane detachments and reduced synaptic vesicle
clustering. Our data demonstrate the conservation of a Piccolo-related protein in
invertebrates and identify critical roles for Fife in regulating AZ structure and function.
These findings suggest the CAZ is more conserved than previously thought, and open the
door to a more complete understanding of how CAZ proteins regulate presynaptic

structure and function through genetic studies in simpler model systems.



Introduction

Communication within neural circuits occurs primarily at chemical synapses comprising
an active zone (AZ) in the signal-sending cell and postsynaptic density (PSD) in the
signal-receiving cell. AZs are specialized sites for the regulated release of
neurotransmitter via Ca2*-dependent synaptic vesicle fusion. The cytomatrix of the active
zone (CAZ) comprises cytoskeletal and scaffolding proteins. This highly interconnected
molecular machine is thought to coordinate the organization of AZs and the docking and
priming of fusion-competent synaptic vesicles to establish release dynamics. In
vertebrates, core CAZ proteins include Piccolo, Bassoon, Rab3-interacting molecules
RIM1 and RIM2, UNC-13 and CAST (Jin and Garner, 2008). The Drosophila genome
encodes a CAST ortholog (Bruchpilot), UNC-13 (DUNC-13), and a single RIM (DRIM)
(Aravamudan et al., 1999; Wang and Sudhof, 2003; Wagh et al., 2006). In contrast,
homologs of the related Piccolo and Bassoon proteins have not previously been identified

in invertebrates.

Piccolo is a large scaffolding protein containing two N-terminal zinc finger (ZF) domains,
a large central region with three coiled-coil (CC) domains, and a C-terminal PDZ domain
— all of which mediate protein-protein interactions, as well as two C-terminal C2
domains (C2A and C2B) that confer lipid binding and Ca2* sensitivity to Piccolo function
(See Fig. 2B) (Wang et al., 1999; Fenster et al., 2000). Piccolo is related to Bassoon,
which shares its large size, ZF and CC domains, and to RIM-family proteins (Wang et al.,
1997; tom Dieck et al., 1998). Vertebrate genomes encode two full-length RIM proteins
containing ZF, PDZ, C2A and C2B domains with significant similarity to the

corresponding Piccolo domains.
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Studies of Piccolo function in mice have been inconclusive, with RNAi experiments
suggesting a unique role in synaptic vesicle recruitment and knockout studies indicating
a redundant role with Bassoon in organizing synaptic vesicle pools (Leal-Ortiz et al.,
2008; Mukherjee et al., 2010; Waites et al., 2011). Bassoon regulates AZ structure,
synaptic vesicle clustering/docking, and the localization of Ca2* channels at ribbon
synapses (Dick et al., 2003; Frank et al., 2010; Hallermann et al., 2010). Recent studies,
including the double knockdown of Piccolo and Bassoon in cortical neurons, suggest a
role in regulating vesicle dynamics at central synapses as well (Hallermann et al., 2010;
Mukherjee et al., 2010). RIM proteins play key roles in regulating vesicle docking and
priming and Ca2* channel clustering at both invertebrate and vertebrate synapses
(Koushika et al., 2001; Weimer et al., 2006; Gracheva et al., 2008; Deng et al., 2011; Han

et al., 2011; Kaeser et al., 2011; Stigloher et al., 2011).

Here we describe the identification of a Piccolo-RIM-related protein in invertebrates.
Through genetic studies in Drosophila, we demonstrate a critical role for the Drosophila
homolog, Fife, in determining the architecture and function of presynaptic terminals.
Expressed in neurons, Fife colocalizes with the CAZ protein Bruchpilot at AZs. Flies
lacking fife exhibit ultrastructural abnormalities at AZs and deficits in synaptic vesicle
clustering. Evoked neurotransmission is reduced to a third of wild-type levels at fife

NMJs and motor function is significantly impaired in the absence of fife.
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Materials and methods
Molecular characterization of fife
Genome annotations of the fife locus predicted three candidate genes: CG12187,

CG16976, and CG14950 (Tweedie et al., 2009). RT-PCR of products spanning the

junctions of the three candidate genes revealed that they are a single transcriptional unit.

Specifically, we purified wild-type RNA using the RNeasy Mini Kit (Qiagen). Following,
DNase digestion, isolated RNA was used to make cDNA with an Oligo(dT)., primer
(Invitrogen) and SuperScript III Reverse Transcriptase (Invitrogen) according to the
manufacturer’s protocol. The resulting cDNA was used as a template for PCR with
primer pairs spanning CG12187 to CG16976, CG12187 to CG14950, and CG16976 to
CG14950. To determine the full-length sequence of fife, we employed 5’ and 3° RACE
using RNA purified from flies at multiple developmental stages. To generate 1%t strand
cDNA tagged with specific sequences at the 5’ and 3’ ends, we conducted RNA ligase-
mediated rapid amplification of 5" and 3’ cDNA ends (RLM-RACE) with the GeneRacer
Kit (Invitrogen). Sequence analysis identified two previously unknown 5’ UTR exons and
confirmed that CG12187, CG16976 and CG14950 comprise a single gene. We also
identified alternative isoforms of fife that encode proteins lacking the C2B domain
(Isoform 2) and both C2 domains (Isoform 3). Note that since we conducted our analysis
of the fife locus, the Drosophila genome annotation has been independently updated to
reflect the link between the three candidate genes and the locus has been renamed

CG43395 (FB2012_ 04, released July 6th, 2012) (McQuilton et al., 2012).

Molecular phylogeny
Invertebrate Piccolo/Fife-related proteins were identified through BLAST searches
combined with genomic analysis to identify synteny in the arrangement of CG12187,

CG16976 and CG14950-related genes. Functional domains were identified and
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delineated using SMART and Pfam 25.0 (Schultz et al., 1998; Letunic et al., 2012; Punta
et al., 2012). We have so far not identified sequences related to C2B-encoding CG14950
in Anopheles gambiae. The Tribolium castaneum CG16976-related sequence lacks a 23-
amino acid conserved region of the C2A domain raising the possibility that an additional
exon may await identification. We used T-Coffee to align sequences (Notredame, 2010).
Phylogeny was determined from aligned sequences with gaps removed via maximum
likelihood (PhyML), neighbor joining (BioNJ) and bayesian inference (MRBayes)
(Ronquist and Huelsenbeck, 2003; Zelwer and Daubin, 2004; Guindon et al., 2005;

Dereeper et al., 2008). Confidence levels are based on 500 bootstrap replicates.

Fly stocks
The following lines were used: w8 (wild-type), C155-Gal4 (Lin and Goodman, 1994)
and Df(3L)BSC412 (Bloomington Drosophila stock center). All crosses were conducted at

25°C with 10 males and 10 females.

Generation of fife alleles

A line carrying a Minos element inserted 3’ of fife isoform 3 in a w8 background,
Mi{ET1}CG43375M810889 was generated by the Drosophila Gene Disruption Project and
obtained from the Bloomington Drosophila Stock Center (Bellen et al., 2011). We excised
the element as described except that the excision was performed with the Minos element
in trans to a fife deficiency chromosome (Metaxakis et al., 2005). Imprecise excisions
were identified and mapped by PCR and subsequent sequence analysis. To assess
transcripts in fifeex°27, we purified RNA from adult heads of w8 and fife®©>” and
generated cDNA as described above. The resulting cDNA was used as a template for PCR

with primers corresponding to fife exons 3 and 14, which flank the genomic excision
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event, and products sequenced. A primer pair for f-tubulin was included in these

reactions to serve as a loading control.

Transgenic flies
UAS-venus-fife flies were generated through Gateway cloning (Invitrogen) of the fife
isoform 1 coding sequence into the pBI-UASC-VG vector (Wang et al., 2012) and PhiC31

integration into the attP2 site.

In situ hybridization and immunohistochemistry

RNA in situ hybridization was performed as described in Lehmann and Tautz (1994).
NMJ dissections and antibody stains were performed as previously described (O'Connor-
Giles et al., 2008). We used the following antibodies: chicken anti-GFP at 1:500 (Abcam
#13790), mouse anti-Bruchpilot at 1:100 (NC82; generated by Erich Buchner and
available through the Developmental Hybridoma Studies Bank), and rabbit anti-GluRIIC
at 1:2500 (Marrus et al., 2004). Species-specific Alexa-488 and Alexa-568 secondary
antibodies (Invitrogen) were used at 1:500. Anti-HRP conjugated to Cy3 or Alexa Fluor

647 was used at 1:500 and 1:100, respectively (Jackson ImmunoResearch).

Confocal imaging and analysis

Confocal images were obtained on a Zeiss LSM510 and processed in the Fiji distribution
of ImageJ (Schindelin et al., 2012). Overall brightness and/or contrast were adjusted in
Photoshop. For morphological analysis, dissections were triple labeled for Brp, GIuRIIC,
and HRP and all genotypes were stained in the same dish. All genotypes for an individual
experiment were imaged with identical settings. A total of 8-9 NMJs from at least 6
animals were compared for each genotype. Data are presented as the mean + SEM of

three independent experiments. For consistency, analysis was limited to NMJ 4 in
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segment A3. To determine AZ/PSD area and intensity, non-synaptic structures including
axons were removed from the images using freehand selection and fill. Channels were
separated and a threshold was applied to remove irrelevant lower intensity pixels.
Separation of individual AZs and PSDs was facilitated by the Find Maxima tool in Fiji.
Intensity and area data were collected using the Analyze Particles tool. Results were
exported to Excel for analysis. HRP intensity and area were analyzed similarly except

that no segmentation was performed.

Electron microscopy and analysis
Third instar larvae were dissected and fixed overnight in 2% paraformaldehyde and 2.5%

glutaraldehyde in 0.1M sodium cacodylate buffer at 4°C. Samples were then washed in

I©

sodium cacodylate and postfixed in 2% osmium tetroxide for 1 hour at room temperature.

Following ethanol dehydration, samples were infiltrated and flat embedded in Epon
resin. Trimmed blocks were sectioned on a Leica EM UC6 ultramicrotome. Ultrathin
(grey-silver) sections were collected on pioloform-coated copper slot grids and stained
with uranyl acetate and Reynold’s lead citrate. Images were collected on either a Phillips
CM120 or JEOL 100CX transmission electron microscope. To quantify mean vesicle
density, total synaptic vesicles were counted in a central cross-section and bouton area
was measured in Fiji. The AZ was defined as the length of presynaptic membrane in close
opposition to a postsynaptic density. Total AZ length was measured summing the lengths
of five line segments tracing the curved presynaptic membrane. The distance of each
synaptic vesicle to the closest point on any of the five line segments was measured, and
vesicles within 200 nm were counted. Floating t bars and ruffling of the presynaptic

membrane were scored only when observable in at least two consecutive sections.

Electrophysiology



Third-instar larvae were dissected in Ca2+-free HL-3 saline (70 mM NaCl, 5 mM KCl, 20
mM MgCl,, 10 mM NaHCOs, 115 mM Sucrose, 5 mM Trehalose, 5 mM HEPES, pH 7.2).
For recordings, dissections were bathed in HL-3 containing 0.5 mM Ca2*. Using glass
microelectrodes filled with 3 M KCl, recordings of spontaneous miniature excitatory
junction potentials (mEJPs) and evoked potentials (EJPs) were obtained from muscle six
of the third abdominal segment. For each cell, 60 consecutive mEJPs were collected with
pClamp (Molecular Devices) and analyzed using MiniAnalysis (Synaptosoft). mEJPs
with slow rise times were excluded from the analysis as background from neighboring
muscles. mEJPs were then averaged to obtain mean amplitude and frequency. EJPs were
evoked by suctioning the cut end of the appropriate segmental nerve into a stimulating
electrode filled with bath solution and applying stimulus at half-second intervals. For
each cell, stimulus amplitude was adjusted so that both the 1s and 1b nerve inputs were
recorded, and EJPs were analyzed in pClamp to determine mean EJP amplitude. All cells
measured had a mean resting potential between -60 and -80 mV and input resistance

greater than 5 MQ. At least 6 animals were analyzed for each genotype.

Behavioral assays

Locomotion was assessed 24-48 hours after eclosion. Single flies with clipped wings were
placed in a petri dish marked with a 2 cm?grid and allowed to acclimate for 30 seconds.
The fly was then tapped to the center of the dish and allowed to walk freely for 30 s while
the number of line crosses was recorded. This analysis was repeated three times for each

fly and averaged (Wagh et al., 2006). Ten flies per genotype were assessed.

Statistical analyses
Single comparisons were conducted by Student’s t test with Welch’s correction where

appropriate. For multiple comparisons, we performed analysis of variance (ANOVA)



followed by post hoc tests with Bonferroni correction to maintain an experimentwise
significance level of 0.05. We report the significance levels at the corresponding
experimentwise levels of less than 0.05, less than 0.01, less than 0.001, or less than
0.0001 by one, two, three and four stars, respectively. Significance levels refer to the
comparison of the indicated genotype to wild type, except in the case of rescue, which

reflects the comparison to fifeex°27/Df. Error bars denote SEM.



Results

Identification of invertebrate Piccolo-related proteins

As part of an effort to analyze the role of Drosophila PDZ domain proteins at synapses,
we noted a previously uncharacterized Drosophila candidate gene that encodes a protein
with sequence similarity to the ZF and PDZ domains of Piccolo, previously thought to be
present only in vertebrates (CG12187; Fig. 1A,B). The Drosophila CG12187 PDZ domain
shares 43% identity and 64% similarity with the human Piccolo PDZ domain (Table 1).
Given the significant similarity, we explored the possibility that piccolo was not absent
from the Drosophila genome, but rather overlooked due to misannotation. Consistent
with this possibility, we identified two downstream candidate genes predicted to encode
proteins with sequence similarity to the C-terminal C2A and C2B domains of Piccolo-
RIM proteins (CG16976 and CG14950; Fig. 1B). Through RT-PCR and 5’- and 3’-RACE,
we determined that the three annotated genes are in fact a single transcript that encodes
a full-length protein with significant similarity to both Piccolo and RIM proteins (Fig.
1C,D and Table 1). We identified two additional isoforms including isoform 2, which
lacks only the C2B domain and corresponds to the most prevalent isoform of vertebrate
Piccolo (Wang et al., 1999) (Fig. 1 C,D). However, our comprehensive computational and
molecular investigations of the locus have not identified any coding sequence
corresponding to the large CC-containing region of Piccolo. These findings are supported
by genome-wide RNA-SEQ data, so we believe we have identified the full coding
sequence and conclude that the Drosophila genome encodes a Piccolo-RIM-related
protein lacking Piccolo’s CC domains, but sharing the ZF, PDZ, C2A and C2B functional
domains that uniquely define Piccolo-RIM proteins (Drysdale, 2008; Celniker et al.,

20009).



We next sought to identify the novel piccolo-RIM-related gene in other invertebrates. In
addition to a single previously identified RIM ortholog, UNC-10, the C. elegans and C.
briggsae genomes each encode uncharacterized Piccolo-related proteins that contain a
PDZ domain and a single C2 domain (F45E4.3 and CBG05923, respectively). Homologs
with a similar size and genomic organization are also found in members of other
nematode genera, including Pristionchus pacificus and Haemonchus contortus (James
Rand, personal communication). Turning to insects, we looked for related sequences in
the mosquito Anopheles gambiae, which diverged from Drosophila 250 million years
ago, the honeybee Apis mellifera and the beetle Tribolium castaneum, both of which are
approximately 300 million years diverged from Drosophila. With the exception of
Anopheles, in which we did not identify the C2B-encoding CG14950-related gene, the
full-length CG12187/CG16976/CG14950-related gene is conserved (Fig. 2A,B). Thus

piccolo-RIM-related genes are broadly conserved in invertebrate genomes.

Piccolo, RIM1 and RIM2 exhibit significant sequence similarity in their common
functional domains, but their overall structure differs due to the presence of a second ZF
and large CC-containing region in Piccolo (Fig. 2B). This results in a substantial size
difference between Piccolo and RIM proteins: the largest human Piccolo isoform
contains more than 5,000 amino acids, while full-length human RIM proteins comprise
1350-1700 amino acids. Lacking the second ZF and CC regions of vertebrate Piccolo,
CG12187/CG16976/CG14950 encodes a 1300-amino acid protein more similar in size to
vertebrate RIM proteins (Fig. 2B). However, outside of the conserved domains RIM
proteins themselves vary significantly in size. For example, at nearly 3,000 amino acids,
Drosophila RIM is roughly twice the size of human RIM proteins. Thus, interdomain
sequences have diverged significantly. Nonetheless, the structural considerations

together with the significant homology CG12187/CG16976/CG14950 exhibits with both



Piccolo and RIM proteins raise the question of whether the newly identified protein

more likely represents a second invertebrate RIM or a Piccolo ortholog.

To investigate these evolutionary alternatives, we conducted a molecular phylogenetic
analysis of conserved Piccolo-RIM-Fife domains. Using sequences from representative
vertebrates and invertebrates, we aligned synthetic proteins constructed via
concatemerization of the conserved ZF/PDZ/C2A/C2B domains (T-Coffee) (Notredame,
2010). We then employed maximum likelihood (PhyML), neighbor joining (BioNJ) and
bayesian inference (MRBayes) approaches to construct phylogenetic trees using the
PDZ-domain-containing Dishevelled family of proteins as the outgroup, with the three
approaches yielding the same results (Ronquist and Huelsenbeck, 2003; Zelwer and
Daubin, 2004; Guindon et al., 2005; Dereeper et al., 2008). This analysis places Fife
proteins in the same clade as Piccolo with bootstrap support of 78%. Bootstrap values are
a conservative estimate of accuracy, and empirical tests indicate that bootstrap values
above 70% are usually accurate with >95% confidence (Hillis et al., 1993). For estimating
phylogeny, the most conserved sequences yield the best alignments and most accurate
trees. Because the individual conserved domains have different levels of similarity to
vertebrate Piccolo-RIM proteins, we also constructed phylogenetic trees from separate
alignments of the PDZ, C2A and C2B domains with the Dishevelled PDZ domain,
Synaptotagmin I C2A or Synaptotagmin I C2B domains, respectively, as outgroups.
Trees generated from alignment of the well-conserved PDZ domains place Fife proteins
in the same clade as Piccolo with robust bootstrap support of 89% (Fig. 2C). Trees based
on alignments of the less conserved C2 domains place Fife closer to RIM proteins (C2A),
or in the Piccolo clade with lower bootstrap support of 50% (C2B). Taken together, these
results are most consistent with the model that the divergence of the Piccolo and RIM

gene families is ancestral to the divergence of vertebrates and invertebrates, and that



CG12187/CG16976/CG14950 is the Drosophila ortholog of vertebrate Piccolo. While
these analyses leave open the possibility of more complex models, this model is
consistent with the previous identification of DRIM as the sole Drosophila RIM ortholog
and the conclusion that RIM1 and RIM2 arose from a later duplication in vertebrates
(Wang and Sudhof, 2003). Finally, an investigation of conserved sequences outside of
the ZF/PDZ/C2A/C2B domains leads to a similar conclusion: (i) Piccolo and
CG12187/CG16976/CG14950 contain glutamine-rich N-terminal sequences not found in
RIM proteins, (ii) CG12187/CG16976/CG14950 does not contain the N-terminal a-helix,
that mediates Rab3-binding and is conserved in invertebrate and vertebrate RIM
proteins, and (iii) CG12187/CG16976/CG14950 lacks the conserved SH3-binding domain
that mediates binding between RIMs and RIM-Binding Proteins (Fig. 2B). While a final
determination of evolutionary and functional orthology awaits further study, we have
named CG12187/CG16976/CG14950 fife to reflect its homology to Piccolo-RIM proteins

and its smaller size relative to Piccolo.

Fife is an active-zone protein

Only a small number of proteins localize to the CAZ. To determine if Fife is among these,
we monitored cellular expression and subcellular localization during development.
Through in situ hybridization we determined that fife is broadly expressed in the CNS,
with expression initiating in embryonic post-mitotic neurons at approximately stage 15
and continuing through embryogenesis (Fig. 3A). Attempts to raise antibodies against
Fife for assessing protein localization have been unsuccessful, so to determine the
subcellular localization of Fife, we generated UAS-venus-fife transgenic flies. Neuronal
expression of Venus-Fife rescues behavioral deficits in fife mutants indicating that the
tagged protein localizes to the site of endogenous Fife function in neurons (Fig. 8F, p <

0.001). At the larval neuromuscular junction (NMJ), Venus-Fife overlaps significantly



with Bruchpilot, an integral component of electron-dense cytoplasmic projections, called
T bars, that cluster synaptic vesicles at NMJ AZs (Fig. 3B). We observe similar results
using the smaller Flag tag (data not shown). Thus, Fife, like its vertebrate counterparts,
is a CAZ protein. This places Fife in the company of a small number of AZ-localized
scaffolding proteins that mediate the organization and function of synapses and suggests

Fife may play an important role in these processes.

Synapse assembly is not significantly impaired in fife mutants

To study the in vivo function of Fife, we generated loss-of-function alleles by screening
for imprecise excisions of a Minos element inserted in the fife locus (Fig. 1B). We
identified a 16.5-kb deletion, fifee°?7, that removes all but the first 11 amino acids of Fife
isoform 3 and the splice donor site for isoforms 1 and 2 (Fig. 1B (black bar),E). Based on
the extent of the deletion, fifee0%7 is likely a strong hypomorph or null allele. To test this,
we compared the fifee*’°27 homozygous phenotype to its phenotype over a chromosomal
deficiency (Df(3L)BSC412, which removes fife and four other genes) in morphological,
functional and behavioral assays. These phenotypes are not enhanced over the deficiency

(Figs. 4, 5 and 8D-F; p > 0.05 in all cases); thus, fife=’°27 behaves as a genetic null.

While our genetic analysis demonstrates that Fife function is lost in fifee<’°7, the nature
of the deletion leaves open the possibility that the C2A and C2B-encoding exons may be
expressed. We performed RT-PCR to assess this possibility and found that exons
encoding both C2 domains are in fact transcribed. Two models could explain this result:
(1) our analysis missed a C2A/C2B-only isoform of fife with a start site outside of the
deleted region or (2) by bringing exons 3 and 13 in close proximity, the genomic deletion
results in the generation a ectopic isoform. While we did not find evidence to support the

first model — either in our experimental analysis of the locus or in RNA-SEQ data



(Drysdale, 2008; Celniker et al., 2009), our RT-PCR results confirm the second model
(Fig. 1E). In wild type, RT-PCR with primers designed to amplify exons 3 through 14,
which flank the genomic deletion in fifeex°27, yields a 2130 base-pair product
corresponding to full-length fife isoforms. The same reaction in fifee027 fails to amplify
the wild-type product, confirming the absence of endogenous fife isoforms, but instead
yields a 240 base-pair product. Sequence analysis demonstrates that this product is the
result of an ectopic splice event between exons 3 and 13. This ectopic splice event is
frame conserving and appears to generate stable RNA. Because the 5° UTR and start site
of endogenous fife are preserved, the ectopic splice isoform could be translated into a
truncated protein containing only the C2A and C2B domains. Interestingly, the fact that
fifeex1027 is a genetic null indicates that any truncated protein produced is non-functional,

possibly for failing to localize or fold properly.

As a first step towards understanding the in vivo role of Fife, we assessed synaptic
growth in fife mutants. NMJs of third instar larvae were labeled with HRP, which stains
all neuronal membranes, and total synaptic area determined (Fig. 4). We observed no
difference in synaptic area between wild-type and fife mutant larvae (wild type: 243.8
umz vs. fifeex027/Df: 232.3 um?; p > 0.05). Thus, overall synaptic growth proceeds
normally in the absence of Fife, indicating that Fife either acts redundantly with other
CAZ proteins to coordinate synaptic growth or has distinct functions downstream of the

initial formation of synaptic connections.

As a scaffolding protein present at AZs, Fife is well situated to participate in the assembly
of presynaptic terminals during synapse development. To assess the assembly of AZs in
the absence of Fife, we labeled wild-type and fife mutant NMJs with antibodies to the

CAZ protein Bruchpilot. Bruchpilot is a late-arriving molecular component of AZs whose



localization depends on other CAZ proteins and thus a good readout of AZ assembly
(Fouquet et al., 2009; Graf et al., 2009; Owald et al., 2010). We measured AZ number by
counting Bruchpilot puncta and found no significant difference between wild-type and
fife mutants (Fig. 5A-C; wild type: 278 + 8 AZs/NMJ vs. fifeex1027/Df: 338 + 16; p > 0.05).
To assess the molecular composition of fife AZs, we measured Bruchpilot intensity
relative to HRP levels at wild-type and fife AZs. While we noted a tendency towards
lower Bruchpilot levels, no significant difference was observed (Fig. 5A-B,D; wild

type: .62 £ 0.05 a.u. vs. fife®1°27/Df: .46 + 0.09 a. u.; p > 0.05). Thus, as assessed by the
accumulation of Bruchpilot at the level of light microscopy, we find that the assembly of

presynaptic terminals is not significantly impaired in fife mutants.

A critical aspect of synapse formation is the accumulation of PSD proteins in direct
apposition to AZs to facilitate the rapid transfer of information. At the Drosophila NMJ,
glutamate receptors (GluRs) comprising four heteromeric subunits cluster at PSDs. By
co-labeling NMJs for Bruchpilot and GIuRIIC, an obligate GluR subunit also known as
GluRIII, we found that this process is grossly normal in fife mutants (Fig. 5A, B).
However, we do observe some disorganization, including unapposed PSDs (Fig. 5B,
arrow), unapposed AZs (filled arrowhead), and a failure of 1:1 apposition between AZs
and PSDs (open arrowhead). It is notable that these mild abnormalities are diverse,

which may explain the failure to identify significant differences by any single measure.

To assess PSD development, we examined the number and relative intensity of GluRIIC
puncta and, as with AZ number, observed no significant difference between wild-type
and fife mutant synapses. Wild-type NMJs contain 267 + 9 PSDs, while fifeex027/Df
NMJs have 293 + 10 (Figure 5E; p > 0.05). We again observe an insignificant tendency

towards reduced receptor levels; however, the intensity of GIuRIIC at fife PSDs is not



significantly different than at wild-type PSDs (wild type: .62 £+ 0.06 a.u. vs.

fifeex1027/Df: 43 £ 0.08 a.u.; p > 0.05), indicating that receptor clusters are able to
accumulate in the absence of Fife (Fig. 5A-B,F) Together our morphological data indicate
that, at the level of resolution afforded by light microscopy, synapse assembly is not
significantly impaired in the absence of Fife and hint at more subtle deficits below the

resolution of these assays.

Fife regulates active zone architecture

Because the size of critical AZ components falls well below the 200-nm resolution limit
of light microscopy, we turned to electron microscopy to investigate synaptic
architecture in greater detail. Consistent with our light-level analysis, average AZ length
is normal in fife mutants (483 nm + 29.1 nm in wild type vs. 490 nm + 35.1 nm in fife
mutants; p > 0.05). However, we immediately noticed multiple abnormalities at fife AZs.
First, we occasionally observe non-membrane-associated electron-dense structures of
variable morphology that are capable of clustering synaptic vesicles away from AZs (Fig.
6A-C and E-G; wild type: 0%, n=20 vs. fife027/Df : 12.1%, n = 33). Second, at nearly all
fife AZs we observe detachments of the presynaptic membrane, or membrane ruffling
(Fig. 6 D,H; wild type: 0%, n=13 vs. fife®°?7/Df : 91.7%, n = 12). On average fife AZs with
membrane defects are ruffled along 44% of their length (44.1 + 5.3%, n=11), indicating
severely compromised AZs in which large portions of the synaptic membrane are
disrupted. Together, these findings reveal a critical role for Fife in determining the

precise architecture of AZs.

Fife promotes synaptic vesicle clustering
A fundamental property of presynaptic organization and synaptic function is the

clustering of synaptic vesicles in close proximity to the presynaptic membrane and, in



many cases, at electron densities that extend from the membrane into the cytoplasm.
CAZ proteins are critical regulators of this process, so we examined a possible role for
Fife in the organization of synaptic vesicle pools by quantifying vesicles within 200 nm of
the plasma membrane at wild-type and fife mutant AZs. We found a decrease of
approximately 20% in vesicle number at fife AZs (Fig. 7; wild type: 40.4 + 2.9 synaptic
vesicles vs. fife=1927/Df: 31.8 + 1.9; p < 0.02). In contrast, total vesicle density is not
significantly altered in fife boutons (wild type: 152.9 + 10.34 vesicles/um’ vs. fifeex1027/Df:
187.7 £ 15.92; p > 0.05). Thus, in addition to its role in regulating synapse architecture,

Fife promotes synaptic vesicle clustering at AZs.

Neurotransmitter release is severely reduced in fife mutants

The abnormalities in synaptic architecture and vesicle clustering observed at fife NMJs
suggest neurotransmission may be impaired in the absence of fife. To assess the role of
Fife in synaptic transmission, we measured spontaneous and evoked synaptic potentials
through intracellular recordings at fife NMJs, and observed significant deficits in
exocytosis (Fig. 8A-E). Miniature excitatory junction potential (mEJP) frequency and
amplitude are not significantly affected by loss of fife (wild type: 3.7 + 0.4 Hz vs.
fifeex1027/Df: 3.4 + 0.5 Hz; p > 0.05 and wild type: 1.07 £ 0.06 mV vs. fife®°27/Df: 0.89 +
0.09 mV; p > 0.05, respectively). However, evoked excitatory junction potentials (EJPs)
are decreased by approximately 65% (Fig. 8A,B,D; wild type: 27.4 + 1.6 mV vs.
fifeex1027/Df: 9.2 + 1.5 mV; p < 0.0001). Decreased evoked potentials were rescued by
neuronal expression of full-length fife (Fig. 8C-E) indicating a presynaptic role for Fife
consistent with its cellular and subcellular expression (Rescue: 20.6 + 1.7 mV vs.
fifeex1027/Df: 9.2 + 1.5 mV; p < 0.001). We calculated quantal content (EJP amplitude
divided by mEJP amplitude) to estimate the number of vesicles released per action

potential and found a 60% decrease at fife NMJs (Fig. 8E; wild type: 27.0 + 2.0 vesicles



vs. fifeex1927/Df: 10.6 + 1.7 vesicles; p < 0.0001). Together, these results reveal a critical
requirement for Fife in evoked neurotransmitter release consistent with the defects we

observe in the organization of presynaptic terminals of fife mutants.

Loss of Fife disrupts motor behavior

A 60% decrease in neurotransmitter release and severe ultrastructural abnormalities
would be expected to have behavioral consequences for the fly. Indeed, fife mutant flies
have multiple behavioral deficits. Homozygous fife ¢°27 and fifee<’227/Df females produce,
but fail to lay, eggs. This may reflect deficits in neurotransmission at motorneurons or a
disruption of the complex circuitry that links mating to egg laying upstream of motor
function. fife mutants also exhibit locomotor defects, moving only half as much as wild-
type flies (Fig. 8F). In line-crossing assays, we find that wild-type flies cross an average
of 17.6 + 2.5 lines per 30-second trial, while fifeex1027/Df flies only cross 9.1 + 0.6 lines (p
< 0.05). Neuronal expression of fife fully rescues the locomotion deficit (C155-
Galg>UAS-fife: 19.5 + 2.3 line crosses/trial; p < 0.01). Thus, Fife functions at
presynaptic terminals to organize AZs, support evoked neurotransmitter release, and

generate normal motor behavior.



Discussion

The CAZ is a conserved molecular machine responsible for coordinating the structure
and function of presynaptic terminals. With the notable exceptions of Piccolo and
Bassoon, representatives of all major vertebrate CAZ protein families have been found in
invertebrates. Here we present the identification of a previously overlooked invertebrate
Piccolo-RIM homolog. We uncover a requirement for the Drosophila homolog, Fife, in
locomotor behavior and neurotransmitter release, and define a role for Fife in AZ

organization and synaptic vesicle clustering at the NMJ.

Conservation of the CAZ

Is Fife a Piccolo ortholog or a second RIM ortholog? Our phylogenetic analyses support
the former model. However, Fife, which exhibits significant sequence homology to both
Piccolo and RIM proteins, is structurally more similar to RIMs. Because molecular
phylogenetic approaches rely on conserved sequences, the non-conserved CC-regions are
not considered in these analyses and, thus, this finding is not conclusive. Determining
orthology based on function is likely to prove similarly complicated in this case because
CAZ proteins share many physical interactions and often function redundantly in
carrying out core CAZ functions. Future studies of protein-protein interactions may
prove informative. Previous work in yeast has demonstrated that combining sequence-
level analysis with protein-protein interaction data improves the ability to identify
functional orthologs (Bandyopadhyay et al., 2006). While RIMs and Piccolo have many
binding partners in common, they also have unique associations (Schoch and
Gundelfinger, 2006). For example, RIM proteins bind synaptic vesicle protein Rab3,
while Piccolo associates with the Rab3-interacting protein PRA1 (Wang et al., 1997;

Fenster et al., 2000). Determining which Piccolo/RIM associations are conserved in Fife



will be an important step towards understanding the conservation of CAZ function in

general and Fife function specifically.

As noted, our molecular and computational searches in Drosophila have not identified
sequences that encode the large CC-domain-containing region of Piccolo — either at the
fife locus or elsewhere in the genome — suggesting that this sequence is specific to
vertebrates or was lost in the insect lineage. Interestingly, while insect Fife proteins may
have lost their CC domains, the opposite is true of the Drosophila CAST homolog
Bruchpilot, which colocalizes with Fife at AZs and has a much larger CC-containing
region than its vertebrate counterparts (Wagh et al., 2006). These observations raise the
intriguing possibility that the expansion of Bruchpilot’s CC-regions may have reduced
selective pressure to maintain these regions in Fife, and that evolutionary conservation
may be found at the level of the intertwined complex of CAZ proteins as well as at the

level of individual proteins.

The CC domains of Piccolo mediate physical interactions with CAZ proteins CAST and
UNC-13. However, it is interesting to note that both of these physical interactions are
maintained in RIM proteins despite the lack of CC domains as RIM binds CAST through
its PDZ domain and UNC-13 through its ZF domain. Future studies will be important for
determining if physical interactions mediated by the CC domains of vertebrate Piccolo

are carried out by other domains in Fife or by other CAZ proteins such as Bruchpilot.

The CC-domain containing region of Piccolo gives the protein its large size. If Piccolo’s
5100 amino acids were arranged in an extended o—helical conformation it could in
principle span 750 nm (Limbach et al., 2011). It has long been speculated that this

potential, also present in Bassoon, has important implications for Piccolo-Bassoon



function. However, in a recent immuno-electron microscopy study, Limbach and
colleagues determined the localization of 11 Piccolo epitopes spanning the length of the
protein to understand its spatial organization at AZs. They determined that Piccolo
adopts a compact conformation with its N-terminus localizing near dense projections
approximately 75 nm from the plasma membrane and its C-terminus localizing within
30-40 nm of the plasma membrane in close proximity to binding partners RIM and
UNC-13. This finding is supported by a study employing stochastic optical
reconstruction microscopy (STORM), and argues that the functions of Piccolo are not
dependent upon its large size but rather, like RIMs, on its many interactions with other

AZ proteins — a role that is likely maintained in Fife (Dani et al., 2010).

CAZ regulation of synaptic architecture and function

To investigate Fife function at Drosophila synapses, we generated deletion alleles. Here
we have focused on fifecx©27, a deletion mutant that behaves as a genetic null in that its
phenotype over a chromosomal deficiency mirrors its homozygous phenotype in
morphological, functional and behavioral assays. Through phenotypic analysis of fife, we
found loss of Fife results in a 50% reduction in locomotion and 60% decrease in evoked
neurotransmitter release. To uncover the underlying cause of these deficits, we
conducted a morphological analysis of fife synapses that revealed crucial roles for Fife in
the regulation of AZ structure. Absolute number and gross morphology of synapses is
largely normal in fife mutants. This is consistent with functional studies of Piccolo and
RIM proteins demonstrating normal formation of synapses and the accumulation of
wild-type levels of synaptic proteins in their absence (Koushika et al., 2001; Schoch et al.,
2006; Leal-Ortiz et al., 2008; Mukherjee et al., 2010). However, fife AZs often exhibit
separations of pre- and post-synaptic membranes as revealed by ruffling of the

presynaptic membrane in electron micrographs. As we observe this defect along much of



the length of affected AZs, it likely disrupts presynaptic release sites and thus contributes
to the deficit in exocytosis observed at fife NMJs. This phenotype has previously been
linked to decreased cell adhesion, raising the possibility that Fife might regulate the
levels or localization of transsynaptic cell adhesion molecules at synapses (Banovic et al.,
2010; Mosca et al., 2012). Less frequently we observed floating electron densities, a
phenotype highly reminiscent of the floating ribbons observed at bassoon mutant ribbon
synapses in the vertebrate retina (Dick et al., 2003). At ribbon synapses, electron dense
ribbon-shaped structures extend from the AZ membrane into the presynaptic cytoplasm
and, like T bars, cluster synaptic vesicles (Zhai and Bellen, 2004). In Drosophila, floating
electron densities have also been observed at low frequency in the absence of Rim-
Binding Protein, a CAZ-associated protein with an essential role in neurotransmitter
release (Liu et al., 2011). It will be important to determine whether Fife functions with

Rim-Binding Protein and/or other CAZ proteins to control the structural integrity of AZs.

We also identified a role for Fife in clustering synaptic vesicles. At fife synapses, 20%
fewer synaptic vesicles reside within 200 nm of the AZ membrane than at control
synapses. In their study of piccolo knockout mice, Mukherjee et al. (2010) identified a
similar deficit in synaptic vesicle clustering at cortical synapses lacking both Piccolo and
Bassoon, as did a recent study of Bassoon function at mouse hair cell ribbon synapses
(Frank et al., 2010). It will be of interest to determine if this deficit at fife AZs includes a
decrease in the number of docked (membrane-bound) vesicles as has been observed in
rim and bassoon mutants and in piccolo, bassoon double knockdown neurons (Weimer
et al., 2006; Frank et al., 2010; Mukherjee et al., 2010). We quantified docked vesicles in
our EM samples, which were prepared by conventional aldehyde fixation methods, and
observed no significant difference between wild type and fife mutants (JB, RG and KOCG,

unpublished data). However, recent studies in mice and C. elegans have made it clear



that aldehyde fixation masks vesicle-docking defects (Siksou et al., 2007; Gundelfinger
and Fejtova, 2009; Gracheva et al., 2010). Thus, future studies employing high pressure
freeze fixation methods will be required to determine whether Fife functions in the

docking of vesicles for rapid release.

The number and nature of vertebrate Piccolo/RIM-binding partners hint at additional
roles for Fife at AZs. However, it is currently unknown if many of these vertebrate
interactions are biologically relevant. With the identification of a Piccolo-related protein
in invertebrates and the generation of fife alleles in Drosophila, this question can now be
readily addressed through double mutant analysis. Studies of CAZ components in
Drosophila and C. elegans have been critical to our understanding of AZ organization
and function (Owald and Sigrist, 2009). This study reveals greater conservation of CAZ
proteins than previously believed and opens the door to a more complete understanding
of CAZ function through in vivo studies of this fundamental molecular machine and its

core components in an amenable genetic model system.
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Figure 1. Molecular identification of a piccolo-rim-related gene in
Drosophila. A, PDZ domain of Fife/Piccolo (top) and RIM (bottom) family proteins
are aligned to illustrate conservation among the families. Highlighted regions indicate
identity between the Drosophila protein and vertebrate Piccolo (green) or RIM (blue).
(Am) Apis mellifera, (Dm) Drosophila melanogaster, (Hs) Homo sapiens, (Mm) Mus
musculus. B, Full-length fife comprises 17 exons corresponding to a predicted open
reading frame previously annotated as 3 separate candidate genes, CG12187, CG16976,
and CG14950. Two 5’ UTR exons, located 10 and 20 kb upstream, are not depicted.
fifeex1027 was generated by excision of the Minos element Mi{ET1}CG43375810889, The
location of the 16.5 deletion is indicated (black bar). C, fife encodes 3 transcripts. Exons
are numbered above isoform 1. D, Full-length Fife (Isoform 1) has four conserved
functional domains: ZF (orange), PDZ (blue), C2A (green), and C2B (green). Alternative
isoforms lack either the C2B domain (Isoform 2) or both C2 domains (Isoform 3). E,
Real-time PCR products from amplification of exons 3-14 in wild type and fifeex1027.
Primer locations are indicated by small arrows in panel C. A full-length fife product of
2130 base pairs is amplified from wild-type, but not fifee:°27, cDNA. Conversely, a 240
base-pair band representing an aberrant splicing event between exons 3 and 13 is
present in fifee*’027 but not in wild type. g-tubulin was also amplified in these reactions as
a loading control. Image B is modified from FlyBase (McQuilton et al., 2012).
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Figure 2. Fife may encode an invertebrate Piccolo ortholog. A, Gene order of
the three annotated genes that comprise fife is conserved in Apis mellifera and
conceptual translation of the three genes produces a protein comprising ZF, PDZ, C2A,
and C2B domains. B, Domain structures of related Fife, Piccolo, Bassoon (Bsn) and RIM
proteins in insects and humans drawn to scale. ZF (orange), PDZ (blue), CC (purple), C2
(green), a-helix (AH, brown), and glutamine-rich (QD, yellow) domains are represented.
Inter-domain homology regions, which are conserved in RIM family proteins but not
found in Fife or Piccolo, are indicated in dark grey. C, Circle tree indicating the most
likely evolutionary relationships of insect and vertebrate Piccolo, RIM and Fife proteins.
Phylogeny was determined by maximum likelihood from alignments of the well-
conserved PDZ domains of each protein. The PDZ-domains of the Dishevelled protein
family were used as an outgroup. Confidence was assessed by the bootstrapping method
with 500 replications. Branches with > 50% support are shown. (Am) Apis mellifera,
(Dm) Drosophila melanogaster, (Hs) Homo sapiens, (Gg) Gallus gallus, (Mm) Mus

musculus, and (Xt) Xenopus tropicalis.
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Figure 3. Fife is an active zone protein. A, In situ hybridization detects fife RNA in
post-mitotic neurons of stage 17 embryos. B, Single optical section (0.1 pm) of
C155GAL4/Y; UAS-Venus-fife/+ NMJ boutons co-labeled with antibodies to GFP and
Bruchpilot. Scale bar = 5 um.
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Figure 4. Synaptic growth is not altered in the absence of Fife. A-D, Confocal
z-projections of NMJ 6/7 (A, C) and NMJ 4 (B, D) co-labeled with antibodies to
Bruchpilot and HRP in wild-type (A, B) and fifee/? (fifee<027/Df (3L) BSC412) (C, D)
larvae. Quantification of the area of HRP signal at NMJ 4 of segment A3 shows no
significant difference between wild type (n = 14 NMJs) and fife/ex (n = 19 NMJs) or
fifee/?f (n = 17 NMJs). Scale bar = 10 um.
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Figure 5. Synapse assembly is grossly normal in fife mutants. A, B, Confocal z-
projections of boutons co-labeled with antibodies to GluRIIC and Bruchpilot at wild-type
(A) and fife=/?f (fifeex027/Df (3L) BSC412) (B) NMJs. Mild disruptions of AZ architecture
observed at fifee/2f NMJs include unopposed GIuRIIC fields (arrows), unopposed
Bruchpilot puncta (filled arrowhead), and failure of 1:1 apposition of GIuRIIC and
Bruchpilot clusters (open arrowhead). C, The number of Bruchpilot puncta does not
differ between wild-type (n = 8) and fifee/ex (n = 9) or fife/> (n = 9) NMJs. D, The
intensity of Bruchpilot puncta normalized to HRP is not significantly different at wild-
type (n = 2224) and fife®/e* (n = 2609) or fife*/? (n = 3041) AZs. E, The number of
GluRIIC puncta is not altered between wild-type (n = 8) and fife®e* (n = 9) or fifee/?f (n
= 9) NMJs. F, The intensity of GluRIIC puncta normalized to HRP is not significantly
different at wild-type (n = 2132) and fife®/e* (n = 2315) or fife*/2f (n = 2634) AZs. Scale
bar = 5 pm.



Figure 6. Fife is required for normal active zone architecture. A-D’,
Representative transmission electron micrographs of serial sections of wild-type (A, A’)
and fife=/?f (fifeex1027/Df (3L) BSC412) (B-D’) synapses. A, A’, Two serial sections of a
wild type synapse reveal a platform-shaped electron dense projection (T-bar) that
clusters synaptic vesicles at the presynaptic membrane. Tight apposition of the pre- and
postsynaptic is maintained across the length of synapse. B, B’, Two serial sections of a
fifee/Pf synapse reveal an ectopic, electron dense structure distant from the presynaptic
membrane. This T-bar-like malformation still maintains local clustering of synaptic
vesicles. C, C’, A second example of an ectopic electron density in two serial sections of a
fifee/f synapse. D, D’, Two serial sections of a typical fifee/?f synapse demonstrate loss
of the close apposition of pre- and postsynaptic membranes in fife mutants (arrowhead).
E-H, Schematic representations of the AZs and ectopic densities depicted in A-D’
including synaptic vesicles (light grey circles), T-bars (dark grey structures), calcium
channels (grey) and postsynaptic receptors (black). Scale bar = 200 nm.
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Figure 7. Fife promotes synaptic vesicle clustering. A, B, Representative
transmission electron micrographs of wild-type (A) and fifee/?f (fifeex027/Df (3L)
BSC412) (B) synapses C, Quantification of the number of synaptic vesicles clustered at
AZs reveals a significant reduction in the number of vesicles within 200 nm of the AZ in
fifee/Pf (n = 25 AZs) compared to wild type (n = 23 AZs). Scale bar = 200 nm.
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Figure 8. Neurotransmitter release is severely reduced in fife mutants. A-C,
Representative traces of EJPs and mEJPs from wild-type (A) fifee/2f (fifeex:027/Df (3L)
BSC412) (B), and Rescue (C155-Galq/Y; UAS-fife, Df (3L) BSC412/fifeex1027) (C) NMJs.
Recordings were obtained from muscle 6 of abdominal segment 3 at 0.5mM extracellular
Caz*. D, Mean EJP amplitude is decreased significantly in fife“/ex, n = 11 muscles and
fifee’Pf (n = g muscles) compared to wild type (n = 19 muscles). EJP amplitude is
rescued by neuronal fife expression (Rescue, n = 9 muscles). E, Mean quantal content is
significantly reduced in fife/er and fife=/2f compared to wild type and rescued by
neuronal fife expression (Rescue). F, Locomotion is severely impaired in both fifeev/ex
and fife=/?f flies compared to wild-type flies. This motor deficit is rescued in both Rescue
and Venus Rescue (C155-Gal4/Y; UAS-venus-fife, Df (3L) BSC412/fifec<0%7) flies.



Table 1. Identity and similarity of Fife to human Piccolo and RIM proteins.

Hs Piccolo Hs RIM1 Hs RIM2 Dm Fife
PDZ C2A C2B | PDZ C2A C2B | PDZ C2A C2B | PDZ C2A C2B
Dm Fife
Identity 43 25 31 39 34 30 41 34 35 100 100 100
Similarity 64 51 52 57 50 55 55 50 54 100 100 100
Dm RIM
Identity 35 39 33 57 53 65 53 53 66 40 33 32
Similarity 58 56 54 77 69 79 70 70 79 54 51 49

Numbers indicate the percentage of identical (top) and similar (bottom) amino acid
residues from alignments of the PDZ, C2A and C2B domains of Fife, Piccolo and RIM
proteins. (Dm) Drosophila melanogaster, (Hs) Homo sapiens.
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Abstract

A conserved active zone cytomatrix is thought to organize presynaptic terminals for
efficient synaptic transmission. We previously identified Drosophila Piccolo-related Fife
as an integral component of the active zone cytomatrix that regulates neurotransmission
and motor behavior. Here, we present a comprehensive mechanistic study of Fife's role
in promoting neurotransmission. Paired-pulse recordings and functional studies in the
presence of the slow Ca2* buffer EGTA suggest Fife promotes high-probability release by
positionally coupling synaptic vesicles and voltage-dependent calcium channels.
Cumulative quantal analysis and high-pressure freeze/freeze substitution electron
microscopy demonstrate that Fife determines the number of release-ready synaptic
vesicles. Through tomographic reconstruction of active zones and superresolution
imaging, we find that Fife determines the ultrastructural and molecular organization of
the active zone cytomatrix. Based on these findings, we propose that Fife promotes
synaptic transmission by organizing the active zone cytomatrix to create synaptic vesicle

release sites within nanometer distance of calcium channel clusters.



Introduction

Neurotransmitter release occurs at specialized domains of presynaptic terminals called
active zones. At active zones, synaptic vesicles dock with the presynaptic membrane
where they respond to Ca2* influx by rapidly fusing with the membrane and releasing
their contents into the synaptic cleft. A highly conserved complex of active zone-
associated proteins makes up the active zone cytomatrix, and is thought to spatially
organize the millisecond coupling of action potentials to neurotransmitter release. These
proteins include ELKS-family proteins, Rab3-interacting molecules (RIMs), RIM-
binding proteins, UNC-13 proteins, Bassoon, and Piccolo (Michel et al., 2015). The
Drosophila active zone cytomatrix, which lacks much of the genetic redundancy of
mammalian active zones, comprises a single representative of each family: ELKS
homolog Bruchpilot, RIM, RBP, DUNC-13, and Piccolo homolog Fife (Aravamudan et al.,
1999; Wang and Sudhof, 2003; Wagh et al., 2006; Mittelstaedt and Schoch, 2007;

Bruckner, Gratz et al. 2012).

Synchronized neurotransmitter release depends on the detection of localized domains of
increased intracellular Ca2+ by release-ready synaptic vesicles. This requires the
regulation of Ca2+ channel levels, localization and function at active zones; the
establishment and maintenance of synaptic vesicles docked at the membrane and
molecularly primed for Ca2*-triggered release, termed the readily releasable pool; and
the micro- or nanodomain coupling of Ca2* channels and release-ready vesicles to
establish active zone release properties. Studies in Drosophila, C. elegans and mice are
demonstrating the key roles played by active zone cytomatrix proteins in support of the
functional requirements of regulated neurotransmission (Michel et al., 2015, Ackermann
et al., 2015). Recent studies combining high-resolution imaging and functional analysis

have begun to elucidate the links between active zone structure and release properties in



both baseline neurotransmission and synaptic plasticity (Bruckner et al., 2015;

Gundelfinger, Fejtova, 2012; Chua et al., 2014).

We previously identified the long-overlooked invertebrate Piccolo-RIM related protein
Fife (Bruckner, Gratz et al., 2012). Fife localizes to active zones where it promotes the
close association of the active zone cytomatrix with the membrane, synaptic vesicle
exocytosis and motor behavior. Here, we undertake a detailed functional and
morphological analysis of the mechanism of Fife function in regulating neurotransmitter
release. We demonstrate that Fife promotes release non-redundantly and in close
association with RIM. Paired-pulse recordings and functional studies in the presence of
the slow Ca2* buffer EGTA suggest that Fife regulates the probability of neurotransmitter
release through a role in coupling Ca2* channels to synaptic vesicle release sites.
Cumulative quantal analysis and high-pressure freeze/freeze substitution (HPF/FS)
electron microscopy demonstrate that Fife determines the size of the readily releasable
vesicle pool. Through tomographic reconstruction of active zone ultrastructure and
super-resolution microscopy, we find that the active zone cytomatrix is reduced in size
and adopts an abnormal structure the absence of Fife. Together, our findings reveal a
central role for Fife in the regulation of two key parameters of synaptic efficacy, the size
of the readily releasable pool of synaptic vesicles (1) and the probability of release (p-).
We propose that Fife organizes active zone nanodomains to position release-ready
vesicles in close proximity to Ca2* channels in support of high-probability

neurotransmitter release.



Materials and methods

Genetics and genome engineering

The following fly lines are available at the Bloomington Drosophila Stock Center: w8,
Df(3L)Exe16091 (referred to here as Fife Df), Df(3R)ED5785 (referred to here as RIM
Df), elave55-Gal4 (Lin and Goodman, 1994) and vasa-Cas9 (Gratz, Ukken et al., 2014).
Fifeex1027 and UAS-Fife are described in Bruckner, Gratz et al., 2012. rim®73 and rim?3
were obtained from Aaron DiAntonio and Graeme Davis, respectively (Graf et al., 2012;
Muller et al., 2012). FifeA¢ was generated via CRISPR-mediated HDR (Gratz, Ukken et al.,
2014). Briefly, two targeting gRNAs and a donor plasmid containing 1-kb homology arms
flanking an attP, 3xP3-DsRed cassette were injected into vasa-Casg embryos.
Engineered lines were identified by DsRed expression in the eye and confirmed
molecularly. This resulted in a 25.6-kb deletion from 2,664,461 to 2,690,083 on
chromosome 3L encompassing the first 12 coding exons of Fife while avoiding two

nested genes on the opposite strand.

Electrophysiology

Current clamp recordings were performed as previously described (Bruckner, Gratz et al.,
2012). Male third instar larvae were dissected in Ca2*-free HL3 (7omM NaCl, 5mM KClI,
20mM MgCl2, tomMNaHCO3, 115 mM sucrose, 5 mM trehalose, 5 mM HEPES, pH 7.2)
(Stewart et al. 1994). Recordings were performed in HL3 saline containing 0.6 mM Ca2*
unless indicated. A sharp borosilicate electrode (resistance of 15-25 MQ) filled with 3M
KCl was used to impale muscle six of segments A3 and A4. All dissections and recordings
were performed at 25°C, and all cells analyzed had an initial resting potential between -
60 and -80 mV and input resistance > 5 MQ. For each cell, 60 consecutive miniature
excitatory junction potentials (mEJPs) were collected with pClamp (Molecular Devices)

and analyzed using MiniAnalysis (Synaptosoft) to obtain mean amplitude and frequency.



Excitatory junction potentials (EJPs) were stimulated by applying a 1-ms pulse to the cut
end of the segmental nerve innervating the impaled muscle cell. Stimulus amplitude was
adjusted to reliably recruit both the 1s and 1b inputs onto muscle 6. 100 consecutive
EJPs were recorded for each cell and analyzed in pClamp to obtain mean EJP amplitude.
Quantal content was calculated for each NMJ as mean EJP amplitude divided by mean

mEJP amplitude.

For paired-pulse recordings, stimulus amplitude was adjusted to recruit 1s and 1b nerve
inputs and five stimuli were applied at 20 Hz. Each NMJ was stimulated with ten 20-Hz
trains, with five seconds of rest between each train. Trains were averaged for each cell

and the mean amplitude of each EJP was measured.

The effect of the slow Ca2*-chelation on neurotransmitter release was assessed by pre-
treating dissected preparations with the cell permeable EGTA-AM (ThermoFisher).
EGTA-AM was diluted to 25mM in DMSO, aliquoted, and stored at -20°C. Stock
solutions were thawed immediately before use, diluted to 25 uM in Ca2*-free HL3, and
applied to the filleted larval body wall for 10 minutes. Following treatment, preparations
were washed for 5 minutes with HL3 with Ca2* before recording EJP and mEJP

amplitudes as described above.

The size of the readily releasable vesicle pool was estimated using linear back
extrapolation of cumulative quantal content during high-frequency stimulus trains in
two-electrode voltage clamp recordings. Recordings were conducted in HL3 containing 1
mM Ca2*, a concentration at which most Fife cells showed clear depression; those that
did not were excluded from the analysis to prevent underestimation of pool size. Briefly,

muscle 6 of abdominal segments A3 and A4 was impaled with voltage monitoring



(resistance 15-25 MQ) and current passing (resistance 7-12 MQ) sharp electrodes filled
with 3M KCl. Measurements of initial resting potential did not differ by more than 5 mV
between the two electrodes, and cells with an initial resting potential > -50 mV or input
resistance < 5 MQ were rejected. Cells were clamped at -70 mV for both EJC and mEJC
recordings and clamp gain was adjusted to achieve voltage error of 1-5%. Holding
current did not exceed -5 nA. EJCs were evoked by applying 1-ms pulses to the cut end of
the appropriate segmental nerve and stimulus amplitude was adjusted to reliably recruit
the combined 1s and 1b inputs. 1-ms pulses were applied at 60 Hz, and the amplitude of
each EJC from peak to baseline immediately before each stimulus was measured in
Clampfit. Quantal content during the high-frequency train was calculated by dividing the
amplitude of each EJC in the train by the average mEJC amplitude from that cell. The
apparent size of the readily releasable pool was estimated for each NMJ by a linear fit to
the last 10 of 30 quantal content measurements in each 60-Hz train, when a steady state
of neurotransmitter release from the recycling pool had been reached, and back

extrapolating to time zero.

Co-immunoprecipitation

Fife and Rim cDNAs were obtained by reverse transcription from wild-type flies using
SuperScript IIT Reverse Transcriptase (Invitrogen), as described previously (Bruckner,
Gratz et al., 2012). C2-domain fragments were subcloned into pAFW or pAHW
expression vectors for expression in S2 insect cells (Drosophila Gateway™ Vector
Collection, generated by Terence Murphy and available at the Drosophila Genomics

Resource Center).

S2 cells were transfected with Fife and/or RIM expression vectors using Effectene per

manufacturer's instructions (Qiagen). At 24 hours, S2 cells were lysed in IP buffer



(0.05% Triton X-100, 100 mM KCl, 20 mM HEPES [pH 7.5], 5% glycerol, and a protease
inhibitor cocktail (Roche)) and centrifuged at 18,000g at 4°C for 10 min. Soluble
fractions were incubated overnight with anti-FLAG (Sigma) or IgG, followed by
incubation with prewashed protein A/G agarose beads (50% slurry, Thermo Scientific)
for 3 hours at 4°C. Beads were washed extensively with lysis buffer and bound proteins
eluted in Laemmli buffer for analysis by Western blotting with mouse monoclonal anti-
FLAG (1:4000; Sigma #F1804) and rabbit monoclonal anti-HA (1:3000; Cell Signaling

#3724). Interactions were confirmed in at least three independent experiments.

Immunohistochemistry

NMJ dissections and antibody stains were carried out as previously described
(O’Connor-Giles et. al., 2008). The following antibodies were used in this study: mouse
anti-Bruchpilot at 1:500 (NC82; developed by Erich Buchner and obtained from the
Developmental Studies Hybridoma Bank), chicken anti-GFP at 1:500 (Abcam #13790),
and rabbit anti-GluRIIC at 1:2500 (Marrus et al., 2004). Species-specific Alexa Fluor

488 and 568 secondary antibodies (Invitrogen) were used at 1:500.

Confocal imaging and analysis

Confocal images were acquired on a Zeiss LSM 510 and processed using the Fiji
distribution of ImageJ (Schindelin et al., 2012). Overall brightness and/or contrast were
adjusted in Photoshop. For analysis of Cacophony puncta intensity, all genotypes were
stained together and imaged with identical settings. For consistency, analysis was limited
to NMJ 4 in segments A2 and A3. To measure Cac-GFP and GIuRIIC area and intensity,
nonsynaptic structures including axons were removed from the images using freehand
selection and fill. Z-stacks were flattened using the Maximum Intensity Z-projection

function. Channels were separated and a threshold was applied to remove irrelevant



lower intensity pixels. Separation of individual puncta was facilitated by the Find
Maxima tool in Fiji. Intensity and area data were collected using the Analyze Particles

tool.

SIM imaging and analysis

SIM images were acquired on a Nikon N-SIM microscope with 100x (1.49 NA) Apo TIRF
oil immersion objective (Nikon) and Andor iXon 897 EMCCD camera, and reconstructed
using NIS-Elements Ar (Nikon) software. Following reconstruction, images were
processed and analyzed in Fiji (Schindelin et al., 2012). Z-stacks were flattened using the
Maximum Intensity Z-projection function. For each NMJ image, approximately 20
central Bruchpilot punctae in planar orientation were selected, blind to genotype, for
analysis. For each active zone, a fluorescence intensity profile plot was generated along a

one micron line drawn along the longest axis through the center of the Bruchpilot spot.

High-pressure freeze and freeze substitution

High-pressure freeze (HPF) and freeze substitution (FS) was adapted from previous
work in both C. elegans and Drosophila (Weimer 2006, Stigloher et al., 2011, Matkovic
et al., 2013). Late 2nd instar larvae were placed in the 200-pum cavity of aluminum
specimen carriers (Type A, with the flat side of Type B carriers used as a lid, Technotrade
International), filled with a mixture of 10% BSA (Sigma) and OP50 E. coli in PBS.
Specimen carriers were pretreated with 1-Hexadecene (Sigma) to adequately seal the
freezing chamber. HPF was performed with a HPM-010 (Bal-Tec) apparatus at a
freezing speed >20, 000K/s and pressure >2000 bar. FS was performed in an EM AFS1
(Leica). Samples were incubated in 0.5% glutaraldehyde, 0.1% tannic acid, and 1% H.O
in anhydrous acetone for 98 hours at -90°C, rinsed with 1% H.O in acetone for 2 h at -

90°C, then incubated in 1% OsO4 and 1% H.O in acetone for 7 h at -90°C. Samples were



warmed to -20°C over 14 hours (5°C/hour), then incubated at -20°C for 16 hours.
Temperature was increased to 4°C over 2.4 hours (10°/h). Samples were then rinsed
with 1% H.O in acetone for 2 hours, transferred to room temperature, and embedded in

Epon using standard procedures.

Electron microscopy and electron tomography

Ultrathin sections (gray-silver) were collected on pioloform-coated copper slot grids and
stained with 8% uranyl acetate in 50% ethanol and Reynold’s lead citrate. Images were
collected on a Phillips CM120 transmission electron microscope at 80 KeV. For electron
tomography, 250-nm sections were cut, collected onto pioloform-coated copper slot
grids, and stained with 2% aqueous uranyl acetate and Reynold’s lead. For fiducial-aided
image alignment, grids were treated with 10-nm Aurion Gold solution (Electron
Microscopy Sciences). Boutons were preselected using a Phillips CM120 transmission
electron microscope at 80KeV. Freezing quality was evaluated by surveying the
preservation of muscle cell nuclei that are sensitive to ice crystal formation, and
damaged specimens were excluded. Serial tilt acquisition was automatically conducted
from -60° to 60° in 1° increments at 300KeV using SerialEM software (Mastronarde et
al., 2005) on an FEI TF-30 transmission electron microscope equipped with a GATAN
2k x 2k ultrascan camera. Tilt-image series were aligned and tomograms reconstructed
using fiducial-guided alignment in ETomo/IMOD, and virtual slices of tomogram modes

were generated (Kremer et al., 1996).

Image segmentation and quantification
Segmentation and quantification of membrane-proximal synaptic vesicles, dense
projections, and cytosolic filaments was conducted using Amira 6.0.1 (FEI). Membrane-

proximal synaptic vesicles were defined as the population of synaptic vesicles within 5



nm of the presynaptic membrane, including synaptic vesicles making direct
morphological contact and linked by tethers <5 nm in length. Active zone length is
unaltered at Fife synapses (Bruckner, Gratz et al., 2012;), so to account for variations in
the extent of active zone captured in random serial sections, quantifications of RRP size

from thin sections were normalized to active zone length in the quantified image.

Statistical analyses

Single comparisons were conducted by Student’s t test. Welch’s correction was used in
cases of unequal variance. Multiple comparisons were performed by ANOVA followed by
post hoc tests with Sid4k correction to maintain an experimentwise significance level of
0.05. Chi-square tests were used to compare proportions. Excel, Prism and SigmaPlot

wer used for data analysis, statsitical testing and curve fitting.



Results

Fife and RIM promote neurotransmitter release non-redundantly

Fife and RIM are closely related proteins that share a common domain structure,
colocalize with Bruchpilot at active zones where they both promote neurotransmitter
release, and, in mammals, have multiple binding partners in common (Bruckner, Gratz
et al., 2012; Graf et al., 2012; Muller et al., 2012; Wang et al., 2012). The similarity
between the two proteins raises the possibility that they may regulate neurotransmitter
release redundantly. To test this possibility, we generated double mutants of a null RIM
allele, RIM®73, and a precise deletion of Fife generated through CRISPR-mediated
homology-directed repair, FifeA¢ (Materials and Methods; Graf et al., 2012). Similar to a
previously characterized Fife excision allele, FifeAC displays a reduction of ~60% in
neurotransmitter release and is rescued by neuronal expression of a full-length Fife
cDNA (Figure 1A,B,F-H; control: 32.6 = 1.7, n = 7 NMJs vs. FifeA¢/Df: 13.2 £ 1.7, n = 15 Vs.
C155-Galq/Y; UAS-Fife, FifeA/Df (Rescue): 42.5 = 4.1, n = 9; Bruckner, Gratz et al.,
2012). As previously observed, we find that neurotransmitter release at RIM®73/Df NMJ's
is decreased by approximately 65% (Figure 1A,C,F-H; 11.3 = 2.1, n = 13 NMJs; Graf et al.,
2012). Loss of both Fife and RIM yields viable flies and results in a neurotransmitter
release deficit similar to loss of either gene alone, indicating that Fife and RIM function
non-redundantly to promote neurotransmitter release (Figure 1D,F-H; Fife4C,
RIM®73/Fife Df, RIM Df: 12.9 + 1.4, n = 14 NMJs). Further analysis confirms the
prediction that the two active zone proteins function closely together. While larvae
lacking one copy of either RIM or Fife exhibit normal neurotransmitter release, quantal
content is decreased by nearly 65% in double heterozygous larvae (Figure 1E,F-H;
FifeAC/+: 32.2 £ 1.8, n = 9 NMJs vs. RIM93/+: 24.0 = 2.4, n = 12 vs. FifeAC/RIM'%3: 11.6
1.3, n = 12). Non-allelic non-complementation is often indicative of proteins that

function together within a complex. This is consistent with the colocalization of Fife and



RIM to the active zone cytomatrix at the Drosophila NMJ and in the mouse CNS, where
Piccolo and RIM are both found within 20-50 nm of the presynaptic membrane (Dani et

al., 2010; Bruckner, Gratz et al., 2012, Graf et al., 2012).

Piccolo and RIM proteins both contain C-terminal C2 domains through which they
interact in rodents (Fujimoto et al., 2002; Shibasaki et al., 2004). Canonical C2 domains
mediate Ca2+*-dependent lipid binding through five conserved aspartate residues as well
as protein-protein interactions, whereas non-canonical C2 domains may confer Ca2*-
independent lipid binding (Cho and Stahelin, 2006). To determine if Fife and RIM
interact through their C2 domains, we conducted coimmunoprecipitation experiments in
Drosophila S2 cells. When we express FLAG-tagged versions of either the Fife C2A or
C2B domain, we observe interactions with the RIM C2B domain (Figure 11, lanes 1, 3, 5
and 7). The interaction is specific as no RIM is detected in the absence of FLAG
antibodies or FLAG-Fife (Figure 1I lanes 2, 4, 6 and 8). While we cannot rule out an
interaction, we do not detect interactions between Fife and RIM's C2A domain under
these conditions (data not shown). Together, these data indicate that Fife and RIM carry

out independent functions in close association at the active zone cytomatrix.

Fife regulates probability of release

To determine the mechanism of Fife-dependent regulation of neurotransmitter release,
we conducted a systematic analysis of the three quantal parameters that determine
synaptic efficacy: the size of the post-synaptic response to the release of an individual
synaptic vesicle, or quantal size (q), the average probability of synaptic vesicle release in
response to Ca2*influx (p,), and the total number of release-ready vesicles (n).

Electrophysiological measurements of mEJP amplitude indicate that Fife does not



regulate quantal size, suggesting that Fife regulates neurotransmitter release through

modulation of p,, n, or both (Figure 1B,F; Bruckner, Gratz et al. 2012).

In low extracellular Ca2* concentrations, Fife NMJs fail to respond to a stimulus
significantly more frequently than control, suggesting that p, may be impaired in the
absence of Fife (wild type: 1.7 + 1.1%, n = 6 NMJs vs. Fifee/ex: 24.1 + 6.6%, n = 11 at 0.2
mM external Ca2*; p = 0.007). To quantify the effect of loss of Fife on p,, we applied
closely spaced sequential presynaptic stimuli and measured the degree of facilitation. At
active zones with low release probability, the accumulation of residual Ca2*following a
second, closely spaced stimulus enhances neurotransmitter release. Thus, paired-pulse
facilitation is inversely correlated with p,. In response to paired stimuli at 20 Hz in 0.6
mM external Ca2*, wild-type NMJs exhibit almost no facilitation as expected, whereas
Fife NMJs exhibit an approximately 60% increase in EJP amplitude (Figure 2A-C;
paired-pulse ratio in wild type: 1.01 = 0.04, n = 10 NMJs vs. FifeA¢/Df: 1.58 = 0.16, n =
14; p = 0.003). Together, the increased failure rate and paired-pulse facilitation indicate

significant impairment of p, in the absence of Fife.

Ca2z* channels are reduced at Fife active zones

The levels and localization of Ca2* channels at active zones are key determinants of p,
and have been shown to be regulated by active zone cytomatrix proteins, including RIM
(Graf et al., 2012). To investigate the possibility that altered Ca2* channel levels underlie
reduced p, in the absence of Fife, we expressed GFP-tagged Cacophony, the pore-
forming subunit of the Drosophila CaV2-type Ca>* channel, in Fife and wild-type
neurons (Kawasaki et al., 2002). We observe a 16% decrease in Cacophony levels,
indicating a mild impairment (Figure 3A,B; wild type: 109.6 = 6.0 a.u., n = 1998 active

zones at 6 NMJs vs. Fifee*/Df : 92.5 a.u. + 3.2, n = 2093 active zones at 7 NMJs; p =



0.037). We previously observed a similar trend in Bruchpilot and GluR levels (Bruckner,
Gratz et al., 2012), suggesting Fife may regulate Ca2* channel levels in the context of a
more general role establishing and/or maintaining the molecular organization of active
zones. Consistent with this conclusion, when we normalize Cacophony levels to GluR
levels measured in the same experiment, we no longer observe a difference between wild

type and Fife (Figure 3A,C,D).

Fife promotes the coupling of synaptic vesicles and calcium channels

The slightly lower Ca2* channel levels at Fife active zones combined with normal bouton-
level Ca>* influx points to a role for Fife in the local regulation of Ca2* channel
localization at active zones. Release-ready synaptic vesicles are poised to fuse with the
membrane in response to transiently elevated Ca2* concentrations generated near
voltage-dependent Ca2* channels that open in response to an action potential. Thus, p,
depends critically on the positional coupling of Ca2* influx and synaptic vesicle release
sites. High-probability synchronous release at many synapses, including those of the
Drosophila NMJ, is achieved through the nanodomain (defined as < 100 nm) coupling of
molecularly primed synaptic vesicles and Ca2* channels (Kittel et al., 2006; Eggerman et
al., 2012). To determine if Fife regulates the probability of neurotransmitter release by
promoting nanodomain coupling, we investigated the effect of EGTA on mutant and
wild-type synapses. Because EGTA is a slow Ca?* chelator, at low concentrations its
effects are limited to release-ready synaptic vesicles positioned at distances greater than
100 nm from Ca2* channel clusters (Smith et al. 1984, Eggerman et al. 2012). Therefore,
wild-type synapses exhibiting nanodomain coupling should be insensitive to EGTA,
whereas synapses with impaired positional priming will exhibit sensitivity. We measured
EJP and mEJP amplitude at Fife and wild-type NMJs with and without a 10 minute pre-

treatment with 25 yM membrane permeable EGTA-AM. Consistent with nanodomain



coupling at the Drosophila NMJ, average EJP amplitude was unaffected at wild-type
NMJs (Figure 4A,B,E; without EGTA: 30.2 + 1.0 mV, n = 16 NMJs vs. with EGTA: 29.1 =
2.0 mV, n = 12 NMJs, p = 0.60). Quantal content was similarly unaffected by exposure to
EGTA in wild type (Figure 4F,G; without EGTA: 31.6 = 1.7, n = 16 NMJs vs. with EGTA:
33.5 = 2.1, n = 12 NMJs, p = 0.47). In contrast, at Fife NMJs EJP amplitude is reduced
44% following EGTA exposure (Figure 4C-E; without EGTA: 13.8 £ 1.4 mV, n = 16 NMJs
vs. with EGTA: 7.7 £ 1.7 mV, n = 11 NMJs, p < 0.05). Quantal content is reduced 42% at
Fife NMJs following EGTA exposure, consistent with a severe impairment in the
positional priming of synaptic vesicles (Figure 4F,G; without EGTA: 15.0 £ 1.7, n = 16
NMJs vs. with EGTA: 8.7 + 1.5, n = 11 NMJs, p < 0.05). Therefore, we conclude that Fife
regulates p, by promoting the nanodomain coupling of Ca2* channels and readily

releasable synaptic vesicles.

Fife regulates the size of the readily releasable pool of synaptic vesicles

We next sought to determine if Fife plays a role in establishing and/or maintaining the
number of release-ready synaptic vesicles (n). Generally considered to be those vesicles
molecularly primed to fuse in response to action potential-triggered Ca2* influx, the
readily releasable pool can be measured both physically and functionally (Rosenmund
and Stevens 1996; Neher, 2015). Recent studies have employed high-frequency stimulus
trains that result in short-term synaptic depression caused by depletion of the readily
releasable pool to obtain physiological estimates and identify the molecular
determinants of pool size (Schneggenburger et al. 1999, Hallermann et al., 2010;
Miskiewicz et al., 2011; Weyhersmuller et al., 2011;). Following depletion, a steady-state
of release representing the immediate release of vesicles trafficked from the recycling

pool is observed. Fitting a line to the steady-state phase of cumulative quantal content



measurements during the high-frequency train enables back extrapolation of the readily

releasable pool size.

To assess whether Fife regulates the number of readily releasable vesicles, we measured
the amplitude of postsynaptic responses in two-electrode voltage clamp mode during 60-
Hz stimulus trains at 1 mM [Ca?*].. We then calculated quantal content and plotted
cumulative quantal content. By fitting a line to the last 10 of 30 cumulative quantal
content measurements for each NMJ and back extrapolating to time zero, we determined
the average readily releasable vesicle pool size at wild-type and Fife active zones for
direct comparison. The number of release-ready vesicles calculated at Fife NMJs is 38%
lower than wild type (Figure 5A,B; wild type: 647 = 67 vesicles, n = 9 NMJs vs. FifeA¢/Df:
403 = 88 vesicles, n = 6 NMJs; p = 0.043), consistent with a requirement for Fife in
determining the size of the readily releasable pool. In contrast, the average slope of the
steady state period of cumulative quantal release is not significantly different between
Fife and wild-type NMJs, indicating that replenishment of released synaptic vesicles
occurs independently of Fife (Figure 5A,C; wild type: 85.9 + 11.0, n = 9 NMJs vs.

FifeA¢/Df: 89.9 = 8.6, n = 6 NMJs; p = 0.80).

Fife regulates the number of morphologically docked synaptic vesicles

To further investigate Fife's role in establishing the readily releasable vesicle pool, we
performed complementary imaging studies. Work in diverse organisms and cell types
suggests that when visualized by transmission electron microscopy, the readily
releasable pool comprises synaptic vesicles in direct contact with or tethered to the active
zone membrane by short filaments (Fernandez-Busnadiego et al. 2010, Lanzavecchia et
al. 2005, Zampighi et al. 2005, Chen et al. 2015). Our previous ultrastructural studies of

aldehyde-fixed samples identified a 20% decrease in total synaptic vesicles clustered at



active zones, but could not address the size of the readily releasable pool as aldehyde
fixation has been shown to alter membrane docking of synaptic vesicles (Siksou et al.
2009; Bruckner, Gratz et al., 2012;). To overcome this caveat, we quantified synaptic
vesicles within 5 nm of the active zone membrane at wild-type and Fife synapses from
second-instar larvae prepared for electron microscopy via HPF/FS, which enables
instant immobilization of intact larvae at a near-to-native state without crystal ice
formation. In agreement with our electrophysiological estimates, we found
approximately 30% fewer docked vesicles at Fife active zones (Figure 5D-F; wild type:
3.9 = 0.46 vesicles/600 nm active zone length, n = 30 vs. Fife4°/Df : 2.7 + 0.30

vesicles/100 nm active zone length, n = 25; p = 0.03).

For 3-D resolution, we turned to electron tomography of HPF/FS-prepared samples. The
tomographic reconstruction of each active zone in 250-nm sections enables ultrahigh-
resolution 3D reconstruction of cytoplasmic structures through semiautomatical
segmentation (see Material and Methods). As has been observed in previous studies, the
collapsed T-bar morphology of the electron-dense cytomatrix routinely observed in
traditional preparations is resolved as a complex network of proteinaceous filaments that
clusters synaptic vesicles at both wild-type and Fife active zones (Figure 6A-?; Matkovic
et al., 2013; Fouquet et al., 2009; Kittelmann et al., 2013; Siksou et al., 2007; Zhao et al.,
2012b; Helmprobst et al., 2015). Figure 7x provides a representative 3D model of a

presynaptic active zone with synaptic vesicles surrounding the cytomatrix, or T-bar.

As previously observed at the frog and fly NMJ, the dense projection is linked to the
presynaptic membrane by short regularly spaced “pegs” hypothesized to represent
cytoplasmic complexes including Ca2* channels (Figure 6A-?, Jiao et al., 2010; Harlow et

al., 2001). Further, our tomographic reconstruction of HPF/FS-prepared samples



enables the visualization of a complex network of filaments linking synaptic vesicles
clustered at the presynaptic terminal. The active zone-associated pool includes synaptic
vesicles in direct morphological contact with the presynaptic membrane, linked to the
membrane by tethers ranging from 3-55 nm in length, and clustered within the terminal
either tethered to the dense projection or linked only to neighboring vesicles (Figure 6A-
B). Similar to observations in other organisms, the majority of synaptic vesicles at the
Drosophila NMJ are linked to their neighbors by one or two connecting filaments

(Figure 6F-J, Siksou et al., 2007).

We quantified the number of membrane-associated synaptic vesicles in our tomograms.
In agreement with our electron microscopic analysis of ultrathin sections, we note
consistent trends toward fewer membrane-associated vesicles in our tomographic
reconstructions of Fife active zones (Figure 6?; wild type: 3.6 = 0.51 vs. FifeA¢/Df: 2.0 =
0.55, p = 0.065, n = 5 tomograms per genotype). Thus, both electrophysiological and
morphological measurements indicate that Fife is a critical determinant of the size of the

readily releasable vesicle pool.

Fife determines active zone ultrastructure

Our functional and morphological analyses demonstrate that Fife promotes
neurotransmission by regulating the size of the readily releasable vesicle pool and
coupling release-ready vesicles to Ca2* channels. While the active zone cytomatrix has
long been hypothesized to play a central role in organizing presynaptic terminals for
neurotransmission, genetic studies are now beginning to provide precise links between
the structure and function of active zones (Chua et al., 2014). These studies suggest that
a key role of the active zone cytomatrix may be to establish release slots where synaptic

vesicles can dock in close proximity to voltage-dependent Ca2* channels (Matkovic et al.,



2013; Catterall et al., 2008; Cao et al., 2004). Consistent with a role in organizing active
zone ultrastructure, we observe a clear decrease in the complexity and size of the
electron-dense cytomatrix in our tomographic reconstructions of Fife active zones
(Figure 7A-F). Our previous electron microscopic analysis revealed the presence of
occasional membrane-detached, or floating, electron densities that maintained the
ability to cluster synaptic vesicles in Fife mutants (Bruckner, Gratz et al., 2012). At Fife
active zones that contain T-bars, they are significantly reduced in size (Figure 7G,H;
maximum T-bar width in wild-type: 121.0 £+ 17.1, n = 13 vs. Fife®/Df: : 80.4 = 7.8, n = 17;
p= 0.04). Although it is difficult to quantify due to its filamentous nature, we see a
qualitatively similar decrease in our HPF thin sections as well (Figure 71-L). These data
suggest Fife organizes active zone ultrastructure in support of its functional roles in
establishing the readily releasable vesicle pool and Ca2* channel-vesicle nanocomplexes

to promote high probability neurotransmitter release.

Fife regulates the molecular organization of active zones

The CAST/ELKS homolog Bruchpilot is a major molecular component of T-bars at the
Drosophila NMJ (Kittel et al., 2006). To determine if the decreased cytomatrix
complexity we observe in our ultrastructural analyses is reflected in alterations to the
molecular composition of the cytomatrix, we employed structured-illumination
microscopy to assess Bruchpilot organization. Superresolution imaging studies

employing stimulated emission depletion (STED) microscopy have shown that the C-

terminus of Bruchpilot is arranged in a donut-shaped pattern at active zones (Kittel et al.,

2006). Structured-illumination microscopy (SIM) reveals a similar organization at wild-
type synapses (Figure 8E). In contrast, Bruchpilot is disordered in Fife mutants and
rarely displays a clear donut shape (Figure 8F). To quantify this difference, we selected

planar-oriented active zones in wild-type and Fife mutant NMJs, blind to genotype, and



analyzed active zone morphology using a fluorescence intensity profile along a line
drawn through the center of each Bruchpilot spot. The average plot profile of Fife mutant
Bruchpilot spots indicated the loss of the two peak profile seen in wild-type donut-
shaped Bruchpilot spots (Figure 8G,H). In Fife mutants, we measured 70% fewer active
zones with two peaks than in wild type (Figure 81; wild type: 75.7 = 5.4%, n= 198 active
zones at ten NMJs vs. FifeA¢/Df: 23.4 = 3.5%, n=200 active zones at ten NMJs; p <
0.0001). The precise organization of Bruchpilot was recently linked to the creation of
synaptic vesicle release slots (Matkovic et al., 2013). Together, our findings indicate that
Fife plays a key role in creating release sites where molecularly primed synaptic vesicles
are positionally coupled to voltage-dependent Ca2+ channels, and may do so in part by

organizing the molecular composition and ultrastructural organization of active zones.



Discussion

Precise regulation of synchronized neurotransmitter release underlies the patterned
neural activity that controls thought and behavior. The active zone cytomatrix has been
proposed to play a key role in organizing presynaptic terminals to establish and
modulate synapse-specific neurotransmitter release properties. Here, we show that Fife
determines the structure and molecular composition of the active zone cytomatrix, and
regulates the number of readily releasable synaptic vesicles and their positional coupling
to voltage-dependent Ca>* channels to promote high-probability neurotransmitter

release.

Ultrastructure of the active zone

Recent high-resolution reconstructions of presynaptic ultrastructure at a number of
model synapses have begun to clarify the structural foundations of regulated
neurotransmitter release (Stigloher et al., 2011; Leitinger et al., 2012; Helmprobst et al.,
2015, Bruckner et al., 2015; Harlow et al., 2001). While the spatial details vary between
synapses with diverse functional requirements, the active zone cytomatrix appears to
play a general role in clustering release-ready synaptic vesicles and Ca>* channels at the
presynaptic membrane (Zhai and Bellen, 2004). Consistent with this emerging picture,
our 3D tomographic reconstructions and serial section electron microscopy of samples
preserved in a near native state with HPF/FS vividly reveal a proteinaceous active zone
cytomatrix comprising a complex network of interconnected filaments radiating up to
200 nm from the membrane (Figures 6 and 7; Figure 7—figure supplements 1-3). In our
tomograms, cytomatrix filaments often contact synaptic vesicles in direct morphological
contact with the presynaptic membrane or clustered around the active zone, where they
may act to facilitate trafficking of this vesicle population to available release slots. More

than 60% of vesicles clustered at the active zone are linked by thin filaments to one or



more other vesicles (Figure 6). A subpopulation of synaptic vesicles is linked not only to
neighboring vesicles, but also tethered to the presynaptic membrane by filaments similar
in appearance. Whether the formation of tethers between synaptic vesicles is required
upstream of docking and fusion remains unclear. It has been proposed that tethers may
facilitate the loading and reloading of vesicles tightly coupled to Ca2* channels and/or
distinguish evoked vs. spontaneously released vesicles (Hallermann and Silver, 2013).
Finally, we observe peg-like structures, thought to be Ca2* channels, clustered between
T-bars and the active zone membrane in thin sections of HPF/FS-preserved larvae
(Figure 6; Fouquet et al., 20009; Jiao et al., 2010). Our tomography illustrates the highly
structured nature of the active zone. Future studies coupling EM tomography and
immuno-EM with mutant analyses will undoubtedly be key to elucidating the molecular
nature of these AZ structures and to understanding the structural determinants of

neurotransmitter release parameters.

Active zone organization

The active zone cytomatrix is smaller, less filamentous and clusters fewer synaptic
vesicles at Fife mutant synapses (Figure 7). These changes are accompanied by
disorganized localization of Bruchpilot, a critical molecular component of the Drosophila
active zone cytomatrix (Figure 8). The ring of Bruchpilot apparent through
superresolution imaging of wild-type active zones in planar orientation is collapsed at
the majority of Fife active zones. Similar disorganization of Bruchpilot is observed in
RBP null mutants and isoform-specific Bruchpilot mutants, brp27° and brp49° (Liu et al.,
2011; Matkovic et al., 2013). Multiple studies have linked release dynamics to the overall
size of the active zone cytomatrix across phyla (Holderith et al., 2012; Matkovic et al.,
2013; Matz et al., 2010). Our results suggest that Fife may regulate neurotransmitter

release by modifying both the size and the molecular organization of the cytomatrix.



The readily releasable vesicle pool

Through physiological and morphological measurements, we also demonstrate a role for
Fife in determining the size of the readily releasable vesicle pool (Figures 5 and 7).
Although the exact nature of the pool has been difficult to define, the conceptual
framework of a small pool of rapidly depleted vesicles primed and available for
immediate release upon Ca2* influx holds up across many measures (Pan and Zucker,
2009; Neher, 2015). Electrophysiologically, this pool size can be determined by
calculating the number of vesicles released during a high-frequency stimulus prior to
steady state release from the recycling pool. The morphological correlate is thought to
include the population of vesicles docked at the active zone membrane or linked by
filaments of less than 5 nm (Siksou et al., 2009; Fernandez-Busnadiego et al., 2013;
Gracheva et al., 2010; Imig et al., 2014). In addition to their physical proximity to the
active zone membrane, these vesicles are presumed to be molecularly primed, meaning
that the release apparatus is assembled such that only Ca2* binding is required to trigger
fusion. The number of readily releasable vesicles at an active zone may be a fixed
function of cytomatrix structure (Matkovic et al., 2013). If so, by regulating the size and
structural organization of the active zone cytomatrix, Fife may participate in regulating
the number of release sites. The size of the readily releasable pool is also decreased in
RBP, brpA7° and brpA19° mutants. These mutants also share structural abnormalities
with Fife, supporting the possibility that active zone cytomatrix proteins may regulate
the size of the readily releasable pool of vesicles by creating physical slots for the

membrane docking of vesicles.

Synaptic vesicle-Ca2* channel nanocomplexes



In addition to regulating the number of release-ready vesicles, Fife regulates probability
of release by coupling release-ready synaptic vesicles and voltage-dependent Ca2*
channels (Figures 2-4). Synaptic vesicle release is likely mediated by a very small number
of Ca2* channels clustered in close proximity to release-ready synaptic vesicles (Chen et
al., 2015; Heidelberger et al., 1994; Cao et al., 2004; Sheng et al., 2012). Thus a key
parameter in determining the release probability at active zones is the physical distance
between voltage-dependent Ca2* channels and synaptic vesicles primed for Ca2*-
dependent release, a parameter referred to as positional priming (Wadel et al., 2007;
Neher et al., 2008). At high-probability release synapses, including the mammalian
mature Calyx of held and the Drosophila NMJ, molecularly primed synaptic vesicles are
believed to be positioned within 30-100 nms of voltage-dependent Ca2* channels clusters
in nanocomplexes that ensure their tight coupling and explain their observed release
characteristics (Eggermann et al., 2012, Keller et al., 2015). It is possible that Fife and
other cytomatrix proteins ensure such an arrangement by scaffolding the protein-protein
interaction network that links Ca2* channels and release-ready vesicles in a tightly

coordinated manner.

As might be expected, the same active zone proteins that regulate n, including Bruchpilot,
RBP and RIM, also play key roles in determining p.. High-release probability active

zones at the Drosophila NMJ contain higher levels of Bruchpilot, which in turn

correlates with higher Ca2+ channel levels (Peled and Isacoff, 2011; Graf et al., 2009;
Fouquet et al., 2009). At mouse hippocampal synapses, Bassoon levels scale with
neurotransmitter release property, and active zone size correlates with both the number
of docked vesicles and the size of Ca2* channel clusters (Matz et al., 2010; Holderith et al.,
2012). This correlation extends beyond development to synaptic plasticity. In response

to decreases in glutamate receptor levels or function, Drosophila motorneurons rapidly



increase synaptic vesicle release to maintain postsynaptic excitation (Petersen et al.,
1997; Davis, 2006). This homeostatic increase in presynaptic neurotransmission is
accompanied by an increase in T-bars and Bruchpilot levels (Reiff et al., 2002;
Weyhersmuller et al., 2011). Together, these studies all point to the conclusion that
synapses with high release probability are associated with high levels of active zone
cytomatrix proteins. An attractive model is that the structure of the active zone
cytomatrix, as established by its component molecules and their protein-protein
interactions, directly regulates both n and p, by creating slots for synaptic vesicles to

dock within 100 nm of Ca2* channel clusters.

Overall, the emerging picture of the active zone cytomatrix points to a critical role in
determining baseline presynaptic function and plasticity. The size, organization and
composition of active zone cytomatrix appears tightly correlated with the number of
release sites as well as the probability of release suggesting that these molecules
determine active zone release parameters. Sorting out the common and unique
contributions of each member of the active zone cytomatrix will be critical to

understanding how release dynamics are established and modulated.
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Figure 1. Fife and RIM promote neurotransmitter release non-redundantly.
(A-E) Representative traces of EJPs and mEJPs recorded in 0.6 mM Ca2* in wild type, n
=7 (A), FifeA/Fife Df, n = 15 (B), Rim®73/Rim Df n = 13 (C), FifeA, Rim®73/Fife Df, Rim
Df, n = 14 (D), and Fife4¢, Rim®°3/+ n = 12 (E). Stimulus artifacts have been removed
for clarity. (F-H) Average mEJP amplitude (F), EJP amplitude (G), and quantal content
(H) in the genotypes depicted in A-E and Ci155-Gal4/Y; UAS-Fife, FifeA°/Fife Df (Rescue),
n = 9; Fife°/+, n = 9; and Rim®°3/+, n = 12. Statistical significance represents
comparison to control unless otherwise indicated. ns, not significant; ***p<0.001,
¥*¥*¥*¥p<0.0001. Error bars represent s.e.m. mEJP amplitude is not significantly altered in



any genotype. EJP amplitude and quantal content are significantly decreased in Fife and
rim single and double mutants, and the reduction in Fife is rescued by expression of Fife
in neurons. EJP amplitude and quantal content are normal in Fife and rim heterozygotes,
but significantly reduced in Fife, Rim double heterozygotes. (I) Coimmunoprecipitation
of HA-tagged Rim C2B with FLAG-tagged Fife C2A or Fife C2B. HA-Rim C2B is
coimmunoprecipitated by FLAG-Fife C2A (lane 3) or FLAG-Fife C2B (lane 7), but is not
bound by IgG (lanes 2 and 6) or beads alone (lanes 4 and 8). ). Input lanes (1, 5) contain
lysate equal to 10% of the amount used for the coimmunoprecipitation assays.
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Figure 2. Fife regulates probability of neurotransmitter release. (A)
Representative traces of paired EJPs in wild type and FifeA¢/Fife Df recorded in 0.6 mM
Caz+. (B-C) In 0.6 mM Ca>*Fife NMJs facilitate significantly in response to paired pulses
delivered at 20 Hz, as illustrated by representative traces scaled to the amplitude of the
first wild-type pulse (B) and average ratio of the amplitude of the first and second
responses (C). The scale of EJPs in (B) is indicated by the adjacent bar of the
corresponding color (gray for wild type and green for FifeA¢/Fife Df). PPF is calculated as
the ratio of the amplitude of the second and first pulses. wild type, n = 10 NMJs,
FifeA°/Fife Df: n = 14 NMJs. **p<0.01. Error bars represent s.e.m.
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Figure 3. Fife is required for synaptic organization of Caz* channels and
glutamate receptors but not for Ca2* influx. (A) Confocal z-projections of
Cacophony Ca2+ channel localization at wild type (elav®s5 Galg; UAS-Cac-GFP/+) and
FifeAC/Fife Df (elavcs5 Galg; UAS-Cac-GFP/+; FifeAS/Fife Df ) NMJ 4s colabeled with
antibodies to GFP and GIuRIIE. (B-D) Quantifications of raw Cac-GFP (B), raw GIuRIIE
(C) and normalized Cac-GFP (D) fluorescence intensity in wild-type (n = 6 NMJs) and
FifeAS/Df (n = 7 NMJs) larvae. (B) Raw Cac-GFP levels are decreased 15% at FifeA/Df
NMJs (P<0.05). (C) Similarly, raw GIuRIIE levels are reduced 13% at FifeA°/Df NMJs
(P<0.05). (D) Because both proteins are decreased to a similar degree, there is no
significant difference in Cac-GFP levels when Cac-GFP fluorescence is normalized to
GluRIIE fluorescence. Error bars represent s.e.m.
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Figure 4 . Fife promotes coupling between calcium channels and release
sites. (A-D) Representative traces of EJPs in wild type (A, B) and FifeA¢/Fife Df (C, D) in
the absence of EGTA-AM (A, C) and with 10 min. pretreatment in 100 uM EGTA-AM (B,
D) recorded in HL3 containing 0.6 mM extracellular Ca2*. (E-F) Average EJP amplitude
(E) and quantal content (F) are unaffected by exposure to EGTA-AM in wild type, but
significantly affected in FifeA¢/Fife Df. (G) Quantal content of EGTA-treated NMJs
normalized to untreated controls reveals a significant difference in quantal content in
FifeA¢/Fife Df following EGTA exposure compared to wild type. wild type, n = 16 NMJs,
wild type + EGTA, n = 12 NMJs, FifeA¢/Fife Df, n = 16 NMJs, FifeA¢/Fife Df + EGTA, n =
11 NMJs. Statistical significance represents comparison to control. ns, not significant;
*p<0.05, ***p<0.001. Error bars represent s.e.m.
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Figure 5. Fife regulates the number of readily releasable synaptic vesicles.
(A) Average cumulative quantal content in wild type (grey) and FifeA¢/Fife Df (green). A
60-Hz stimulus train was applied in 1 mM Ca2*. Back extrapolation to time zero of a line
fit to the last 10 of 30 quantal content measurements, when neurotransmitter release has
reached a steady state, yields an estimate of the initial size of the readily releasable pool.
(B) Average RRP size is significantly decreased in FifeA/Fife Df). (C) The slope of the
line fit to the steady-state phase is similar in wild type and FifeA¢/Fife Df, indicating
normal vesicle recycling. wild type, n = 9 NMJs, FifeA¢/Df: n = 8 NMJs. (D-F)
Morphological estimation of RRP size in electron micrographs of ultrathin sections of
NMJs prepared by HPF/FS. Representative micrographs of wild type (D-D’) and
FifeA¢/Fife Df (E-E’) active zones illustrate the population of active zone-associated
synaptic vesicles (D’, E’, grey) that are in direct contact with or tethered within 5 nm of
the presynaptic membrane (white) and represent the RRP (D’, E’, green). The number of
RRP synaptic vesicles at each active zone was normalized to active zone length and is
significantly reduced in FifeA¢/Fife Df (n = 25 active zones) compared to wild type (F, n =
30 active zones). Scale bar = 100 nm. ns, not significant; *p<0.05. Error bars represent
s.e.m.



Figure 6. High-resolution architecture of the Drosophila NMJ active zone.
(A) Single, central virtual slice size? through an EM tomogram of a wild type NMJ
synapse prepared using HPF/FS techniques. (B) Segmented synaptic features, including
the presynaptic dense projection (cyan), a single morphologically docked RRP synaptic
vesicle (magenta), and clustered synaptic vesicles (gray) some of which make contact
with the dense projection (orange). Scale bar: 50 nm. (C-D) Representative virtual slice
(C) and segmentation (D) of the thin filaments (green) that link synaptic vesicles (gray)
clustered at the active zone. Scale bar: 50 nm. (E-H) Representative virtual slices (E,G)
and segmentation (F,H) of tethers of variable length (purple) between synaptic vesicles
(gray) and the presynaptic membrane (white). Scale bar: 50 nm. (I) Representative fully
segmented active zone, illustrating the dense projection (cyan), RRP (olive, or magenta
when contacting the dense projection), dense projection-associated synaptic vesicles



(orange), synaptic vesicle pool (grey), filaments (green), and tethers (purple). Scale bar:
50 nm. (J-M) Representative virtual slice (J) and segmentation (K-M) of minute pegs
(vellow) linking the dense projection (cyan) and presynaptic membrane. Pegs are
regularly spaced (L) and vary in size (M). Scale bar in J: 50 nm. Scale bar in L. and M: 10
nm.
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Figure 7. Electron tomographic reconstruction of Fife active zones.
Visualization of the RRP and dense projections of wild type and FifeA¢/Fife Df active
zones in high-resolution 3D supports quantification of these features in single ultrathin
slices. (A-F) Representative virtual slices (A-C) and segmentations (D-F) of dense
projections, RRP synaptic vesicles (olive, magenta) and dense projection-associated
synaptic vesicles (orange, magenta) at three wild type NMJ active zones from three
distinct animals. (H-M) Three tomograms from three distinct FifeA¢/Fife Df animals
were segmented in a similar manner and compared to wild type. Scale bar: 50 nm.
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Figure 8. Fife regulates organization of the active zone cytomatrix. (A-E)
Disruption of active zone ultrastructure is apparent in EM micrographs of ultrathin
sections of wild type (A,C,C’) and FifeAC/Fife Df (B) or Fifee<o27/Fife Df (D-D’) active
zones prepared by conventional preservation (A-B) or HPF/FS techniques (C-D’). The
width of the T-bar in conventionally prepared samples is significantly reduced in
FifeA¢/Fife Df (n = 17 active zones) compared to wild type (n = 13 active zones). Scale
bar: 100 nm. (F) Furthermore, the area of Nc82 labelled Brp punctae is significantly
reduced in Fifeex?7/Fife Df (n = 1410 punctae from 4 NMJs) compared to wild type (n =
1479 punctae from 5 NMJs). (G-H) Superresolution structured illumination micrographs




of wild-type (G) and FifeA¢/Fife Df (H) NMJs stained with anti-Nc¢82 antibody. Insets
show representative Brp punctae and an example line scan used to generate intensity
profiles (red line). (I-J) Fluorescence intensity profiles along a line bisecting individual
Brp punctae (grey lines) and the average plot profile (black line) are shown for wild-type
(I, n =) and FifeA°/Fife Df (J, n =) brp punctae. (K) Quantification of the percent of plot
profiles indicating two peaks in wild-type (n = 10 NMJs) and FifeA¢/Df (n = 10 NMJs)
NMJs. *p<0.05, ***p<0.001, ****p<0.0001. Error bars represent s.e.m.
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Section 2

Developing the CRISPR-Cas9 system for rapid and reliable genome
engineering in Drosophila melanogaster.

As detailed in Chapter 1, Fife was uncovered in an RNAi screen. After initial
characterization of Fife using the RNAI line, we wanted to confirm the identified
phenotypes in a classical allele. My subsequent efforts to generate a Fife null, a
venture that proved much more difficult than I anticipated, sparked my interest
in targeted genome engineering. Because we lacked both a readily screenable
phenotype for a non-complementation-based mutagenesis strategy and a nearby
P element for generating imprecise excisions, I used a homology-directed repair
(HDR) strategy designed to generate a targeted deletion in the Fife locus. The
HDR methods available for targeted mutagenesis in Drosophila at the time
(2011-2012) relied on donor vectors with very long homology arms that had to be
integrated into the genome and subsequently liberated and linearized to generate
the double-stranded DNA breaks (DSBs) that could engage the DNA repair
pathway to incorporate the desired modification. These methods were laborious
and inefficient, likely due to the fact that there are only 2 donor copies per cell
and the DSBs are generated in a small extrachromosomal donor molecule that is
unlikely to engage the DNA repair system to the same extent a chromosomal DSB
might. Ultimately, these attempts failed to generate the desired mutation despite
9 months of considerable effort. This failure piqued my interest in improving

methods of genome engineering in Drosophila.



DSBs generated in the genomic target site are considerably more efficient at
inducing HDR. To that end, zinc- finger nucleases (ZFNs) and transcription
activator-like effector nucleases (TALENSs) had been successfully employed in
Drosophila to catalyze HDR. Unfortunately, the use of ZFNs and TALENs
requires the generation of two unique sequence-specific nucleases for each
application, which is not trivial. While I was attempting HDR, we were also
undertaking an excision screen of a Minos element in hopes of generating a large
enough deletion to create a null allele. Excision mutagenesis relies on aberrant
repair of the DSB generated by the mobilization of a transposable element
already inserted in the target region. Realizing that DSBs generated by
mobilization of a transposon are functionally analogous to DSBs generated by a
targeted nuclease, I started experimenting with the use of transposon
mobilization to initiate targeted HDR — an exciting foray into work begun in the
laboratory of Bill Engels beginning over 20 years ago. The approach, when
combined with HDR techniques developed in the intervening years, appeared to
significantly increase the efficiency of HDR, and I successfully deleted the Fife
locus. While I was focusing on optimizing the strategy, news of a new method for
generating targeted DSBs hit. It was immediately clear that this new approach
would far surpass anything we could achieve with a transposon-based approach.
Already keen on improving genome-engineering methods, we immediately
switched gears and began working to apply the CRISPR-Casg system to

Drosophila.



For both chapters 3 and 4, I participated in the design and analysis of all genome-
engineering experiments. I designed and helped generate all the vectors and fly
lines necessary for CRISPR-Cas9 genome engineering, screened for candidate
mutants and performed molecular characterization experiments. I have also
included a review I published about using the CRISPR-Casg system in

Drosophila and a protocol chapter as appendices A and B respectively.
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Abstract

We have adapted a bacterial CRISPR RNA/Cas9 system to precisely engineer the
Drosophila genome and report that Casg-mediated genomic modifications are efficiently
transmitted through the germline. This RNA-guided Cas9 system can be rapidly

programmed to generate targeted alleles for probing gene function in Drosophila.



Introduction

Genetic and molecular techniques to manipulate the genomes of model organisms are
invaluable tools for understanding gene function. In Drosophila, chemical and
insertional mutagenesis are powerful and widely utilized methods for disrupting gene
function (ST JOHNSTON 2002; VENKEN and BELLEN 2005). Imprecise excision of a
transposable element inserted near a gene of interest can result in deletion of all or part
of the locus. More recently, techniques that stimulate homologous recombination (HR)
using an exogenous template have made precisely targeted genome modifications
possible in Drosophila (GLOOR et al. 1991; BANGA and BOYD 1992; NASSIF et al. 1994;
RONG and GOLIC 2000; GONG and GOLIC 2003; HUANG et al. 2009). The most widely
used methods rely on double-strand breaks (DSBs) in the donor template to trigger HR,
but these can be time consuming and labor intensive (GAO et al. 2009; HUANG et al.
2009). Zinc-finger nucleases (ZFNs) and transcription activator-like effector nucleases
(TALENSs) have been successfully employed in Drosophila to generate DSBs in genomic
targets that trigger repair by either HR or error-prone non-homologous end joining
(NHEJ) (BIBIKOVA et al. 2002; LIU et al. 2012). However, ZFNs and TALENSs, which both
comprise a nuclease joined to a site-specific DNA: binding domain, require the
generation of a unique protein for each genomic manipulation (WOOD et al. 2011). In the
past few months, the simplified CRISPR RNA-guided Casg nuclease has shown broad

potential for genome engineering in metazoans.

CRISPRs (clustered regularly interspaced short palindromic repeats) and the CRISPR-
associated nuclease Casg were first identified in E. coli in 1987 and later shown to
function as part of an adaptive immune system in bacteria and archaea (ISHINO et al.
1987; MAKAROVA et al. 2006; BARRANGOU et al. 2007). In type II CRISPR systems, a

CRISPR RNA (crRNA), which contains sequence complementary to invading virus or



plasmid DNA, and a trans-activating CRISPR RNA (tracrRNA) interact with Cas9 to
direct sequence-specific cleavage of exogenous DNA. Recognizing the potential of
harnessing this system for precise genome engineering in other organisms, Jinek and
colleagues identified a minimal two-component system required for the site-specific
cleavage of DNA — Cas9 and a chimeric RNA (chiRNA) comprising the crRNA and
tracrRNA from S. pyogenes (JINEK et al. 2012). Thus, in contrast to ZFNs and TALENSs,
this modified CRISPR RNA/Cas9 system directs a common nuclease to specific DNA
sequences by a short, readily generated RNA. This obviates the need to create a unique
chimeric nuclease for each genome manipulation and raises the possibility and promise

of routine genome engineering.

In recent months, a number of laboratories have demonstrated that this heterologously
expressed two-component CRISPR RNA/Cas9 system can induce site-specific DSBs in
eukaryotic genomes, including cultured mammalian cells, human stem cells and yeast
(CHO et al. 2013; CONG et al. 2013; DICARLO et al. 2013; DING et al. 2013; JINEK et al.
2013; MALI et al. 2013). In vivo experiments in zebrafish and mice yielded mosaic
animals, demonstrating that the system has the capacity to manipulate a variety of
eukaryotic genomes (CHANG et al. 2013; HWANG et al. 2013; SHEN et al. 2013). Most
recently, mice carrying homozygous mutations in two genes were generated through
embryo injections (WANG et al. 2013). Nonetheless, to date the CRISPR RNA/Cas9
system has not been adapted for Drosophila, a key genetic model, and germline
transmission of Cas9-induced changes has not been demonstrated in any organism. Here
we demonstrate that the CRISPR RNA/Cas9 system can (1) mediate efficient genome
engineering in Drosophila and (2) induce targeted genome modifications in the

Drosophila germline that are transmitted to progeny.



Materials and methods

Molecular reagents

phsp70-Cas9: Sequence encoding 3X Flag-NLS-Cas9-NLS was amplified from pX330
(CONG et al. 2013) and cloned as a Clal/Xbal fragment between the Drosophila hsp7o
promoter and 3" UTR in pHSS6hsILMi20 (a gift from Anastasios Pavlopoulos). For
annotated sequence, see Supporting Information Figure S2A. Expression of Cas9 in

embryos was confirmed by immunoblotting.

pU6-BbsI-chiRNA: The chiRNA sequence was placed under control of the Drosophila
snRNA:U6:96Ab promoter for in vivo transcription (WAKIYAMA et al. 2005). The U6-
chiRNA backbone was synthesized as a gBlock gene fragment (Integrated DNA
Technologies) and blunt-end ligated into the EcoRV site of pBluescript SK(-). The
resulting vector contains two BbsI cut sites to facilitate insertion of target-specific
sequences (for annotated sequence, see Supporting Information Figure S2B). Target-
specific sequences for yellow and rosy were synthesized as 5’-phosphorylated

oligonucleotides, annealed and ligated into the BbslI sites of pU6-BbsI-chimericRNA.

Donor template. The single-stranded DNA oligonucleotide (ssODN) donor template
for homologous recombination was designed to contain 60-nt of homology directly
adjacent to each Casg-mediated DSB in the target locus and a 50-nt attP docking site (for
annotated sequence, see Supporting Information, Figure S2C). The ssODN was

synthesized by Integrated DNA Technologies.

Embryo injections
w8 preblastoderm embryos were injected through the chorion membrane using

standard protocols. phsp70-Cas9 was injected at a concentration of 500 ng/uL. The



pU6-chiRNA targeting constructs were injected at 500 ng/uL for single chiRNAs and
250 ng/uL each when two chiRNAs were injected. The donor template ssODN was
diluted according to the manufacturer’s recommendations and injected at a
concentration of 100 ng/uL. All injection mixtures were prepared in water. Average
embryonic survival following injection with Cas9 and a single chiRNA was 50%.
Embryonic survival rates following multiplex injections of 2 chiRNAs with and without
the ssODN donor were 68 and 69%, respectively. While this difference likely reflects
improved quality of injections rather than the differences in the injection components,
these rates indicate that expression of the components of the CRISPR RNA/Cas9 system

does not significantly impair development.

Surveyor assay

Analysis of NHEJ products resulting from single chiRNA targeting was performed using
the Surveyor Mutation Detection kit (Transgenomic). Briefly, genomic DNA was isolated
from individual embryos 24 hours after injection. Approximately 500-bp flanking the
target Cas9 cut sites in yellow and rosy were amplified using Herculase DNA polymerase
(Agilent Technologies) according to the manufacturer’s protocol and the resulting
product was purified using the Wizard SV Gel and PCR Clean-Up System (Promega). A
total of 500 ng of purified PCR product was diluted in 1X Herculase reaction buffer to a
final volume of 20 uL. Heteroduplexes were formed using the following parameters:
95°C for 10 min, 95°C to 85°C ramping at rate of -2.0°C/sec, 85°C for 1 min, 85°C to
25°C at a rate of -0.3°C/second with 1 min holds at 75°C, 65°C, 55°C, 45°C, 35°C, and
25°C. After this duplex annealing step, 16 uL of each sample (400 ng annealed duplexes)
was mixed with 2 uL. 0.15 M MgCl,, 1 uL Surveyor Enhancer S, 1 uL. Surveyor Nuclease S
and incubated at 42°C for 60 min. The Surveyor reaction was stopped with 2 uL of Stop

solution, and the products were separated by polyacrylamide gel electrophoresis. The gel



was stained with SYBR Gold (Invitrogen), and visualized on a GE ImageQuant.

Molecular characterization of engineered loci

Genomic DNA was isolated from individual embryos 24 hours after injection. PCR was
performed using primers flanking the target lesion (Figure 1A, open arrows). Amplified
products were purified and analyzed by Sanger sequencing or subcloned into pCR4-

TOPO or pCRBluntII-TOPO (Invitrogen) prior to Sanger sequencing.

Screening

To assess germline transmission of targeted modifications, adults that developed from
injected embryos were individually crossed to y?, w’. The offspring of crosses were
screened for 10 days after the first flies emerged for progeny with yellow cuticles.
Transmission rates were calculated both as a percent of parental crosses that produced
one or more yellow progeny and as a percent of total progeny. The total number of
progeny screened was calculated by weight. Specifically, for each genome manipulation
we pooled progeny daily and weighed 100 flies. The remaining flies were weighed and
their number calculated based on the weight of 100 flies. Transmission of expected

events was confirmed by sequence analysis.



Results

Site-directed cleavage of Drosophila genes

To test whether the CRISPR RNA/Cas9 system could induce site-specific DSBs in
Drosophila, we targeted the yellow gene, which is on the X chromosome and commonly
used for genome engineering studies (RONG and GOLIC 2000; BIBIKOVA et al. 2002; LI1U
et al. 2012). Efficient target recognition by the CRISPR RNA/Cas9 system requires 20
nucleotides (nt) of homology between the chiRNA and its genomic target. Cleavage also
requires that the 3’ end of the genomic target sequence contains a 3-basepair (bp) proto-
spacer adjacent motif (PAM) sequence, NGG, which differentiates self from invading
DNA in the endogenous system (JINEK et al. 2012). Thus, selection of a 20-nt target
sequence is limited only by the requirement for an adjacent PAM sequence. In our
plasmid-based system, the ideal target sequence also begins with a G that allows for
precise transcriptional initiation of the chiRNA from the U6 promoter (WAKIYAMA et al.

2005)(see Materials and Methods).

Plasmids encoding Casg and a chiRNA targeting the first exon of yellow (YE1),

disruption of which is expected to abolish yellow function, were co-injected into
preblastoderm embryos (Figures 1A, S1A,B). To assess Cas9-mediated cleavage, we
isolated DNA from individual embryos 24-hours post injection. Following PCR
amplification of the targeted genomic site, we used the Surveyor Mutation Detection
assay, which employs an endonuclease that recognizes and cuts at the site of mismatches,
to detect small insertions or deletions (indels) that result when DSBs are imperfectly
repaired by NHEJ. DSBs that are repaired by HR using either the sister chromatid or
homologous chromosome as a template do not result in an altered locus and are not
detectable. The Surveyor assay indicated site-specific indels in one of 13 embryos

injected with Casg and the YE1 chiRNA (Figure 1B). Consistent with the loss of yellow in



a subset of somatic cells, we observed mosaic yellow patches in adult male cuticles after
YE1 injection (6%, n=67). Based on the size of the cleavage products produced in the
Surveyor assay, the induced cleavage occurred at the YE1 target site indicating that the
chiRNA successfully directed Casg to the yellow locus where it induced DSBs in the

targeted DNA.

To determine if co-injection of Casg and a chiRNA could generate indels at other loci, we
designed two chiRNAs to target the rosy gene (Figure 1C, R1 and R2). Again, the
Surveyor assay identified Cas9-induced site-specific cleavage at the targeted sites in a
subset of embryos (Figure 1D, 3/4 embryos for each chiRNA). Thus, the RNA-guided
Casg system can be readily programmed to induce DSBs in multiple Drosophila genomic

targets.

Engineering defined deletions

Encouraged that the CRISPR RNA/Cas9 system functioned in Drosophila, we next asked
whether Cas9-mediated DSBs could be harnessed to generate defined deletions. We
reasoned that introducing two chiRNAs, Y5’ targeting the 5’ end of yellow and Y3’
targeting the 3’ end, might guide Cas9 to precisely delete the 4.6-kilobase (kb) yellow
locus (Figure 1A). We isolated DNA from embryos 24 hours after co-injection of Cas9,
Y5’ chiRNA and Y3’ chiRNA, and performed PCR to determine whether yellow was
deleted. Using primers flanking the targeted sites (Figure 1A, open arrows), a 650-bp
product was amplified as expected if targeted deletion occurred in 13/16 embryos (Figure
1E). Moreover, as adults, 66% of injected males (n= 52) displayed yellow mosaicism,

consistent with a high level of targeted deletion in somatic cells.



To investigate individual repair events, the DNA amplified from the targeted locus was
pooled, subcloned and sequenced. In nine of nine clones analyzed, the 4.6-kb yellow
locus was deleted and the junction created by repair of the two cut sites showed the small
indels typical of NHEJ (Figure 1F). These results extend findings from mammalian cell
culture in which 19- and 118-bp sequences were deleted by co-transfection of Casg and
two chiRNAs (CONG et al. 2013; MALI et al. 2013), and demonstrate that such “multiplex”
genome editing is an effective tool for precisely deleting large genomic regions in

organisms.

Cas9-mediated homologous recombination

The ability to edit genomic sequence by introducing specific mutations or exogenous
sequences to monitor or manipulate protein activity provides a critical tool for dissecting
gene function. One means of achieving this goal is to replace a gene with a sequence that
enables site-specific integration of engineered genes into the targeted locus, such as the
attP ®C31 phage recombination site. Such gene replacement can be accomplished by
stimulating HR in the presence of a donor template that includes the site-specific
integration sequence (GAO et al. 2008; HUANG et al. 2009). To this end, we designed a
single-stranded oligodeoxynucleotide (ssODN) repair template that includes a 50-nt attP
site flanked by 60-nt homology arms corresponding to sequences 5’ and 3’ of yellow
(Figure 1G and S1C). We co-injected Cas9 and the Y5’ and Y3’ chiRNAs with this ssODN,
which we predicted would serve as a template for repair of the deleted locus by HR
resulting in the replacement of yellow with attP. Using the same primers as above
(Figure 1A, open arrows), we performed PCR on DNA extracted from single injected
embryos. In 13/16 embryos, we detected the 700-bp product that is expected to result
from replacement of yellow with attP (Figure 1H). In agreement with highly efficient

disruption of yellow, 62% of injected males exhibited a mosaic cuticle as adults (n=35).



To confirm that the ssODN donor served as a template for repair by HR, the PCR
products amplified from injected embryos were pooled and subcloned. Sequence analysis
of individual repair events revealed that the yellow gene was replaced by attP from the
ssODN template in five of eight clones. Two clones contained the 4.6-kb deletion but
lacked the attP sequence, indicating site-specific induction of DSBs repaired by NHEJ
rather than HR. This mirrors our PCR results, in which doublets of approximately 700
and 650-bp were detected, likely representing the inclusion or lack of the 50-bp attP
sequence (Figure 1H, lanes 3, 10 and 11). The higher molecular weight bands faintly
visible in some lanes may reflect aberrant repair events (Figure 1H, lanes 11 and 15). We
observed such an event in one of eight clones. In this clone, the 4.6-kb yellow locus was
deleted and part of the attP sequence was incorporated along with 40-bp of novel
sequence. This unusual event may reflect repair via a synthesis-dependent strand
annealing (SDSA) mechanism in which the two broken DNA strands independently
select repair templates (NASSIF et al. 1994). Previous studies of HR induced by DSBs in
genomic targets have also identified SDSA as a primary mechanism of repair and

reported similar rare events (NASSIF et al. 1994; BOZAS et al. 2009).

Germline transmission of Cas9-induced genome modifications

Our results demonstrate that the readily programmed CRISPR RNA/Cas9 system can be
employed to precisely mutate, delete or replace genes in vivo, so we next sought to
determine whether Cas9-induced mutations could be transmitted through the germline
to create stable mutant strains. We crossed adult flies injected as embryos with Casg and
YE1 chiRNA to flies carrying a null mutation in yellow (y*), allowing us to phenotypically
screen female progeny of injected males and all progeny of injected females. 6.4% of

injected males and 4.8% of injected females yielded at least one offspring exhibiting the



yellow null phenotype (Table 1, injected flies that yield yellow offspring are referred to as
‘founders’). To determine if yellow progeny resulted from Casg-induced mutations, the
target locus was amplified and sequenced from at least one yellow progeny per founder.
Indels were present at the predicted Casg cut site in each case (Figure 2A). Interestingly,
we recovered a 4-bp deletion in the progeny of multiple founders. This is likely due to
preferential repair by microhomology-mediated end joining facilitated by the presence of
a short repeat adjacent to the YE1 cut site (Figure 2A, underlined in wild-type sequence)
(MCVEY and LEE 2008). Thus, the rate of mutations induced by Cas9 and a single
chiRNA is comparable to that obtained with a pair of ZFNs targeting the yellow locus
(6% transmission for males and 0% for females) and lower than that reported for two

TALENS (17% for males and 45% for females) (BIBIKOVA et al. 2002; LIU et al. 2012).

We also investigated whether multiplex-mediated genome editing was transmitted
through the germline. We first analyzed the progeny of flies that had been injected with
Cas9, Y5’ chiRNA and Y3’ chiRNA to precisely delete yellow. 25% of injected males and
14.3% of injected females produced yellow progeny (Table 1, founders). PCR and
sequence analysis of mutant progeny identified the precise deletion of yellow in the
progeny of one founder (Figure 2B and Table 1). Partial deletions of yellow, up to ~3.7-
kb in size, were also detected by PCR and sequence analysis, consistent with imperfect

repair of Casg-induced deletions (Figure 2B).

We next analyzed flies that had been injected with Casg, Y5’ chiRNA, Y3’ chiRNA and
the ssODN donor template to determine if the replacement of yellow with attP was also
transmitted to progeny. 8.6% of injected males and 23.1% of injected females produced
one or more yellow offspring (Table 1, founders). Sequence analysis showed that two

(22%) of the founders transmitted the precisely engineered replacement of yellow with



attP (Figure 2C and Table 1). By comparison, depending on the specific donor, 1-19% of
mutant progeny of flies injected with ZFNs and ssODN donor templates designed to
introduce stop mutations in a rosy exon reflected HR-mediated repair (BEUMER et al.
2013). These data demonstrate that Casg-mediated HR events are effectively transmitted

through the germline.

A common concern with sequence-guided nucleases is the potential for off-target
cleavage. Cong et al. (2013) demonstrated that cleavage by Cas9 requires a PAM and a
perfect match of at least 12-nt at the 3’ end of the targeting sequence, while single
mismatches in the remaining 8-nt of targeting sequence are tolerated. Given the high
frequency at which PAM sites occur in the Drosophila genome, we were able to readily
select targets with minimal potential for off-target cleavage. Of the three chiRNAs used
to generate germline transformants, only the Y5’ chiRNA has a 12-nt match to sequence
adjacent to a PAM elsewhere in the genome. PCR and sequence analysis of this site in
flies carrying Y5'-mediated deletion or replacement of yellow demonstrated the presence
of wild-type sequence, consistent with the absence of off-target cleavage (Figure S3).
Moreover, engineered flies developed into viable and fertile adults. The lack of detectable
off-target effects is in accordance with findings in other systems and suggests high

specificity of targeting by the CRISPR RNA/Cas9 system (WANG et al. 2013).

In summary, overall germline transmission rates, defined as the percent of injected flies
that yielded at least one offspring carrying the targeted event, ranged from 1.1% for
multiplex-mediated deletion of yellow to 5.9% for single chiRNA-induced NHEJ. Perfect
replacement of yellow with attP was transmitted through the germline of 3.3% of
injected flies (2/61). Importantly, transformed flies were healthy and fertile and showed

no evidence of off-target cleavage.



Discussion

Our results demonstrate the efficient generation of Casg-mediated genome
modifications in Drosophila, and for the first time show germline transmission of
genome engineering via the CRISPR RNA/Cas9 system. A single chiRNA can guide Cas9
to a specific genomic sequence to induce DSBs that are imperfectly repaired by NHEJ,
while multiplex targeting can be used to generate large defined deletions. By combining
multiplex targeting of yellow with the introduction of an ssODN donor template
containing exogenous sequence, we successfully replaced yellow with an attP docking
site. Interestingly, while germline transmission rates for each of these manipulations
were similar, injection of two chiRNAs (with or without the ssODN donor) yielded
approximately 10 times more mosaic males than a single chiRNA. This may be due to the
fact that multiplex injections provide multiple routes for mutating the target locus,
including single DSBs induced by either chiRNA and repaired by NHEJ. The lower
percent of founders yielding the precise targeted event in the multiplex injection
paradigms supports this interpretation. Our results also suggest that the frequency of
events in somatic tissue does not directly correlate with the frequency of events in the
germline, consistent with previous observations with ZFNs and TALENSs in Drosophila

(BIBIKOVA et al. 2002; LIU et al. 2012).

It is likely that the CRISPR RNA/Cas9 system can be further optimized. Studies in
vertebrates suggest that expression levels of CRISPR RNAs are a key determinant of
efficiency (JINEK et al. 2013). Transgenic lines expressing Casg and tracrRNA under the
control of endogenous germline-specific promoters might yield increased efficiency.
Moreover, it may be possible to bias repair to HR over NHEJ by exploiting a Casg
mutant that induces single-strand DNA breaks (JINEK et al. 2012; CONG et al. 2013; MALI

et al. 2013) or conducting Cas9-mediated genome engineering in a genetic background



that reduces NHEJ (BEUMER et al. 2008). Because the components of the CRISPR
RNA/Cas9 system can be injected into embryos of any genotype, it should also be
possible to use a marked transposable element residing in the targeted locus to identify
defined deletions or replacements by loss of the positive marker, obviating the need for
molecular screening when screening by mutant phenotype is not possible. Finally,
combining the CRISPR RNA/Cas9 system with dsDNA donors containing larger
homology regions may also increase efficiency (NASSIF et al. 1994; BEUMER et al. 2013).
While the generation of such templates is more labor intensive, the ability to incorporate
a selectable marker would add to the utility of the CRISPR RNA/Cas9 system for some

applications.

The ease of producing sequence-specific chiRNAs makes the CRISPR RNA/Cas9 system
an appealing method for genome editing. From the initial cloning steps to identifying
transformants, stable lines with targeted genome alterations can be generated within a
month. Our demonstration that the CRISPR RNA/Cas9 system can be used to create and
transmit precise genomic modifications in Drosophila opens the door to rapid

engineering of the genome to investigate gene function and regulation.
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Figure 1. Cas9-generated DSBs are repaired by NHEJ and HR in Drosophila
embryos. (A) Schematic of the yellow locus indicating Y1E, Y5’ and Y3’ chiRNA target
sites. The predicted cut site for each chiRNA is indicated (red arrows). Inset shows
schematic of CRISPR RNA/Cas9 system components interacting with target DNA. For
additional detail, see Supporting Information, Figure S1A. (B) Results of the Surveyor
assay indicate targeted cleavage occurred in yellow at the predicted YE1 cut site (left:
embryos injected with YE1 chiRNA, right: control, C, embryos). Duplexes lacking indels
were uncut (open arrowhead), whereas duplexes containing indels were cut
asymmetrically at the targeted site (closed arrowheads). 1/13 embryos injected with YE1
chiRNA produced duplexes with indels. (C) Schematic of the rosy locus indicating R1
and R2 chiRNA target sites (red arrows). (D) Results from Surveyor assays indicate R1
and R2 chiRNAs generated indels at the targeted cut sites (embryos injected with R1
chiRNA, R2 chiRNA or control, C, are as indicated). Uncut duplexes (open arrowhead)
and cut duplexes (closed arrowhead) as indicated. 3/4 embryos injected with either R1
chiRNA or R2 chiRNA produced duplexes with indels. (E) The yellow locus was



amplified from embryos injected with Casg, Y5’ chiRNA and Y3’ chiRNA using the
primers indicated in (A) (open arrows). Products from 9 reactions were pooled for
sequencing. Targeted deletions result in a 650-bp PCR product (C = uninjected control
embryo). (F) Sequence alignments of the targeted deletion PCR products reveal
breakpoints and imprecise repair at predicted cut sites (red arrowheads). One repair
event that resulted in the 4.6-kb deletion of yellow plus an indel deleting an additional
27-bp and inserting 93-bp is not shown. (G) Schematic of the yellow ssODN design. The
ssODN includes 60-nt homology arms flanking a 50-nt attP docking site (purple). The
homology arms correspond to the sequences immediately adjacent to the predicted cut
sites (red arrows). For additional detail see Supplemental Information, Figure S1C. (H)
The yellow locus was amplified from embryos injected with Casg, Y5’ chiRNA, Y3’
chiRNA and ssODN using the primers indicated in (A). HR events in which the locus is
deleted and replaced with attP will yield a 700-bp product. Products from 3 reactions
were pooled for sequence analysis, which confirmed the replacement of yellow with attP
in 5/8 clones.
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Figure 2. CRISPR-induced modifications are efficiently transmitted through
the germline. (A) Representative sequences of independent yellow mutants generated
by Y1E-guided Cas9-induced DSBs. The predicted YE1 cleavage site is indicated with a
red arrowhead. Short sequence repeats flanking the cleavage site (underlined in the wild-
type sequence) may have facilitated the preferential generation of the same 4-bp deletion
in three independent founders by MMEJ. (B) The yellow locus was amplified from
yellow progeny of males and females injected with Cas9, Y5’ chiRNA and Y3’ chiRNA
using the primers indicated in Figure 1A. 15 independent progeny are represented (C =
uninjected control). A 650-bp PCR product is expected (black arrowhead) if a targeted
deletion of yellow has been transmitted. PCR products corresponding to partial deletions
(grey arrowheads) and wild-type (open arrowhead) yellow are indicated. (C) The yellow
locus was amplified from embryos injected with Cas9, Y5’ chiRNA, Y3’ chiRNA and
ssODN using the primers indicated in Figure 1A. Seven independent progeny are
represented (C= uninjected control). A 700-bp product is expected following the targeted
replacement of yellow with attP. PCR products corresponding to correct HR events are
indicated (black arrowheads) and were confirmed by Sanger sequencing.



Table 1. Germline transmission rates

Injected males Injected females
chiRNA(s) ssODN % (#) founders % (#) progeny % (#) founders % (#) progeny % (#) founders yielding % (#) overall germline
donor targeted event transmission
YE1 - 6.4 (3/47) 0.23 ( 5/2128) 4.8 (1/21) 0.26 (4/1525) 100 (4/4) 5.9 (4/68)
Y5, Y3 - 25 (13/52) 1.3 (61/4608) 14.3 (5/35) 1.5 (35/2421) 5.6 (1/18) 1.1 (1/87)
Y5, Y3 + 8.6 (3/35) 1.0 (24/2336) 23.1 (6/26) 1.3 (34/2655) 22.2 (2/9) 3.3 (2/61)

Flies injected with Cas9 and the indicated chiRNAs and ssODN template were crossed to yellow (y*) and progeny screened for yellow
cuticles. The percent of injected flies producing one or more yellow progeny (founders) is indicated along with the percent of total
progeny exhibiting yellow cuticle. At least one progeny per founder was sequenced to determine if the targeted event had occurred.
The percent of founders in which the expected event occurred in one or more progeny is reported, as is the overall germline
transmission rate (% injected flies yielding expected event)
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Figure S1. CRISPR RNA/Cas9 molecular reagents used in this study. (A)
Schematic of the modified CRISPR RNA/Cas9 system (based on Jinek et al., 2012) used
to target yellow in this study (YE1 is shown as an example). A chiRNA guides Cas9 to
complementary target DNA. Target recognition requires 20-nt of homology and a 3-bp
PAM sequence, NGG, at the 3" end of the genomic target sequence. Cas9 cleaves the
complementary DNA strand via its HNH endonuclease domain, while its RuvC-like
endonuclease domain cleaves the noncomplementary strand (red arrowheads), resulting
in a DSB at the targeted site. (B) Cas9, derived from Streptococcus pyogenes and codon
optimized for eukaryotic expression (CONG et al. 2013), was expressed under the control
of the Drosophila hsp70 promoter and 3’ UTR. The chiRNAs utilized in this study consist
of 20-nt of target-specific guide sequence followed by 76-nt of tracrRNA sequence as this
chiRNA exhibited maximal activity in mammalian cells (Patrick Hsu and Feng Zhang,
personal communication). The chiRNA is transcribed from the Drosophila
snRNA:U6:96Ab promoter (WAKIYAMA et al. 2005). (C) ssODN donor templates contain
60-nt homology arms immediately adjacent to each site-specific cut flanking a 50-nt attP
docking site for efficient subsequent manipulation of the targeted locus. Red arrowheads
mark the predicted Cas9 cleavage sites. Note that the ssODN is designed such that
neither it nor the modified locus will be CRISPR targets. Not to scale. More detailed
information and protocols can be found at FlyCRISPR.molbio.wisc.edu.
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TEETTCAGTGTTCGGGTAATCEMBIETGGCTTATG Y5 yellow target site

TGGCTCTCAGTTCGGGTA‘:ATC-AATCACCGA Y5 potential off-target

target seq
B PAM
V cut site
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Figure S3. Off-target analysis of germline transformants. The potential off-
target site of Y5', based on the criteria established by Cong et al., 2013, is shown with a
representative sequence trace indicating the presence of wild-type sequence at this site in
germline transformants generated with the Y5’ chiRNA. Note that Y3’ and YE1 have no

potential off-target sites that meet these criteria.
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Abstract

We and others recently demonstrated that the readily programmable CRISPR/Cas9
system can be used to edit the Drosophila genome. However, most applications to date
have relied on aberrant DNA repair to stochastically generate frame-shifting indels and
adoption has been limited by a lack of tools for efficient identification of targeted events.
Here we report optimized tools and techniques for expanded application of the
CRISPR/Casg system in Drosophila through homology-directed repair (HDR) with
double-stranded DNA (dsDNA) donor templates that facilitate complex genome
engineering through the precise incorporation of large DNA sequences including
screenable markers. Using these donors, we demonstrate the replacement of a gene with
exogenous sequences and the generation of a conditional allele. To optimize efficiency
and specificity, we generated transgenic flies that express Casg in the germline, and
directly compared HDR and off-target cleavage rates of different approaches for
delivering CRISPR components. We also investigated HDR efficiency in a mutant
background previously demonstrated to bias DNA repair towards HDR. Finally, we
developed a web-based tool that identifies CRISPR target sites and evaluates their
potential for off-target cleavage using empirically rooted rules. Overall, we have found
that injection of a dsDNA donor and guide RNA-encoding plasmids into vasa-Cas9 flies
yields the highest efficiency HDR, and that target sites can be selected to avoid off-target
mutations. Efficient and specific CRISPR/Cas9-mediated HDR opens the door to a broad
array of complex genome modifications and greatly expands the utility of CRISPR

technology for Drosophila research.



-
-
N

Introduction

Genome engineering is a powerful tool for dissecting biological mechanisms. The ability
to precisely edit genomes has expanded significantly in recent years with the
development of sequence-directed nucleases that can generate targeted double-strand
breaks (DSBs) in DNA (BIBIKOVA et al. 2002; LIU et al. 2012; BASSETT et al. 2013; GRATZ
et al. 2013a; YU et al. 2013). Chromosomal DSBs trigger DNA repair via two cellular
pathways that can be harnessed for genome editing. Non-homologous end-joining
(NHEJ) is an error-prone ligation process that can result in small insertions and
deletions (indels) at cleavage sites. By targeting open-reading frames, this pathway can
be used to disrupt genes through frame-shifting mutations. Homologous recombination
or homology-directed repair (HDR) employs homologous DNA sequences as templates
for precise repair. By supplying a donor repair template, this pathway can be exploited to
precisely edit genomic sequence or insert exogenous DNA. Zinc-finger nucleases (ZFNs)
and transcription activator-like effector nucleases (TALENSs) are sequence-directed
nucleases that, in pairs, can generate targeted DSBs and have shown promise as genome
engineering tools in Drosophila (Bibikova et al., 2002; Liu et al., 2012). However, ZFN
and TALEN proteins must be custom designed for each genome modification — a costly
and uncertain process. In contrast, in the CRISPR/Cas9 system, a common nuclease,
Caso, is directed to targeted loci through simple base pairing by a small RNA molecule.
With the ease of producing a targeting RNA, the CRISPR/Cas9 system promises to

transform genome engineering.

Endogenous prokaryotic type II CRIPSR immune systems comprise a single polypeptide
nuclease, Caso, that is guided to target sites by a complex of two small RNAs (GASIUNAS
et al. 2012; JINEK et al. 2012). For use in genome engineering, the Streptococcus

pyogenes system was simplified to two-components: the Cas9 nuclease and a single
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chimeric guide RNA (gRNA). The gRNA recognizes a 20-nt target sequence next to a
trinucleotide NGG protospacer adjacent motif (PAM) in the genome to direct Cas9-
mediated cleavage of both DNA strands within the target sequence (JINEK et al. 2012).
We and others have recently demonstrated that the CRISPR/Cas9 system can be
employed to make targeted modifications to the Drosophila genome that are efficiently
transmitted through the Drosophila germline (BASSETT et al. 2013; GRATZ et al. 2013a;
KoNDO and UEDA 2013; REN et al. 2013; SEBO et al. 2013; YU et al. 2013). Nearly all the
work conducted to date in Drosophila has taken advantage of aberrant NHEJ to generate
frame-shifting mutations in open reading frames. While this is an effective approach for
disrupting gene function, it is stochastic and limited to the generation of indels. NHEJ
does not permit the precise incorporation of exogenous DNA, including visual markers to
aid in screening, limiting its application. Further, more complex genome engineering
applications such as the incorporation of recombination sites for making conditional
alleles, endogenous protein tagging, or precise editing of genomic sequences require
HDR (GOLIC 2013; GRATZ et al. 2013b; BASSETT and LIU 2014; BEUMER and CARROLL
2014). Here we present tools and techniques that overcome these limitations. We
demonstrate efficient methods for CRISPR/Cas9-mediated HDR using dsDNA donors
that facilitate the incorporation of large exogenous sequences including easily screened
and removable visible markers. We also present a web-based tool for identifying and
evaluating CRISPR target sites, and demonstrate that gRNAs designed with this tool are
highly specific. These advances enable broad application of the CRISPR/Cas9 system for

complex genome engineering in Drosophila.
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Materials and Methods

Generation of vasa-Cas9 lines

To generate transgenic flies that express Cas9 in the germline, Casg was placed under the
regulatory control of vasa. We began with the p3xP3-EGFP/vasa- ®C31N8attB plasmid
(gift from Konrad Basler). The coding sequence for ®C31 was replaced with an Xbal-
containing multiple cloning site through amplification of the vasa regulatory elements
and plasmid backbone. Sequence encoding 3xFLAG-NLS-Cas9-NLS was amplified as an
Xbal-flanked fragment from pX330 (CONG et al. 2013) and ligated into the Xbal site of
the modified p3xP3-EGFP/vasa- ®C31NSattB plasmid. The resulting p3xP3-
EGFP/vasa-3xFLAG-NLS-Cas9-NLS plasmid was used for ®C31-mediated integration

(Supporting Information, Figure S1 and Table S1).

Fly stocks
hs-Cre, hs-flp DSH3PX1EY08084 and lig4'® lines are available at the Bloomington
Drosophila Stock center (AHMAD and GOLIC 1996; SIEGAL and HARTL 1996; BELLEN et al.

2004; MCVEY et al. 2004).

Molecular reagents

pBS-hsp70-Cas9: To generate a high-copy number version of the Cas9 vector for
injection, a NotI fragment containing Cas9 and the hsp70 regulatory regions was excised
from phsp70-Cas9 (GRATZ et al. 2013a). This fragment was ligated into the NotI site of

pBluescript SK+ (Agilent Technologies).

pU6-gRNAs: Target-specific sequences for rosy and DSH3PX1 gRNAs were synthesized
as 5’-phosphorylated oligonucleotides, annealed, and ligated into the BbsI sites of pU6-

BbsI-chiRNA (GRATZ et al. 2013a).
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In vitro transcribed gRNAs: Following the protocol of Basset et al., 2013, DSH3PX1
gRNAs S1 and S2 were generated by PCR (Phusion polymerase, NEB) amplification of
two oligonucleotides that anneal to create a template for in vitro transcription by T7
polymerase. PCR products were purified using the QiaexII agarose gel extraction kit
(Qiagen) and in vitro transcription was performed with the Megascript T77 Kit (Ambion).
Transcripts were purified by phenol-choloroform extraction and isopropanol

precipitation.

Donor templates: The pHD-DsRed-attP vector was designed for rapid generation of
gene-specific donor templates and custom synthesized (DNA2.0; Supporting
Information, Figure S1). The vector contains an attP ®C31 docking site for subsequent
modification of the targeted locus and a 3xP3-DsRed marker that drives expression of
DsRed in the eye, flanked by loxP recombination sites for its removal. Multiple cloning
sites on either side of the replacement/marker cassette are flanked by type IIS restriction
sites, Aarl and SaplI respectively to facilitate seamless incorporation of homology arms.
The multiple cloning sites of pHD-DsRed-attP were designed to conserve as many
restriction sites as possible from pGX-attP to make the vector compatible with homology

arms previously generated for ends-out homologous recombination (HUANG et al. 2009).

To generate the DSH3PX1 replacement donor, 1.1-kb homology arms flanking the S1 and
S2 cleavage sites were amplified and incorporated via Aarl and Sapl, respectively
(Supporting Information, Figure S1 and Table S2). The DSH3PX1 conditional allele
donor was constructed by assembling three DNA fragments into a pUC19 vector. A 1.5 kb
5’-homology arm leading up to the S1 cleavage site was amplified (Phusion polymerase,

NEB) with a forward primer containing a Spel site and a reverse primer incorporating a
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partial (up to the Xbal site) FRT site. This fragment was cloned into the Xbal site of
pUCi19. A 2.5-kb region beginning downstream of S1 cleavage site and extending to the
second intron of DSH3PX1 was amplified with a forward primer incorporating a partial
(beginning at the Xbal) FRT sequence and a reverse primer containing a HindIII site.
This fragment was cloned into the Xbal and HindIII sites of the pUC19-fragment 1
plasmid. A third fragment consisting of the 3xP3-DsRed-FRT sequence was amplified
from a transgenic fly line with a pBac{SAstopHD-DsRed} insertion using primers
containing NgoMIV site overhangs. The PCR product was ligated into the pUC19-
fragments 1 and 2 plasmid at the NgoMIV site present in the previously cloned intronic
sequence of DSH3PX1 (Supporting Information, Figure S1 and Table S2). We have since
generated an additional donor cloning vector containing 3xP3-DsRed but no attP site
(pHD-DsRed) for rapid cloning of similar dsDNA donors that will be available through

Addgene.

Embryo injections

Preblastoderm embryos were injected through the chorion membrane using standard
protocols. Injections were carried out at 18°C and embryos were shifted to 25°C
immediately following injection. pBS-hsp70-Cas9 was injected at a concentration of 250
ng/uL. The pU6-gRNA targeting constructs were injected at 250 ng/uL for single gRNAs
and 100 ng/uL each when two gRNAs were injected. In vitro transcribed gRNAs were
injected at 25 or 50 ng/uL. dsDNA donor templates were injected at a concentration of
500 ng/uL. All injection mixtures were prepared in water. lig4 injections were

performed by Genetic Services, Inc.

Screening



11

To assess germline transmission of targeted modifications, adults that developed from
injected embryos were outcrossed to y’; ry* or w8, Offspring were screened for 10 days
after the first flies emerged for progeny with rosy or RFP+ eyes, indicating transmission
of the dsDNA donor. Transmission rates were calculated both as a percent of fertile
crosses that produced one or more transgenic progeny and as a percent of total progeny.
Note that in nearly every case, crosses that yielded transformed progeny did so within
the first few days of screening, suggesting that screening effort can be minimized by
limiting screening to 3-5 days with little risk of missing independent transformants.
Biallelic events were recognized by either transmission of modified loci to greater than
50% of progeny or modification of two discernable chromosomes (e.g., the vasa-Cas9g

and balancer chromosomes).

Molecular characterization of engineered and off-target loci
Genomic DNA was isolated from individual F1 flies. PCR was performed using primers
flanking the targeted modifications or potential off-target cleavage site. Amplified

products were purified and sequenced.

Flp and Cre induction

To remove the DsRed visible marker, SH3PX1PsRed-attP males were crossed to hs-Cre
virgin females. Progeny were either reared at 25°C without heat shock or at 18°C with a
single heat shock of 1 hour at 37°C. To remove the first exon of SH3PX1, SH3PX1conditional
flies were crossed to hs-FLP. Progeny were heat shocked every 24 hours until pupation at

37°C for 1h.

Development of CRISPR Optimal Target Finder
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Euchromatic regions of the dm3/BDGP release 5 Drosophila melanogaster genome were
indexed as in Iseli et al., 2007. PHP code was developed to (1) parse user-inputted DNA
sequence to detect CRISPR targets on both strands, (2) execute fetchGWI (ISELI et al.
2007) to identify similar sequences elsewhere in the genome, (3) employ algorithms
based on empirical rules and user-selected parameters to identify potential off-target
cleavage sites, and (4) return CRISPR target sites ranked by specificity along with
location information and a Gbrowse link for each potential off-target site. The following
invertebrate genomes were processed identically: D. simulans (annotation DroSim1), D.
yakuba (DroYak2), D. sechellia (DroSec1), D. virilis (DroVir3), two strains of Anopheles
gambiae (AgamM1 and AgamS1), Aedes aegypti (AaegL1), Apis mellifera (apiMel3),
Tribolium castaneum (TriCas2), and Caenorhabditis elegans (ce10). A detailed user
manual is available at

http://tools.flycrispr.molbio.wisc.edu/targetFinder/CRISPRTargetFinderManual.pdf.
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Results

Germline expression of Cas9 increases targeting efficiency

Previous work has shown that germline expression of ®C31 phage recombinase yields
increased transformation efficiency over injection protocols (BISCHOF et al. 2007). To
determine if this is the case for Casg, we generated transgenic fly lines that express Cas9
in the germline under the control of vasa regulatory regions (Figure 1A). These lines are
homozygous viable, fertile and healthy suggesting low toxicity from germline expression

of Caso.

CRISPR/Casg targeting efficiency varies significantly between loci and even between
target sites within the same locus (BASSETT et al. 2013; GRATZ et al. 2013a; REN et al.
2013; YU et al. 2013). Therefore, to directly compare the efficiency of targeting in vasa-
Caso flies to injection of Oregon-R flies with hsp70-Cas9, a method we previously
employed in targeting yellow, we assessed two separate gRNAs targeting the rosy locus
(Figure 1B) (GRATZ et al. 2013a). We found that germline expression of Cas9 yielded the
highest efficiencies (Table 1). This effect was most pronounced for the R3 guide, which
was moderately efficient in the injection paradigm with 8% of fertile injectees (founders)
transmitting rosy mutations to 1.4% of all progeny and highly efficient in vasa-Casg flies
with 53% of fertile injectees transmitting rosy mutations to 15% of progeny. Interestingly,
we did not observe a difference in the rate of biallelic indel formation, with both injected
and integrated Cas9 approaches yielding founders in which both alleles were mutated
29% of the time. Overall, our results demonstrate high levels of NHEJ with germline-
expressed Cas9, and are in agreement with recent investigations of vasa-Cas9 in the
targeting of integrated GFP and RFP plasmids; nanos-Cas9 in the targeting of white;
and, as reported at by Hui-Min Chen and Tzumin Lee at CRISPRflydesign.org, UAS-

Cas9 under the control of a germline Galg driver (REN et al. 2013; SEBO et al. 2013).
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To assess the nature of the rosy mutations, we amplified and sequenced the target sites
in F1 flies. We observed similar indels in both cases, indicating that repair of targeted
Cas9g-induced cleavage by NHEJ occurred in both the injection and germline expression

approaches (Figure 1C).

CRISPR/Cas9-mediated HDR with dsDNA donors

Most of the initial experiments employing the CRISPR/Cas9 system in Drosophila have
depended on easily scored phenotypes for identification of targeted events (BASSETT et al.
2013; GRATZ et al. 2013a; KONDO and UEDA 2013; REN et al. 2013; SEBO et al. 2013; YU

et al. 2013). To develop a more universal method to screen for targeted events, we
optimized CRISPR/Cas9-mediated HDR using dsDNA donors that enable the
incorporation of larger DNA sequences, including visible markers. We generated a donor
vector that contains multiple cloning sites for rapid incorporation of flanking homology
arms, an attP ®C31 phage recombination site for subsequent access to the locus, and the

visible marker 3xP3-DsRed flanked by loxP sites for CRE-mediated removal (Figure 2A).

To assess dsDNA-mediated HDR, we targeted the DSH3PX1 locus for replacement with
an attP docking site (Figure 2B). Our general strategy was to employ two gRNAs
targeting sites 5" and 3’ of the gene and our dsDNA donor with homology arms of
approximately 1 kb immediately flanking the targeted cleavages sites (Figure 2B).
Homology arm length was selected to balance efficiency and ease of cloning based on a
detailed study of ZFN-mediated HDR (BEUMER et al. 2013). To optimize efficiency, we
directly compared three approaches for delivery of CRISPR components: (1) injection of
dsDNA donor and DNA plasmids encoding gRNAs and Casg into w8 embryos, (2)

injection of dsDNA donor and DNA plasmids encoding gRNAs into vasa-Cas9 embryos,
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and (3) injection of dsDNA donor and in vitro transcribed gRNAs into vasa-Cas9. Based
on the incorporation of the DsRed marker, the overall efficiency of HDR was very high
(Table 2). Injection of dsDNA donor and DNA plasmids encoding gRNAs into vasa-Cas9
flies yielded the highest efficiency of germline transmission (18% founder rate), while
gRNA injection as RNA into vasa-Cas9 yielded the lowest efficiency (3% founder rate).
Furthermore, in vasa-Cas9 targeting experiments 70% of founders exhibited biallelic
HDR versus 0% for injections into w8 embryos, consistent with high targeting

efficiency with germline expression of Casg.

To confirm that the precisely targeted events had occurred in the DsRed-positive flies,
we amplified and sequenced the engineered region in at least one F1 fly per founder. In
11/12 cases, HDR occurred as anticipated. Thus, with DNA injection into vasa-Cas9, 16%
of crosses yielded precise HDR. In one of nine independent cases where DsRed-positive
flies were recovered from vasa-Cas9 flies injected with CRISPR components as DNA, the
donor was not incorporated at the targeted locus but rather elsewhere in the genome. A
previous study in zebrafish demonstrated that homology-independent integration of
DNA occurs preferentially at CRISPR-induced DSBs, so we assayed predicted off-target
cleavage sites for donor integration by PCR (AUER et al. 2014). We found no evidence of
integration at any of the eight predicted off-target sites (see Figure 5), suggesting either a
random integration event or a complex rearrangement of the target site, both of which
have been observed with traditional ends-in and ends-out homologous recombination

methods.

In previous studies employing ZFNs, mutation of lig4, a DNA ligase in the NHEJ
pathway, biased endogenous DNA repair towards HDR (BEUMER et al. 2008). To

determine the effect on CRISPR/Cas9-mediated genome engineering, we injected the
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same dsDNA donor and gRNA plasmids as above along with Casg into lig4 mutants. Of
28 fertile crosses, none yielded DsRed positive progeny. However, we did find that
injection into a lig4 background increased HDR efficiency over injection into wild type in
analogous experiments targeting a 25-kb gene (4% vs. 0% founder rate, data not shown).
Thus, mutations in lig4 can facilitate CRISPR/Cas9-mediated HDR. Note, however, that
in targeting this gene, injection of CRISPR components as DNA into vasa-Cas9 flies

again yielded the highest efficiency HDR (7% founder rate, data not shown).

Finally, we confirmed the CRE-mediated removal of the 3xP3-DsRed marker (data not
shown). As previously reported, we found that hs-Cre is leaky, and succeeded in
removing the marker in germ cells by either rearing crosses at 25°C without heat shock

or rearing at 18°C with a single heat shock of 1 hour at 37°C (HAMPEL et al. 2011).

Generation of conditional alleles with CRISPR/Cas9-mediated HDR

The replacement of a gene with an attP recombination docking site provides ongoing
genetic access to a targeted locus allowing for an unlimited array of subsequent
modifications (GAO et al. 2009; HUANG et al. 2009). However, in many circumstances,
including the targeting of genes required for viability or the precise insertion of
exogenous DNA sequences, it will be preferable to directly target a locus for specific
modifications. To investigate the possibility of using our marked dsDNA donor strategy
to mediate such modifications we sought to create a conditional allele of DSH3PX1
through the site-specific integration of FRT sites flanking the first exon. We injected a
dsDNA donor containing the first exon and a visible marker flanked by FRT sites along
with DNA plasmids encoding flanking gRNAs into vasa-Cas9 embryos (Figure 3A). Two
out of 16 crosses yielded DsRed-positive flies for a founder rate of 13% (Table 2). Upon

molecular characterization, we found that one of the two founder flies transmitted the
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intended repair event, yielding an HDR founder rate of 6%. The imperfect repair event
reflected accurate incorporation of the donor at the 5’ end through the DsRed marker

and an unknown rearrangement at the 3’ end.

Our donor template was designed such that the Flp-mediated removal of exon 1 also
results in the removal of the DsRed marker (Figure 3A). We followed a standard heat-
shock protocol and observed the loss of DsRed in the majority of the eye indicating

successful removal of the FRT-flanked sequences (Figure 3B).

Targeted deletions can be rapidly identified through negative screening

An advantage of the CRISPR/Casg system is the fact that CRISPR components can be
introduced into any genetic background through injection. We reasoned that we could
capitalize on this to facilitate the identification of targeted deletions by injecting into a fly
line that contains a marked transposable element in the targeted locus and screening for
its loss. To test this, we targeted the DSH3PX1 locus for deletion in DSH3PX1EY08084fljes,
which contain a 10.9-kb EP element in the first exon (Figure 4A). We employed flanking
gRNAs, which were injected as plasmid DNA along with hsp70-Cas9 into
DSH3PX1EY08084 embryos. The DSH3PX1 locus is 3.3 kb, bringing the total size of the
targeted deletion to 14.2 kb. We observed loss of the w*™¢ marker in progeny of 1/17
crosses (6%). Molecular analysis confirmed that the targeted deletion had occurred in

these flies (Figure 4B).

Optimizing CRISPR/Cas9 specificity
To facilitate the identification of highly specific CRISPR targets in Drosophila, we
developed a freely available web-based tool to identify and evaluate CRISPR targets

within a sequence of genomic DNA (tools.flycrispr.molbio.wisc.edu). First, CRISPR



Optimal Target Finder identifies all possible CRISPR target sites in user-provided
genomic sequence. The user can specify whether they would like the program to identify
all CRISPR targets in the input sequence, only those that start with a G for efficient
expression from the U6 promoter when supplying gRNA as plasmid DNA, or only those
that start with GG for in vitro transcription gRNAs from the T7 promoter. Once the pool
of target sites is identified, the program rapidly assesses the potential for off-target
cleavage for each identified CRISPR target using user-defined criteria and rules based on
empirical findings. To find all genomic sequences with sequence similarity to each
CRISPR target query, CRISPR Optimal Target Finder employs the fetchGWTI algorithm,
which can exhaustively search complete-genome sized databases for similar sequences
with sub-second speed, while allowing a specified number of mismatches (Iseli et al.,
2007). Similar sequences are filtered via algorithms based on large-scale analyses of
CRISPR/Casg specificity in cell lines (CRADICK et al. 2013; FU et al. 2013; HSU et al.
2013; MALI et al. 2013b; PATTANAYAK et al. 2013; CHO et al. 2014) or animals (CHIU et al.
2013; YANG et al. 2013) to identify potential off-target cleavage sites for each CRISPR
target. These and previous studies demonstrate that the PAM-proximal region of the
CRISPR target sequence (frequently referred to as the “seed”) is more critical for
specificity than the distal eight nucleotides, so our search and filtering strategies
consider both the number and location of mismatches to evaluate all potential off-target
cleavage sites (SEMENOVA et al. 2011; WIEDENHEFT et al. 2011; CRADICK et al. 2013; FU et
al. 2013; HSU et al. 2013; MALI et al. 2013b; PATTANAYAK et al. 2013; YANG et al. 2013;
CHO et al. 2014). These studies also suggest that off-target cleavage, or it’s aberrant
repair, may be greater in cell lines than in animals, so the program allows the user to
select the stringency of the algorithm employed. Maximum stringency criteria are based
on the composition of off-target cleavage sites observed in large-scale analyses carried

out in cell lines (CRADICK et al. 2013; FU et al. 2013; HSU et al. 2013; MALI et al. 2013b)
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and define potential off-target sites elsewhere in the genome as sites with: (i) perfect
matches (zero mismatches) to the seed sequence; (ii) one mismatch in the seed sequence
and four or fewer mismatches in the distal sequence; and (iii) two mismatches in the
seed sequence with a maximum of one mismatch in the distal sequence. High stringency
criteria are based on the composition of off-target cleavage sites observed in large-scale
analyses conducted in animals (CHIU et al. 2013; YANG et al. 2013) and define potential
off-target sites as those with (i) perfect matches (zero mismatches) to the seed sequence
or (ii) one mismatch in the seed sequence when there are only one or zero mismatches in
the distal sequence. Finally, the program allows the user to choose whether or not NAG-
adjacent sites are considered in the evaluation of CRISPR target sequence specificity.
CRISPR sequences adjacent to an NAG PAM sequence can be cleaved at 1/5th the
efficiency of those adjacent to a canonical NGG PAM sequence in transformed cell lines,
though this has not been observed in animals to date(HSU et al. 2013). Once potential
off-target cleavage sites are found, the program returns all identified CRISPR targets
sorted by the likelihood of off-target nuclease activity along with the sequence and

genomic location, including a Gbrowse link, of each predicted off-target site.

CRISPR Optimal Target Finder also provides the ability to search additional invertebrate
genomes. To facilitate the adoption of CRISPR in non-model genetic systems, we
included models with relevance to agriculture and global health: D. simulans, D. yakuba,
D. sechellia, D. virilis, Apis mellifera, Tribolium castaneum, two strains of Anopheles

gambiae, Aedes aegypti, and Caenorhabditis elegans.

With the exception of gRNA S3, all of the guides used in this work were designed to avoid
off-target sequences defined by the animal-based, or ‘high’ stringency, criteria located

next to a canonical NGG PAM (Figure 5A). To assess the specificity of our gRNAs, we
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amplified and sequenced the 14 potential off-target sites defined by the more stringent
cell culture-based, or ‘maximum’, criteria and adjacent to a canonical PAM for gRNAs R2,
R3, S1 and S2 in 23 independent F1s, and observed intact sequence in every case (Figure
5). We also identified and assessed four potential off-target sites with perfect seed
matches to gRNAs R2, S1 and S2 adjacent to non-canonical NAG PAMs, and again
observed no indels (Figure 5). These results demonstrate that careful selection of target
sites using the high stringency criteria enables the generation of lines carrying highly-

specific targeted mutations.

To further probe the potential for off-target cleavage with CRISPR/Cas9, gRNA S3 was
designed to challenge the system. S3 has six PAM-adjacent perfect matches to its seed
sequence elsewhere in the genome (Figure 5A). The overall identity of these off-target
sequences ranges from 16/20 to 12/20 (Figure 5B). We amplified and sequenced each
potential off-target site in DSH3PXiconditional F1g and found no evidence of cleavage.
Similarly, no evidence of off-target cleavage was observed at the one NAG-adjacent
perfect seed match in the genome (Figure 5). This demonstrates that the CRISPR/Cas9
system can be employed for highly specific genome editing in the Drosophila germline
even when perfect matches to the CRISPR target seed sequence are found elsewhere in

the genome, and reinforces the role of the distal eight nucleotides in targeting specificity.
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Discussion

Our results demonstrate that the CRISPR/Cas9 system can catalyze complex genome
engineering with high efficiency and specificity. We present a universal approach for
identifying targeted events through HDR with dsDNA donors containing positive
markers, and demonstrate that this approach can be used in conjunction with germline
expression of Cas9 to efficiently replace a gene or generate a conditional allele. Through
our analysis of off-target cleavage, we show that target site selection with our web-based
tool facilitates highly specific modification of the genome free from unintended

mutations.

The broad application of CRISPR/Cas9 genome engineering requires tools for rapid
identification of targeted events. In most cases phenotypic screening will not be an
option, necessitating alternative approaches. PCR-based molecular screening methods
are a universal option and have been demonstrated with CRISPR/Cas9-mediated NHEJ,
but the associated generation and maintenance of candidate fly stocks is time and labor
intensive (YU et al. 2013). We demonstrate two alternative approaches: negative
screening through the removal of marked elements in targeted lines and positive
screening through HDR with dsDNA donors containing visible markers. The simplicity
of the negative screening approach combined with the presence of marked elements in
most Drosophila genes makes it an appealing option for some applications. On the other
hand, HDR with dsDNA donor templates offers both the opportunity for incorporating
screenable markers and the capacity to introduce more complex and larger-scale

modifications.

To optimize CRISPR/Cas9-mediated HDR approaches in Drosophila, we performed a

direct comparison of the efficiency of multiple approaches. We found that injection of
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gRNAs as DNA into vasa-Cas9 flies maximized efficiency over either injection of in vitro
transcribed gRNAs into vasa-Cas9 flies or co-injection of gRNA and Casg DNA into w8
flies. Ren et al., 2013 also observed increased efficiency with germline-expressed Cas9
when targeting white for mutation via NHEJ. Our survival rate for both NHEJ and HDR
in vasa-Cas9 flies was approximately 10%. This is lower than observed for nanos-Caso,
and may indicate that nanos-driven Casg is less toxic than vasa-driven Cas9, possibly
due to more restricted expression in preblastoderm embryos. Alternatively, the
difference may reflect variability in the gRNAs, targeted locus or injection technique.
Note also that our vasa-Cas9 lines were not homozygous, thus approximately 25% of the
embryos were homozygous for the balancer chromosome and genetically inviable.
Consistent with high targeting efficiency, we observed a high rate of biallelic HDR in
vasa-Casg founders (70%), while this was not observed in Cas9-injected wild-type or
transposon-expressing founders. It is important to note that for some applications, such
as the targeting of genes required in the germline, it will be desirable to avoid higher
cleavage rates that frequently yield biallelic breaks and would, thus, decrease the

likelihood of recovering a targeted event.

It is somewhat surprising that we observed lower rates of HDR when injecting gRNAs as
DNA since previous studies have reported very high rates of CRISPR/Cas9-mediated
NHEJ with injection of in vitro transcribed gRNAs (BASSETT et al. 2013; YU et al. 2013).
This could be attributable to differences in injection protocols and handling, or may
reflect the different gRNA concentrations employed. We were unable to co-inject dsDNA
donor at our standard concentration (500 ng/uL) with in vitro transcribed gRNAs at
concentrations greater than 25 ng/uL each without rapidly clogging the injection needle.
As aresult, nearly all of the flies we analyzed were injected with half as much gRNA as in

previous studies. In either case, our experiences highlight a key advantage of DNA and
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transgenic approaches: RNA is more difficult to handle, particularly when sending
CRISPR components to injection companies as most labs do, as well as significantly

more expensive to generate.

We also used CRISPR/Cas9-mediated HDR to generate a conditional allele through the
incorporation of FRT sites flanking the first exon on DSH3PX1. This experiment
demonstrates that donor templates can be designed for the incorporation of
discontinuous exogenous DNA sequences — an approach that enables careful placement
of the visible marker for minimal disruption. Analogous donors can be designed for the
integration of in-frame protein tags or editing of specific basepairs with visible markers

placed in adjacent introns.

In all our HDR experiments, we employ circular dsDNA donor plasmids. We did not
compare the efficiency of circular to linear plasmids in our paradigm as injected linear
donors had previously been shown ineffective, possibly due to degradation (BEUMER et al.
2008). A recent report demonstrated that CRISPR-mediated cleavage of a target site
with a single gRNA could improve ends-out homologous recombination catalyzed by a
linearized dsDNA donor template (BAENA-LOPEZ et al. 2013). However, this approach
requires the co-introduction of Flp and I-Scel enzymes and the efficiency appears quite
low. A second notable feature of our approach is the use of two gRNAs flanking the
targeted locus. While we have not conducted a rigorous comparison of one vs. two
gRNAs in HDR, the idea that two gRNAs improve efficiency is consistent with studies
demonstrating significantly higher rates of NHEJ-mediated mutation with the
introduction of a second gRNA (GRATZ et al. 2013a; KONDO and UEDA 2013; REN et al.

2013).
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Off-target cleavage has been raised as a serious concern for CRISPR/Cas9-mediated
genome engineering (CRADICK et al. 2013; FU et al. 2013). Unlike TALENS and ZFNs,
which function as obligate dimers, Casg generates DSBs with its two nuclease domains,
so only 22 nucleotides of sequence determine cleavage specificity. Further, it has been
shown that the CRISPR/Cas9 complex can tolerate mismatches particularly at the 5’ end
of the targeting sequence (SEMENOVA et al. 2011; WIEDENHEFT et al. 2011; CRADICK et al.
2013; FU et al. 2013; HSU et al. 2013; MALI et al. 2013b; PATTANAYAK et al. 2013; YANG et
al. 2013; CHO et al. 2014). It is possible to mutate one nuclease domain rendering Cas9
capable of cleaving only one DNA strand. This nickase version of Casg can be targeted in
pairs to increase specificity or singly to generate DNA nicks capable of promoting HDR
but not NHEJ, though at a cost of reduced flexibility and efficiency (CONG et al. 2013;
HsU et al. 2013; MALI et al. 2013a). To balance efficiency and specificity, we developed
an online tool for identifying optimal CRISPR targets. While several online resources
have recently been developed for identifying CRISPR targets, they are not available for
Drosophila, do not make the functionally important distinction between mismatches in
seed and distal sequences in their algorithms, and/or do not provide the transparent off-
target analysis and reporting of CRISPR Optimal Target Finder (HSU et al. 2013; REN et
al. 2013). Our tool is designed to provide the user with maximum understanding of and
control over the evaluation criteria and to supply the information necessary to select
optimal CRISPR targets for their specific genome engineering project. When deleting a
gene, there are likely to be many suitable CRISPR targets making target selection
straightforward. However, for applications such as inserting an in-frame tag at a precise
location, employing a target site as close to the desired change as possible is highly
advantageous and might warrant, for example, selecting an optimally located target with
a potential for off-target cleavage over a less ideally located target with no predicted off-

target sites. Through a comprehensive analysis of off-target cleavage, we demonstrate
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that CRISPR Optimal Target Finder facilitates complex genome engineering with high

specificity.

The development of approaches for highly specific and efficient CRISPR/Cas9-mediated
HDR makes a broad range of precise genome modifications possible anywhere in the
genome. Coupled with the ease of generating unique targeting gRNAs, these advances

significantly expand the prospects for complex genome engineering in Drosophila.
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Figure 1. Germline expression of Cas9 efficiently generates DSBs repaired
by NHEJ. (A) A Streptococcus pyogenes-derived Cas9 codon optimized for eukaryotic
expression (Cong et al. 2013), was placed under the control of the Drosophila vasa
promoter and 3" UTR and incorporated via ®C31to generate transgenic flies that express
Cas9 in the germline. (B) Schematic of the rosy locus indicating R2 and R3 gRNA target
sites. The predicted cleavage site for each gRNA is indicated (red arrows). (C) Sequences
of the independent rosy mutants generated by Cas9-induced DSBs. The predicted R2
and R3 cleavage sites are indicated with a red arrowhead. Three independent rosy
mutants generated using the R3 gRNA have larger indels and for two we did not identify
an indel at the cleavage site.
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Figure 2. CRISPR-induced HDR with a dsDNA donor vector. (A) Diagram of the
pHD-DsRed-attP vector. pHD-DsRed-attP contains an attP ®C31 docking site for
subsequent access to a targeted locus and a 3xP3-DsRed marker, which drives
expression of DsRed in the eye, flanked by loxP recombination sites for its removal.
Along with traditional restriction sites, the multiple cloning sites are flanked by type IIS
restriction sites, Aarl and Sapl respectively, to facilitate seamless incorporation of
homology arms. For compatibility with donors generated for ends-out homologous
recombination, the multiple cloning site conserves as many restriction sites as possible
from pGX-attP (HUANG et al. 2009).(B) Schematic of the DSH3PX1 locus and the HDR
strategy utilized to replace the gene with an attP docking site. The S1 and S2 target sites
are indicated (red arrows). Homology arms of approximately 1 kb immediately flanking
the cleavage sites were cloned into pHD-DsRed-attP.
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Figure 3. dsDNA donors can be used to generate positively marked
conditional alleles. (A) Schematic of the DSH3PX1 locus including the S1 and S3
target sites flanking the first exon. Homology arms of about 1 kb flank the target sites.
The donor vector also contains the first exon and is designed to incorporate an FRT site
near the S1 target site as well as the 3xP3-DsRed marker and a second FRT sequence
near the S3 target site. In the resulting DSH 3PXjconditional g]lele, the first exon and DsRed
marker can be removed by Flp recombinase. (B) Flies in which the first exon of
DSH3PX1 has been removed can be identified by the loss of 3xP3-DsRed in the eye.
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Figure 4. CRISPR-induced deletions can be identified through negative
screening. (A) Schematic of the DSH3PX1EY08084 Jocus containing a P element marked
by w*mC, Target sites for gRNAs S1 and S2 are indicated (red arrows). (B) Sequence
alignment of the targeted deletion reveals breakpoints and imprecise repair at the
predicted cut sites (red arrowheads) confirming a 14.2 kb deletion that includes the P

element.
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Figure 5. Off-target cleavage analysis. (A) Comparison of the off-target site profiles

of the gRNAs used in this study. The numbers of NGG and NAG-adjacent off-target

cleavage sites identified by CRISPR Optimal Target finder using both high and maximum

stringency criteria are represented as are the number of independent F1s investigated
out of the total number of founders generated using each guide. The off-target sites
analyzed in this study are indicated in green and listed below. (B) All off-target sites

surveyed in this study. The CRISPR target sequence is provided for each guide. Potential

off-target sequences are listed with mismatches to the target sequence indicated by
lowercase red letters. Non-canonical NAG PAM sites are underlined. The location

(proximal or distal) and number of mismatches is also indicated. Note that for gRNA S3,
a G nucleotide was added to the 5’ end to improve transcription efficiency from the U6

promoter. The frequency of off-target indel formation is indicated as the number of
independent events out of the number of independent lines analyzed. Note that for
gRNA S3, a G nucleotide was added to the 5" end to improve transcription efficiency

from the U6 promoter.
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Section 3

Chapter 5

Employing novel genome engineering technologies to understand the
molecular determinants of neurotransmitter release probability.
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Abstract

Improved genome engineering methodologies have opened the door for more precise
dissection of active zone proteins and their role in regulating neurotransmitter release.
The ability to manipulate and tag synaptic genes in their endogenous loci affords us
unprecedented opportunities to study synapse formation and function. One highly
attractive application of CRISPR/Cas9-mediated genome engineering is the endogenous
tagging of target genes with minimal disruption the locus to maintain normal expression.
I have focused on tagging the synaptic Ca2* channel Cacophony with the goal of
understanding how it is localized to active zones and how channel levels relate to release
probability. In this chapter I will detail my progress in creating CRISPR-based tools for
endogenous tagging. I will describe improvements to my original donor vector designs,
and their use for inserting a tag into Cacophony, as well as the use of a PiggyBac
transposon-based system for scarless removal of positive screening markers. Together
these tools facilitate the rapid generation and recovery of minimally disrupted,
endogenously tagged genes. Using these techniques I have generated GFP-Cacophony, a
tool I will use in future studies of how neurons establish and maintain the distinct

neurotransmitter release parameters of individual active zones.
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Introduction

The human brain contains an estimated 200 billion neurons each capable of making
many thousands of synaptic connections with other neurons. These connections, where
information is passed from one neuron to another, are the basic building blocks of a
functional nervous system. Throughout the life of a neuron, each of its connections must
be independently established and maintained. The neuron must also have the ability to
independently modulate each synapse to regulate synaptic strength in response to
varying activity and inputs. The mechanisms involved in developing, maintaining and
modulating synaptic connections underlie learning, memory and all basic
responsibilities of a functioning nervous system. Interest in elucidating these
mechanisms has driven my research; sometimes in expected ways, and sometimes in

unexpected ways.

Our mechanistic studies of Fife point to a role in coupling Ca2* channels and synaptic
vesicles (SVs) to promote high probability neurotransmitter release. (Chapters 1 and 2;
Bruckner et al., 2012). Reliable neurotransmitter release requires the precise
organization of SVs and Ca2* channels in nanodomains. Synaptic strength can be
modulated by fine-tuning the coupling between channels and synaptic vesicles to
modulate the probability of release. A single Drosophila NMJ can contain hundreds of
synapses, usually formed by a single motor neuron and its target muscle (for review see
Harris and Littleton, 2015). This arrangement provides a platform for studying how
release probabilities are generated and modulated at individual active zones (AZs).
Interestingly, AZs of Drosophila NMJs display highly variable release probabilities even
across a single motor neuron. When measured using live imaging with the genetically
encoded Ca>* indicator GCaMP, release probabilities at individual AZs can range from

1% to 50% within the same motor neuron terminal (Peled et al., 2011). About 22% of AZs
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are not involved in action-potential evoked (synchronous) release at all, but rather
participate only in spontaneous (asynchronous) SV fusion (Melom et al., 2013).
Intriguingly, AZs with high evoked release probabilities were more likely to have high
levels of the AZ marker Bruchpilot, while release sites involved primarily in spontaneous
release had lower levels of Bruchpilot (Peled et al., 2014). At mammalian synapses,
release probability also scales with the size of the AZ (Holderith et al., 2012). This
suggests that modulating the composition of proteins at that AZ is a conserved

mechanism for establishing the unique release properties of individual AZs.

Cacophony encodes the pore-forming a1 subunit of a conserved family of voltage-gated
Ca2* channels (VGCCs) primarily responsible for synaptic transmission (Smith et al.,
1996; Kawasaki et al., 2000). Cacophony is the Drosophila homolog and lone
representative of P/Q- and N-type VGCCs (Smith et al., 1996; Rieckhof et al., 2003).
P/Q- and N-type VGCCs interact with a number of AZ proteins to achieve the tight
coupling of Caz* influx with SVs that enables vesicle fusion on the millisecond time scale
(Mochida et al., 1996; Rettig et al., 1997; Sheng et al., 1998). Models of Ca2* influx and
release machinery suggest that coupling distance is a key factor in regulating release
probability. These simulations suggest that coupling distance changes of only 100 nm
can alter the release probabilities from nearly 100% to nearly 0% (Chen et al., 2015).
Such precise spatial organization of Ca2*channels is likely regulated by the cytomatrix of
the AZ (CAZ). Indeed, a number of CAZ proteins including Bruchpilot, RIM and RIM-
Binding Protein have been implicated in organizing and clustering Ca2* channels in
Drosophila, worms and mammals (Kittel et al., 2006; Liu et al., 2011; Graf et al., 2012).
Because Ca2* channels are likely a critical determinant of the release characteristics of an
AZ, the ability to accurately measure Ca2+ channel levels and localization is vital for

studying AZ probability of release. Unfortunately, the standard reagent to analyze Ca2*
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channel localization is transgenic, C-terminally tagged, UAS-Cacophony-EGFP, which is
problematic for a couple of reasons. Misexpression of UAS-Cacophony-EGFP may cause
phenotypic abnormalities, particularly at the detailed level we are investigating.
Moreover, the C-terminal GFP disrupts the C-terminal PDZ-binding domain of
Cacophony, which is likely involved in binding PDZ domain-containing proteins such as
Fife and RIM. As such, I sought to develop a better reagent to monitor the clustering of

Ca2* channels at AZs by endogenously tagging Cacophony using CRISPR-Cas9.

To this point, we had used the CRISPR-Cas9 system to make a number of modifications
to the Drosophila genome including stochastic indels, defined deletions, gene
replacements and conditional alleles (Gratz et al., 2013; Gratz et al., 2014). We had not
yet attempted to insert tags into endogenous loci. Endogenous tags have numerous
benefits over more traditional transgene-based approaches. Endogenously tagged gene
products are more likely to reflect the natural expression pattern and levels of the target
gene, especially compared to transgene strategies that rely on binary expression methods
such as the GAL4/UAS system that regularly use promoters from completely different
genes and often result in significant overexpression of the tagged gene product. Even in
cases where the endogenous promoter is used instead of the Galq/UAS system, it is
impossible to know if all of the enhancers and suppressors acting on that locus are
included in the promoter region selected or what effect the insertion site of the transgene
may have on expression. Phenotypic anomalies that can complicate interpretations of the
native function of the gene are an additional concerning caveat of transgene approaches.
Based on our previous genome engineering experiments, we determined that a strategy
utilizing a dsDNA donor with a screenable marker would be the best approach for
endogenous tagging. However, we wanted to develop a genome engineering strategy that

enables the generation of specific modifications with minimal additional disruption of



—
N
[6)]

the target locus. This would allow us to edit or insert exogenous sequences while
minimizing the chance of altering the expression or regulation of the target gene. One
common source of unintended modifications is the marker used for screening or
selection of candidate engineering events. Previously, we have used an eye-expressed
DsRed marker flanked by loxP sites for removal of the marker after identification
(Chapter 4; Gratz et al., 2014). This approach leaves a single 34-bp copy of the loxP site
in the target locus after marker removal that could lead to inadvertent disruption of
regulatory sequences. An alternative strategy would be to use an unmarked approach. In
most cases, this would necessitate molecular screening to recover the targeted events,
which is significantly more laborious. I therefore sought to develop a system for scarless

removal of marker sequences to be used with our endogenous tagging strategy.
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Results

Scarless Genome Engineering with PiggyBac Transposons

The PiggyBac mobile element is a member of a family of short-inverted-repeat type DNA
transposons characterized by their extreme target site specificity for the tetranucleotide
TTAA (Cary et al., 1989; Fraser et al., 1995). Upon insertion of a PiggyBac element, the
target site TTAA sequence is duplicated such that TTAA sites immediately flank each end
of the transposon. Upon excision, the duplicated TTAA sites are reduced back to a single
TTAA site. The PiggyBac transposon, along with other members of its family, is unique
among cut-and-paste transposons in its ability to invariably and precisely excise without
leaving behind any residual inverted repeat or filler sequence (Fraser et al., 1996). For
the purposes of scarless genome engineering, this means that a PiggyBac-based marker
element can be placed in a naturally occurring TTAA site and PiggyBac transposase can
be used to precisely excise the marker without leaving behind any residual sequences. I
therefore generated a new donor vector with an eye-expressed DsRed marker cassette

flanked by PiggyBac inverted repeat ends called pScarlessHD-DsRed (Figure 1).

pScarlessHD-DsRed can be used to generate any number of targeted edits or insertions.
To use this donor vector, the desired modifications accompanied by homology arms are
cloned into pScarlessHD-DsRed. The donor is designed such that homology-directed
repair (HDR) results in the PiggyBac marker being copied into a nearby endogenous
TTAA site. The TTAA site is duplicated in the donor vector, flanking each end of the
PiggyBac element, mimicking the natural outcome of PiggyBac insertion so that the
element can be properly excised by the PiggyBac transposase. After engineered events
have been recovered using DsRed expression, the marker can simply be removed by

crossing in a transgenic source of PiggyBac transposase, restoring the single TTAA site
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present before HDR. To increase the utility of the PiggyBac marker cassette, I created a
version with two attP recombination-mediated docking sites flanking the DsRed marker
so that exogenous sequences could be inserted into the PiggyBac element through
recombination-mediated cassette exchange. If the PiggyBac element is placed in a nearby
intron, replacement cassettes harboring splice acceptors could be used to trap the

expression pattern of the target gene, for example.

Tagging an Extracellular Loop of Cacophony

We decided to tag an extracellular loop within Cacophony using the pScarlessHD-DsRed
vector. Extracellular tags provide the ability to resolve membrane-inserted channels at
active zones from Ca2* channels localized in intracellular compartments by using pH-
dependent genetically encoded fluorophores or antibody staining without membrane

permeabilization.

A number of studies have successfully utilized extracellular loop-tagged Ca2* channels in
cell culture (Figure 2; Watschinger et al., 2008; Di Biase et al., 2011; Cassidy et al., 2014).
While the requirements for function of a tagged gene expressed in cell culture are very
different from the requirements in an intact organism, these studies provide insight into
which Ca2* channel extracellular loops are amenable to tagging both in terms of
accessibility and possibly function. We chose to first target the extracellular loop between
the transmembrane domain IIS5 and the pore-forming loop that is orthologous to the
loop previously tagged by Di Biase et al. (2011) in which they were able to insert both

epitope tags and the pH-dependent genetically encoded super-ecliptic pHluorin (SEP).

To edit this loop, we used a strategy analagous to the targeting strategy detailed in Figure

1. Two gRNA target sites were selected in the Cacophony locus; one near the insertion
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site of the tag and another near a TTAA site in the intron immediately downstream of the
targeted exon. Two donor vectors were also generated; one to insert a small tetracysteine
(TC) tag of 36 nts and the other to insert SEP. Each donor vector, along with the two
gRNA targeting vectors were co-injected into vasa-Cas9 embryos. Based on
incorporation of the PiggyBac-DsRed marker cassette, the efficiency of HDR was 11.3%
for the TC donor and 11.0% for the SEP donor (Table 1). To molecularly confirm the
candidate progeny, flanking PCRs were performed using primer sites within the
PiggyBac-DsRed cassette and genomic primer sites outside of the homology regions
contained within the donor vector. Interestingly, of the seven TC donor founders and
nine SEP donor founders, only one founder of each produced progeny with the tag
inserted (Table 1). Our results suggest that the intervening homology region allows for
HDR events that insert the marker without also inserting tag (Figure 3). In fact, if
recombination occurs in the intervening region, either the tag or the marker will be
inserted into the target region separately. HDR efficiency is partially related to homology
region length (Beumer et al., 2013) suggesting that the longer the intervening region is,
the more likely it is to be involved in repair. This suggests that the intervening region
used for targeting the extracellular loop is too long for reliable insertion of both the
marker and the tag and that selecting a marker insertion site closer to the tag insertion

site could alleviate this issue.

After molecular confirmation of the TC and SEP insertions, the PiggyBac-DsRed marker
was removed by crossing tagged lines to flies with ubiquitous expression of PiggyBac
transposase. Progeny of the crosses invariably displayed mosaic DsRed expression in the
adult eyes indicating mobilization of the PiggyBac element. DsRed negative flies were
then recovered in the F2 generation and molecular tests confirmed the precise removal

of PiggyBac-DsRed (data not shown). Both tag insertions were lethal prior to marker
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removal; however, after precise removal of the DsRed marker, the TC tag allele was
viable while the SEP insertion remained lethal. This suggests that the PiggyBac-DsRed
cassette is disruptive even when placed in a nearby intron. These results also suggest that
this particular extracellular loop is only tolerant of smaller, epitope-sized insertions.
Unfortunately, neither the TC allele nor the SEP allele could be visualized by either live
imaging or conventional fixation and staining (data not shown). In the case of the lethal
SEP tag, it is possible that the tagged gene product is not folded, transported and/or
localized properly. For the TC-tagged allele, it is possible that the tagged loop is
inaccessible to the biarsenical fluorescent dyes used to label TC tags. Further
complicating analysis of the localization of the TC allele, the biarsenical fluorescent dyes
had very high background staining in our NMJ preparations, limiting the utility of these

reagents.

Improved Endogenous Tagging Donor Vector Design

Based on our results targeting an extracellular loop of Cacophony for tag insertion I
developed an improved strategy for endogenous tagging. As noted previously, the
strategy of placing the marker in a nearby intron necessitated the addition of intervening
homology between the tag and the marker, making it possible to recover HDR events
where the marker, but not the tag, had been inserted into the target locus. In fact, in the
case of Cacophony extracellular loop targeting, alleles with the tag inserted were a
minority of the recovered events. We have used the strategy of placing the marker in a
nearby intron at other loci for the purposes of endogenous tagging. In these experiments
the intervening homology are region has ranges in size from 196 to 876 bp, and in all but
one case we recovered alleles without the tag inserted indicating that failure to insert the
tag is a general problem with this strategy. Using this strategy I noticed a second type of

unintended HDR event in which the entirety of the donor vector, including the backbone,
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was incorporated into the target locus. This type of repair event has been noticed by
other groups and, in some targeting experiments, alleles with the donor backbone
inserted can make up a majority of the recovered HDR events (Yu et al., 2014). While not
specifically characterized in the Cacophony extracellular loop tag candidates, a small
number of individual F2 candidates failed to produce a PCR amplicon when using
primers designed to amplify flanking regions, which could be caused by backbone
incorporation. Ruling out backbone incorporation is not trivial, as it requires more
difficult long amplification reactions spanning the entire region, donor backbone specific

reactions relying on negative results, or more laborious experiments like Southern blots.

To circumvent both of these concerns, I designed a new set of vectors for endogenous
tagging with a number of advantages over the previous strategy. First, instead of
separating the tag sequence and the marker, the PiggyBac-DsRed cassette is placed
within the tag sequence. Specifically, a TTAA site was placed in the flexible linker
sequence separating the tag from the endogenous sequence so that the PiggyBac-DsRed
could be placed within the linker. After precise excision of the PiggyBac element, the
linker is reconstituted leaving behind only the in-frame tag (Figure 4). This approach
includes both the tag and the marker in a single cassette such that they are reliably
inserted together into the target locus. I also incorporated a secondary marker, GMR-
white, into the backbone of the donor vector. GMR-white strongly expresses the eye
pigment transporter gene white in the eyes on adult flies making them dark red in
appearance. This allows for the rapid identification of HDR events resulting in the
incorporation of the donor backbone into the target locus alleviating the need for
molecular screening of such events. So far, I have created three versions of this vector,
pScarlessHD-sfGFP-DsRed, pScarlessHD-3xFLAG-DsRed and pScarlessHD-2xHA-

DsRed, but any tag could be used.
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One possible advantage of this approach is it can be used to simultaneously generate a
null allele. Before the PiggyBac-DsRed cassette is removed, it disrupts the coding
sequence of the tagged locus. Depending on the location of the insertion site, this could
constitute a null allele. This also makes it possible to achieve tissue-specific endogenous
tagging. Due to the fact that the tagged locus is interrupted by the presence of the marker,
the tagged gene product is only expressed in cells in which the marker has been removed.
To take advantage of this, we can use cell-specific expression of the transposase to
analyze the tagged gene in specific cell types or global expression to generate stochastic

labeling of cells.

N-terminal GFP tagging of Cacophony

I targeted the N-terminus of Cacophony using the pScarlessHD-sfGFP-DsRed donor
vector to insert superfolder GFP. A single unique gRNA target site was selected near the
translation start site of Cacophony. The donor vector contained ~1 kb homology arms
directly flanking the target cut site. The donor vector and the DNA-based gRNA vector
were co-injected into vasa-Cas9 embryos. Based on DsRed expression, 9 independent
founders were identified out of 94 fertile crosses (9.6% HDR efficiency). One of the nine
founders produced progeny with red eyes indicating incorporation of the donor vector
backbone while the remaining eight founders produced white-eyed flies indicating clean
insertion. Candidate alleles were confirmed molecularly using PCR amplification and

sequencing. As expected, all contained the full tag sequence.

The PiggyBac-DsRed cassette was removed by crossing tagged line to PiggyBac
transposase-expressing flies. As before, all F1 progeny of the correct genotype displayed

mosaic DsRed expression indicating mobilization of the marker cassette. Flies without
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DsRed expression were recovered in the F2 generation. sfGFP-Cacophony™tr™ flies were
confirmed both molecularly and visually. As seen using neuronal over expression of
UAS-Cacophony-EGFP, the sfGFP-Cacophony™ter™ signal significantly overlaps with
Bruchpilot, a central component of electron-dense cytoplasmic projections at NMJ AZs
and in the neuropil of the larval ventral ganglion (Figure 5). sfGFP-Cacophony™t™ is a
homozygous viable allele indicating that the tag insertion does not significantly interfere

with the function of Cacophony.

To test the ability of our new tagging system to generate stochastic endogenous tagging, I
crossed sfGFP-Cacophony™term flies with PiggyBac-DsRed still inserted to tubulin-
PiggyBac transposase flies. Third instar larval progeny were dissected and stained with
anti-GFP. The ventral ganglion showed clusters of GFP positive cells bodies indicative of
mosaic endogenous tagging (Figure 6). We have now generated UAS-PiggyBac
transposase for cell-specific expression and targeted generation of mosaic animals. This
transposase incorporates mutations that have been shown in yeast and mammalian cells
to render the enzyme defective in transposon insertion (Li et al., 2013; Yusa et al., 2011).
However, our results with wild-type transposase suggest that reinsertion of the marker

cassette is not a significant concern.
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Discussion and Future Directions

With sfGFP-Cacophony™t™, 1 can now follow Ca?* channels live at endogenous synapses
in an intact organism for the first time. This reagent provides us with a unique
opportunity to study how Ca2* channels are organized at AZs and how their organization
contributes to the release characteristics of individual AZs. To analyze Ca2* channel
localization at endogenous AZs, I will image sfGFP-Cacophony™™ using super-
resolution microscopy. By co-labeling with other well established AZ proteins like Brp,
RIM and Fife I will be able to correlate levels of AZ constituents with levels of Cacophony
and build a model of endogenous Ca2* channel localization in relation to the rest of the
cytomatrix. Beyond light level imaging, sfGFP-Cacophony™te™ is also a powerful tool for
ultrastructure analysis of AZ architecture. Using immunoelectron microscopy, we will be
able to analyze Ca>* channel localization on the nanometer scale within AZs providing us

with an ultrastructural measurement of coupling.

In addition to building a model of Ca2* channel localization at wild-type AZs, we can
analyze sfGFP-CacophonyNt™ levels and localization at mutant AZs. Fife, Rim, Rbp, and
brp mutant all exhibit defects in localizing UAS-Cacophony-EGFP, but endogenous Ca2*
channel levels have never been able to be measured before now. Using sfGFP-
CacophonyNterm T will be able to get a more accurate measurement of Ca2* channel levels
at mutant AZs providing us with the most precise analysis of the role of the CAZ in VGCC

clustering to date.

sfGFP-Cacophony™tr™ provides a unique tool for studying neurotransmitter release
probability. Using sfGFP-Cacophony™te™ I will be able to directly measure the Ca2*
channel content at each AZ and correlate these levels to activity to determine how Ca2*

channel clustering can regulate release probability. To accomplish this, I will generate
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stocks with both sfGFP-Cacophony™Nte™ and GCaMP so that I can simultaneously monitor
Ca2* channel levels and release dynamics at individual AZs. Because both sfGFP and
GCaMP emits in the green spectrum I will also make a red fluorescent version of
Cacophony™tem for use in these studies. As an alternative, I will also pair sfGFP-
Cacophony™tem with R-CaMP2, a new a high-affinity red genetically encoded calcium
indicator (Inoue et al., 2015). Using these tools I can determine how different members
of the CAZ work together to regulate AZ organization and Ca>* channel levels to

modulate release probability during synaptic plasticity.

Our improved toolset for scarless tagging and gene editing streamlines the process of
using HDR, opening the door increased throughput engineering. A long-term goal of our
lab is to systematically dissect the proteins that make up the CAZ to gain a more
comprehensive understanding of how this complex network of proteins organize and
regulate the molecular machinery underlying vesicle release. One factor contributing to
the complexity of the CAZ is the highly interconnected nature of the interactions between
its members and the fact that many of the CAZ constituents share common, but non-
redundant, functions. A key way to disentangle the unique contributions of each member
of the CAZ is to gain a better spatial and temporal understanding of their functions
through a combination of live, super-resolution and ultrastructural imaging. Our
endogenous tagging approaches will generate the reagents necessary to analyze the
localization of CAZ members at subcellular and sub-AZ resolution. Further, these
reagents will be an excellent resource for biochemical dissection of AZ function, and

dynamic analysis of protein levels and localization if synaptic plasticity.
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Figure 1. Scarless tagging strategy using pScarlessHD-DsRed. (A) Schematic of
pScarlessHD-DsRed showing eye expressed 3xP3-DsRed marker flanked by the inverted
terminal repeats of PiggyBac transposable elements (PBac ITR). The PiggyBac-DsRed
cassette is bordered on each side by multiple cloning sites (MCS) for restriction enzyme
cloning of homology regions. (B) Diagram of a general tagging strategy using
pScarlessHD-DsRed. Two gRNA target sites are selected; one close to the insertion site
of the tag and the other close to a nearby endogenous TTAA site were the PBac-DsRed
will be inserted. The donor vector should contain ~1 kb homology arms directly flanking
each target site. In this example the 5" homology arms contains the tag sequence and
additional homology between the tag insertion site and the TTAA site. In the resulting
allele, the PBac-DsRed can be scarlessly removed with PiggyBac transposase.
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Figure 2. Tagging locations in the Cacophony locus. A diagram of Cacophony

displaying the four domain structure (I-IV) and 24 transmembrane domains that make

up the pore-forming subunit of the Ca2* channel. Tag locations of the C-terminal UAS-

Cac-EGFP, the extracellular loop tagging sites analogous to those used by Cassidy et al.

(2014), Di Biase et al. (2011), and Watschinger et al. (2008), as well as the N-terminal
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site used to generate sfGFP-CacophonyNt™ are shown. The extracellular loop targeted in

this study is analogous to the loop targeted by Di Biase et al. (bold, 2011).
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Figure 3. Results of different recombination events. When the PBac-DsRed
cassette is placed in a nearby intron, the tag and the marker are separated by an
intervening homology region (homology region 2) in addition to the homology arms
flanking the target sites (homology regions 1 and 3). The expected allele, containing both
the tag and the marker, requires homology directed repair involving regions 1 and 3. If
regions 1 and 2 are involved in repair, the tag is inserted without the marker. These
events are missed because candidate events are screened for using the DsRed-based
marker. Alternatively, if homology regions 2 and 3 are utilized in the repair event, the
marker is inserted without the corresponding insertion of the tag. These events are
recovered in the screen.
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Figure 4. Scarless tagging strategy using pScarlessHD-sfGFP-DsRed. (A) A
diagram of the pScarlessHD-sfGFP-DsRed donor vector. This vector contains
superfolder GFP flanked by two linker sequences encoding 4 repeats of GlyGlySer to
increase the flexibility between the tag and the endogenous protein. The PBac-DsRed is
located in a TTAA site engineered into the 3’ linker such that removal of the marker
reconstitutes the complete linker sequence. A white gene based marker is placed in the
backbone of the donor vector to serve as a screenable indicator of HDR events that result
in the incorporation of backbone sequences. (B) A schematic of the general tagging
strategy using pScarlessHD-sfGFP-DsRed. Because the tag and marker are contained
within and single insertion cassette, a single gRNA target site is selected near the
intended insertion site. Homology arms of ~1 kb flanking the DSB are cloned into the
donor vector. The resulting tagged locus is disrupted by the PBac-DsRed until it is
removed by PiggyBac transposase.
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Neuromuscular Junction

sfGFP-CacophonyNtm™

Figure 5. sfGFP-CacophonyNterm Jocalizes to AZs. Confocal Z-projections of NMJ 4
and the larval ventral ganglion colabeled with antibodies to GFP and Bruchpilot in
sfGFP-Cacophony™term Jarvae. sSfGFP-CacophonyNterm clusters at Bruchpilot labeled AZs
at both the NMJ and the neuropil of the ventral ganglion (outlined).
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Figure 6. Mosaic expression of sfGFP-Cacophony™term, Confocal Z-projections of
the ventral ganglion of sfGFP-CacophonyNterm(sRed-) /Y and sfGFP-
CacophonyNterm(DsRed+) /Y tubulin-PiggyBac Transposase larvae. After the PBac-DsRed
cassette has been removed from the allele sfGFP-Cacophony™™ is expressed in the cell
bodies of neurons in the ventral ganglion (arrows). sfGFP-Cacophony™™™ expression is
disrupted in cells with PBac-DsRed is still inserted (open arrow heads).
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Table 1. Germline transmission rates of Cacophony extracellular loop
targeting

fertile DsRed % founders producing founders producing
injectee  producing founder molecularly progeny w/o tag
donor vector crosses  founders rate confirmed progeny inserted
tetracysteine
donor 62 7 11.29 1 6
super-ecliptic
pHluorin donor 82 9 10.98 1 8

vasa-Casg flies injected with gRNAs and the indicated donr vector were crossed to w8
and progeny screened for DsRed positive eyes. The percentage of injected flies producing
one or more DsRed positive progeny (founders) is indicated. At least two progeny per
founder were molecularly characterized to determine if the tag was also inserted into the
target locus.
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Abstract

The CRISPR/Cas9 system has attracted significant attention for its potential to
transform genome engineering. We and others have recently shown that the RNA-guided
Cas9g nuclease can be employed to engineer the Drosophila genome, and that these
modifications are efficiently transmitted through the germline. A single targeting RNA
can guide Cas9 to a specific genomic sequence where it induces double-strand breaks
that, when imperfectly repaired, yield mutations. We have also demonstrated that two
targeting RNAs can be used to generate large defined deletions and catalyze gene
replacement by homologous recombination. Zinc-finger nucleases (ZFNs) and
transcription activator-like effector nucleases (TALENSs) have shown similar promise in
Drosophila. However, the ease of producing targeting RNAs over the generation of
unique sequence-directed nucleases to guide site-specific modifications makes the
CRISPR/Cas9 system an appealingly accessible method for genome editing. From the
initial planning stages, engineered flies can be obtained within a month. Here we
highlight the variety of genome modifications facilitated by the CRISPR/Cas9 system

along with key considerations for starting your own CRISPR genome engineering project.
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Introduction

An efficient, reliable means for precisely modifying the genome in living cells is a long-
standing goal of biomedical science. In the clinic, such a tool will enable gene therapies
to repair damaged genes, while in the lab it will be used to selectively manipulate
genomic elements to study their function. In Drosophila, multiple approaches for precise
genome editing have been successfully developed!7. However, their significant time and
labor requirements have limited the widespread adoption of genome engineering
techniques in Drosophila. The CRISPR/Cas9 system is poised to change this. We and
others have recently demonstrated that within one month CRISPR/Cas9-mediated
genome modifications can be efficiently generated in Drosophila and transmitted

through the germline8-1°.

Endogenous CRIPSR RNA/Cas9 systems comprise a single polypeptide nuclease, Caso,
that is guided to target sites by a complex of two small RNAs — the CRISPR RNA
(crRNA), which contains the targeting sequence, and a common trans-activating CRISPR
RNA (tracrRNA)'-2, For use in genome engineering, the S. pyogenes system was
simplified to two components through the generation of a chimeric RNA (chiRNA or
guide RNA (gRNA)) comprising all critical crRNA and tracrRNA sequences'? (Fig. 1).
The two-component system requires only a single gRNA that recognizes a 20-nt target
sequence next to a trinucleotide NGG protospacer adjacent motif (PAM) to direct Caso-
dependent cleavage of both DNA strands within the target sequence. This elegantly
simple system has recently been shown to efficiently generate mutations in mammalian
cell lines, human stem cells, yeast, bacteria, mice, zebrafish, worms and flies8-1°13-24, The
fact that this has all been accomplished over a period of months illustrates the

adaptability of the CRISPR/Cas9 system.



-
[oe]

Engineering diverse genome modifications with CRISPR

In the short time since it was adapted for use in flies, the CRISPR/Cas9 system has
already been used to successfully generate a variety of complex genome modifications,
and the possibilities for expanding its application are nearly limitless®-°. Here, we focus

on the applications likely to be of broadest interest to the Drosophila community.

Knock-outs/Deletions. The induction of site-specific double-strand breaks (DSBs) in
chromosomal DNA can yield mutations when breaks are inaccurately repaired by non-
homologous end joining (NHEJ). This error-prone repair process can generate small
insertions and deletions (indels) at the cleavage site that disrupt gene function (Fig 2A).
Separately, we used four different gRNAs to target Cas9 to the yellow and rosy loci, and
observed germline transmission of frame-shifting indels at each targeted site? (Table 1).
Bassett et al. (2013) and Yu et al. (2013) expanded the number of sites targeted for
mutation by Cas9-induced NHEJ, and observed efficient germline transmission of indels

at nine of twelve targeted sites in eight genes.

While the generation of random indels can disrupt function, the precise deletion of genes
or other genomic sequences provides a powerful tool for unambiguously elucidating their
role (Fig. 2B). To precisely delete the yellow gene, we simultaneously targeted the locus
with two gRNAs, one directed to the 5’ end and the other at the 3’ end. Using this
strategy we generated stable transformants harboring precise deletions of the 4.6-kb
yellow locus as well as flies with partial deletions of the locus that abolished yellow
functiond. We have also successfully deleted the 6.1-kb rosy locus (Table 1). Thus,

multiple gRNAs can be simultaneously employed to delete entire open-reading frames.
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Knock-ins/Insertions. In addition to NHEJ, targeted DSBs in chromosomal DNA can
catalyze homologous recombination (HR) using a donor template for repair. The
replacement of a gene with an attP ®C31 phage recombination site has been successfully
combined with traditional ends-in and ends-out HR approaches in Drosophila to provide
ongoing genetic access to a locus of interest252¢, Using two gRNAs targeting sequences
flanking yellow and a single-stranded oligodeoxynucleotide (ssODN) donor template, we
were able to replace the endogenous yellow locus with an attP recombination site® (Fig.
2(C). This result demonstrates that the CRISPR/Cas9 system can be employed for

homology-based genome engineering in Drosophila.

The finding that targeted insertion of exogenous sequences into the Drosophila genome
can be accomplished using the readily programmable CRISPR/Cas9 system opens the
door to a wide variety of genome modifications. This approach can potentially be used to
introduce specific point mutations, tag endogenous loci, or flank genes with
recombination sites for conditional knock-out alleles, to cite just a few of the possibilities

(Figs. 2D and E).

Starting a CRISPR genome engineering project

The CRISPR/Cas9 system is a straightforward genome engineering technique that can be
employed by any laboratory to generate targeted modifications. Here we address three
key considerations for starting your own CRISPR/Cas9 genome engineering project: (1)
options for identifying targeted events, (2) strategies for maximizing targeting specificity,
and (3) methods for delivering system components. We also direct you to the flyCRISPR
discussion board, accessible through our website (flyCRISPR.molbio.wisc.edu/news),

where members of the Drosophila community are sharing their ideas and strategies.



17

Screening for targeted events. The initial experiments employing the CRISPR/Cas9
system in Drosophila were facilitated by the fact that mutations in yellow, rosy and
white yield easily scored visible phenotypes®°. In most cases, however, phenotypic
screening will not be an option, necessitating alternative approaches for recognizing
targeted events. Here we discuss three options to consider as you design your
engineering strategy: (i) molecular screening, (ii) targeting a marked locus, and (iii)

supplying a marked donor template.

Molecular screening: PCR-based methods are a universal option, but the associated
generation and maintenance of candidate fly stocks can be labor intensive. Thus to be
broadly feasible, molecular screening requires a high rate of targeted events. Using a
plasmid-based injection paradigm to generate indels at four targets in two genes, we
observed mutant progeny at rates ranging from 0.25 to 22%9° (Table 1). Injection of
CRISPR components as RNAs yielded mutant progeny at a rate of 2 to 35% in
experiments targeting five genes with 8 different gRNAs810. Although two gRNAs yielded
no progeny due to lethality or sterility and there were no mutants among the progeny of
flies injected with one of two gRNAs targeting white, a gRNA targeting the K81 gene
generated mutations that were transmitted to 99% of characterized progeny° —
indicating that, while highly variable, indels can be generated at very high rates. It is
important to note that all the numbers reported here likely include clonal events. These
rates allowed Yu and colleagues to screen for mutations in progeny via PCR followed by
either restriction enzyme-based analysis or direct sequencing of the products. With
continued optimization and greater understanding of the factors that influence targeting
efficiency, molecular screening of Cas9-induced mutations is likely to become

increasingly feasible.
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Negative screening: An alternative to molecular screening is to generate deletions in fly
lines that contain visibly marked elements in the target locus (Fig. 3A). Because CRISPR
components can be introduced into any genetic background via injection, any line
carrying a marked element in a locus of interest can be used. One need only design the
deletion or gene replacement experiment to remove the marker with two flanking gRNAs
and screen for loss of the visible marker. A consequence of this approach is an increase
in the size of the deletion that must be generated, which might adversely affect efficiency.
We previously targeted the 4.6-kb yellow locus for deletion, and found that 21% of
injected flies (founders) transmitted deletions resulting in the null yellow phenotype to
1.4% of progeny. One of eighteen founders transmitted the full 4.6-kb deletion, while the
remainder of recovered events represented partial deletions?. A 6.1-kb deletion of the
rosy locus was fortuitously recovered in experiments designed to replace the locus with
an attP site. (Table 1). To date, the CRISPR/Cas9 system has not been used to generate
deletions larger than 6.1 kb9. Nonetheless, the simplicity of this negative screening
approach combined with the presence of marked elements in most Drosophila genes

makes it an attractive option for many applications.

Positive screening: A third option is to use a donor template for HR that includes a
visible marker (Figs. 3B and C). While ssODN donors such as the one we utilized to
integrate an attP docking site are useful for small modifications, larger insertions and the
incorporation of visible markers for screening will require double-stranded DNA
(dsDNA) donors. Injected dsDNA donor templates have been successfully utilized in
Drosophila to incorporate up to 13-kb of exogenous sequence in both P element- and
zinc-finger nuclease-induced HR27-28, Based on a comprehensive analysis of ZFN-
induced HR, dsDNA donors containing flanking homology arms of at least 1-kb in length

serve as effective donors2’. dsSDNA donors have been employed in mammalian cells as
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templates for CRISPR/Cas9-induced HR and there is every reason to expect they will
work as effectively in flies?*. While this strategy requires generating a donor template, it
will facilitate simple screening while enabling a broad range of modifications, from gene
deletion and replacement (Fig. 3B) to the incorporation of fluorescent tags (Fig. 3C).
Flanking the visible marker with FRT or loxP recombination sites will allow for its

subsequent removal.

Strategies for maximizing targeting specificity. Once you've determined your
strategy for recognizing targeted events, you will need to select the sequences to be
targeted. Specificity and efficiency of cleavage are critical parameters for genome
engineering methods that rely on sequence-specific DSB generation in chromosomal
DNA. Although little is known about the factors affecting Casg efficiency, significant
attention has already been devoted to identifying parameters that maximize
specificity'>15-29:30, Based on these studies, we expect that careful target selection and
optimization of injection conditions will enable high specificity when employing the

CRISPR/Cas9 system.

Initial CRISPR/Cas9 genome engineering studies identified a 12-nt ‘seed’ region adjacent
to the PAM that was necessary for gRNA-guided cleavage by Casg'>5. The detrimental
effects of seed-region mismatches on cleavage efficiency suggested that targets lacking
perfect matches to the 12-nt seed sequence adjacent to an NGG PAM sequence elsewhere
in the genome would be highly specific. More recently, two studies in mammalian cell
lines indicate that somewhat more stringent criteria should be applied when selecting
target sequences to minimize off-target cleavage293°. Importantly, Hsu et al. (2013) also
found that NAG can serve as a PAM in mammalian cells, mediating cleavage with

approximately one-fifth the efficiency of NGG. Together these findings suggest that
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targeting specificity can be maximized by selecting targets with the fewest potential off-

target cleavage sites as defined by the rules below:

1. PAM-adjacent sites with > 11/12 matches to the target seed sequence.
2. PAM-adjacent sites with > 18/20 matches to the full target sequence.
3. Sites meeting the above criteria adjacent to a divergent PAM of the form NAG as well

as NGG.

An online CRISPR target identification tool is available from Feng Zhang’s laboratory at
http://www.genome-engineering.org/crispr. This tool identifies CRISPR target sites
lacking perfect matches to the seed sequence elsewhere in the genome; an updated
version incorporating the more conservative rules outlined above is currently not

available for the Drosophila genome.

In addition to careful selection of target sites, the concentration of CRISPR components
can be titrated to maximize specificity by taking advantage of cleavage efficiency
differences between on- and off-target sites3°. This has not yet been directly investigated
in Drosophila. Finally, to further reduce the potential for generating mutations at off-
target cleavage sites, Casg can be mutated and supplied as a nickase that will generate
targeted single-strand breaks capable of catalyzing HR but unlikely to be repaired by the

NHEJ pathway5:21.

Encouragingly, neither we (Gratz et al. 2013) nor Bassett et al. (2013) uncovered
evidence of cleavage at potential off-target sites identified by sequence similarity. In both
studies, targets were selected to avoid perfect matches to the seed sequence adjacent to a

PAM elsewhere in the genome, suggesting that even using looser criteria than above,



strategic target selection can limit off-target cleavage in Drosophila. It is also possible
that differences in DNA repair between germ cells and transformed cell lines result in
lower apparent rates of off-target cleavage in Drosophila since only those cleavage events
that are improperly repaired yield mutations. However, comprehensive analyses have
not yet been performed, so further work will be required to determine the potential for

off-target effects in Drosophila.

Deciding on a delivery system. The final decision to make is how you will introduce
CRISPR components into Drosophila embryos. In this section, we discuss three
alternatives: (i) injection of DNA plasmids encoding Casg and gRNA(s) for in vivo
transcription/translation, (ii) injection of these components as RNAs, or (iii) injection of
modification-specific components into flies expressing the common system components,

Casg and/or tracrRNA.

DNA injection: To generate indels in the yellow and rosy loci, we injected DNA plasmids
encoding Cas9 and, separately, four different gRNAs into preblastoderm embryos. 6-27%
(median = 12) of injected embryos that survived to become fertile adults transmitted
targeted mutations to progeny at rates ranging from 0.25 to 22% (median = 2)° (Table
1). With our expression plasmid, unique gRNA-encoding constructs can be generated in
a couple days using oligonucleotides. This U6-gRNA plasmid is available from Addgene

and detailed protocols are available on our website (http://flycrispr.molbio.wisc.edu).

RNA injection: Two Drosophila groups have observed efficient germline transmission
when injecting CRISPR components as RNA%1°. Using single gRNAs to induce indels in
12 targets, mutant progeny were generated at rates ranging from 0-99% (median = 9).

The percentage of founders (injected embryos that yielded mutant progeny) ranged from
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0-100% (median = 59%) for the 10 targets for which this data was reported. DNA
templates for in vitro transcription of gRNAs can be generated as plasmids or PCR

products®1°,

Flies expressing CRISPR components: Germline expression of CRISPR/Cas9
components may increase targeting efficiency. To that end, we have generated transgenic
flies that express Cas9 under the control of the vasa promoter. In addition, we have
generated stable transgenic flies that express tracrRNA under the control of the
snRNA:U6:96Ab promoter, and flies that express both Casg and tracrRNA. To facilitate
rapid and widespread use, we have deposited these flies at the Bloomington Drosophila
Stock Center. All lines are homozygous viable, suggesting low toxicity of CRISPR/Cas9
components in the absence of crRNA. Using these fly lines, targeted modifications can in
principle be generated by injecting only the targeting component of the system. We do
not yet have data on germline transmission using these lines; however, analysis of
injected embryos indicates successful generation of Cas9-induced modifications with this

approach.

Choosing a delivery system: To date, results have been reported for the generation of
indels using DNA and RNA injection-based approaches. Initial reports raise the
possibility that RNA injections may yield fewer surviving flies than DNA injections while
yielding more affected progeny?8-°.

However, no direct comparisons have been made, which will be important for
determining how these approaches compare in their cleavage efficiency and toxicity

given the significant variability between loci and targets that has been reported. Similarly,
future experiments will be required to determine how techniques employing transgenic

flies expressing CRISPR components compare to the injection-only techniques reported
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so far. A drawback of the transgenic approach is decreased flexibility in choosing the
genetic background in which to generate modifications. The injection-based systems, on
the other hand, place constraints on target selection due to the requirements for one or
two Gs at the start of the gRNA sequence for efficient transcription from the U6 and Ty
promoters, respectively. These additional requirements decrease the frequency of target
sites in the genome from 1/8 to 1/32 for the plasmid-based system and 1/128 for an RNA
injection approach. However, a new report suggests that these constraints may be easily
overcome. In zebrafish, the G nucleotides can simply be added to the end of the gRNA
construct without undue effects on efficiency3'. Finally, higher or lower cleavage rates
may be desirable depending on the particulars of a given genome modification
experiment. For instance, when targeting an essential gene, high cleavage rates might
frequently yield biallelic breaks that would decrease the likelihood of recovering a
targeted event. Suggesting this is a significant concern, Yu et al. (2013) observed 100%
male infertility in the targeting of two out of three sex-linked genes and 100% larval
lethality when targeting an essential gene. These factors will likely combine to make
different approaches ideal for distinct circumstances. The options already available
suggest the CRISPR/Casg system will be a versatile technique adaptable for a broad

range of applications.

Outlook

The CRISPR/Casg system has sparked extraordinary interest as a tool for genome
engineering due to its simplicity and adaptability. In the short time since the
development of the two-component system, work in Drosophila has already
demonstrated that RNA-guided Cas9 can be used to generate indels, gene deletions and
gene replacements — all of which are efficiently transmitted through the germline8-10.12,

In the coming months, these successes are sure to be expanded upon as targeting
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efficiency and specificity are optimally balanced and more complex modifications are
attempted. With Drosophila researchers worldwide eagerly embracing CRISPR

technology, we can look forward to realizing the promise of designer flies on demand.

Note

While this manuscript was in review, germline transmission of indels and defined
deletions generated in transgenic flies expressing both Cas9 and a custom gRNA was
reporteds2. Fillip Port and Simon Bullock also report the efficient generation and
transmission of mutations in yellow and ebony in transgenic flies expressing Cas9
ubiquitously under the control of the act5 promoter, while Hui-Min Chen and Tzumin
Lee report their successful targeting of yellow in transgenic flies expressing UAS-Caso, a
germline-specific Gal4 and a gRNA. These data are available at

http://www.crisprflydesign.org.
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Figure 1. Schematic of the two-component CRISPR/Cas9 system. A target site
in the yellow locus is shown as an example. Cas9 is guided to a cleavage site by a
chimeric RNA containing critical crRNA and tracrRNA sequences, including 20-nt of
homology to a target site. This RNA has alternately been referred to as a gRNA, a single-
guide RNA (sgRNA) or a guide RNA (gRNA). Cas9 (grey) contains two distinct
endonuclease domains, a HNH domain and a RuvC-like domain, that independently
cleave both stands at the target site to generate a DSB (red arrowheads). Cleavage of
target sites requires a high degree of homology to the gRNA and a 3-bp PAM (NGG)
immediately 3’ of the target sequence.
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imperfectly by NHEJ resulting in disruptive mutations8°. (B) Through a process that is
likely mediated by NHEJ, targeted deletions can be generated using two gRNAs targeting
the limits of the region to be removed. This approach has been used to delete yellow and
rosy?. (C) Employing two gRNAs targeting the limits of the region to be replaced and a
donor template for HR, targeted genomic regions can be replaced with exogenous
sequences. In this example, a gene is replaced with an attP PhiC31 phage recombination
site to allow for subsequent manipulation of the locus. In addition to the attP sequence,
the donor template contains homology arms corresponding to the sequences
immediately adjacent to the predicted cleavage sites. This approach has been used to
replace yellow with attP9. (D) Cas9-mediated HR can be used to engineer point
mutations into a target locus. In this example, a target site is chosen near the sequence to
be mutated, and novel sequence introduced via a donor template containing the
modification flanked by sequences homologous to the target region. This approach has
been used to introduce point mutations in mice and zebrafish2331, (E) Insertions of
exogenous sequence including fluorescent molecules and epitope tags can be
incorporated into a target locus via HR. A target site at or near the intended insertion
site is chosen and used in conjunction with a donor template comprising two homology
regions flanking the sequence to be inserted.
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Figure 3. Strategies for detecting targeted events. (A) Targeting a locus with a
marked element will allow screening for targeted deletions or gene replacements via loss
of the marker. In this example, a locus containing a visibly marked transposable element
marked is targeted for deletion. (B) A dsDNA donor with a removable positive marker
can be used to facilitate screening for targeted deletions and gene replacements. In this
example, a loxP-flanked fluorescent marker driven in the eye allows for identification of
transformants based on eye color. The visible marker can later be removed using Cre
recombinase. (C) In this example, a GFP tag is inserted at the translation start site of a
gene using a donor template containing a removable positive marker to aid in screening.
The donor was designed so the visible marker will be inserted in a non-conserved region
of an adjacent intron as its subsequent removal will leave a single loxP site behind. This
strategy might be facilitated by the use of two target sites — one at the site of the intended
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insertion and another at the insertion site for the positive marker. With this approach,
the donor vector would contain homology arms corresponding to sequences adjacent to
each cleavage site, sequences homologous to the region between the insertion sites, GFP
coding sequence, and sequences encoding a visible marker.



Table 1. Germline transmission rates of targeted mutations in rosy

Male crosses Female crosses
gRNA(s) ssODN % (#) % (#) % (#) % (#) % (#) founders yielding % (#) overall germline % (#) overall
donor founders progeny founders progeny targeted event transmission progeny
R1 - 10 (1/10) 1.2 (6/508) 20 (2/10) 2.5 (5/201) 100 (3/3) 15 (3/20) 1.6 (11/709)
R2 - 27 (3/11) 22 (88/404) NA NA 100 (3/3) 27 (3/11) 22 (88/404)
0.49
R3 - 9.7 (3/31) 1.7 (27/1621) 5.3 (1/19) (2/406) 100 (4/4) 8 (4/50) 1.4 (29/2027)
R5’, R3’ + 33 (4/12) 5.8 (35/603) 0 (0/6) 0 (0/549) 0 (0/4) 0 (0/18)* 3.0 (35/1152)

Flies injected with plasmids for expression of Casg and the indicated gRNAs with or without an ssODN donor template for the HR-
mediated replacement of rosy with an attP ®C31 phage recombination site were outcrossed and progeny screened for rosy eye color.
The percentage of injected flies producing one or more rosy progeny (founders) is indicated along with the percentage of total
progeny exhibiting rosy eyes. At least one progeny per founder was sequenced to determine if the targeted event had occurred. The
percentage of founders in which the expected event occurred in one or more progeny is reported, as is the overall germline
transmission rate (% injected flies yielding expected event).

*We recovered the precise deletion of the 6.1-kb rosy locus without attP incorporation from 1/18 crosses (5.6%) in 7 progeny (0.6% of
total progeny screened).
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ABSTRACT

The CRISPR-Cas9 system has transformed genome engineering of model organisms
from possible to practical. CRISPR-Cas9 can be readily programmed to generate
sequence-specific double-strand breaks that disrupt targeted loci when repaired by
error-prone non-homologous end joining or to catalyze precise genome modification
through homology-directed repair (HDR). Here we describe a streamlined approach for
rapid and highly efficient engineering of the Drosophila genome via CRISPR-Cas9-
mediated HDR. In this approach, transgenic flies expressing Cas9 are injected with
plasmids to express guide RNAs (gRNAs) and positively marked donor templates. We
detail target site selection; gRNA plasmid generation; donor template design and
construction; and the generation, identification and molecular confirmation of
engineered lines. We also present alternative approaches and highlight key
considerations for experimental design. The approach outlined here can be used to
rapidly and reliably generate a variety of engineered modifications, including genomic

deletions and replacements, precise sequence edits, and incorporation of protein tags.
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INTRODUCTION

The CRISPR-Cas9 system is significantly advancing the ability of researchers to engineer
targeted genome modifications for functional studies of genes and genetic elements. In
Drosophila, the CRISPR-Casg system has been used to disrupt, delete, replace, tag and
edit multiple genes and genetic elements (Bassett et al., 2013; Gratz et al., 2013a; Gratz
et al., 2014; Kondo and Ueda, 2013; Lee et al., 2014; Port et al., 2014; Ren et al., 2013;
Sebo et al., 2014; Xue et al., 2014; Yu et al., 2014; Yu et al., 2013). The rapid and
widespread adoption of CRISPR-Casg illustrates the utility of this novel genome
engineering platform for generating a wide variety of modifications, and its power for
addressing fundamental biological questions, understanding and treating disease, and

engineering agriculturally relevant species and their pests.

Endogenous CRISPR-Cas9 systems have been adapted as simple and highly robust
genome engineering tools that are being widely adopted by the research community. The
most widely used Streptococcus pyogenes system was simplified to two components to
facilitate genome engineering: a common endonuclease called Cas9 and a single chimeric
RNA referred to as a guide RNA (gRNA) (Jinek et al., 2012). gRNAs interact with Cas9
and guide the nuclease to specific DNA sequences through an easily programmed 20-nt
target sequence that directly base pairs with complementary DNA. Upon binding its
target, Cas9 utilizes its two nuclease domains to generate a double-strand break (DSB).
The only known requirement for a potential cleavage site is the presence of a 3-bp
protospacer adjacent motif (PAM) of the form NGG immediately 3’ of the 20-nt target
sequence. Thus, S. pyogenes CRISPR-Cas9 target sites occur an average of once in every

eight basepairs of genomic sequence.
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Induction of a DSB in genomic DNA triggers repair by one of two general cellular repair
pathways, both of which can be co-opted for genome engineering. Non-homologous end-
joining (NHEJ) is an error-prone process in which broken ends are simply ligated
together. This repair pathway can yield small insertions and deletions (indels) that
disrupt function at cleavage sites. In contrast, homology-directed repair (HDR) employs
homologous DNA sequences as templates for precise repair. By supplying donor
templates comprising exogenous sequence flanked by homology-containing stretches
(commonly referred to as homology arms), the HDR pathway can be appropriated to
make precise modifications including defined deletions, sequence substitutions, or
insertions. Beyond the genome engineering applications of the CRISPR-Cas9 system,
nuclease-dead Cas9 is being used as a sequence-specific repressor or activator of gene
expression and is being developed as a tool for probing genome structure and function
without causing mutations (Anton et al., 2014; Bikard et al., 2013; Chen et al., 2013;
Cheng et al., 2013; Fujita and Fujii, 2013; Gilbert et al., 2013; Kearns et al., 2014; Maeder

et al., 2013; Perez-Pinera et al., 2013; Qi et al., 2013)

Here we detail a rapid and efficient CRISPR-Cas9 method for HDR-mediated
engineering of the Drosophila genome (Gratz et al., 2013a; Gratz et al., 2014). We have
used this approach to generate numerous genome modifications, including gene
replacements, in-frame protein tag insertions, and conditional alleles. The Basic Protocol
covers target site selection; gRNA generation; donor design and construction; and the
generation, identification and molecular confirmation of engineered lines. We begin with

key considerations for experimental design and discuss alternative approaches.
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STRATEGIC PLANNING

Figure 1 shows a decision tree that can be used as a guide in designing the appropriate

strategy for different types of CRISPR-Casg genome engineering experiments. Here we

discuss the key considerations for each decision point.

1.

What do you want to achieve?

Loss-of-function (lof) allele: If your goal is to generate a lof allele, an approach

that relies on either NHEJ or HDR can be employed to achieve your aim. The key
difference in practice is whether a donor repair template is included. If you
choose to go with NHEJ (no donor), you will have two options: (1) disrupt the
locus by targeting a single cleavage event in a critical sequence and recovering
disruptive indels or (2) delete the locus with two flanking gRNAs. You will need
to screen candidate mutants using an appropriate molecular approach unless you
can screen phenotypically for the desired mutant. The simplest way to identify
relatively small indels is by using high-resolution melt analysis (HRMA), while
PCR can be used to detect larger deletions (Bassett et al., 2013; Gratz et al.,

2013a). Following sequence verification, you will have an unmarked lof allele.

Complex modifications: To engineer defined modifications, such as specific

changes to a nucleotide sequence or insertion of a tag or other exogenous DNA
(e.g. FRT sites for a conditional allele), you will need to employ the HDR pathway
by supplying a donor repair template and screening for the desired repair event.
This pathway can also be employed to generate defined deletions or to insert
screenable marker genes that facilitate recovery of engineered flies. Subsequently,

markers that have been flanked by LoxP or FRT sites can be readily removed to
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minimize alterations to the engineered locus or retained to provide a marked

allele.

Irrespective of whether your goal is to employ the NHEJ or HDR pathway, you

will need to decide how you will introduce Caso.

Transgenic Casg source: Unless your experimental goals limit you to a specific

genetic strain, we recommend using a transgenic Cas9 source for the highest

efficiency and reliability. We have generated transgenic fly lines expressing Cas9
under the control of the germline vasa promoter. These and related fly lines are
available at the Bloomington Drosophila Stock Center (Gratz et al., 2014; Port et

al., 2014; Sebo et al., 2014).

Injection of Casg as DNA or RNA: If you wish to work in a particular genetic

background (or non-melanogaster species), you can introduce Cas9 as either
plasmid DNA or mRNA through injection. RNA-based approaches can generate
targeted mutations at higher efficiency than the DNA constructs attempted to
date, but yield somewhat more experiment-to-experiment variability, possibly
due to complications encountered with the injection of RNA (Bassett et al., 2013;
Yu et al., 2013). A disadvantage in using RNA is the relatively high cost compared
to DNA, which is inexpensive to generate and easy to handle. The primary
drawback of injected Casg DNA is that, while it appears to work quite reliably, it
does so with lower efficiency than Casg mRNA (Gratz et al., 2013a; Ren et al.,
2013). Optimized promoters are likely to mitigate this difference. In some cases,

such as attempts to generate recessive lethal alleles, the lower efficiency observed
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with DNA constructs may provide an advantage by reducing the levels of biallelic

targeting.

. All CRISPR experiments require a gRNA to guide Cas9 to the targeted locus. As

with Cas9, gRNAs can be supplied transgenically or injected as DNA or RNA.

Transgenic gRNA source: gRNAs can be integrated into the genome using

phiC31-mediated transgenesis (Kondo and Ueda, 2013; Port et al., 2014; Xue et
al., 2014). This approach has the advantage of catalyzing extremely efficient
NHEJ — and likely HDR, though to date only one such experiment has been
published (Port et al., 2014). The disadvantage of an integrated gRNA approach
is the time and cost of generating a unique gRNA-expressing transgenic fly line
for each targeting experiment. Integrating a gRNA more than doubles the
timeline for obtaining an engineered fly line and costs several hundred dollars if
injections are outsourced, as is commonly the case. However, given the advantage
of increased efficacy, this approach is particularly useful if a gene or genomic

sequence will be manipulated frequently.

Injection of gRNA as DNA or RNA: Injection of gRNAs, as either DNA or RNA, is

the most rapid method for engineering flies and both are highly efficient,
particularly when combined with transgenic sources of Casg (Gratz et al., 2014;

Ren et al., 2013; Xue et al., 2014; Yu et al., 2014).

For HDR, but not NHEJ, you will need to supply a donor repair template. Both
dsDNA and single-stranded DNA (ssDNA) donors have been used successfully in

Drosophila.



dsDNA donor: dsDNA donors are highly versatile as they can incorporate large
DNA sequences (Gratz et al., 2014; Port et al., 2014; Xue et al., 2014; Yu et al.,
2014). We have generated vectors for rapidly cloning locus-specific homology
arms into donors with visible markers. The pHD-DsRed-attP and pHD-DsRed

vectors, described in detail below, are available from Addgene.

ssDNA donor: ssDNA donor templates can be used to incorporate small
modifications (Gratz et al., 2013a; Port et al., 2014; Xue et al., 2014). The primary
advantage of using ssDNA donors is that they can be rapidly synthesized,
obviating the need for cloning. However, most synthesis companies have a size
limit of ~200 nt for single-stranded DNA synthesis, so they cannot be used for
larger modifications such as the incorporation of fluorescent tags or for the
inclusion of a selection marker for identifying engineered flies. Thus, molecular
screening is required, increasing the labor necessary to identify and recover the

intended allele.

In the Basic Protocol below, we detail our preferred method for efficient generation of
engineered flies via HDR: injection of vasa-Cas9 flies with gRNA plasmids and a
positively marked dsDNA donor template. This choice represents a favorable balance of
time, cost, efficiency, and reliability. With this approach, we obtain engineered alleles
within one month at a total reagent cost of approximately $150. Injections generally cost
an additional $200 if outsourced. In our experience, an average of 25% (range = 7-42%)
of fertile injected flies transmit the targeted event to their progeny. In Alternate Protocol
1, we detail HDR with ssDNA donor templates. Alternate Protocol 2 covers HDR in other

genetic backgrounds using Cas9 supplied as DNA. In Alternate Protocol 3, we outline our
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approach for NHEJ using a transgenic source of Casg and gRNA supplied as DNA. This
approach has also been used successfully by Ren et al. (2013). Together these protocols
offer a versatile toolset amenable for generating a variety of genome modifications in

Drosophila.

BASIC PROTOCOL

Target Site Selection

Selection of high-quality target sites is essential for the success of any CRISPR-based
genome engineering experiment. It is important to identify target sites that will generate
DSBs close to the location of the intended modification. In choosing a target site,
location must be balanced with target-site specificity and, thus, the potential for off-
target DSBs. While originally raised as a significant concern in the editing of transformed
cell lines (Fu et al., 2013), with careful target site selection, off-target cleavage does not
seem to be a significant problem for genome editing of organisms or human stem cells
(Bassett et al., 2013; Chiu et al., 2013; Duan et al., 2014; Gratz et al., 2013a; Gratz et al.,
2014; Kiskinis et al., 2014; Smith et al., 2014; Suzuki et al., 2014; Veres et al., 2014; Yang
et al., 2013). Nonetheless, our current understanding of Cas9-induced cleavage is far
from complete, so it is important to select the most specific sites possible to minimize the
potential for off-target mutagenesis. To facilitate the rapid identification of high-quality
target sites, we have developed a web-based tool, CRISPR Optimal Target Finder, that

identifies gRNA cleavage sites and evaluates their specificity (Gratz et al., 2014).

It is essential that target sites be identified in sequence obtained from the fly strain that
will be edited, not the reference genome. Polymorphisms between a given fly strain and
the reference genome are frequent, especially in intergenic regions, and could eliminate

or significantly decrease cleavage if they occur within your target sequence. Thus,
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CRISPR Optimal Target Finder identifies gRNA target sites in user-supplied DNA
sequence rather than reference genome sequences. In the Basic Protocol, we use vasa-
Caso flies. However, as described in Alternate Protocol 2 below, our approach can be

readily adapted to engineer any fly strain.

Materials

vasa-Casg fly stocks (Bloomington Drosophila Stock Center)
y* M{vas-Cas9.RFP-}ZH-2A w18 /FM7a, P{Tb'}FM7-A (stock number
55821)
w18; PBac{vas-Cas9}VK00037/CyO, P{Tb'}Cpr&0-A (stock number
56552)
wtti8; PBac{vas-Cas9}VKo00027 (stock number 51324)

Total DNA purification kit

PCR and sequencing primers

Phusion High-Fidelity DNA Polymerase

Gel extraction kit

Protocol steps
1. Isolate genomic DNA from the Cas9 (or other) fly strain in which the genome
modifications will be made. Purify total DNA from about 50 adult flies. This large
genomic DNA preparation can be used for many subsequent CRISPR

experiments.

2. Design PCR primers to amplify a region of about 500-1,000-bp centered around

the target region.
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Only one gRNA is necessary to catalyze HDR. We often design our
experiments to include two gRNAs targeting either end of the region to be
modified (See Figure 3). Howeuver, the effect of one vs. two gRNAs, if any, on
efficiency or choice of cellular repair pathway is not known. Two gRNAs
increase the likelthood that at least one gRNA will efficiently induce cleavage.

On the other hand, two gRNAs increase the potential of off-target cleavage.

Prepare a 50-pl reaction to amplify the target region.

Use gel electrophoresis to purify the PCR product.

Sequence the PCR product using Sanger sequencing.

Identify CRISPR target sites in the sequenced region. Submit the sequence

returned from step 5 to the CRISPR Optimal Target Finder

(tools.flycrispr.molbio.wisc.edu/targetFinder).

Select the genome release you wish to search. Target Finder is currently

configured to search D. melanogaster release 5 by default.

Release 6 is also available, as are genomes for D. simulans, D. yakuba, D.
mauritiana, D. sechellia, D. ananassae, D. erecta, D. persimlis, D.
pseudoobscura, D. virilis, D. mojavensis, D. willistoni, D. grimshawi,
Anopheles gambiae (strains M and S), Aedes aegypti, Apis mellifera,

Tribolium castaneum (release 2 and draft release 4), and C. elegans.
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Select the length of the target sites you would like to identify. Target Finder will
identify all target sequences of the selected length in the 500-1000 bp sequenced
region from step 2. Full-length target sites of 20-nt offer the highest cleavage
efficiency and are the most commonly used. Target sequences of a shorter length
have been shown to increase the specificity of Casg cleavage while decreasing

cleavage efficiency (Fu et al., 2014).

Target Finder will identify all CRISPR target sequences in the input sequence. If
you would like to limit identified target sites to those that start with a G (for
efficient expression from the U6 promoter when supplying gRNA as plasmid
DNA) or those that start with GG (for efficient expression from the T7 promoter

using in vitro transcription of gRNAs), select the appropriate option.

Alternatively, a G can simply be added to the 5' end of any target sequence

when cloning the gRNA plasmid (see below) for efficient U6 transcription.

Once CRISPR targets are identified, their specificity will be evaluated based on
user-selected criteria. The final 12 nt of the CRISPR target sequence, often
referred to as the ‘seed’ sequence, are more critical for specificity than the distal
eight nucleotides. The CRISPR Optimal Target Finder algorithms consider both
the number and location of mismatches in the evaluation of potential off-target

cleavage sites.

High-stringency (default setting) defines potential off-target sites as those with

(i) perfect matches (zero mismatches) to the seed sequence or (ii) one mismatch

in the seed sequence and one or zero mismatches in the distal sequence.
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Maximum stringency defines potential off-target as sites with (i) perfect matches
(zero mismatches) to the seed sequence, (ii) one mismatch in the seed sequence
and four or fewer mismatches in the distal sequence, or (iii) two mismatches in

the seed sequence and a maximum of one mismatch in the distal sequence.

PAM: By default, the program will only consider sequences adjacent to a
canonical NGG PAM in the evaluation of potential off-target cleavage sites.
Putative off-target sites adjacent to a non-canonical PAM sequence of the form
NAG can be considered by selecting the ‘NGG and NAG’ option. In transformed
cell lines, target sites adjacent to an NAG PAM were cleaved at one-fifth the

efficiency of those adjacent to a canonical NGG PAM sequence (Hsu et al., 2013).

We recommend use of the default settings for most applications in Drosophila
where little off-target cleavage has been observed to date (Bassett et al., 2013;

Gratz et al., 2013a; Gratz et al., 2014).

11. Select specific target site(s) for your genome engineering project by balancing
proximity to the site you are editing and the potential for off-target cleavage.
Target Finder returns all identified target sites in order of specificity. For each
target site, the program also provides oligonucleotide sequences designed for

gRNA plasmid cloning into a pU6-BbsI-gRNA vector.

gRNA Plasmid Preparation
To supply gRNAs containing the target-specific sequences from a plasmid DNA source,

we have generated vectors for rapid cloning of target-specific sequences using short
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complementary oligonucleotides and a simple annealing and ligation process. The pU6-

BbsI-gRNA vectors utilize the small RNA promoter of a Drosophila U6 gene to express

the gRNA.

Materials

12.

pU6-BbsI-gRNA (Addgene; Plasmid 45946)
BbsI endonuclease
Sense and antisense gRNA oligonucleotides
T4 Polynucleotide Kinase
T4 DNA Ligase
Gel extraction kit
E. coli DH5a or other suitable cloning strain
Plasmid miniprep kit
Sequencing Primers
T7 (5'-TAATACGACTCACTATAGGG-3")
T3 (5'- AATTAACCCTCACTAAAGGG-3')

Endotoxin-Free Plasmid Midi Kit

Order a pair of short complementary oligonucleotides for each target site. You
can design them yourself using the following guidelines. The oligonucleotide

design incorporates the target sequence and cohesive ends for cloning into the

pU6-BbsI-gRNA backbone. The top strand should be designed in the format of

5’-CTTCG(N)o-3’, where G(N),, corresponds to your unique target site sequence

beginning with a G for efficient transcription from the Drosophila U6 promoter

(Figure 2). The bottom strand is designed in the format of 5"-AAAC(N),,C-3’,

with (N),,C representing the reverse compliment of the targeting sequence.
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Alternatively, to aid in design process, the CRISPR Optimal Target Finder has a
feature that will output the oligonucleotide sequences needed for cloning selected

target sites.

You can either use T4 Polynucleotide Kinase (PNK) to add the 5’ phosphates
to standard oligonucleotides, as described below, or order 5’

phosphorylated oligonucleotides.

As noted above, target sites without an endogenous 5’ G can be used by
simply adding a G to the 5’ end of a 20-nt target site in the format of G(IN)zo
to achieve efficient transcription. In this case the top strand should be
designed in the format of 5’-CTTCG(N)20-3’ and the bottom strand designed

in the format of 5’-AAAC(N)20C-3’".

13. Resuspend oligonucleotides at a concentration of 100 uM in nuclease-free H,O.

14. Combine 1 uL of the top strand oligonucleotide (100 uM stock), 1 uL of the
bottom strand oligonucleotide (100 uM stock), 1 uL of T4 DNA Ligase buffer
(10X), 6 uL of H.O, and 1 uL of T4 Polynucleotide Kinase (10U/uL). Incubate at

37°C for 30 minutes, 95°C for 5 min, then ramp to 25°C at a rate of -5°C/min.

15. Digest 1 ug of pU6-BbsI-gRNA or pU6-BbsI-U63-gRNA with 10 Units BbsI for

two hours at 37°C.

The pU6-BbsI-gRNA plasmid expresses the gRNA under the control of the

U6-2 promoter. The pU6-BbsI-U63-gRNA plasmid expresses the gRNA
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under the control of the U6-3 promoter, but is otherwise identical. Port et al.
(2014) reported that U6-3 was more efficient than either U6-1 or U6-2.
However, we have not observed consistent differences between the two
promoters in our HDR experiments. This might be explained by low
numbers in all cases (only 3 flies per promoter were analyzed in the
published work and we have not made exhaustive comparisons); differences
between integrated and injected gRNA or between NHEJ- and HDR-based
experiments; and/or locus or gRNA-specific differences. We use the two

promoters interchangeably.

Use gel electrophoresis to purify the digested vector. Determine the DNA

concentration using a spectrophotometer.

Ligate the annealed insert into pU6-BbsI-gRNA. Combine 1 uL of annealed insert
(Step 14), 50 ng of BbsI digested pU6-BbsI-gRNA, 1 uL. of T4 DNA Ligase buffer,
1 uL of T4 DNA Ligase, and enough H.O to bring the reaction to 10 uL. Incubate

at 25°C for 1 hour.

Transform the ligation reaction into DH5a cells and select colonies on plates
containing 100 pug/mL ampicillin. A control transformation of digested pU6-
BbsI-gRNA vector alone can be performed to ensure no contaminating

undigested plasmid was collected in Step 16.

Isolate plasmids from 2-4 individual colonies using a plasmid miniprep kit.
Screen for plasmids with incorporated oligonucleotides by Sanger sequencing

using T7 and/or T3 primers.
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Alternatively, positive colonies can be identified via colony PCR using a
target site oligonucleotide in combination with a T3 or T7 primer. Use a
pipette tip to scratch a visible amount of an individual colony into a PCR
tube and use the tip to inoculate 4 mL of LB with ampicillin. Add 10 ul of
PCR master mix to the PCR tube and use the appropriate cycling

parameters to amplify the diagnostic product.

20. Prepare DNA for injection from a positive clone using an Endotoxin-Free Plasmid

Midi Kit.

As with all Drosophila injection-based techniques, preparing high-quality

DNA is critical to successful CRISPR-mediated genome engineering.

Donor Vector Design

dsDNA donor vectors can be made in many configurations to facilitate the generation of
an endless variety of genome modifications (Figure 3). The Basic Protocol focuses on the
design of donor constructs using the pHD-DsRed-attP or pHD-DsRed vectors available
through Addgene. The design of ssDNA donors is described in Alternate Protocol 1 below.
The pHD-DsRed-attP vector is used for generating marked knock-out alleles that harbor
an attP phage recombination site for serial manipulations of the target locus catalyzed by
phiC31. pHD-DsRed is used for generating positively marked targeted insertions or
sequence edits. Both vectors include a removable DsRed marker expressed strongly in
the eye for visual identification of lines with targeted events and contain multiple cloning

sites for inserting locus-specific homology arms.
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region that will be modified.

Extensive analysis of zinc-finger nuclease-catalyzed HDR demonstrated
that homology arms of 1 Kb mediate efficient HDR (Beumer et al., 2013),
and we and others have found this to be the case with CRISPR-based
HDR (Gratz et al., 2014; Port et al., 2014; Xue et al., 2014; Yu et al.,

2014).

22. Ensure that neither Aarl nor Sapl sequences occur within your homology arms,

as these restriction enzymes are used for cloning the donor vector.

If your homology arms contain Aarl or Sapl sites, alter your design
and/or experimental protocol accordingly. For example, if the 5'
homology arm contains an Aarl cut site, it may be necessary to ‘invert’
the locations of the 5' and 3' homology arms in the donor such that the
donor cassette is placed on the antisense strand. If the 3' arm contains
an Aarl cut site, it will simply be necessary to clone the 5' homology arm
first. Alternatively, the multiple cloning sites can be used instead of Aarl

or Sapl.

23. Design and order primers to amplify both homology arms. Homology arms
should contain sequence immediately adjacent to your cleavage sites (Cas9-
mediated DSBs are generated 3-bp upstream of the PAM) for efficient HDR.
When deleting or replacing a locus, the homology arms will simply comprise the

sequence flanking the deleted region (Figure 3A). For inserting exogenous
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sequences or editing genomic sequences, design overlapping extension PCR
oligonucleotides to construct a fragment that contains (i) a 1-Kb homology
region, (ii) the insertion or edit you wish to make, and (iii) the genomic sequence
between the edit and the marker insertion site, usually in an adjacent intron
(Figure 3B). For detailed guidance on the design of overlapping extension PCR
primers, we refer the reader to a previous Current Protocols publication (Miklos

et al., 2012).

Left Homology Arm (Aarl): The forward primer should follow the format 5’-

NNNNCACCTGCNNNNTCGC(N).0-3’ where the Aarl site is italicized, the
cohesive end generated by AarI digestion in underlined, Ns represent spacer
sequences required for efficient cleavage and accurate cohesive end generation,
and (N)., represents the hybridization sequence. The reverse primers vary
slightly for the two vectors because only one includes the attP sequence in the
Aarl overhang. For the pHD-DsRed-attP vector, the reverse primer should follow
the format 5'-NNNNCACCTGCNNNNCTAC(N).0-3’ (Figure 4A and B). For pHD-
DsRed cloning, the reverse primer should follow the format 5’-

NNNNCACCTGCNNNNTTAT(N).,-3’ (Figure 4A and C).

Right Homology Arm (SapI): The right homology arm primer design is the same

for both pHD-DsRed-attP and pHD-DsRed. The forward primer should follow
the format 5'-NNNNGCTCTTCNTAT(N).,-3’ where the Sapl site is italicized, the
cohesive end generated by SapI digestion is underlined, Ns represent spacer
sequences required for efficient cleavage and accurate cohesive end generation,
and (N)., represents the hybridization sequence (Figure 4D). The reverse primer

should follow the format 5'-NNNNGCTCTTCNGAC(N).o-3’ (Figure 4D).
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Alternatives to overlapping extension PCR abound, including Gibson and
Golden Gate cloning or DNA synthesis, which is becoming an increasingly

cost-effective option.

24. If your target sequences remain intact in your homology arms, incorporate silent
mutations to disrupt the PAM or two seed sequence nucleotides into your design.
This will ensure that neither your donor construct nor the successfully

engineered locus are targets for cleavage.

Donor Vector Construction

Below we outline the steps for rapidly constructing dsDNA donor constructs using the
type IIS restriction sites Aarl and SapI in the pHD-DsRed-attP or pHD-DsRed vectors
for seamless integration of homology arms. These vectors also contain multiple cloning

sites for an alternative cloning method.

Materials
pHD-DsRed-attP (Addgene; Plasmid 51019, also called pDSRed-attP)
pHD-DsRed (Addgene; Plasmid 51434)
Phusion High-Fidelity DNA Polymerase
dNTPs
Gel extraction kit
Aarl endonuclease
SaplI endonuclease
T4 DNA Ligase

Gel extraction kit
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E. coli DH5a or other suitable cloning strain
LB with ampicillin
Plasmid Mini Kit
Primers
pHD-BB-1 (5'-ACGAAAGGCTCAGTCGAAAG-3’)
pHD-BB-2 (5'-TGATATCAAAATTATACATGTCAACG-3")
pHD-HSP70-R (5'-CGGTCGAGGGTTCGAAATCGATAAG-3")
pHD-SV40-F (5'-GGCCGCGACTCTAGATCATAATC-3")
Endotoxin-Free Plasmid Midi Kit (Macherey-Nagel NucleoBond Xtra Midi EF or

similar)

25. Prepare a 50-pl reaction to amplify each homology arm. Homology arms should
be amplified from the targeted fly line as maximal homology increases the

efficiency of HDR (Deng and Capecchi, 1992; Nassif and Engels, 1993).

0.5 ul of template DNA

2.5 ul of 10mM forward primer
2.5 ul of 10mM reverse primer
1.0 pl of 1tomM each dNTPs

10 pl of 5X HF Phusion Buffer

0.2 ul of Phusion polymerase

Water to 50 pul

26. Perform PCR with the following parameters.

1 cycle: 2 min 94°C (initial denaturation)
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30 cycles: 10 sec 98°C (denaturation)
30 sec 60°C (annealing)
30 sec 72°C (extension)

1 cycle: 10 min 72°C (final extension)

Purify homology arms via gel electrophoresis. Determine the DNA concentration

using a spectrophotometer.

Simultaneously digest 1 ug of the pHD-DsRed-attP or pHD-DsRed vector and 1
ug of the left homology arm PCR product with 4 Units of AarI for four hours at

37°C.

Use gel electrophoresis to purify both the AarI digested pHD-DsRed-attP or
pHD-DsRed vector and left homology arm PCR product. Determine the DNA

concentration using a spectrophotometer.

Ligate the left homology arm into pHD-DsRed-attP or pHD-DsRed vector.
Combine 50 ng of AarI digested pHD-DsRed-attP, 3:1 molar ratio of digested left
homology arm PCR product, 1 uL. of T4 DNA Ligase buffer, 1 uL of T4 DNA
Ligase, and enough H.O to bring the reaction to 10 uL. Incubate at 25°C for 1

hour.

Transform the ligation reaction into DH5a cells and select colonies on plates
containing 100 ug/mL ampicillin. A control transformation of digested plasmid
alone can be included to ensure the sample is not contaminated with undigested

plasmid.
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Select 2-4 individual colonies and culture in 4 mL of LB overnight. Isolate
plasmid DNA using a plasmid miniprep kit. Screen for plasmids with
incorporated homology arms by Sanger sequencing using pHD-BB-1 and pHD-

HSP70-R.

Alternatively, positive colonies can be identified via colony PCR as described

above.

Simultaneously digest 1 ug of positive constructs from Step 32 and 1 ug of the
right homology arm PCR product with 5 Units of SapI for two to four hours at

37°C.

Use gel electrophoresis to purify both the SapI digested construct and right
homology arm PCR product. Determine the DNA concentration using a

spectrophotometer.

Ligate the right homology arm into pHD-DsRed-attP. Combine 50 ng of SapI
digested pHD-DsRed-attP, 36.6 ng of digested left homology arm PCR product, 1

uL of T4 DNA Ligase buffer, 1 uL of T4 DNA Ligase, and enough H.O to bring the

reaction to 10 uL. Incubate at 25°C for 1 hour.

Transform the ligation reaction into DH5a cells and select colonies on plates
containing 100 ug/mL ampicillin. A control transformation of digested plasmid
alone can be included to ensure the sample is not contaminated with undigested

plasmid.
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37. Isolate plasmids from 2-4 individual colonies using a plasmid miniprep kit.
Screen for plasmids with incorporated oligonucleotides by Sanger sequencing

using pHD-BB-2 and pHD-SV40-F.

Alternatively, positive colonies can be identified via colony PCR as described

above.

38. Prepare high-quality DNA for injection from a positive clone using an Endotoxin-

Free Plasmid Midi Kit.

Injection of CRISPR Components
CRISPR components are injected using standard Drosophila injection techniques. Here

we provide the injection mixture for HDR in vasa-Cas9 flies.

Materials
pU6-BbsI-gRNA(s)
pHD-DsRed-attP or pHD-DsRed donor vector
Sterile PCR-grade water

vasa-Casg fly stocks (Bloomington Drosophila Stock Center)

39. Prepare the injection mixture with 500 ng/ul plasmid donor vector and 100 ng/pul

of each gRNA vector in sterile PCR-grade water.

This parameter can be altered based on your experience. We have tested a

range of concentrations and find that gRNA plasmid concentrations
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between 50 and 250 ng/ul and dsDNA donor concentrations between 250

and 500 ng/ul yield successful HDR.

40. Inject 150-300 embryos using standard Drosophila techniques.

Identification and Molecular Confirmation of CRISPR Alleles

Following injection and an appropriate outcross of injected flies, candidate CRISPR
alleles are easily identified by screening for flies with red fluorescent eyes in F1 progeny.
Once these candidates have been crossed to a balancer line, they can be sacrificed for
molecular characterization to verify recovery of the intended genome modification.
Below we describe our strategy of performing three PCRs that, in combination with

Sanger sequencing, confirm targeted and precise editing (See Figure 3).

Materials

Adult fly homogenization buffer (see Reagents and Solutions for recipe)

PCR and sequencing primers
pHD-HSP70-R (5’-CGGTCGAGGGTTCGAAATCGATAAG-3")
pHD-SV40-F (5-GGCCGCGACTCTAGATCATAATC-3")
Left-Genomic-F (target locus specific)
Right-Genomic-R (target locus specific)

Phusion High-Fidelity DNA Polymerase

dNTPs

Gel extraction kit

41. Design primers (see Figure 3). First, we perform two flanking PCRs to amplify

regions extending from within the DsRed marker cassette to the right and left
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flanking genomic regions. To confirm precise incorporation at the targeted locus,
it is critical that the genomic primer-binding sites are outside the homology arms
of the donor vector as depicted in Figure 3. Candidate alleles are then confirmed
via a spanning PCR using the two genomic primers. This reaction will amplify the
entire modified region and rule out undesirable crossover (“ends-in”) repair
events that result in the incorporation of the entire donor vector including

backbone (Yu et al., 2014).

Isolate genomic DNA from the F1 candidate flies identified by DsRed expression
in the eyes. Anesthetize a single fly and place it in a 0.2 mL PCR tube. Using a
P200 pipette tip draw up 50 uL of freshly prepared adult fly homogenization
buffer. Keeping the buffer in the pipette, use the tip to disrupt and homogenize

the fly. Once the fly is homogenized, dispense the remaining buffer.

Incubate at 37°C for 30-45 minutes followed by a 5 minute incubation at 95°C.

Use 1 pL of genomic DNA per 50 pL PCR.

Prepare 3 separate 50 pL reactions for each candidate.

Primers sets:

1 - Left-Genomic-F to pHD-HSP70-R

2 - pHD-SV40-F to Right-Genomic-R

3 - Left-Genomic-F to Right-Genomic-R

Recipe:
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1 pul of the genomic DNA from step 42
2.5 ul of 10mM forward primer

2.5 ul of 10mM reverse primer

1.0 pl of 1tomM each dNTPs

10 pl of 5X Phusion Buffer

0.2 ul of Phusion polymerase

Water to 50 pul

46. Use gel electrophoresis to purify positive PCR products.

47. Sequence the PCR product using Sanger sequencing to confirm expected

sequence.

ALTERNATE PROTOCOL 1

HDR with Single-Stranded DNA Donors

When engineering small modifications, it may be desirable to use ssDNA donors, which
can be rapidly synthesized. However, ssDNA donors are generally limited to 200 nt and,
thus, cannot be used for engineering large modifications (such as the integration of a
fluorescent tag). They also cannot be designed to include a visible marker for screening,
so molecular screening is required, which increases the time and labor required to

recover engineered flies.

Protocol steps
1. Design an ssDNA donor with homology arms corresponding to sequences

immediately adjacent to the targeted cleavage sites and the intended modification
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or insertion. Homology arms of ~40-60 nt have been shown to mediate efficient
ssDNA-based HDR in Drosophila (Banga and Boyd, 1992; Beumer et al., 2013;
Gratz et al., 2013a; Port et al., 2014; Xue et al., 2014). The orientation of the
ssDNA is critical to the success of the experiment. During DNA repair, free 3’
ends created by rescission at the DSB invade homologous DNA. Therefore, to
serve as a template for repair, it is essential for the ssDNA be complementary to
the free 3’ end. Note that the PAM is not required for cleavage of single-stranded
DNA so it is important that the ssDNA does not include an intact target site or it

may be a target of cleavage (Jinek et al., 2012).

2. The injection mixture should contain 100 ng/ul of ssDNA.

3. Engineered flies will need to be identified by modification-specific PCR
amplification or a modification-spanning PCR followed by sequencing. DNA can
be obtained from F1 flies after outcrossing. Alternatively, a non-lethal method,
such as isolating wing or leg DNA can be used prior to outcrossing of F1

candidates.

ALTERNATE PROTOCOL 2

HDR in Any Genetic Background

For many applications, it is necessary or desirable to engineer a specific fly strain. This is
easily accomplished using an injectable source of Casg such as pBS-Hsp70-Casg.
Targeting efficiency is lower than with a transgenic Cas9 source, so it is advisable to

inject a larger number of embryos.
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Additional Materials

pBS-Hsp70-Casg plasmid (Addgene; plasmid 46294)

Prepare the injection mixture with 250-500 ng/ul of pBS-Hsp70-Cas9, 500 ng/ul

plasmid donor vector and 100 ng/ul of each gRNA vector in sterile PCR-grade

water.

Inject 250-500 embryos using standard Drosophila techniques.

ALTERNATE PROTOCOL 3

Generation of Disruptive Indels and Deletions via NHEJ

If your goal is to generate a disruptive allele, you can target the NHEJ repair pathway by

introducing Cas9 and one or two gRNAs in the absence of a donor repair template. Using

one gRNA to target a single cleavage event in critical sequence, you can recover

disruptive indels. With two gRNAs, you can delete the intervening sequence.

Protocol steps

1.

Design and generate gRNAs. For introducing a disruptive indel, design one gRNA
in a location where the insertion or deletion of a small number of nucleotides is
expected to interfere with function. Indels are often less than 10 bp, but can be
much longer (Koike-Yusa et al., 2014). For deleting a genomic region, design two
gRNAs flanking the region you wish to delete. We have used this approach to
delete regions as large as 14 Kb in Drosophila (Gratz et al., 2014). Note that the
deletion will not be precise and you will likely observe the loss or gain of a small

number of nucleotides at the repaired junction.
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The generation of deletions by NHEJ with two gRNAs can be conducted in
lines with a marked element in the targeted locus (Gratz et al., 2014). This

allows for the detection of deletions by loss of the marker in the element.

2. The injection mixture should contain 100-250 ng/ul of each gRNA.

When using a single gRNA, we have increased the concentration to 500

ng/ul.

3. Engineered flies will need to be identified molecularly. Indels can be identified by

HRMA, while PCR can be used to detect larger deletions.

REAGENTS AND SOLUTIONS

Adult fly homogenization buffer:

10 mM Tris-HCI (pH 8.2)

25 mM NaCl

1mM EDTA

Store at room temperature for up to 6 months

1 ul of 20 mg/mL proteinase K added to 99 ul of homogenization buffer just prior to

use

COMMENTARY
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Background Information

The CRISPR-Cas9 system is a highly accessible and effective tool for genome engineering
in Drosophila (Bassett and Liu, 2014; Gratz et al., 2013b; Harrison et al., 2014; Kondo,
2014). The Basic Protocol outlined above details an optimized CRISPR-Cas9 approach
that has several advantages. We use a transgenic source of Cas9, expressed in the
germline under the control of the vasa promoter, to achieve highly efficient and reliable
genome engineering. The introduction of gRNA using rapidly constructed plasmids is
quick and inexpensive. Our donor vectors facilitate streamlined cloning of locus-specific
donor templates, and the incorporation of a removable DsRed marker makes
identification of candidate alleles markedly easier than identification through molecular

characterization.

While not covered in our protocol, other groups have successfully applied the CRISPR-
Casg system in Drosophila using a variety of methods for introducing gRNAs and Cas9.
NHEJ has been successfully accomplished using transgenic Cas9 + gRNA supplied as
RNA (Xue et al., 2014), transgenic Cas9 + transgenic gRNA (Kondo and Ueda, 2013; Port
et al., 2014; Xue et al., 2014), Casg DNA + gRNA plasmid (Gratz et al., 2013a; Ren et al.,
2013), and Cas9 mRNA + gRNA supplied as RNA (Bassett et al., 2013; Yu et al., 2013).
Successful HDR has been reported using Casg DNA, gRNA plasmid and either a dsSDNA
or ssDNA donor (Gratz et al., 2013a; Gratz et al., 2014). However, efficiency is higher
with a transgenic Casg source, and all other HDR experiments reported in Drosophila to
date have been conducted in Cas9-expressing flies using either gRNA plasmid (Gratz et
al., 2014), gRNA supplied as RNA (Xue et al., 2014; Yu et al., 2014), or a transgenic

gRNA source (Port et al., 2014).

Critical Parameters
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Sequencing of target sites: Due to the prevalence of polymorphisms between distinct
genetic backgrounds in Drosophila, it is critical to sequence the intended target locus in
the genetic background in which the genome engineering experiment will be performed.
Even a single basepair change in a target site can be detrimental to the success of the

experiment.

Donor template construction: To protect both the donor template and the modified locus
from unintended cleavage, it is critical that your donor template not contain an intact

gRNA target site

Molecular confirmation of engineered lines: Because unexpected events can always occur
during DNA repair, it is important to thoroughly confirm all candidate alleles. To do this,
we suggest three PCRs (See Figure 3B) that together will confirm that engineered DNA
has been incorporated at the target locus and that the locus is free of additional
modifications, including the integration of donor vector backbone sequences (Yu et al.,

2014).

Finally, it is important to note that, while CRISPR-Cas9 is working quite well in
Drosophila, the system is not yet fully understood. For example, locus- and sequence-
specific effects on cleavage efficiency are poorly understood. The Perrimon group
(Harvard Medical School) has developed a tool that uses data from high throughput
experiments in S2 cells to predict cleavage efficiency based on gRNA target sequence
(www.flyrnai.org/evaluateCrispr/). An understanding of how donor composition and
other experimental design features may influence the efficiency of HDR or the DNA

repair pathway utilized by the cell awaits further study.
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Troubleshooting

Poor viability: Reduce the concentration of gRNAs and donor vector in the injection
mixture. While this may reduce efficiency, we have found that reducing the overall
concentration of the injection mixture can increase viability. If the poor viability is due to
highly efficient generation of a lethal allele, use an injected DNA source of Cas9 (pBS-
hsp70-Cas9) instead of vasa-Cas9. This will decrease cleavage efficiency, and thus the

occurrence of biallelic events, facilitating the recovery of recessive lethal lesions.

Poor efficiency: In the event that a given targeting experiment fails to yield engineered
alleles, the gRNAs should be tested for cleavage efficiency. For genome engineering
strategies using a pair of gRNAs, a simple PCR spanning the two gRNA target sites can
be performed on embryos 24 hours after injection of both gRNAs into vasa-Casg.
Amplicons indicating a deletion between the two targeted cleavage sites demonstrate
that both gRNAs are capable of generating DSBs. For strategies using one gRNA,
cleavage efficiency can be tested using HRMA or a mismatch-specific nuclease assay on
embryos 24 hours post injection. This approach can also be used to assess gRNA

efficiency prior to embarking on a CRISPR-based experiment.

Anticipated Results

Using the approach described above to replace genes with attP docking sites in multiple
experiments, an average of 24% of injected flies produced correctly engineered progeny.
The deleted genes ranged in size from 2 to 27 Kb. Interestingly, we have not observed a
strong correlation between deletion size and efficiency, suggesting that locus- or gRNA-
specific effects may play a larger role in determining differences in efficiency between
targeting experiments. We have also used this approach to insert in-frame tags in a

number of loci at a similar average efficiency of 26%.



The highest probability off-target cleavage sites can be identified by sequence similarity
to the targeted site. In a subset of our experiments, we have assayed these sites and
found no evidence of off-target cleavage (Gratz et al., 2014). Based on this and similar
findings by others, we expect that with careful target site selection, engineered fly lines
can be generated with few or no off-target mutations in most cases (Bassett et al., 2013;

Gratz et al., 2013a; Gratz et al., 2014).

Time Considerations

Target site selection, preparation of gRNA plasmids, and construction of donor
templates can be accomplished in 1 week with 1-4 hours hands-on time per day. Embryo
injection can be accomplished in 1 day with 4 hours hands-on time. After 10 days,
injected flies can be outcrossed in approximately 1 hour. After another 10 days, F1
progeny are screened and outcrossed (2 hours) before molecular confirmation, which

can be completed in 2 days (5 hours hands-on time).
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Figure 1. Strategic planning flowchart. The options outlined in this protocol are
indicated by green boxes. See text (Strategic Planning) for a detailed discussion of each
choice point, including the advantages and disadvantages of each strategy.
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Figure 2. gRNA plasmid cloning. The pU6-BbsI-gRNA vector contains two BbsI cut
sites between the Drosophila U6-2 (snRNA:U6:96Ab) promoter and the common

portion of the gRNA. Specific target site sequences are synthesized as complementary
oligonucleotides designed to generate appropriate cohesive 5’ overhangs once annealed.
The annealed oligonucleotides, once phosphorylated, are then ligated into the BbsI
digested pU6-BbsI-gRNA vector. U6-2 sequence (blue), BbsI recognition sequences (red),
target site specific sequence (green), and the common portion of the gRNA (grey) are
indicated. Red arrowheads denote the breakpoints generated by BbsI cleavage.
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A. Gene Replacement with pHD-DsRed-attP
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Figure 3. Donor construct design. The (A) pHD-DsRed-attP vector and (B) pHD-DsRed
donor vectors and their typical uses are depicted. Both vectors contain a removable
3xP3-dsRed marker flanked by LoxP sites and two multiple-cloning sites for insertion of
the left (LHA) and right (RHA) homology arms. pHD-DsRed-attP also contains the
recombination-based docking site attP. (A) In the case of replacing a locus using the
pHD-DsRed-attP vector, two target sites flanking the region to be replaced are chosen.
Homologous sequences immediately flanking the cleavage sites should be cloned into the
MCSs. Upon Cas9-mediated cleavage and HDR, the region between the two gRNA cut
sites is replaced with the attP site and removable DsRed marker. Using Cre recombinase,
the DsRed marker can be removed leaving only the attP docking site and a single LoxP
site. (B) In the case of tagging a gene using the pHD-DsRed vector, select a target site
close to the tag insertion site and another target site in a nearby intron where the DsRed
marker will be placed. Homology arms will include sequences immediately flanking the
cleavage sites. In addition, one of the homology arms will contain the in-frame tag and
sequences between the tag and the DsRed marker. Upon Casg cleavage and HDR, the
untagged region is replaced with a tagged region and a visible 3xP3-DsRed marker.
Using Cre recombinase, the DsRed marker can be removed leaving only the tagged
coding sequence and a single LoxP site. Black arrows indicate the primer binding sites
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used for molecular characterization for candidate alleles. Note that the two locus specific
primers are in the genomic region outside of the homology regions used in the donor
vector.
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Figure 4. Donor plasmid cloning. (A) Schematic of the pHD-DsRed-attP and pHD-
DsRed donor vector including the MCSs. (B-D) Multiple cloning site sequences and
primer design for type IIS restriction site (Aarl or Sapl) based cloning of homology arms
for the LHA of pHD-DsRed-attP (B), the LHA of pHD-DsRed (C), and the RHA of both
pHD-DsRed-attP and pHD-DsRed (D). Note that the LHA of pHD-DsRed-attP and pHD-
DsRed requires slightly different primers due to the presence or absence of the attP site.
Vector backbone sequences (grey), attP/LoxP sequence (purple), Aarl/Sapl recognition
sites (red), and locus specific hybridization sequences (blue) are indicated. Red arrows
indicate the breakpoints generated by Aarl or SapI digestion.
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